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ABSTRACT

In enteric bacteria, several small RNAs (sRNAs) in-
cluding MicC employ endoribonuclease RNase E to
stimulate target RNA decay. A current model pro-
poses that interaction of the sRNA 5′ monophos-
phate (5′P) with the N-terminal sensing pocket of
RNase E allosterically activates cleavage of the base-
paired target in the active site. In vivo evidence sup-
porting this model is lacking. Here, we engineered
a genetic tool allowing us to generate 5′ monophos-
phorylated sRNAs of choice in a controllable man-
ner in the cell. Four sRNAs were tested and none
performed better in target destabilization when 5′
monophosphorylated. MicC retains full activity even
when RNase E is defective in 5′P sensing, whereas
regulation is lost upon removal of its scaffolding do-
main. Interestingly, sRNAs MicC and RyhB that orig-
inate with a 5′ triphosphate group are dramatically
destabilized when 5′ monophosphorylated, but sta-
ble when in 5′ triphosphorylated form. In contrast, the
processing-derived sRNAs CpxQ and SroC, which
carry 5′P groups naturally, are highly stable. Thus,
the 5′ phosphorylation state determines stability of
naturally triphosphorylated sRNAs, but plays no ma-
jor role for target RNA destabilization in vivo. In con-
trast, the RNase E C-terminal half is crucial for MicC-
mediated ompD decay, suggesting that interaction
with Hfq is mandatory.

INTRODUCTION

In bacteria, small RNAs (sRNAs) provide an additional
layer of gene regulation at the post-transcriptional level. A
major group of sRNAs cooperates with the RNA chaper-
one Hfq to regulate translation and/or stability of target
RNAs by base-pairing (1–3). Several sRNAs stimulate tar-
get RNA decay actively, independent of translation (4,5).
To this end, Gram-negative sRNAs recruit endoribonucle-

ase RNase E to promote cleavage of the base-paired target
(6–8).

RNase E together with helicase RhlB, PNPase and eno-
lase forms the degradosome complex, which is important
for bulk RNA turnover (9–11). RNase E initiates RNA
degradation through cleavage at single-stranded AU rich
sites with strong preference for U at position +2 (12,13).
Full-length RNase E assembles into a homotetramer, but
the N-terminal half (NTH) can form a catalytically active
dimer on its own (14). The C-terminal half of RNase E
(CTH; residues 530–1061) scaffolds the degradosome com-
ponents and provides RNA binding domains as well as a
membrane attachment site (15,16). The NTH of RNase E
contains the active site and a distinct 5′ monophosphate
(5′P) sensing pocket, which binds the 5′P of RNA ends
(17,18). The 5′P is recognized through hydrogen bonding
with residues Arg169 and Thr170 in the 5′P sensing pocket
of one protomer. This interaction favors the transition of
RNase E to a closed conformation, which allows for sub-
strate orientation and boosts its cleavage by the other pro-
tomer in the principal dimer (19–21). Therefore, RNase E
strongly prefers 5′ monophosphorylated over 5′ triphospho-
rylated substrates (22). Cleavage generates 5′ monophos-
phorylated products that are vulnerable to further RNase E
attack. Conversion of 5′ triphosphorylated to 5′ monophos-
phorylated transcripts is catalyzed by the pyrophosphohy-
drolase RppH (23,24). A second class of RNase E sub-
strates is cleaved independent of the 5′ phosphorylation sta-
tus (25). RNA secondary structures or adaptor proteins
may guide RNase E in this case (26–29). The existence of
these two classes of substrates was inferred from in vitro
studies and from the properties of mutants affected glob-
ally in either of the degradation pathways (23,25,30). How-
ever, analysis of selected transcripts is difficult in vivo, as it
is technically challenging to produce a particular RNA in a
completely 5′ monophosphorylated state without affecting
RNA decay in general.

Different mechanisms are discussed for how sRNAs
guide RNase E to their targets. Initial work on the
sRNA/mRNA pair SgrS/ptsG demonstrated that Hfq
plays a critical role (7). Several studies reported interaction
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of Hfq with a region in the CTH of RNase E, either de-
pendent or independent of RNA (16,31–33). Truncation of
the RNase E-CTH often slows down sRNA-induced target
RNA degradation (6,7,31,34,35), suggesting that the CTH
is involved in recognition or presentation of the RNA du-
plex to the catalytic domain. Cleavage sites and Hfq bind-
ing sites in target RNAs are often close or overlap (36,37).
Thus, following hybridization on Hfq, the RNA duplex may
be released and rapidly transferred to RNase E, which binds
and cleaves the target downstream of the duplex (18,37,38).
Recent evidence supports a model wherein the AR2 RNA-
binding domain of the RNase E-CTH interacts with Hfq-
bound target mRNAs, thereby recruiting the cognate sRNA
to RNase E in a second step (39).

Another model proposes that RNase E is guided by the
5′P group of the sRNA to cleave the target (40). Based
on in vitro experiments using interaction of sRNA MicC
with ompD as example, the 5′P of the sRNA was proposed
to interact with the sensing pocket in RNase E, thereby
boosting cleavage of the base-paired target in the active site
(Figure 1, bottom right; (28)). In vitro, the catalytic do-
main of RNase E is sufficient for this stimulated cleavage
(28,40). Recently, sRNAs were discovered that are gener-
ated through processing of parental mRNAs and therefore
carry 5′P ends naturally. Theoretically, this feature could en-
dow these sRNAs by default with the ability to destabilize
their targets through interaction with the RNase E 5′ sensor
pocket (13,41,42). Again, results obtained in vitro support
this idea (43).

The model proposing a key role for the 5′P groups of
sRNAs has received much attention as it intuitively ex-
plains how sRNAs may stimulate target decay. However,
in vivo evidence is lacking as it is difficult to produce se-
lected transcripts in a completely 5′ monophosphorylated
state in a controllable manner in vivo. Here, we adapted a
device based on the RNase E adaptor protein RapZ and the
sRNA GlmZ aptamer from Escherichia coli (44) to release
5′ monophosphorylated variants of four sRNAs in the liv-
ing cell. Upon comparison with their 5′ triphosphorylated
counterparts, we could not detect a major stimulatory role
of the sRNA 5′P group for target degradation. In contrast,
the RNase E-CTH is essential for MicC-promoted ompD
decay, supporting the idea that Hfq-RNase E interaction
is decisive. Interestingly, we find that a 5′P group dramati-
cally destabilizes sRNAs MicC and RyhB, which are natu-
rally produced in 5′ triphosphorylated state. In contrast, the
processing-derived sRNAs CpxQ and SroC remain stable,
suggesting they possess features allowing them to escape the
5′P-dependent pathway of RNA degradation.

MATERIALS AND METHODS

Bacterial strains, plasmids and growth conditions

Bacteria were routinely cultivated at 37◦C in LB medium
containing the required antibiotics. Strains, plasmids and
oligonucleotides used in this study are listed in Supple-
mentary Tables I, II and III, respectively. Construction of
plasmids is described under ‘Supplementary Material’. Es-
tablished alleles tagged with an antibiotic resistance gene
were moved between strains by T4GT7 phage transduc-
tion (45). Deletions of chromosomal sRNA genes were gen-

erated using the � red recombination system (46). Briefly,
DNA fragments comprising the kan resistance gene flanked
by the required homologous extensions were amplified by
PCR using plasmid pKD4 as template and the oligonu-
cleotides itemized in Supplementary Table III. The PCR
fragments were introduced by electroporation into target
strains carrying plasmid pKD46 and recombinants were
obtained upon kanamycin selection. If required, resistance
genes flanked by FLP recombinase sites were removed by
using the temperature sensitive plasmid pCP20 (46). FLAG-
tagging of the chromosomal skp gene was performed using
oligonucleotides BG1615/BG1616 and plasmid pSUB11 as
described (47). The Ptac-ompD expression cassette was ec-
topically integrated into the λattB site on the E. coli chro-
mosome following a described procedure (48). Diagnostic
PCRs were used to verify chromosomal constructions.

In the experiments using the GlmZ aptamer for sRNA
release, respective transformants were grown overnight in
LB supplemented with 0.2% L-arabinose to express rapZ
from pYG205, if applicable. On the next day, the overnight
cultures were used to inoculate subcultures in the same
medium to an OD600 = 0.1. For induction of the PLlacO-1
promoter, which initiates transcription of sRNA genes and
GlmZ aptamer-sRNA fusions (49), IPTG was added at the
desired concentration (10 �M, 50 �M, 100 �M or 1 mM)
when the cultures reached an OD600 = 0.3. For determina-
tion of RNA steady state levels, cells were harvested for to-
tal RNA extraction when cultures attained an OD600 = 0.5–
0.6. Harvested cells were immediately cooled on ice and cen-
trifuged for 3 min, 12 851 × g at 4◦C. After centrifugation
supernatants were subsequently removed and pellets were
frozen in liquid nitrogen followed by RNA extraction and
Northern blotting.

RNA half-life determination

For RNA half-life determination, 500 �g/ml rifampicin
was added to bacterial cultures when reaching an OD600
of 0.5–0.6. Samples harvested at the time of rifampicin ad-
dition corresponded to t = 0 min. Additional samples for
RNA extraction were harvested at indicated time points af-
ter rifampicin addition. Bacteria were immediately cooled
on ice after harvesting and were centrifuged for 3 min,
12 851 × g at 4◦C. After centrifugation supernatants were
subsequently removed and pellets were frozen in liquid ni-
trogen followed by RNA extraction and Northern blotting.

Extraction of total RNA and Northern blotting

Total RNA was extracted from pelleted cells using the Re-
liaPrep RNA Cell Miniprep System (Promega). The total
RNA (usually 1.5–3 �g) was mixed with 2× RNA load-
ing dye (95% Formamide, 0.5 mM EDTA, 0.025% SDS,
0.025% Bromophenol Blue, 0.025% Xylene Cyanol) and
separated by denaturing gel electrophoresis (7 M urea,
5% or 8% acrylamide,1x TBE) for 1.5–2 h at 100V us-
ing 0.5× TBE as running buffer. Subsequently, the RNA
was transferred to a Hybond N+ nylon membrane (GE
Healthcare) via semi-dry electroblotting for 1h at 120 mA
using 0.5× TBE as transfer buffer. For detection of the
longer nhaB mRNA, total RNA (3–5 �g) was mixed with
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Figure 1. Inducible two-plasmid system for generation of 5′ monophosphorylated sRNAs in vivo. Based on in vitro experiments, sRNAs such as MicC
and CpxQ were proposed to activate cleavage of target RNAs through interaction of their 5′P groups with the 5′ sensory pocket of RNase E (box bottom
right; (40)). To investigate whether this mechanism operates in vivo, a two-plasmid system was engineered allowing to release sRNAs of interest in a 5′P
state through RNase E/RapZ-mediated cleavage of parental fusion RNAs. (A) The cleavage system consists of the sRNA of interest (in red) fused to the
3′ end of the first 146 nt of sRNA GlmZ comprising the first two stem loop structures (designated GlmZ’; in blue; construct II), which are recognized and
bound by the RNase E adaptor protein RapZ. RapZ recruits RNase E by interaction resulting in cleavage 7 nt downstream of GlmZ’ (i.e. at position 153)
regardless of sequence composition at the cleavage site (44). Consequently, the sRNAs are released with their authentic 5′ ends in a monophosphorylated
state, when inserting a 7 nt spacer sequence between GlmZ’ and the sRNA start nucleotide. Plasmid pYG215 transcribing a glmZ’-gfp fusion RNA from the
IPTG-inducible PLlacO-1 promoter (construct I), served as negative control as well as parental plasmid for construction of derivatives. An AgeI restriction
site overlapping with the last three nucleotides of the GlmZ’ 3 end and an XbaI site in the 3′ UTR allows construction of glmZ’-sRNA fusions of choice
(construct II). Substitution of the AatII-XbaI fragment results in an isogenic plasmid, which expresses the sRNA of interest as 5′-PPP transcript (construct
III). (B) For inducible cleavage of the fusion RNAs, cells additionally carried the compatible plasmid pYG205 carrying rapZ under control of the arabinose-
inducible PAra promoter. To avoid interference with endogenous genes, the constructs were tested in cells deleted for the chromosomal copies of glmZ,
glmY, rapZ and the sRNA gene under investigation.

2× RNA loading dye containing EtBr (0.2 mg/ml) and sep-
arated on an 1% agarose gel, containing 1× MOPS and
18% Formaldehyde, for 3–4 h at 100 V in 1× MOPS as
running buffer. RNA transfer to the membrane was car-
ried out using a vacuum blotter (Vacugene XL, GE Health-
care) for 4 h at 90 mbar. During blotting the gel was covered
first for 20 min with denaturation solution (50 mM NaOH,
10 mM NaCl), then 20 min with neutralization solution
(100 mM Tris/HCl pH 7.4) and for the remaining time
with 20× SSC. After blotting, the RNA was crosslinked
to the membrane by exposure to 254 nm UV radiation.
RNA probes were generated and labeled with Digoxigenin
(DIG) by in vitro transcription using T7 RNA polymerase
(NEB) and DIG RNA labeling mix (Roche). The tem-
plates for probe synthesis were obtained by PCR using
primers BG230/BG231 for GlmZ, BG287/BG288 for rrfD
(5S rRNA), BG1701/BG1702 for MicC, BG1492/BG1490
for RyhB, BG1496/BG1494 for CpxQ, BG1500/BG1498
for SroC, BG1727/BG1728 for ompD, BG1703/BG1704
for sodB, BG1799/BG1800 for nhaB and BG1613/BG1614
for GcvB. Cross-linked membranes were incubated with
the respective probes (50–100 ng/ml) overnight at 68◦C in
hybridization buffer (50 ml Formamide, 25 ml 20× SSC,
20 ml 10% Blocking Reagent (Roche), 1 ml 10% N-
laurylsarcosine, 200 �l 10% SDS, ad 100 ml with ddH20).

On the next day, membranes were washed 2 × 5 min at room
temperature (RT) in 2× SSC/0.1% SDS and 2 × 15 min at
68◦C in 0.1× SSC/0.1% SDS. Afterwards, membranes were
incubated for at least 30 min at RT in 1× Buffer I (0.1 M
Malic acid, 0.15 M NaCl, pH 7.5) containing 1% Blocking
Reagent (Roche). Then, an anti-DIG AP-conjugated anti-
body (1:10 000 diluted) was added for at least 30 min. Prior
to detection, the membranes were washed 2 × 15 min in 1x
Buffer I and for 3–5 min in Buffer III (0.1 M Tris, 0.1 M
NaCl, pH 9.5). Signal detection was achieved in a Chemi-
Doc (BioRad) by using CDP* (Roche) as substrate.

Quantification of Northern blots

Signals of Northern blots from steady state and half-life
experiments were quantified using the GelQuant software
from BiochemLabSolutions (http://biochemlabsolutions.
com/GelQuantNET.html). For quantification of RNA half-
life experiments, RNA signal intensities were normalized
to the corresponding 5S rRNA signals and plotted semi-
logarithmically in percent against time. The resulting graphs
present the average values of usually 2–5 independent ex-
periments, as indicated in the figure legends. Half-life val-
ues are presented as mean ± standard deviation (SD). For
steady state experiments, target RNA signal intensities, in
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presence of the different sRNA variants, were compared
to target RNA signal intensities obtained in presence of
the glmZ’-gfp fusion RNA (pYG215) on the same blot and
normalized to the corresponding 5S or 23S rRNA signals.
For comparison with target RNA signals in presence of the
glmZ’-gfp fusion RNA, the average of all target signals in
presence of glmZ’-gfp on the same membrane was used for
calculations. Therefore, it was first excluded that the addi-
tion of arabinose and/or IPTG has a systematic effect on
target RNA levels in presence of the glmZ’-gfp fusion RNA
(Supplementary Figure S1). sRNA signal intensities were
compared to the strongest sRNA signal on the same mem-
brane followed by 5S rRNA normalization. The resulting
bar graphs present the average normalized RNA signal in-
tensities and SD from usually 2–7 independent experiments,
as indicated in the individual figures.

RESULTS

An engineered two-plasmid system for generation of 5′
monophosphorylated sRNAs on demand in vivo

To generate 5′ monophosphorylated sRNAs in vivo, we
adapted a tool based on the RNase E adaptor protein
RapZ and sRNA GlmZ in E. coli (44). GlmZ is a 207 nt
long sRNA, which activates translation of the glmS mRNA
by base-pairing (50,51). GlmZ consists of three stem loop
structures and a single-stranded region (nt 147–172) be-
tween stem loops 2 and 3. When not required, GlmZ is
cleaved by RNase E in the single-stranded region compris-
ing the base-pairing site (44,52). As a peculiarity, cleav-
age strictly depends on protein RapZ, which binds GlmZ
and recruits RNase E for cleavage (27,44,53,54). Cleav-
age is independent of the 5′ end phosphorylation state
of GlmZ and requires only the NTH of RNase E. As-
sisted by RapZ, RNase E cleaves 6 or 7 nt downstream
of stem loop 2 regardless of the sequence following this
structure. Consequently, it can be replaced with any se-
quence without affecting cleavage position. Thereby, the
GlmZ aptamer can be used to release an RNA of inter-
est with its regular 5′ end in a monophosphorylated state
(44).

To trigger conditional cleavage of GlmZ fusion RNAs
by RNase E, plasmid pYG205 was utilized, which carries
the rapZ gene under control of the arabinose-inducible PAra
promoter (Figure 1B). The sRNA gene of interest was lo-
cated on a compatible plasmid and transcribed either au-
tonomously (i.e. as 5′ triphosphorylated (5′PPP) primary
transcript) or as fusion with the glmZ aptamer from the
IPTG-inducible PLlacO-1 promoter (Figure 1A, constructs
III and II). In the latter case, the sRNA genes including 4
nt of their upstream sequences were fused to the 3′ end of
the first two stem loops of GlmZ (GlmZ nt 1–146; desig-
nated GlmZ’). This places the sRNA 7 nt downstream of
GlmZ’ leading to its release with its regular 5′ end in a 5′
monophosphorylated state (5′P). Plasmid pYG215 served
as negative control and as parental plasmid for the deriva-
tives transcribing the various sRNA constructs (Figure 1A,
construct I). It carries the gfpmut3* gene (encoding a Gfp
variant) including its 5′ UTR fused to the 3′ end of GlmZ’.
We previously demonstrated that expression of gfpmut3*
originating from this fusion RNA is strictly regulated by

RapZ (44). Presence of appropriate restriction sites allows
for convenient substitution of the glmZ’-gfpmut3* sequence
or only the gfpmut3* sequence with the sRNA sequence of
choice (Figure 1A).

Thus, test strains were co-transformed with the sRNA
plasmid of choice and plasmid pYG205 to allow for reg-
ulated cleavage of fusion RNAs. To evaluate the regula-
tory potential of the sRNAs, double transformants carry-
ing plasmids pYG205/pYG215 served as negative controls.
To avoid interference with our analysis, the chromosomal
copies of rapZ, glmY, glmZ and the sRNA under investiga-
tion were deleted.

5′P-MicC is unstable in vivo and unable to destabilize its tar-
get ompD more efficiently than 5′PPP-MicC

In Salmonella, the first 12 nt of sRNA MicC pair with
codons 23–26 of the ompD mRNA to accelerate its degrada-
tion (Figure 2A; (6)). RNase E cleaves ompD 4 or 5 residues
downstream of the MicC-ompD duplex (Figure 2A), fol-
lowed by rapid degradation of the 5′ monophosphorylated
cleavage product (6). Cleavage of ompD by RNase E was
reconstituted in vitro and observed to be faster in presence
of 5′P-MicC as compared to 5′PPP-MicC (40). MicC and
its primary target ompC are conserved in E. coli, but the
ompD gene is absent (6,55). To enable its analysis in E. coli,
we placed ompD under control of an operator-less Ptac pro-
moter on the E. coli chromosome. The resulting strain tran-
scribes the ∼1245 nt long ompD mRNA constitutively, al-
lowing for its detection by Northern blotting (Figure 2B,
lane 1).

Next, we tested the transformants transcribing the var-
ious RNA constructs from the PLlacO-1 promoter. Total
RNAs were extracted and analyzed for steady state levels of
ompD, GlmZ’, MicC and 5S rRNA transcripts. A strong ac-
cumulation of GlmZ’ was observable in the strain transcrib-
ing the glmZ’-gfp control fusion, but exclusively in the pres-
ence of both inducers, demonstrating cleavage of the fusion
RNA by RapZ/RNase E (Figure 2B, lanes 2 and 3; Supple-
mentary Figure S2, lanes 2–4). The levels of ompD mRNA
remained unaffected by the glmZ’-gfp mRNA, as expected.
The plasmid transcribing micC triggered strong accumula-
tion of MicC upon full induction of the PLlacO-1 promoter
with 1 mM IPTG (Figure 2B, lanes 4–8). Concomitantly,
ompD levels were strongly reduced reflecting repression by
MicC.

Full induction of glmZ’-micC transcription using 1 mM
IPTG also reduced ompD levels, but to a lesser extent (Fig-
ure 2B, cf. lanes 8 and 13; Figure 2C, top graph). The GlmZ’
signal strongly increased with incremental IPTG concen-
trations, indicating successful cleavage of the majority of
glmZ’-micC fusion RNAs. A slower migrating band likely
referring to the uncleaved GlmZ’-MicC fusion RNA be-
came only visible at highest IPTG concentrations and was
of much weaker intensity (Figure 2B, lanes 9–13 in GlmZ
blot). Concomitantly, 5′P-MicC became detectable but at
much lower amounts when compared to 5′PPP-MicC (Fig-
ure 2B, MicC blot). Induction of RapZ synthesis success-
fully released the GlmZ’ aptamer from the fusion RNA as
indicated by strong accumulation of GlmZ’ upon addition
of arabinose. Interestingly, 5′P-MicC amounts increased
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Figure 2. Comparison of the regulatory strength of 5′PPP- and 5′P-MicC towards ompD mRNA in vivo. (A) RNA duplex formed by MicC with the coding
region of ompD (6). Previously mapped RNase E cleavage sites (6,40) are indicated with arrows. Residues U11/U12 of MicC were exchanged with cytidines
to prevent cleavage by RNase E at position +9 (Supplementary Figure S3). (B) Northern blot addressing ompD steady state levels in presence of the GlmZ’-
gfp control fusion, 5′PPP-MicC and 5′P-MicC, respectively. Strain Z1129 (ΔmicC ΔglmY ΔglmZ ΔrapZ �attB::Ptac-ompD, lane 1) carried either plasmid
pYG215 (glmZ’-gfp, lanes 2, 3), pYG314 (micC, lanes 4–8) or pYG313 (glmZ’-micC, lanes 9–13). IPTG (10 �M, 50 �M, 100 �M or 1 mM) was added to
induce expression of corresponding RNA constructs. Expression of rapZ from plasmid pYG205 was induced using 0.2% arabinose where indicated (+).
MicC and its decay products are indicated with arrows. Total RNAs were isolated and 3 �g of each sample was separated on two denaturing PAA gels
containing 5% and 8% acrylamide, respectively. After blotting, the membranes were consecutively hybridized with probes for ompD (first panel from top)
or for MicC and GlmZ (third and fourth panel from top). Both membranes were re-probed for 5S rRNA to obtain loading controls. (C) Quantification of
Northern blots. Bar graphs presenting the average normalized signal intensities and SD of 2–6 independent experiments. ompD mRNA signal intensities,
in presence of MicC (light grey) and GlmZ’-MicC (dark grey), were compared to ompD signal intensities obtained in presence of GlmZ’-gfp (lanes 2 and
3; =100%) and normalized to the corresponding 5S rRNA loading controls (top graph). MicC signal intensities were compared to the strongest signal
obtained for MicC (lane 8; = 100%) and normalized to the 5S rRNA loading controls (bottom graph).

only slightly concomitantly, with no additional effect on
ompD (Supplementary Figure S2, lanes 7 and 8). This ob-
servation implies that most of the 5′P-MicC molecules that
are additionally produced upon full induction of rapZ, be-
come rapidly degraded. For better comparison we analyzed
ompD repression under comparable steady state levels of the
two MicC variants. Induction of 5′PPP-MicC with 0.05–0.1
mM IPTG and of 5′P-MicC with 1 mM IPTG produced
steady state levels of mature full-length MicC sRNA that
were comparable to each other (Figure 2B, cf. lanes 6 and

7 with lane 13; Figure 2C bottom graph). Under those con-
ditions, the two sRNA variants achieved a comparable re-
pression of ompD (Figure 2C, top graph).

To determine whether differences in steady state levels re-
flect RNA stabilities, we studied RNA turnover. Following
rifampicin addition, total RNAs were extracted at various
times and analyzed by northern blot (Figure 3; Table 1).
A weak signal for 5′P-MicC was only detectable within the
first 2 min, indicating rapid decay (t1/2 = 2 ± 0.8 min). In
contrast, the initial levels of 5′PPP-MicC were much higher
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Figure 3. Impact of 5′PPP- and 5′P-MicC on ompD mRNA decay rates and comparison of their stabilities. (A) Northern blot assessing ompD decay rates
in presence 5′PPP-MicC and 5′P-MicC and determination of MicC stability. Transcription was stopped by addition of rifampicin (t0) and samples were
removed at indicated times for RNA extraction and Northern blotting. Strain Z1129 (ΔmicC ΔglmY ΔglmZ ΔrapZ �attB::Ptac-ompD), containing plasmid
pYG205 (rapZ), carried additionally either plasmid pYG314 (micC) or pYG313 (glmZ’-micC). Transcription of micC and glmZ’-micC was induced with 1
mM IPTG and 0.2% arabinose was added to trigger RapZ-mediated cleavage of the fusion RNAs. Isolated total RNAs (3 �g each) were separated on two
denaturing PAA gels, containing 5% or 8% acrylamide, respectively. After blotting, the membranes were probed for ompD (first panel from top) or MicC
(third panel from top) and GlmZ (fourth panel from top). Both membranes were re-probed for 5S rRNA to obtain loading controls. MicC and its decay
products are indicated with arrows. (B) Semi-logarithmic plots of ompD and MicC signal intensities for half-life determination. The data are presented as
mean, n = 4–5. Half-lives values are presented as mean ± SD.

and the sRNA was slowly degraded over time (t1/2 > 16
min). As 5′P-MicC becomes rapidly degraded, it can be con-
cluded that the signal referring to 5′-PPP MicC indeed rep-
resents mostly tri- or diphosphorylated MicC species. The
initial ompD level observed at the time of rifampicin addi-
tion (t = 0 min) was higher and decay rates were minimally
lower when 5′P-MicC was produced (t1/2 = 6.2 ± 1.9 min
versus t1/2 = 5.5 ± 2.3 min in case of 5′PPP-MicC). In both
cases, ompD levels decreased mainly within the first two
minutes followed by a slower degradation kinetics. Taken
together, the data show that both MicC variants achieve
a comparable repression of ompD when compared at sim-

ilar steady state levels. However, most of the produced 5′P-
MicC molecules are instantly degraded, while 5′PPP-MicC
is fairly stable, meaning that on a one-to-one basis, more
5′P-MicC than 5′PPP-MicC molecules must be produced to
compensate for lower stability of the former and to achieve
a comparable repression of ompD.

The weak regulatory strength of 5′P-MicC is not caused by
imprecise cleavage of the glmZ’-micC fusion RNA

The base-pairing site of MicC is provided by its immediate
5′ end (Figure 2A). Albeit RNase E was observed to cleave
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Figure 4. Analysis of sodB mRNA repression caused by 5′PPP- and 5′P-RyhB. (A) RNA duplex formed by RyhB with the sodB start region (58). RNase E
cleavage of sodB mRNA downstream in the coding region is indicated. (B) Northern blot experiment addressing sodB mRNA steady state levels in presence
of the GlmZ’-gfp control fusion, 5′PPP-RyhB and 5′P-RyhB, respectively. Strain Z1013 (ΔryhB ΔglmY ΔglmZ ΔrapZ) containing plasmid pYG205 (rapZ),
carried additionally either plasmid pYG215 (glmZ’-gfp, lane 5, 6), pYG275 (ryhB, lanes 7, 8) or plasmid pYG274 (glmZ’-ryhB, lanes 9, 10). IPTG (1 mM)
was added to induce expression of corresponding RNA constructs, while expression of rapZ from pYG205 was induced with 0.2% arabinose where indicated
(+). The empty ancestor strains S4197 (wild-type), Z956 (ΔglmY ΔglmZ ΔrapZ), Z1013 and JW1648 (ΔsodB) were included as additional controls (lanes
1–4). Total RNAs were isolated and 1.5 �g each were separated on two denaturing 8% PAA gels. After blotting, the membranes were either hybridized
with probes detecting sodB and GlmZ (first and second panel from top), or probed for RyhB (fourth panel from top). Blots were re-probed for 5S rRNA to
obtain loading controls. (C) Quantification of Northern blots. Bar graphs presenting the average normalized signal intensities and SD of two independent
experiments. sodB mRNA signal intensities, in presence of RyhB (light grey) and GlmZ’-RyhB (dark grey), were compared to sodB signal intensity obtained
in presence of GlmZ’-gfp (lane 5 and 6; =100%) and normalized to the corresponding 5S rRNA loading controls.

with high precision (44), it cannot be excluded per se that
GlmZ’-MicC was cleaved at least partially a few nucleotides
further downstream. Such imprecise cleavage would result
in MicC variants lacking residues from the base-pairing site.
This may not only affect binding of 5′P-MicC to ompD,
but could also destabilize the sRNA as base-pairing pro-
vides protection (40). To address this possibility, we con-
structed two additional glmZ’-micC fusion genes, in which
one or two guanine nucleotides were inserted upstream
of the micC sequence (designated MicCG and MicCGG),
thereby increasing the distance between glmZ’ and the first
micC nucleotide to 8 and 9 residues, respectively. Release
of the 5′P-MicCG and 5′P-MicCGG variants also repressed
ompD only weakly, showing virtually no difference to the

original 5′P-MicC construct (Supplementary Figure S2, cf.
lanes 6–14). Inspection of the blots probed for GlmZ and
MicC confirmed release of the 5′P-MicC variants in pres-
ence of IPTG and arabinose. Thus, the weak regulatory im-
pact of 5′P-MicC cannot be explained by imprecise cleavage
of the parental fusion RNA.

Rapid elimination of 5′P-MicC through cleavage by RNase
E explains its weak regulatory activity

The levels of the MicC variants generated through process-
ing were much lower as compared to 5′PPP-MicC, indi-
cating that they are unstable (Supplementary Figure S2).
Northern blotting detected two shorter species in addi-



5132 Nucleic Acids Research, 2023, Vol. 51, No. 10

Figure 5. Effect of different CpxQ variants on nhaB mRNA regulation. (A) RNA duplex likely formed by CpxQ with the nhaB CDS in E. coli as deduced
from the base-pairing occurring in Salmonella (43). (B) Northern blot experiment addressing nhaB steady state levels in presence of the GlmZ’-gfp control
fusion, 5′PPP-CpxQ and 5′P-CpxQ, respectively. Strain Z1012 (ΔcpxQ ΔglmY ΔglmZ ΔrapZ), containing plasmid pYG205, carried additionally either
plasmid pYG215 (glmZ’-gfp, lanes 2, 3), pYG273 (cpxQ, lanes 4–8) or plasmid pYG272 (glmZ’-cpxQ, lanes 9–13). Strain JW1175 (ΔnhaB, lane 1) shows
nhaB probe specificity. IPTG (10 �M, 50 �M, 100 �M or 1 mM) was added to induce expression of corresponding RNA constructs. Expression of rapZ
from pYG205 was induced using 0.2% arabinose where indicated (+). To detect nhaB mRNA (first panel from top), 3.5 �g of total RNA was separated
on an 1% agarose gel and subsequently transferred to the membrane via vacuum blotting. EtBr stained 23S and 16S rRNAs were imaged after blotting
serving as loading controls (second panel from top). For detection of CpxQ (third panel from top) and GlmZ (fifth panel from top), 3 �g of total RNA
was separated on two denaturing PAA gels containing 8% or 5% acrylamide. The RNA was transferred to the membranes via semi-dry electroblotting.
After hybridization with either probes detecting CpxQ or GlmZ, both membranes were re-probed for 5S rRNA. (C) Quantification of Northern blots. Bar
graphs presenting the average normalized signal intensities and SD of 3–7 independent experiments. nhaB mRNA signal intensities, in presence of CpxQ
(light grey) and GlmZ’-CpxQ (dark grey), were compared to nhaB signal intensities obtained in presence of GlmZ’-gfp (lanes 2, 3; = 100%) and normalized
to the corresponding 23S rRNA loading controls (top graph). CpxQ signal intensities were compared to the strongest signal obtained for CpxQ (lane 8; =
100%) and normalized to the 5S rRNA loading controls (bottom graph).
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Figure 6. Impact of 5′PPP- and 5′P-CpxQ on nhaB mRNA decay rates and comparison of their stabilities. (A) Northern blot assessing nhaB decay rates in
presence 5′PPP-CpxQ and 5′P-CpxQ and determination of CpxQ stability. Transcription was stopped with rifampicin (t0) and samples were harvested at
indicated times for RNA extraction and Northern blotting. Strain Z1012 (ΔcpxQ ΔglmY ΔglmZ ΔrapZ) carried plasmid pYG205 (rapZ) and additionally
either plasmid pYG273 (cpxQ) or plasmid pYG272 (glmZ’-cpxQ). The transformants were grown in presence of 1 mM IPTG to induce transcription of
cpxQ and the glmZ’ fusion genes. Arabinose (0.2%) was additionally added to trigger cleavage of the fusion RNAs. To detect nhaB mRNA (first panel
from top), 3.5 �g of total RNA was separated on an 1% agarose gel and subsequently transferred to the membrane via vacuum blotting. EtBr stained
23S and 16S rRNAs were imaged after blotting serving as loading controls (second panel from top). For detection of CpxQ (fifth panel from top) and
GlmZ (third panel from top), 3 �g of total RNA was separated on two denaturing PAA gels containing 8% and 5% acrylamide. The RNA was transferred
to the membranes via semi-dry electroblotting. After hybridization with either probes detecting CpxQ or GlmZ, both membranes were re-probed for 5S
rRNA. (B) Semi-logarithmic plots of nhaB and CpxQ signal intensities for half-life determination. In the semi-logarithmic plots data are presented as
mean, n = 2–4. Half-lives values are presented as mean ± SD.
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Figure 7. GcvB decay rates triggered by 5′PPP- and 5′P-SroC and determination of SroC stability. (A) SroC-GcvB base-pairing as shown in Miyakoshi
et al. 2015 (60). Base-pairing occurs at two regions that are in close proximity within SroC, but 137 nt apart in GcvB. (B) Northern blot for determination
of GcvB decay rates in presence of 5′PPP- SroC and 5′P-SroC and analysis of SroC stability. Rifampicin was added to stop transcription (t0) and samples
were removed at indicated times for RNA extraction and Northern blotting. Strain Z1014 (ΔsroC ΔglmY ΔglmZ ΔrapZ) carried plasmid pYG205 (rapZ)
and additionally either plasmid pYG277 (sroC) or plasmid pYG276 (glmZ’-sroC). The empty strains S4197 (wild-type), Z1014 and JVS06081 (ΔgcvB) were
included as controls (lanes 1–3). The transformants were grown in presence of 0.01 mM IPTG to induce transcription of sroC and glmZ’ fusion genes.
Arabinose (0.2%) was added to trigger RapZ-mediated cleavage of the fusion RNAs. Total RNAs were separated on two denaturing 8% PAA gels (1.5 �g
each) and subsequently blotted. One blot was probed for GcvB and SroC (first and second panel from top), while the other blot was probed for GlmZ
(fourth panel from top). Blots were re-probed for 5S rRNA to obtain loading controls. (C) Semi-logarithmic plots of GcvB and SroC signal intensities for
half-life determination. The data are presented as mean, n = 3. Half-lives values are presented as mean ± SD.
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Figure 8. MicC does not require the 5′P sensory pocket of RNase E for downregulation of ompD in vivo. (A) Northern blot experiment addressing ompD
steady state levels in presence of MicC in Salmonella Typhimurium strains Z1266 (wild-type rne, ΔmicC) and Z1267 (rneR169K, ΔmicC), respectively. The
strains carried either plasmid pYG215 (glmZ’-gfp, lanes 1, 2, 7, 8) or plasmid pYG314 (micC, lanes 3–6 and 9–12). Transformants were grown in absence or
presence of IPTG, 0.05, 0.1 and 1 mM IPTG were used in case of micC and 1 mM in case of glmZ’-gfp, to induce transcription of RNA genes. Total RNAs
(1.5 �g each) were separated on two denaturing PAA gels, containing 5% or 8% acrylamide, and were subsequently blotted. The blot resulting from the 5%
PAA gel was hybridized with a probe detecting ompD (first panel from top), while the other blot was probed for MicC (third panel from top). Membranes
were re-probed for 5S rRNA to obtain loading controls. Full-length (FL) MicC and its decay products are indicated with arrows. (B) Quantification of
Northern blots. Bar graphs presenting the average normalized signal intensities and SD of 2–6 independent experiments. ompD mRNA signal intensities,
in presence of wild-type (WT) rne (light grey) and rneR169K (dark grey), were compared to ompD signal intensities obtained in presence of GlmZ’-gfp in
the respective strain background (lanes 1, 2 or 7, 8; = 100%) and normalized to the corresponding 5S rRNA loading controls (top graph). MicC signal
intensities, in presence of wild-type (WT) rne (light grey) and rneR169K (dark grey) were compared to the strongest signal obtained for MicC (lane 12;
= 100%) and normalized to the 5S rRNA loading controls (bottom graph). In the rneR169K strain, signal intensities of the 5S signal and the 5S rRNA
precursor were summed up for normalization.

tion to full-length MicC. Whereas the full-length species
is predominant in case of 5′PPP-MicC, the slightly shorter
species is equally or more abundant in case of the 5′P-
MicC variants (Figure 2B, cf. lane 8 with 13; Supplemen-
tary Figure S2, cf. lane 5 with 8, 11, 14). Previous work
has shown that 5′P-MicC is rapidly degraded by RNase
E in vitro, whereas the 5′PPP-MicC variant is largely pro-
tected (40). RNase E cleavage sites in MicC were mapped
to positions +9 and +24, the former of which is preferred
in 5′P-MicC and cleavage at this site likely initiates de-
cay. To learn whether processing at position +9 initiates
decay of 5′P-MicC in vivo, we exchanged the uridines at
position +11 and +12 with cytidine residues (Figure 2A).
These mutations should eliminate cleavage at position +9.

However, they also abolish base-pairing of position +11 in
MicC.

Accordingly, we compared steady state levels of wild-type
(wt) MicC and mutated MicC (designated MicCmut), pro-
duced either as 5′PPP or as 5′P variants (Supplementary
Figure S3). Indeed, the slightly shorter MicC species (desig-
nated MicC−9) disappeared in case of MicCmut, regardless
whether produced in 5′PPP or in 5′P state (Supplementary
Figure S3, cf. lanes 4, 5 with 6, 7). Simultaneously, the levels
of the full-length sRNAs increased, which was in particu-
lar pronounced for the 5′P variant. Nonetheless, its amount
remained below the level of 5′PPP-MicC. This is likely the
result of cleavage at position + 24, reflecting that a corre-
sponding species also accumulated when 5′P-MicC was pro-
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Table 1. Overview of RNA half-life measurements performed in this study. Half-life experiments were performed and quantified as described in Materials
and Methods and in the corresponding figure legends. For glmZ’-gfp RNA control experiments one representative blot from each strain background is
shown in Supplementary Figure S15

Figure/strain sRNA
RNA half-life
(min) Target RNA

RNA half-life
(min)

Figure 3
E. coli (Z1129) 5′PPP MicC >16 ompD 5.5 ± 2.3

5′P MicC 2 ± 0.8 ompD 6.2 ± 1.9
GlmZ’-gfp ompD 7.4 ± 1.0

Figure S12
E. coli ΔrppH(Z1153) 5′PPP MicC >16 ompD 3.3

5′P MicC 1.3 ompD 4.6
GlmZ’-gfp ompD 5.7

Fig. S13
S. typhimurium rneR169K (Z1267) 5′PPP MicC 6.2 ± 1.6 ompD 3.4 ± 1.1

GlmZ’-gfp ompD 11.2 ± 6.6
S. typhimurium rne WT (Z1266) 5′PPP MicC 3.4 ± 0.6 ompD 5.6 ± 0.2

GlmZ’-gfp ompD 6.3 ± 1.1
Fig. S14
E. coli rne598(Z1245) 5′PPP MicC >16 ompD 13.9 ± 1.5

5′P MicC 4.4 ± 0.6 ompD >16
GlmZ’-gfp ompD >16

Figure S5
E. coli (Z1013) 5′PPP RyhB 15.2 ± 2.1 sodB 8.4 ± 2.6

5′P RyhB - sodB 8.9 ± 3.4
GlmZ’-gfp sodB >16

Figure 6
E. coli(Z1012) 5′PPP CpxQ >16 nhaB 2.4 ± 0.6

5′P CpxQ >16 nhaB 2.6 ± 1.3
GlmZ’-gfp nhaB 3.8 ± 1.7

Figure 7
E. coli (Z1014) 5′PPP SroC >16 GcvB 3.8 ± 1.3

5′P SroC >16 GcvB 3.8 ± 0.9
GlmZ’-gfp GcvB >16

Fig. S11
E. coli ΔrppH(Z1077) 5′PPP SroC >16 GcvB 4.7 ± 0.3

5′P SroC >16 GcvB 6.5 ± 1.9
GlmZ’-gfp GcvB >16

duced (Supplementary Figure S3, cf. lanes 5, 7 with 4, 6).
These data indicate that following production in vivo, 5′P-
MicC is rapidly cleaved at positions +9 and +24 and de-
graded. This high intrinsic instability explains its weak reg-
ulatory strength as compared to 5′PPP-MicC.

5′P-RyhB is highly unstable in vivo and instantly turned over
contrarily to 5′PPP-RyhB

RyhB is a post-transcriptional regulator of >50 mRNAs in-
volved in iron metabolism and related functions (56). One
of the best characterized targets is sodB mRNA in E. coli,
which is regulated by RyhB via two mechanisms. Assisted by
Hfq, RyhB binds to the translation initiation region (TIR)
of sodB and represses translation (Figure 4A; (57,58)). Ad-
ditionally, RyhB recruits the RNA degradosome to stimu-
late degradation of sodB by RNase E, which cleaves 350 nt
downstream of the base-pairing site (7,8,34).

Production of RyhB in 5′PPP state led to accumulation
of the sRNA and decreased sodB mRNA levels concomi-
tantly, compared to the glmZ’-gfp control RNA (Figure 4B,
cf. lanes 7, 8 with 5, 6; Figure 4C), as expected. Surpris-
ingly, 5′P-RyhB remained undetectable upon induction of
transcription and cleavage of the glmZ’-ryhB fusion RNA,
albeit the GlmZ’ 5′ cleavage product readily accumulated
reflecting successful cleavage (Figure 4B, lanes 9 and 10).
Across several experiments, we reiteratively observed de-
creased sodB levels although 5′P-RyhB itself became never
detectable (Figure 4; Supplementary Figure S4, lanes 6, 7;
Supplementary Figure S5; data not shown). Next, we stud-

ied sodB and RyhB decay (Supplementary Figure S5; Table
1). Somewhat lower sodB mRNA levels were detectable at
the time of rifampicin addition when RyhB was produced in
5′PPP state as compared to 5′P-RyhB, reflecting a somewhat
stronger repression in the former strain. Over time, sodB lev-
els decreased with comparable rates in presence of 5′PPP-
RyhB (t1/2 = 8.4 ± 2.6 min) or when releasing 5′P-RyhB
from the glmZ’-ryhB precursor RNA (t1/2 = 8.9 ± 3.4 min).
5′P-RyhB remained undetectable, whereas 5′PPP-RyhB de-
cayed only slowly (t1/2 = 15.2 ± 2.1 min). Consequently,
RyhB must be 5′ tri- (or di-) phosphorylated in the lat-
ter case (Supplementary Figure S5; Figure 4B, lanes 7 and
8). We conclude that 5′P-RyhB is highly unstable and in-
stantly turned over either together with its target (34), when
not base-paired or via a so far unknown mechanism. How-
ever, our data indicate that both RyhB variants repress sodB
mRNA with comparable efficiency.

Small RNAs carrying 5′P ends naturally are stable but do
not perform better in target RNA destabilization than their
5′PPP variants

Additionally, we tested sRNAs, whose biogenesis involves
processing from parental transcripts catalyzed by RNase E
(13,59). Therefore, these sRNAs naturally carry a 5′P group.
A well-studied example is sRNA CpxQ, which is produced
from the 3 ′UTR of the cpxP mRNA (43). In Salmonella,
CpxQ targets mRNA nhaB via two base-pairing sites. Base-
pairing with the site located at the TIR inhibits ribosome
binding. Interaction with a second site located ∼300 nt
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Figure 9. The C-terminal half of RNase E is essential for regulation of
ompD by MicC. (A) Northern blot experiment comparing regulation of
ompD mRNA by MicC in strains expressing wild-type rne (Z1129, lanes 1–
7) or the truncated rne598 variant (Z1245, lanes 8–14). The strains carried
plasmid pYG205 (rapZ) and additionally either control plasmid pYG215
(glmZ’-gfp, lanes 1, 2, 8, 9), pYG314 (micC, lanes 3, 4, 10, 11) or pYG313
(glmZ’-micC, lanes 5–7, 12–14). 1 mM IPTG and 0.2% arabinose were
added as indicated. Total RNAs were extracted and separated (1.5 �g each)
on two denaturing PAA gels containing 5% or 8% acrylamide, respectively,
and subsequently blotted. The blot resulting from the 5% PAA gel was
consecutively hybridized with probes detecting ompD and GlmZ (first and
second panel from top), while the other blot was probed for MicC (fourth
panel from top). Membranes were re-probed for 5S rRNA to obtain load-
ing controls. (B) Quantification of Northern blots. Bar graphs presenting
the average normalized signal intensities and SD of 2 independent exper-
iments. ompD mRNA signal intensities, in wild-type (WT) rne (light grey)
and rne598 (dark grey) strain background, in presence of either MicC or
GlmZ’-MicC, were compared to ompD signal intensities obtained in pres-
ence of GlmZ’-gfp (lanes 1, 2 and 8, 9; =100%) in the respective strains
and normalized to the corresponding 5S rRNA loading controls.

downstream in the CDS, stimulates nhaB decay by RNase
E in vitro. Again, 5′P-CpxQ stimulates faster nhaB decay
as compared to 5′PPP-CpxQ in such assays, emphasizing a
stimulatory role of the 5′P group (43).

The CpxQ base-pairing site at the TIR is not conserved,
but the base-pairing site in the CDS exists also in E.
coli, except that the nhaB A312/U7 CpxQ base-pairing in
Salmonella is replaced with a G:U pairing (Figure 5A).
Consequently, we studied regulation of the 1542 nt long
(Supplementary Figure S6) endogenous nhaB RNA by
CpxQ in E. coli using the two-plasmid system. Addition
of increasing amounts of IPTG elicited accumulation of
both CpxQ variants and downregulated nhaB mRNA con-
comitantly, confirming that regulation is conserved (Figure
5B). 5′PPP- and 5′P-CpxQ repressed nhaB with similar ef-
ficiency. For a thorough comparison, precise CpxQ levels
were considered. According to signal quantifications, in-
duction of the 5′PPP-CpxQ construct with 0.01 – 0.05 mM
IPTG generated sRNA levels that were comparable to those
produced by the 5′P-CpxQ construct when induced with 1
mM IPTG (Figure 5B, lanes 5 and 6 and 13; Figure 5C, bot-
tom graph). Under these conditions, the two sRNA variants
achieved a comparable repression of nhaB mRNA (Figure
5C, top graph).

Closer inspection of the blot indicated somewhat differ-
ent migration velocities for 5′P-CpxQ and 5′PPP-CpxQ.
Side by side comparison with endogenously produced
CpxQ revealed a slightly increased length for the latter vari-
ant (Supplementary Figure S7), suggesting that transcrip-
tion starts few nucleotides upstream to avoid usage of U as
start nucleotide. In any case, this CpxQ variant is fully active
in regulation.

RNA half-life determinations showed that decay of nhaB
mRNA in presence of both CpxQ variants was com-
parable (glmZ’-cpxQ: t1/2nhaB = 2.6 ± 1.3 min; cpxQ:
t1/2nhaB = 2.4 ± 0.6 min) (Figure 6; Table 1). Interestingly,
both CpxQ variants were fairly stable (t1/2 > 16 min) indi-
cating that the 5′ phosphorylation state has no impact on
CpxQ decay.

The ∼160 nt long sRNA SroC represents another nat-
urally 5′ monophosphorylated sRNA that is generated by
RNase E through processing of the gltI mRNA (60). SroC
uses two short base-pairing regions to sponge sRNA GcvB
and induce its degradation by RNase E (Figure 7A). We
triggered production of both, 5′PPP-SroC and 5′P-SroC by
using incremental IPTG concentrations and followed the
fate of GcvB (Supplementary Figure S8). Interestingly, both
SroC variants were detectable in the Northern blot in ab-
sence of IPTG and their levels increased further upon IPTG
addition. This may be explained by the exceptional stability
of SroC (t1/2 > 32 min, (61)), allowing SroC to accumu-
late even when produced at low levels as resulting from pro-
moter leakiness in absence of the inducers. Consequently,
GcvB levels decreased in the absence of inducers and de-
clined further with incremental IPTG concentrations. Im-
portantly, the two SroC variants exhibited no major dif-
ferences regarding repression of GcvB. Determination of
sRNA decay rates confirmed this result (glmZ’-sroC: t1/2
GcvB = 3.8 ± 0.9 min; sroC: t1/2 GcvB = 3.8 ± 1.3 min)
(Figure 7; Table 1). SroC itself remained stable over time, re-
gardless of its 5′ end phosphorylation state (t1/2 > 16 min).
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These results show that the naturally 5′ monophospho-
rylated sRNAs CpxQ and SroC retain their regulatory po-
tential when produced in 5′PPP form. Interestingly, the 5′
phosphorylation state has no role for CpxQ and SroC sta-
bilities, which is in remarkable contrast to sRNAs MicC and
RyhB.

Pyrophosphohydrolase RppH has little impact on the regula-
tory performance 5′PPP-sRNAs

Our results could not detect any major difference in tar-
get repression strength exerted by 5′ monophosphorylated
sRNAs or their 5′ triphosphorylated counterparts, at least
when compared at similar steady state levels. However,
it cannot be ruled out completely that the 5′PPP-sRNA
species undergo rapid dephosphorylation leading to a frac-
tion of 5′ monophosphorylated species that was actually re-
sponsible for the observed regulation. It is also conceivable
that dephosphorylation could take place after the annealing
step. The stable 5′PPP-sRNA variants might be able to bind
their targets, which could then be followed by their dephos-
phorylation, allowing the sRNA to boost RNase E activity.

To address these possibilities, we performed experiments
in a ΔrppH strain background. The results did not devi-
ate significantly from those obtained in the rppH+ strains.
Again, 5′P-CpxQ and 5′PPP-CpxQ repressed nhaB with
similar efficiency when assessed at comparable steady state
levels (Supplementary Figure S9, cf. conditions shown in
lanes 7 and 12). Likewise, both SroC variants reduced GcvB
levels to a comparable extent when transcription was in-
duced using ≤ 0.01 mM IPTG (Supplementary Figure S10,
lanes 4–13). Surprisingly, repression of GcvB by 5′P-SroC
was relieved again when using higher IPTG concentrations
for induction of glmZ’-sroC transcription (Supplementary
Figure S10, lanes 20–23). This phenomenon was also ob-
servable in the rppH+ strain, albeit less pronounced (i.e. only
at 1 mM IPTG; Supplementary Figure S8, lane 22 and 23).
Concomitantly, an exceptional strong accumulation of the
parental GlmZ’-SroC RNA could also be observed. We as-
sume that the high GlmZ’-SroC levels (promoted though
the notorious stability of SroC) may sequester RNase E,
thereby limiting degradation of GcvB. Absence of RppH
might exacerbate limitation of RNase E as it may prolong
its retention time on 5′ triphosphorylated substrates, i.e. the
latter could be bound by RNase E but their cleavage is im-
paired due to absence of 5′P groups (62). Therefore, we used
only 0.01 mM IPTG for sRNA induction when studying
GcvB decay rates (Figure 7; Supplementary Figures S11;
Table 1). Under these conditions, both SroC variants desta-
bilized GcvB with similar efficiency. Finally, also the 5′PPP-
MicC variant retained the ability to promote degradation
of ompD in the ΔrppH background (Supplementary Figure
S12; Table 1). Collectively, these results are not in agreement
with the hypothesis that a 5′ monophosphorylated fraction
of the triphosphorylated sRNAs was responsible for the ob-
served regulatory effects.

MicC does not require the 5′P sensing pocket of RNase E to
promote ompD decay

Our experiments, using the GlmZ aptamer, did not yield
any evidence that a 5′P group would allow sRNAs to boost
RNase E activity towards their targets. For further insight,

we explored regulation of ompD mRNA by MicC in a
Salmonella strain carrying the rneR169K allele encoding a
variant of RNase E that is defective in 5′P sensing (40,60). In
vitro, the R169K substitution reduces the ability of RNase E
to cleave ompD in a MicC-guided manner >5-fold (28). The
chromosomal micC copy was deleted in this strain, allow-
ing us to study the effect of plasmid-encoded 5′PPP-MicC,
independent of endogenous transcriptional control mecha-
nisms. The bacteria were cultivated in absence or presence
of various IPTG concentrations for induction of micC tran-
scription, allowing for thorough comparison.

The 5′P sensing defect of the Salmonella rneR169K mu-
tant was evident from the accumulation of the 5S rRNA
precursor as reported previously (Figure 8A; (60)). Quan-
tification of ompD signal intensities over multiple replicates
and 5S loading control normalization showed that MicC
repressed ompD with comparable or even somewhat im-
proved efficiency when RNase E was defect in 5′P sens-
ing (Figure 8A and B). Interestingly, MicC accumulated to
much higher levels in the rneR169K mutant as compared
to the wt rne strain (Figure 8A, cf. lane 6 with 12; Figure
8B, bottom graph). At lower IPTG concentrations, only the
MicC variant cleaved at position + 9 was detectable in the
wt rne strain and this variant likewise accumulated in the
rneR169K strain (Figure 8A, cf. lanes 4–6 and 10–12). Ad-
ditional longer transcripts arising above the MicC signal in
the rneR169K mutant presumably represent read-through
transcripts from upstream located start sites, which might
undergo rapid degradation via the RNase E 5′P pathway in
the wt rne strain.

Examination of RNA decay indicated a somewhat faster
degradation of ompD in the rneR169K mutant as in the wt
rne strain (rneR169K: t1/2ompD = 3.4 ± 1.1 min, wt rne:
t1/2ompD = 5.6 ± 0.2 min; Supplementary Figure S13; Ta-
ble 1), whereas the opposite was the case for MicC. Both,
full-length MicC and its shorter MicC-9 variant were stabi-
lized in the rneR169K strain. These data suggest that degra-
dation of MicC occurs at least partially via the RNase E
5′P pathway. Most importantly, MicC efficiently promotes
degradation of ompD even in the rneR169K mutant, indicat-
ing that the 5′P sensory pocket in RNase E plays no major
role for this process.

The C-terminal half of RNase E is indispensable for regula-
tion of ompD by MicC

An alternative mechanism was proposed, in which sRNAs
employ Hfq to recruit RNase E in order to stimulate target
decay (7,31,39). In light of our finding that the 5′P group
of MicC and the corresponding binding pocket in RNase
E play no direct role for destabilization of ompD, we won-
dered whether the RNase E-CTH might be critical instead.
To this end, we tested regulation of ompD by MicC in an
E. coli strain carrying the RNase1-598 variant lacking the
CTH. Once again, we introduced the two plasmids allow-
ing us to produce MicC in 5′PPP state or with a 5′P group
via processing from the GlmZ’-MicC precursor. For com-
parison, we included corresponding transformants of the
isogenic strain carrying full-length rne. As observed before
(Figure 2), full induction of 5′PPP-MicC caused strong re-
pression of ompD in the latter strain, whereas repression by
5′P-MicC was weaker (Figure 9A, lanes 1–7; Figure 9B).
Strikingly, regulation of ompD was strongly relieved in the



Nucleic Acids Research, 2023, Vol. 51, No. 10 5139

strain synthesizing the truncated RNase E1–598 variant (Fig-
ure 9A, lanes 8–14; Figure 9B). Both MicC variants largely
failed to stimulate ompD decay in this strain (Supplemen-
tary Figure S14; Table 1). We conclude that the CTH of
RNase E is essential for destabilization of ompD by 5′P-
MicC or 5′PPP-MicC.

DISCUSSION

In this work, we examined the impact of 5′P ends on the
stability and regulatory performance of sRNAs in the E.
coli cell. This was possible through usage of the GlmZ ap-
tamer, which together with protein RapZ allows the control-
lable release of 5′P sRNAs from precursor transcripts in vivo
(Figure 1; (44)). Generated 5′P sRNAs were directly com-
pared to their 5′PPP counterparts, which were expressed to
comparable levels from isogenic plasmids. The results do
not indicate a major role of the 5′P group of sRNAs for
stimulation of target RNA decay by RNase E, as previously
proposed (40,43). In contrast, they emphasize the impor-
tance of the RNase E-CTH (7,31), as it is essential for the
regulatory activity of MicC sRNA towards ompD mRNA.
Our results also show that a 5′P end marks MicC and RyhB
for rapid degradation, either in a coupled process with their
target or when not base-paired (Figure 10). In contrast, this
does not apply to sRNAs, which are generated through pro-
cessing (i.e. CpxQ and SroC), indicating that they are pro-
tected. In this respect, GlmZ/RapZ provides a suitable tool
to determine whether a particular transcript is degraded via
the RNase E 5′P-dependent pathway in vivo.

A major group of Hfq-binding sRNAs are released from
the 3′ UTRs of mRNAs through processing (43,60,63–68).
This biogenesis pathway equips sRNAs with 5′P groups,
which could be used to destabilize cognate targets through
interaction with the 5′ monophosphate sensing pocket of
RNase E (13,41,43). However, we observe that the 5′ phos-
phorylation state has no major role for the regulatory ac-
tivities of CpxQ and SroC. Both, 5′P and 5′PPP variants
of these sRNAs regulate their targets with comparable effi-
ciency (Figures 5–7; Supplementary Figure S8). The same
effect was observed in absence of the pyrophosphohydro-
lase RppH (Supplementary Figures S9–S11), which could
dephosphorylate the initially 5′PPP sRNAs shifting their
regulatory potential. Our findings for CpxQ/nhaB are re-
inforced by observations made recently for the CpxQ/cfa
mRNA pair. Similar to nhaB, CpxQ destabilizes cfa through
recruitment of RNase E, but apparently with little impact
of its 5′ end phosphorylation state (69). It appears conceiv-
able that 5′ end phosphorylation of CpxQ is irrelevant for
target RNA destabilization in general, extending the con-
cept beyond the target studied herein. Interestingly, both
CpxQ and SroC are exceptionally stable, regardless of their
5′ phosphorylation state (t1/2 >16 min; Figures 6 and 7).
Features such as elimination of potential RNase E cleavage
sites or obstacles hindering substrate scanning by RNase E
(70), may prevent CpxQ and SroC from entering the 5′P-
dependent decay pathway. However, the underlying charac-
teristics that determine the molecular stability of these sR-
NAs remain to be disassembled.

sRNAs MicC and RyhB are stable when tri- or (di-) phos-
phorylated (Figure 3; Supplementary Figure S5). However,

when produced in monophosphorylated form, MicC was
rapidly degraded and RyhB was not detectable at all, indi-
cating that they are eliminated through the 5′P-dependent
decay pathway of RNase E. Mutational analysis of MicC
indicates that RNase E cleavage at position + 9 initiates this
process (Supplementary Figure S3), which is in agreement
with previous in vitro analysis (40). Instability of 5′P-MicC
relieved target repression compared to 5′PPP-MicC, but un-
der conditions where the steady state levels of both sRNA
variants were comparable, they regulated ompD with simi-
lar efficiency (Figures 2).

MicC is degraded when not protected through base-
pairing with its targets (40). Therefore, most of the 5′P-
MicC molecules produced from the GlmZ’-MicC aptamer
were likely removed by RNase E before base-pairing could
occur (Figure 10). The small fraction of 5′P-MicC becom-
ing detectable, may represent those molecules that escaped
degradation via base-pairing (Figure 2; Supplementary Fig-
ures S2 and S3). As MicC has a small target spectrum, the
number of protecting molecules is limited, which may ex-
plain why the monophosphorylated fraction could not be
increased above a certain threshold (Supplementary Figure
2, cf. lanes 7 and 8). In agreement with this observation,
5′P-MicC levels could be elevated by producing additional
ompD molecules (data not shown). Rapid elimination of
free 5′P-MicC via the RNase E 5′P sensing pathway is also
supported by the accumulation of MicC in the presence of
the RNase E-R169K variant affected in 5′ sensing (Figure
8). Clearly, an intact RNase E 5′P sensing pocket is required
to destabilize MicC, but not ompD.

In contrast to MicC, RyhB was shown to be degraded in a
coupled process together with its targets (34). We observed
reiteratively in all experiments that both RyhB variants re-
pressed sodB mRNA with similar efficiency (Figure 4; Sup-
plementary Figure S4 and S5). Opposite to 5′P-MicC, the
major fraction of 5′P-RyhB might be able to find and bind
its targets, but is then eliminated through co-degradation.
However, since monophosphorylated RyhB could not be
detected at all and the amounts of ‘free- and co-degraded’
5′P-RyhB are not known, the regulatory potential of the
RyhB variants towards sodB mRNA may differ potentially
(Figure 10). RyhBs broad target spectrum and other reg-
ulatory elements, e.g. the AspX sRNA sponge repressing
RyhB that was recently identified, 3′ETSLeuZ or poly (A)
polymerase (PAP I) (71,72), might add additional layers
of complexity to this in vivo analysis. Moreover, PNPase,
which is part of the RNA degradosome, can affect stabil-
ity and activity of some sRNAs including RyhB (73,74).
Furthermore, it was shown that, besides RNase E, RNase
III is another player controlling RyhB induced degradation
of sodB mRNA (75). Altered secondary structures of the
sRNA variants could potentially impact target RNA bind-
ing and interaction with the RNA degradosome. Finally, it
cannot be excluded that one RyhB variant might primarily
cause translational block of sodB, while the other variant
actively induces sodB decay far downstream of the ribosome
binding site by recruiting RNase E (8). Overall, 5′P-RyhBs
detailed mode of action is still ambiguous and remains to
be elucidated.

In light of our findings, previous in vitro results, suggest-
ing a stimulatory role of the sRNA 5′P group for target
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Figure 10. Model depicting decay pathways and regulatory activities of 5′P- and 5′PPP- sRNA variants as revealed in this study. (A) 5′PPP-MicC is highly
stable and regulatory active. It can base pair with its target mRNA ompD and induce RNase E-mediated degradation. These variants may act catalytically
until they become dephosphorylated and degraded. In contrast, 5′P-MicC is highly unstable and its major fraction is rapidly degraded before base-pairing
can occur (40). Only a minor fraction might be able to find its target to induce mRNA decay (grey dotted arrow). Consequently, MicC displays only a
weak regulatory activity in vivo when monophosphorylated. (B) Like MicC, the 5′PPP variant of RyhB is perfectly stable and regulatory active. After base-
pairing, RyhB undergoes coupled degradation with its targets (34). The 5′P variant of RyhB is extremely unstable. However, a major fraction of 5′P-RyhB
might be able to find its targets and undergoes (coupled) degradation. A minor fraction might be degraded rapidly before base-pairing can occur (grey
dotted arrow). (C) sRNAs CpxQ and SroC are produced by RNase E-catalyzed processing from the 3′ UTRs of mRNAs and therefore equipped with 5′P
groups. Nonetheless, both sRNAs escape the 5′P-dependent decay pathway of RNase E and are exceptionally stable, regardless of their 5′ phosphorylation
state, suggesting that they act in a catalytic manner on their targets. A 5′P for stimulation of target destabilization by RNase E is not required, at least not
for sRNAs CpxQ and SroC. A stimulatory effect of the 5′P variants of MicC and RyhB was not observed, but cannot be excluded entirely. sRNA-mediated
stimulation of target degradation by RNase E is indicated by a yellow flash.

RNA decay (40,43), appear debatable. Presumably, these in
vitro assays are not yet suited to recapitulate all facets of
the complexity of sRNA function in the cell. 5′P variants
of sRNAs like MicC are too short-lived to achieve efficient
regulation (Figure 3). This obstacle is not reflected by in
vitro assays, in which base-pairing of the RNAs is allowed,
providing sRNA protection, before RNase E is added in
the next step (28,40,43). Often, only fragments of the tar-
get RNAs are used in vitro (40,43), which could bind dif-

ferently to RNase E or lack secondary structures impor-
tant for RNase E activity (28,70,76). It appears also un-
clear whether the base-paired sRNA is identical with the
molecule interacting with the RNase E 5′ sensing pocket in
such in vitro assays. Activation by an additional 5′P-RNA
molecule appears also possible. However, several limitations
apply to our own study. We performed our experiments in
the absence of conditions and stimuli known to naturally
activate the studied sRNAs such as iron limitation or enve-
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lope stress. Consequently, our results do not account for the
possible impact of co-regulated RNAs and proteins on the
sRNA-induced target decay mechanism under the physio-
logical stress condition. Second, off-target effects generated
through RapZ or GlmZ’ cannot be excluded. Overproduc-
tion of RapZ affects the transcriptome significantly and the
recently identified RNA-binding mode of RapZ suggests
potential recognition of similar structured RNAs beyond
GlmY/GlmZ (27,54). For instance, we cannot exclude that
RapZ regulates an RNA species or another factor, which
could affect the stability of a RyhB variant.

Structural work has suggested different modes of recog-
nition of RNA duplexes by RNase E. Crystal structures de-
tected a hairpin RNA mimicking the MicC/ompD duplex
in the RNase E catalytic center, while the sRNA 5′P group
concomitantly binds the 5′ sensing pocket (17,28). Other
RNA duplexes bind to a surface composed by the RNase
H and the small domains in the principal RNase E dimer
(28). It remains unclear how these models could account
for interaction of RNase E with other sRNA/target pairs,
e.g. the GcvB/SroC base-pairing, which involves two du-
plexes in close proximity (60), or RyhB/sodB, which leads
to cleavage of sodB far downstream of the duplex (8). Likely,
the CTH of RNase E with its additional RNA binding
sites and protein binding partners such as Hfq plays a role.
Whether Hfq hands over the RNAs, or has an active role
beyond, remains to be clarified. There is rising evidence
that association of Hfq with the RNase E-CTH likely oc-
curs in presence of RNA (7,16,33,39,77,78). A new model
proposes, that complex double-stranded RNA substrates
could be recognized by both, Hfq and RNase E, form-
ing complexes analogous as demonstrated in vitro for the
RNaseE-NTD/RapZ/GlmZ complex (54). But how this
model could involve the CTD of RNase E, which was shown
in this study to be mandatory for regulation of ompD by
MicC in vivo, remains unclear.

However, the precise molecular mechanism of Hfq-
mRNA-sRNA-RNase E complex formation in vivo, for the
individual RNA pairs, is still unknown. Finally, it is also
possible that specialized RNase E complexes cooperate with
sRNAs to silence transcripts in vivo. A recent study showed
that RNase E multimerization can be stimulated by protein
interaction partners (76). Notably, increased multimeriza-
tion enhances cleavage of substrates exceeding 100 nt re-
gardless of their 5′ phosphorylation state, whereas this does
not apply to shorter RNAs containing the same cleaved se-
quence.

In summary, our data clearly show that a 5′P group is not
important for target RNA destabilization by the processing-
derived sRNAs CpxQ and SroC. Both sRNAs are remark-
ably stable in the cell, even with a 5′P monophosphate
group. In contrast, 5′ phosphorylation was observed to be
crucial for the stability of MicC and RyhB, sRNAs which
are originally equipped with a 5′ triphosphate. Our exper-
iments indicate that the phosphorylation state of MicC
and RyhB plays no direct role for target RNA destabiliza-
tion. However, the data cannot rule out completely that
5′P-MicC is more effective than 5′PPP-MicC in triggering
degradation of ompD, once it is base-paired. The same could
be the case for RyhB. Nevertheless, we show that the RNase
E 5′ sensing pocket is not required for MicC-mediated regu-

lation of ompD, while the importance of the RNase CTD is
highlighted instead. Finally, we present a new genetic tool,
which provides an interesting device for future research as
it allows the generation of small RNAs of choice in a 5′
monophosphorylated state in vivo.
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69. Bianco,C.M., Fröhlich,K.S. and Vanderpool,C.K. (2019) Bacterial
cyclopropane fatty acid synthase mRNA is targeted by activating and
repressing small RNAs. J. Bacteriol., 201, e00461-19.

70. Richards,J. and Belasco,J.G. (2019) Obstacles to scanning by RNase
E govern bacterial mRNA lifetimes by hindering access to distal
cleavage sites. Mol. Cell, 74, 284–295.

71. Chen,J., To,L., de Mets,F., Luo,X., Majdalani,N., Tai,C.H. and
Gottesman,S. (2021) A fluorescence-based genetic screen reveals
diverse mechanisms silencing small RNA signaling in E. coli. Proc.
Natl. Acad. Sci. U.S.A., 118, e2106964118.

72. Sinha,D., Matz,L.M., Cameron,T.A. and De Lay,N.R. (2018)
Poly(A) polymerase is required for RyhB sRNA stability and function
in Escherichia coli. RNA, 24, 1496–1511.

73. Cameron,T.A. and De Lay,N.R. (2016) The phosphorolytic
exoribonucleases polynucleotide phosphorylase and RNase PH
stabilize sRNAs and facilitate regulation of their mRNA targets. J.
Bacteriol., 198, 3309–3317.

74. Dendooven,T., Sinha,D., Roeselova,A., Cameron,T.A., De Lay,N.R.,
Luisi,B.F. and Bandyra,K.J. (2021) A cooperative PNPase-Hfq-RNA
carrier complex facilitates bacterial riboregulation. Mol. Cell, 81,
2901–2913.

75. Afonyushkin,T., Vecerek,B., Moll,I., Bläsi,U. and Kaberdin,V.R.
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