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ABSTRACT
Alterations of the extracellular matrix contribute to adipose tissue dysfunction in metabolic 
disease. We studied the role of matrix density in regulating human adipocyte phenotype in 
a tunable hydrogel culture system. Lipid accumulation was maximal in intermediate hydrogel 
density of 5 weight %, relative to 3% and 10%. Adipogenesis and lipid and oxidative metabolic 
gene pathways were enriched in adipocytes in 5% relative to 3% hydrogels, while fibrotic gene 
pathways were enriched in 3% hydrogels. These data demonstrate that the intermediate density 
matrix promotes a more adipogenic, less fibrotic adipocyte phenotype geared towards increased 
lipid and aerobic metabolism. These observations contribute to a growing literature describing 
the role of matrix density in regulating adipose tissue function.
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Introduction

Adipose tissue dysfunction is an initiating trigger for 
metabolic disease in obesity, including type 2 diabetes. 
Features of adipose tissue associated with metabolic 
health include increased lipid storage and increased 
oxidative metabolism, while in metabolic disease, adi
pose tissue is characterized by increased inflammatory 
and immune responses, increased fibrosis, and 
increased glycolytic (anaerobic) metabolism [1–3]. 
Notably, similar phenotypic profiles distinguish depot- 
differences in adipose tissue. Subcutaneous adipose tis
sue (SAT), which is associated with metabolic health, is 
characterized by increased lipid storage and processing 
capacity, increased oxidative metabolism, and 
decreased inflammation and fibrosis, relative to visceral 
adipose tissue (VAT), an excess of which is linked to 
clinical metabolic disease [4–10].

Dysregulation of the extracellular matrix (ECM) 
plays a central role in adipose tissue dysfunction and 
metabolic disease pathogenesis [11–14]. Prior research 
by our group supports a role for ECM in regulating 
adipocyte metabolism in mice and humans [15,16], but 
underlying mechanisms are poorly defined. 
A dominant hypothesis is that elevated stiffness and/ 

or matrix density in fibrotic adipose tissue impairs 
adipocyte function, but efforts to correlate measures 
of human adipose tissue stiffness with disease are con
flicting. Diabetic status in humans correlates with sub
cutaneous adipose tissue (SAT) stiffness measured by 
transcutaneous tonometry, but not with histologic mea
sures of ECM deposition [17]. In another study, SAT 
stiffness did not change with bariatric surgery-induced 
weight loss despite the increased histologic signs of 
SAT collagen deposition and ECM remodelling [18]. 
We reported that diabetic status in humans correlates 
with increased visceral adipose tissue (VAT) stiffness 
measured with atomic force microscopy, but not with 
histologic measures of collagen content nor with 
macro-rheologic measures of tissue stiffness [19,20].

These conflicting data from study of native tissue 
mechanics suggest the need for in vitro models to 
define the role of matrix mechanics in regulating adi
pocyte function. Prior research by our group and others 
utilized ECM from native adipose tissue as a culture 
substrate [15,16,21], but such models do not permit 
dissection of the distinct roles of matrix mechanics 
and matrix protein composition in regulating cell func
tion. Artificial matrix culture systems provide 
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a protein-free matrix that permit orthogonal engineer
ing of stiffness independent of matrix protein composi
tion [22–24]. These models demonstrate that, in both 
2D and 3D culture models, increasing matrix stiffness 
impairs adipogenesis and mature adipocyte metabolic 
functions, but adipogenesis tends to be promoted to 
a greater extent in 3D matrices relative to 2D substrates 
[25–29]. Indeed, substantial prior research has studied 
adipogenesis in response to matrix stiffness in 2D cul
ture [25–33], while data from 3D models, which argu
ably more accurately model the in vivo environment, 
are fewer.

Our goal was to evaluate the roles of matrix density 
and crosslinking in regulating human adipocyte meta
bolism. We studied adipocyte function in covalently 
cross-linked poly(ethylene glycol) vinyl sulphone (PEG- 
VS) 3D hydrogels, a model system that permits decou
pling of initial matrix mechanical (e.g. stiffness) and 
biochemical (e.g. adhesive) properties, which are typi
cally inseparable in native ECM materials. We hypothe
sized that decreasing matrix density and thereby initial 
stiffness would be associated with increasing adipogen
esis and decreased fibrosis. Surprisingly, we found that 
lipid droplet size was maximal in 3D matrix of inter
mediate crosslinking/stiffness, but decreased in hydro
gels of lesser or greater crosslinking/stiffness, with 
a corresponding enrichment in fibrotic gene pathway 
expression and decrease in lipid and oxidative meta
bolic gene transcription at the lowest levels of matrix 
density. These data suggest that an optimal point of 3D 
matrix density promotes adipogenesis, and that lower 
degrees of matrix density promote fibrotic gene expres
sion with accompanying detrimental effects on adipo
cyte metabolism, possibly by permitting greater degrees 
of cell spreading. These observations have important 
implications for our understanding of matrix-adipocyte 
interactions in the context of metabolic disease.

Methods

Human subjects

Informed consent was obtained with Institutional 
Review Board approval at the University of Michigan 
and Veterans Affairs Ann Arbor Healthcare System 
under guidelines consistent with the 1964 Declaration 
of Helsinki and the 1974 Belmont Report. VAT from 
the greater omentum and SAT from the abdominal wall 
were collected from subjects with obesity (body mass 
index (BMI)≥35) at the beginning of bariatric surgery, 
placed on ice and transported back to the laboratory for 
immediate processing. Tissues from 10 subjects were 
studied, five males and five females. Due to limitations 

in cells, cells from subsets of subjects were used for 
different experiments and details in figure legends. All 
subjects were non-diabetic, defined by no clinical his
tory of diabetes and HbA1c <5.7% per American 
Diabetes Association criteria. Mean age = 36 y, standard 
deviation (s.d.) = 9; mean BMI = 44 kg/m2, s.d. = 3; 
mean haemoglobin A1c = 5.3%, s.d. = 0.3.

Adipose tissue stromal cell (ASC) isolation

Isolation of ASC was performed as described [34]. 
Briefly, the adipose tissue was digested with Type II 
collagenase (2 mg/mL in PBS/2% BSA, Life 
Technologies Inc., Carlsbad, CA, USA) at 37°C, 60  
min, centrifuged 250rcf, the stromal-vascular cell pellet 
retrieved, plated overnight, and adherent cells passaged 
three times to enrich for ASC, which were frozen in 
DMEM/F12, 15% foetal calf serum, 10% DMSO in 
liquid nitrogen until use.

PEG-VS hydrogel fabrication, cell culture

Poly(ethylene glycol) vinyl sulphone (PEG-VS) hydro
gels were formed using 4-arm, 20 kDa poly(ethylene 
glycol) vinyl sulphone (JenKem Technology USA, Inc, 
Plano, TX, USA), a thiol-containing adhesive ligand 
peptide Ac-CGRGDS-NH2 (‘RGD’), and a dithiol- 
containing matrix metalloproteinase-sensitive cross
linking peptide Ac-GCRDVPMS↓MRGGDRCG-NH2 

(‘VPMS’; AAPPTEC, Louisville, KY, USA). Both RGD 
and VPMS have N-terminal acetylation and C-terminal 
amidation. PEG-VS was dissolved in ddH2O, filtered 
through 0.22 µm filters (Sigma-Aldrich, St. Louis, MO), 
aliquoted, lyophilized for 48 hr, and stored in 
a desiccator at −20°C. RGD and VPMS were dissolved 
in 25 mM acetic acid, filtered through 0.22 µm filters, 
aliquoted, lyophilized for 48 hr, and stored in 
a desiccator at −20°C. The precise thiol content of 
each batch of peptide aliquots was determined using 
Ellman’s reagent (ThermoFisher Scientific Inc., 
Waltham, MA, USA). For each experiment, PEG-VS, 
RGD, and VPMS aliquots were dissolved in HEPES 
(100 mM, pH 8.63, 20°C) to reach desired concentra
tions. 3 wt. %, 5 wt. %, and 10 wt. % PEG-VS gels were 
fabricated. RGD was conjugated to PEG-VS for 20 min 
at RT to achieve a final concentration of 0.5 mM RGD 
for all gel formulations. PEG-VS and RGD were further 
diluted to desired concentrations in HEPES. Ninety 
per cent or 100% of the remaining PEG-VS arms were 
crosslinked with VPMS for gel formation. The solution 
was vortexed, 50 µL was pipetted into a 1 mL syringe 
(ThermoFisher Scientific Inc., Waltham, MA, USA) 
with the needle end cut off, and the hydrogel precursor 
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solution allowed to gel for 1 hr, 37°C in a sealed 50 mL 
conical tube. For cell-laden hydrogels, the precursor 
solution was used to resuspend a cell pellet of ASC to 
achieve a final cell density of 1 × 10[6] cells/mL. After 
the incubation at 37°C, hydrogels were ejected into 2  
mL of differentiation media (DMEM:F12 + 10 mg/L 
transferrin, 33 µM biotin, 0.5 µM human insulin, 17  
µM pantothenate, 100 nM dexamethasone, 2 nM 
3,3ʹ,5-Triiodo-L-thyronine sodium salt, 1 µM ciglita
zone, 540 µM Isobutyl-1-methylxanthine), which was 
changed after day 1 then replaced every 2 d for 14 d. 
Acellular hydrogels were cultured in medium under 
similar conditions to determine the influence of exo
genous medium on hydrogel degradation.

Hydrogel shear storage moduli (G’) were measured 
on day 1 (to allow for overnight swelling) and on day 
14 using an AR-G2 rheometer (TA Instruments, New 
Castle, DE, USA) between an 8-mm measurement head 
and a Peltier stage heated to 37°C. The Peltier plate and 
measurement head were covered with P800 sandpaper 
to reduce slippage. The shear storage modulus was 
averaged over a 1-min time sweep measured at 37°C, 
5% strain amplitude, 1 rad/s frequency, and either 0.05 
N normal force or a minimum gap height of 1000 µm, 
if hydrogels were too soft to reach the target normal 
force.

Lipid droplet staining, imaging, quantification

After 14 d of differentiation, hydrogels containing dif
ferentiated mature adipocytes were fixed with 1 mL of 
zinc formalin (Z-Fix, Fisher Scientific Inc., Hampton, 
NH, USA, Cat#NC9378601) 10 min, 25°C, rinsed three 
times with PBS, and stored at 4°C in PBS prior to 
staining and imaging. For staining, the gels were incu
bated 20 min, 25°C with 500 μL of blocking buffer 
(0.1% Triton-X-100 in PBS) 10 min, 25°C. Five hun
dred microlitres of 1% BSA in PBS was added per well 
for 20 min, 25°C. Blocking buffer was removed and 
500uL of 1% BSA in PBS containing 25 µL/mL 
Phalloidin (green; Invitrogen Inc., Waltham, MA, 
USA #A12379) was added to each well for 30 min, 
25°C with wells protected from light, then removed, 
and hydrogels were washed twice with PBS. Five hun
dred microlitres of LipidTox (1:400; red; Invitrogen 
Inc., Waltham, MA, USA Cat#HS4476) in PBS, was 
added to each well for 30 min at 25°C, covered in foil, 
then removed, and gels were washed twice with PBS. 
Five hundred microlitres of 1 µg/mL DAPI (blue; 
ThermoFisher Scientific, Inc., Waltham, MA, USA 
Cat#D1306) in PBS was added to each well, 10 min, 
25°C, covered in foil, then removed, and gels were 
washed twice with PBS. One millilitre of PBS was 

added to each well to cover the gels to prevent drying. 
Plates were covered in foil and stored at 4°C until 
imaging.

For imaging, gel pucks were cut in half using a sterile 
scalpel and placed cut-side down on a glass bottom 24- 
well plate such that the middle of the puck could be 
imaged. Spinning disk confocal microscopy (Nikon 
Corp., Tokyo, Japan) was used at 20× and 4–8 images 
were taken per hydrogels, resulting in 4–8 cells per gel 
(some images may contain more than 1 cell). Two- 
micrometre sections were taken to create a Z-stack 
from the bottom to the top of the adipocyte.

The image analysis was performed using Fiji image 
processing package [35]. The Z-stack was combined to 
a maximum intensity projection. Cell area was calcu
lated by drawing borders around cells based on phal
loidin stain, as during differentiation actin becomes 
localized to the periphery of the adipocyte. Lipid dro
plet sizing was performed by drawing borders on each 
lipid droplet and calculating area. This method captures 
more lipid droplets than by water shedding. Previous 
methods have used Fiji’s water shedding method to 
calculate lipid droplet size. In 2D culture, this works 
well, but in 3D culture where lipid droplets may overlap 
each other, calculating lipid droplet area manually bet
ter captured the actual size of the lipid droplets. This is 
important when calculating the total lipid droplet area 
of a cell divided by that cell’s area, as water shedding 
may underestimate the total lipid droplet area by not 
counting overlapping lipid droplets.

RNA sequencing (RNASeq)

After 14 d of culture, three 50 μl hydrogels per 
experimental condition were rinsed with PBS, 
digested in 250 U/ml Collagenase IV, 45 min, 37°C, 
centrifuged, and the collagenase solution aspirated 
from the cell pellet. RNA was isolated using 
a QIAGEN QIAshredder and RNeasy mini kit 
(QIAGEN, Hilden, Germany). RNA concentration 
was measured using a ThermoScientific NanoDrop 
2000 Spectrophotometer and RNA quality assessed 
using the BioAnalyzer (Agilent Inc., Santa Clara, 
CA, USA). Samples were stored at −80°C prior to 
RNASeq. For RNASeq, the SMART-Seq v4 PlUS kit 
(Takara Bio, Ann Arbor MI, USA) was used to pre
pare libraries from 2ng of RNA using 11 cycles of 
cDNA amplification and 15 cycles of library amplifi
cation per manufacturer’s protocols. Final libraries 
were checked for quality and quantity by Qubit 
hsDNA (ThermoFisher Scientific, Inc., Waltham, 
MA, USA) and LabChip (Perkin Elmer, Waltham, 
MA, USA). Samples were pooled and sequenced on 
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the Illumina NovaSeq S4 paired-end 150 bp, accord
ing to manufacturer’s recommended protocols. Data 
pre-processing, done by the University of Michigan 
Advanced Genomics core, utilized FastQC (v0.10.0) 
for quality control and the Tuxedo suite for align
ment and quantification. Reads were aligned to the 
UCSC hg19 reference genome using TopHat [36,37], 
and gene quantification was done with Cufflinks [38]. 
Ensembl-ID gene sequences were used for annota
tion, and corresponding gene symbols were retrieved 
from biomaRt [39]. All subsequent analyses were 
performed in R statistical programming language. 
Count expression data was filtered to include features 
with a minimum of five counts in at least 50% of 
samples. Filtered data was collapsed using 2023 
Ensembl Gene ID chip file and GSEA_R package 
(v1.2.0) published by the BROAD Institute [40]. If 
more than one Ensembl-ID corresponded to the 
same gene symbol, only the maximum value for 
each sample was kept. Paired-sample differential 
expression analysis was performed using DESeq2 
(v1.8.3) [41] with default parameters. Gene set 
enrichment analysis was performed using fgsea 
R package (v1.24.0) [42]. Benjamini–Hochberg 
method was utilized for multiple-testing corrections.

Statistics

GraphPad Prism 9 was used for statistical analysis. Data 
normality was analysed by Shapiro–Wilk test. 
Comparisons between PEG% were performed using 
unpaired two-tailed t-tests. Experiments with more 
than one treatment were analysed by using one-way 

ANOVA and multiple-comparison analysis (Tukey). 
Lipid droplet size frequency data from 3 wt.%, 5 wt.%, 
and 10 wt.% PEG were pooled into VAT or SAT 
depots. Descriptive statistics was run to generate quar
tiles for each depot. Small lipid droplet size was given 
a size range <1st quartile, medium between 2nd and 3rd 
quartile, large between 3rd and 4th quartile, and XL >  
4th quartile. Quartiles were generated for each depot 
separately so as not to cause bias due to SAT lipid 
droplet tending to be larger than VAT lipid droplet. p  
<0.05 was used as the threshold for statistical signifi
cance. Error bars in all graphs are the standard error of 
the mean.

Results

Rheologic properties of 3D hydrogels

We evaluated the rheologic properties of hydrogels in 
a range similar to prior-published data reporting the 
rheologic properties of adipose tissue [43–48]. 
Hydrogels with a PEG-VS density of 3 wt.%, 5 wt.%, and 
10 wt.% exhibited shear storage moduli (G’) ranging 
between 200 and 2,800 Pa. For acellular gels, only the 10  
wt. % acellular gels manifested a decrease in shear mod
ulus over the 14-d culture period (Figure 1a). Hydrogels 
seeded with VAT and SAT ASC had moduli significantly 
decreased over time in culture as ASC differentiated into 
adipocytes in all gel formulations, except VAT in 10% 
hydrogels (Figure 1b). These data support hydrogels of 3– 
10% as spanning a range of shear moduli similar to native 
adipose tissue, and suggest that gel degradation in culture 
is cell-mediated in 3% and 5% gels and is a combination of 
spontaneous and cell-mediated in 10% gels.

Figure 1. Hydrogel rheologic properties.
Shear storage moduli (G’) of acellular hydrogels (a) and hydrogels seeded with ASC then differentiated into mature adipocytes (b) in tissue 
culture conditions on day 1 of culture, and on day 14 of culture. Statistically significant differences between experimental arms are denoted 
by p-values over indicated bars (ANOVA). Data from four patients, 2 M, 2F. 
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Matrix density regulates lipid accumulation

We sought to determine the effect of hydrogel density on 
adipocyte lipid accumulation. ASC were differentiated for 
14 d in 3%, 5%, or 10% PEG-VS gels, then lipid droplet 
morphology was assessed by confocal microscopy. No 
significant differences in cell area or mean number of 
lipid droplets per cell were observed between depots or 
PEG-VS% (Figure 2a, b). SAT adipocytes had larger mean 
lipid droplet area per cell relative to VAT adipocytes 
independent of gel density (i.e. data pooled from 3%, 
5%, and 10% PEG-VS gels) (Figure 2c). In VAT adipo
cytes, the smaller lipid droplet area in 3% gels relative to 
5% gels approached significance. Relative to 5% gels, SAT 
adipocytes in 3% or 10% PEG-VS gels had a smaller mean 
lipid droplet area. The total lipid droplet area per cell area, 
as a measure of lipid density in adipocytes, was greater in 
5% relative to 3% and 10% gels in both VAT and SAT 

adipocytes (Figure 2d, e.g). When stratified by lipid dro
plet size (Small, Medium, Large, X-Large), in VAT adi
pocytes we observed an increase in Small lipid droplets 
and a decrease in X-Large lipid droplets in 3% relative to 
5% gels; in SAT adipocytes, smaller lipid droplet size in 
both 3% and 10% gels relative to 5% gels was the result of 
an increase in Small lipid droplets and a decrease in 
X-Large lipid droplets (Figure 2g, h). Similar trends 
were seen in both male and female subgroups when cells 
from males and females were analysed separately, suggest
ing no dramatic sex differences, but these results did not 
reach significance due to reduced sample size.

Together, these data demonstrate that gel density reg
ulates lipid content in adipocytes by regulating lipid droplet 
size but not cell size or lipid droplet number, and that lipid 
content in adipocytes is maximal in gels of intermediate 
(5%) density, relative to gels of lower or higher density.

Figure 2. Hydrogel density regulates lipid droplet (LD) size independent of cell size or LD number.
a. Cell area (μm2) of VAT or SAT mature adipocytes differentiated for 14 d in 3%, 5%, or 10% PEG-VS gels determined by Phalloidin staining and 
measured using FIJI. Each data-point represents the mean cell area (μm2). No statistically significant differences were observed between 
experimental arms. b. Number of lipid droplets per mature adipocyte in 3%, 5%, or 10% PEG-VS gels determined by LipidTox staining and 
measured using FIJI. Each data-point represents the mean number of LD per cell. No statistically significant differences were observed between 
experimental arms. c. Mean lipid droplet area in mature adipocyte pooled from 3%, 5%, and 10% PEG-VS gels, separated by VAT and SAT. Each 
data-point represents the mean LD area per cell. Statistically significant differences between experimental arms denoted by p-values over 
indicated bars (ANOVA). d. Mean lipid droplet area in mature adipocyte in 3%, 5%, or 10% PEG-VS gels and separated by VAT and SAT. Each data- 
point represents the mean LD area per cell. Statistically significant differences between experimental arms denoted by p-values over indicated 
bars (ANOVA, Tukey’s multiple comparisons test). e. Total lipid droplet area/cell area as a measure of lipid density in adipocytes, in 3%, 5%, or 10% 
PEG-VS gels, separated by VAT and SAT. Statistically significant differences between experimental arms denoted by p-values over indicated bars 
(ANOVA, Tukey’s multiple comparison test). f. Representative confocal microscopy images of mature adipocytes in PEG-VS gels. g, h. Size 
frequency distribution of lipid droplet area in adipocytes differentiated for 14 d in 3%, 5%, or 10% PEG-VS gels quantified using confocal 
microscopy and FIJI. Small, Medium, Large, and X-Large droplets defined as <9.2 mM2, 9.2-14.5 mM2, 14.6-18.6 mM2, >18.6 mM2, respectively, for 
VAT, and <9.8 mM2, 9.8-14.7 mM2, 14.8-22.6 mM2, >22.6 mM2, respectively, for SAT. Each data-point represents the relative frequency of that size 
LD per cell. Statistically significant differences between experimental arms denoted by p-values over indicated bars (ANOVA, Tukey’s multiple 
comparison test). Data from 7 to 8 cells per patient from four patients, 2 M, 2F. 
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Matrix density regulates the adipocyte 
transcriptome

We studied the adipocyte RNA transcriptome in 
response to hydrogel density by performing an initial 
discovery RNA-seq experiment using VAT adipocytes 
from six subjects with obesity (three males, three 
females) differentiated in 3% or 5% hydrogels (12 sam
ples total). After processing and filtering out low- 
expressed genes, 9,581 genes were assessed. Principal 
component analysis (PCA) demonstrated reasonable 
clustering of data by gel per cent (3% vs 5%) 
(Figure 3a). Five hundred and eight genes had 
a p-value <0.05 prior to multiple-testing correction. 
The two genes were differentially expressed between 
groups after correction and at a threshold of α = 0.05 
(COL1A1 (collagen type I alpha 1), and DPT (derma
topontin)), both increased in 3% gel relative to 5% gel) 
(Figure 3b). A heatmap of the 100 top nominally sig
nificant differentially expressed genes (DEG) demon
strated visible differences between adipocytes in 3% vs. 
5% gels (Figure 3c, Table 1S). GSEA pathway analysis 
[49–51] of all assessed genes revealed the upregulation 
of pathways associated with oxidative phosphorylation, 
electron transport, mitochondrial function, biosynthetic 

processes, adipogenesis, and fatty acid metabolism in 
cells in 5% gels relative to the 3% gels. We also 
observed downregulation of pathways associated with 
fibrosis and extracellular matrix-cell interactions, i.e. 
cell adhesion pathways in 5% gel samples (Figure 3d, 
Supplemental Figure 1, Table 2S). The aforementioned 
metabolic processes were similarly upregulated in males 
and females when analysed separately; however, the 
fibrotic phenotype was not significantly downregulated 
in female samples, likely due to reduced sample size.

Together, these data support that an intermediate 
gel density (5%) induces a transcriptional phenotype 
characterized by increased adipogenesis and lipid and 
oxidative metabolism, while decreased gel density 
(3%) induces a fibrotic transcriptional phenotype 
with corresponding downregulation of pathways asso
ciated with adipogenesis and lipid and oxidative 
metabolism.

Depot-specific differences in the adipocyte 
transcriptome are preserved in hydrogel culture

To study depot-specific differences in the adipocyte 
transcriptome in the hydrogel environment, we 

Figure 3. Hydrogel density regulates VAT adipocyte transcriptional phenotype.
a. PCA plot of RNA Seq data from all samples, showing gel % and individual patient identification (1–6). Diagonal line shows relative 
clustering by gel%. b. Boxplots of DEG (adjusted p-value <0.050) between adipocytes in 3% and 5% gels c. Heatmap of 100 top nominally 
significant DEG (unadjusted p-value <0.050) between adipocytes in 3% and 5% gels d. GSEA results comparing adipocytes in 3% and 5% 
gels. 3% is referent in this comparison, i.e. (+) normalized enrichment score (NES) designates pathway enriched in 5%, (-) NES designates 
pathway decreased in 5%. Query included Hallmark and C5-Gene Ontology-Biological Processes databases. Data from cells from six patients, 
3 M, 3F. 
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performed a second discovery RNA-seq experiment on 
a separate cohort of VAT and SAT adipocytes from 
four separate subjects with obesity (two males, two 
females) differentiated in 3%, 5%, or 10% hydrogels 
(24 samples total). When all cells (VAT and SAT) 
were analysed together, these data showed greater clus
tering by individual patient on PCA analysis, masking 
clustering by gel per cent (Figure 4a). Similar poor 
clustering by gel per cent was observed when data 
were analysed in VAT and SAT groups separately. 
These observations suggest that differences between 
individual patients in this second discovery dataset 
masked differences between gel per cent, likely due to 
the smaller number of subjects.

Despite this limitation, reasonable clustering of data 
by depot was observed in PCA when data from all gel 
weight per cents were studied (Figure 4a) permitting 
comparison of VAT and SAT transcriptomes in the 
hydrogel environment. After processing and filtering 
out lowly expressed genes, 7,692 genes were assessed. 

When analysed independent of gel per cent, 1,481 
genes were upregulated, and 1,511 genes were down- 
regulated in SAT relative to VAT after multiple-testing 
corrections and at a threshold of α = 0.05. Of the top 
100 DEG’s between SAT and VAT, SAT had increased 
expression of select genes involved in lipid metabolism 
(CD36, FASN, FABP4, ACACA, ACAD11) and 
decreased expression of select genes involved in fibro
sis/ECM (LUM, SPARCL1, ITGB1, LOXL3) (Figure 4b, 
Table 3S). GSEA pathway analysis demonstrated that 
SAT adipocytes were enriched for pathways involved 
in lipid metabolism, while cell adhesion pathway was 
decreased by SAT adipocytes (Figure 4c, Supplemental 
Figure 2, Table 4S).

These findings are consistent with prior data sup
porting increased adipogenesis, lipid storage capacity, 
and oxidative metabolism and decreased fibrosis in 
SAT relative to VAT [4–10], and demonstrate that 
these established depot-specific phenotypes are pre
served in hydrogel culture.

Figure 4. Depot-specific adipocyte transcriptional phenotypes in hydrogel culture.
a. PCA plot of RNA Seq data from all samples, showing depot, gel%, and individual patient identification (1–6). Diagonal line shows relative 
clustering by depot. b. Heatmap of top 100 significant differentially expressed genes (adj p-value <0.050) between VAT vs. SAT adipocytes 
in all hydrogels (3%, 5%, 10%) c. GSEA results comparing VAT vs. SAT adipocytes in all hydrogels (3%, 5%, 10%). VAT is referent in this 
comparison, i.e. (+) NES designates pathway enriched in SAT, (-) NES designates pathway decreased in SAT. Query included Hallmark and 
C5-Gene Ontology-Biological Processes databases. Data from cells from four patients, 2 M, 2F. 
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Discussion

We demonstrate that lipid droplet size and density in 
adipocytes is maximal in an intermediate stiffness 
hydrogel environment, and that hydrogel density of 
5%, relative to 3%, promotes a more adipogenic tran
scriptional phenotype, while lower density gels of 3% 
promote fibrotic gene expression and decreased lipid 
and oxidative gene expression. Together, these data 
suggest that the inverse relationship between adipogen
esis and matrix density is not linear, but rather, an 
intermediate matrix density promotes adipogenesis, 
lipid storage, and a metabolically beneficial adipocyte 
phenotype, above which lipid storage is reduced, and 
below which cells become more fibrotic and less 
adipogenic.

Much prior data regarding the relationship between 
matrix stiffness and adipogenesis is derived from 2D 
culture systems, but important qualitative differences 
exist between 2D and 3D environments with respect to 
adipogenesis. Hogrebe et al. found that gel stiffness 
regulates adipogenesis more robustly in 3D vs 2D 
culture, while Guo et al. found that stiffness did not 
regulate adipogenesis on 2D matrices [25,26]. In con
trast, others have found that in 2D culture, matrix 
stiffness inhibits the adipogenesis of human ASC 
[28]. These observations support the importance of 
studying 3D systems to interrogate cell-matrix inter
actions. In contrast to 2D environments, 3D environ
ments impose constraints on cell space and shape that 
increase with increasing matrix density. 3D matrices 
more effectively limit cell spreading, with increasing 
matrix stiffness and crosslinking imposing spatial con
straints that affect cell function. As such, in 2D cul
ture, cell spreading and matrix stiffness are correlated 
(i.e. stiffer substrates support more cell spreading) 
[45,52], but in most 3D cultures these variables are 
anticorrelated, as stiffer 3D matrices may constrain 
cell spreading by virtue of increased crosslinking and 
density of matrix that surrounds cells, whereas on 
a 2D substrate, this mechanical constraint is absent 
and cells only perceive stiffness of the underlying 2D 
matrix [23,53,54]. Such effects likely affect adipogen
esis, evidenced by data demonstrating that 2D sub
strates engineered to mechanically constrain cells 
promote a round cell shape and potentiate adipogen
esis independent of matrix stiffness [55]. Crosslinking 
and spatial constraints in the 3D system may explain 
our observations of maximal lipid accumulation and 
decreased fibrosis at intermediate gel density; gels 
below a density threshold, in our model 5%, may 
relieve cells of spatial constraints and permit cell 
spreading, leading to a more fibrotic, less adipogenic 

phenotype. Precedent for an inverse relationship 
between matrix density and cell spreading exists in 
other systems [25].

We studied hydrogels ranging in stiffness (G’) ran
ging from 150 Pa to 1200 Pa, a range that parallels the 
rheology of native adipose tissue. Using similar rheol
ogy methodology as ours, native adipose tissue has 
been found to have, on average, a G’ value of 700– 
1100 Pa [43,44]. The elastic modulus, another common 
measure of stiffness, is related to storage modulus G’ by 
E = 2 G’(1+), where is Poisson’s ratio, a measure of the 
ratio of transverse strain to axial strain (~0.5 for incom
pressible materials, a reasonable first approximation for 
elastic hydrogels) [45]. This equation puts our hydro
gels in the elastic moduli range of 450–3600 Pa. Elastic 
moduli measurements of biological tissues range from 
0.5 to 500 kPa [46], with native adipose tissue having 
an elastic modulus of 1–1.5 kPa [47,48]. This matches 
our mid-stiffness level with 5% PEG-VS (E = 1.3 kPa) 
with 3% and 10% PEG-VS gels spanning the lower and 
higher stiffness range (0.45 kPa and 3.6 kPa 
respectively).

Reciprocal effects of cells on matrix are an important 
feature of cell-matrix interactions. In some culture sys
tems, stiffness decreases over time due to cell-mediated 
proteolysis of matrix components, and/or spontaneous 
degradation of hydrolytically susceptible crosslinks 
[56]. However, other studies show that cell-mediated 
remodelling of hydrogel biomaterials leads to increased 
matrix stiffness, possibly due to cells elaborating matrix 
molecules during culture [24,57,58]. The effect of cells 
on matrix remodelling leading to softening or stiffening 
is likely a function of cell phenotype as well as matrix 
composition. We observed a decrease in shear modulus 
in both acellular and cell-containing 10% hydrogels, but 
in 3% and 5% gels, we observed a decrease in shear 
modulus only in cellularized gels, suggesting that cell- 
mediated degradation is the dominant reason for 
decreased shear moduli in 3% and 5% gels, while both 
spontaneous and cell-mediated degradation leads to 
decreased shear moduli in 10% gels. Notably, while 
gel density regulated lipid droplet size, it did not reg
ulate cell size (Figure 2a), which contrasts with other 
data demonstrating that the lower matrix density sup
ports greater cell spreading in other cell types [54]. 
These observations suggest that at least in adipocytes, 
hydrogel density regulates cell phenotype independent 
of cell shape.

Our RNAseq experiments were designed as discov
ery experiments with a small number of patients, limit
ing the conclusions that can be drawn. Our RNASeq 
analysis of SAT adipocytes is underpowered, and there
fore our transcriptomics results can only inform 
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regarding VAT adipocyte transcriptional responses. 
SAT adipocytes may exhibit different transcriptional 
responses to matrix mechanics, and larger studies will 
be necessary to define depot-specific transcriptional 
responses to matrix mechanics. Nonetheless, our data 
reveal novel findings. First, interpatient variability was 
substantial, masking the effects of gel per cent and 
other variables on the adipocyte transcriptome. Such 
interpatient variability is perhaps not surprising in 
a human cohort, but this observation suggests that 
large sample sizes will be necessary to generate statisti
cally significant results with this methodology in 
human systems. This limitation was likely the reason 
why we observed only two genes that were statistically 
differentially regulated by gel density after multiple- 
testing correction. Both genes (COL1A, DPT) are ECM- 
related genes associated with fibrotic responses [59,60], 
reinforcing the increased fibrotic phenotype induced by 
lower gel density. Nonetheless, the paucity of signifi
cant DEG between groups despite the observed pheno
typic differences in lipid droplet morphology suggests 
that our transcriptomics results must be interpreted 
with caution and support the need for designing studies 
with larger patient cohorts to define cell transcriptional 
responses. Second, despite these limitations and in line 
with the two observed DEG, we observed statistically 
significant enrichment of fibrosis-related gene path
ways in 3% gels relative to 5% gels and enrichment of 
adipogenic and lipid and oxidative metabolic gene 
pathways in 5% gels relative to 3% gels. Increased 
lipid storage capacity, oxidative metabolism, and 
decreased fibrosis are features of metabolically healthy 
adipose tissue [1–3], and our data therefore suggest that 
5% gels, relative to 3% gels, induce a beneficial meta
bolic phenotype in adipocytes, as a result of increased 
adipogenesis with a corresponding decrease in activa
tion of fibrosis-related pathways. Finally, we observed 
differences in VAT and SAT adipocyte transcriptomes 
that support prior published functional data [4–10], 
namely increased lipid metabolism, oxidative metabo
lism, and adipogenesis in SAT relative to VAT across 
all gel densities, and increased fibrosis-related gene 
expression and immune/inflammatory related gene 
expression in VAT. These observations demonstrate 
that established depot-specific differences in adipocyte 
phenotype are maintained in the hydrogel 
environment.

Lipid storage capacity in adipocytes is an adaptive 
function, serving to buffer other tissues from excess 
nutrients, but excess lipid accumulation in adipocytes, 
or any cell for that matter, may become maladaptive 
and is associated with metabolic disease. We studied 
lipid storage, a key function of adipocytes, but other 

metabolic processes may be regulated by matrix 
mechanics differently. Nonetheless, our transcriptomic 
data supports broad effects on adipocyte metabolism 
that overall support a metabolically beneficial pheno
type in denser 5% hydrogels relative to less dense 3% 
gels, characterized by increased lipid buffering capacity, 
increased adipogenesis, increased lipid and oxidative 
metabolism, and decreased fibrosis. We studied ASC 
and adipocytes only from patients with obesity, and 
therefore our results cannot be extrapolated to cells 
from lean subjects. Future studies of cells from subjects 
across a wide range of BMI will be required to deter
mine obesity-specific adipocyte responses to matrix 
mechanics. Our RNASeq experiments are exploratory, 
and further research will be necessary to fully define 
adipocyte phenotype in higher gel density, including 
10%, and elucidate sex differences. Nonetheless, the 
current dataset provides novel insights into the regula
tion of metabolism in adipocytes and ASC by matrix 
mechanics.

We demonstrate that there exists an intermediate 
matrix density at which the adipocyte lipid accumula
tion is maximized, corresponding to 5% in our PEG-VS 
hydrogel system, which corresponds to the lower end of 
the mechanical properties of native adipose tissue. Gel 
densities below or above this threshold (i.e. 3%, 10% 
formulations) were associated with less lipid accumula
tion. Furthermore, at the lowest gel density (3%), rela
tive to the intermediate gel density (5%), fibrotic gene 
expression pathways are enriched and lipid and oxida
tive metabolic gene pathways are decreased, suggesting 
that intermediate gel density supports a metabolically 
beneficial adipocyte phenotype. These results contri
bute to a growing body of literature that support the 
complex effects of extracellular matrix mechanics on 
adipocyte function, with implications for our under
standing of adipose tissue dysfunction in disease.
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