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Rapid population growth and urban development along waterways and coastal areas have led to decreasing
water quality. To examine the effects of upstream anthropogenic activities on microbiological water quality,
methods for source-specific testing are required. In this study, molecular assays targeting human enteroviruses
(HEV), bovine enteroviruses (BEV), and human adenoviruses (HAdV) were developed and used to identify
major sources of fecal contamination in the lower Altamaha River, Georgia. Two-liter grab samples were
collected monthly from five tidally influenced stations between July and December 2002. Samples were
analyzed by reverse transcription- and nested-PCR. PCR results were confirmed by dot blot hybridization.
Eleven and 17 of the 30 surface water samples tested positive for HAdV and HEV, respectively. Two-thirds of
the samples tested positive for either HEV or HAdV, and the viruses occurred simultaneously in 26% of
samples. BEV were detected in 11 of 30 surface water samples. Binary logistic regression analysis showed that
the presence of both human and bovine enteric viruses was not significantly related to either fecal coliform or
total coliform levels. The presence of these viruses was directly related to dissolved oxygen and streamflow but
inversely related to water temperature, rainfall in the 30 days preceding sampling, and chlorophyll-a concen-
trations. The stringent host specificity of enteric viruses makes them good library-independent indicators for
identification of water pollution sources. Viral pathogen detection by PCR is a highly sensitive and easy-to-use
tool for rapid assessment of water quality and fecal contamination when public health risk characterization is
not necessary.

Fecal coliform bacteria and other bacterial indicators have
been used by most water quality regulators in the United States
for over a century as standard tools to measure fecal contam-
ination and determine if a body of water is suitable for its
designated use (e.g., fishing, drinking, recreational, industrial,
wildlife preserve, etc.). These standards have helped to im-
prove water sanitation and protect public health (29); however,
there are several drawbacks to these indicators that make them
unreliable for predicting the occurrence of many waterborne
pathogens and identifying fecal contamination sources. Fecal
coliform bacteria may be found in both human and animal
feces; therefore, tracking and monitoring the source of con-
tamination is impossible without sophisticated microbial
source tracking techniques, such as multiple antibiotic resis-
tance profiling, ribotyping, and pulsed-field gel electrophore-
sis, which require an extensive strain database and can be
laborious and costly (13, 49, 56). Coliform standards often fail
to predict the occurrence of many waterborne human patho-
gens, such as pathogenic bacteria, the protozoan parasites
Cryptosporidium and Giardia, and enteric viruses, which are
most often the cause of disease from recreational exposure (23,
29, 60). Furthermore, traditional bacterial indicators generally

die off quickly in marine water compared to viruses and pro-
tozoa (34, 40, 41, 46, 48, 67). Studies have shown that human
pathogenic viruses have been isolated from sites with no vio-
lation of coliform standards (40, 41), and outbreaks of gastro-
enteritis have been associated with water supplies with accept-
able fecal coliform counts (for examples, see references 8, 11,
and 31).

Over 100 types of pathogenic viruses have been found in
sewage-contaminated aquatic environments, such as ground
water, coastal marine water, coastal river water, aerosols emit-
ted from sewage treatment plants, insufficiently treated drink-
ing water, and private wells that received treated or untreated
wastewater either directly or indirectly (26, 38, 54, 57, 68).
These viruses, collectively known as enteric viruses, are trans-
mitted via the fecal-oral route, and they infect and replicate in
the gastrointestinal tract of the hosts. Enteric viruses are ex-
creted in high concentrations in human and animal feces and,
in certain cases, urine (43, 50). Infected individuals suffering
from viral gastroenteritis and hepatitis may excrete 105 to 1011

viral particles per gram of stool, with average levels between
106 and 108 viral particles per gram of stool for enteroviruses
and hepatitis A virus, respectively (17, 18, 22). Enteric virus
concentrations in raw sewage and polluted surface water have
been estimated at around 102 viral particles 100 ml�1 and 1 to
10 viral particles 100 ml�1, respectively (25, 58, 64). Enteric
viruses also are more resistant than many other sewage-asso-
ciated pathogens and bacterial indicators to extreme environ-
mental conditions and conventional wastewater treatment,
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such as chlorination, UV radiation, and filtration (61, 62).
These viruses can also remain infective for long periods in the
environment; they have been reported to survive for up to 130
days in seawater, up to 120 days in freshwater and sewage, and
up to 100 days in soil at 20 to 30°C (1, 7, 65, 66). These survival
periods surpass those reported for fecal coliform and other
indicator bacteria in similar environments (34, 44). Therefore,
the traditional bacterial indicators are poor proxies to monitor
the presence of pathogenic viruses.

The host specificity of enteric viruses and their prevalence in
sewage- and fecal-contaminated waters suggest that they can
be promising library-independent microbial source tracking
tools for polluted environmental waters (35, 39, 42, 49). Hu-
man enteroviruses, which consist of poliovirus, coxsackievi-
ruses A and B, echoviruses, and the numbered enteroviruses,
have been included by the European Union regulations gov-
erning water quality as a parameter for evaluating viral pollu-
tion of a water body, because they can easily be isolated and
quantified as plaque-forming units in cell culture (50, 53).
Recent studies conducted in Europe have also suggested using
adenoviruses as an index of pollution of human origin in wa-
ters, given their high numbers in sewage and contaminated
aquatic environments (32, 34, 37, 50). Human adenoviruses
(HAdV) are the only human enteric viruses that contain dou-
ble-stranded DNA instead of RNA, potentially are more stable
in various environments, and are more resistant to UV irradi-
ation and other water purification treatments than other hu-
man enteric viruses, because they are able to use the host cell
DNA repair mechanism to repair damage in their DNA caused
by UV irradiation (24, 32, 45). Adenoviruses have been found
to survive three to five times longer than poliovirus in seawater,
wastewater, and tap water (15). Both human enteroviruses
(HEV) and HAdV are readily detected in surface water as well
as coastal waters that have received anthropogenic inputs (6,
34, 40, 50, 52). Recently, animal-specific enteroviruses and
adenoviruses have been identified and may be used as indica-
tors to identify and monitor fecal contamination originating
from cattle farms, swine farms, or other animal sources (35, 39,
42).

The use of PCR-based viral pathogen detection assays to
identify the source categories of fecal pollution in coastal rivers
has not been previously evaluated. In this study, we examined
the extent and relative importance of fecal contamination from
agricultural activities (cattle), anthropogenic activities, and de-
velopment upstream in coastal reaches of the lower Altamaha
River, Georgia, by detecting three groups of host-specific en-
teric viruses: human enteroviruses, human adenoviruses, and
bovine enteroviruses (BEV). We also compared the findings
from PCR-based assays to concurrently collected bacterial in-
dicator data and other environmental variables, such as rain-
fall, streamflow, and water temperature, to evaluate the use of
this assay in defining estuarine water quality in a mixed-use
watershed.

MATERIALS AND METHODS

Sampling sites. The Altamaha River is the largest river of the Georgia coast
and the second largest basin in the eastern United States (21). It drains more
than one-fourth of the state, with a drainage area of approximately 7,107 km2

(21). The Altamaha supports more than 30% of Georgia’s $80 million commer-
cial fishery and about one-third of Georgia’s $350 million recreational fishery,

according to the Altamaha Riverkeeper (3). The lower Altamaha River acts as a
conduit for discharging the combined flow from two major rivers in Georgia: the
Ocmulgee River and the Oconee River. Urban development, population growth,
and a growing ecotourism industry in the coastal areas as well as upstream urban,
agricultural, and industrial discharges have degraded the quality and productivity
of the lower Altamaha River markedly, and there is evidence of increasing
coastal salinity, harmful algal populations, and declining fishery stocks in the
river (21).

Samples were collected from five stations along a 15-km stretch of the lower
Altamaha River, located between Glynn and McIntosh counties, in conjunction
with the Georgia Marine Extension Service, Brunswick (Fig. 1). Sampling sta-
tions were located approximately 11 and 23 km from regulated commercial
shellfish harvesting areas in McIntosh and Glynn counties, respectively. Al-
though not regulated, all sampling sites were within an area considered to be
shellfish supporting by the state (20). The sampling stations are surrounded by
marsh islands and wetlands that are mainly inhabited by cattle, feral hogs, and
waterfowl, and they are within the waterfowl management area. Samples were
collected monthly from July to December 2002 to observe and track the changes
in enteric virus loading in the river between wet and dry seasons. All samples
were collected on an outgoing tide, starting with station 1, which is located at the
Altamaha Sound (mouth of the river) and ending with station 5, which is located
farther inland, west of Broughton Island and downstream from a commercial fish
camp (Fig. 1). At each station, a grab sample was collected from just below water
surface. Water samples were collected from the bottom of the water column in
July, but because of processing difficulties due to high turbidity, no additional
samples were collected. The 2-liter samples were kept on ice (�4°C) and pro-
cessed within 24 h of collection. Salinity, water temperature, pH, chlorophyll-a
levels, turbidity, dissolved oxygen (DO) levels, and weather conditions (i.e.,
ambient temperature, rainfall, wind, etc.) were noted for each sample at collec-
tion. Streamflow data for the area were obtained from the U.S. Geological
Survey (USGS) stream gauge at Doctortown, Ga. (USGS station 02226000).
Rainfall data for Glynn County were obtained from the Georgia Automated
Environmental Monitoring Network (www.georgiaweather.net). The Georgia
Marine Extension Service provided fecal coliform and total coliform counts for
each sample.

Concentration of viruses. Water samples were concentrated according to the
method described by Katayama et al. (36) with the following modifications.
Samples were acidified to pH 3.5 to 4.0 by adding 10% acetic acid prior to
filtration. Acidified water samples were filtered through a type HA, negatively
charged membrane (Millipore, Billerica, Mass.) with a 47 mm diameter and a
0.45 �m pore size. Because of the high turbidity, the volumes of water filtered
ranged between 0.5 and 2.0 liters. A volume of 100 ml of 0.5 mM H2SO4 was then
passed through the membrane, and viral particles were finally eluted with 10 ml
of 1 mM NaOH. Eluate was recovered in a tube containing 0.1 ml of 50 mM
H2SO4 and 0.1 ml of 100� Tris-EDTA (TE) buffer for neutralization. All 10-ml
eluates were stored at �20°C. Eluates were further purified, concentrated, and
desalted with Centriprep YM-50 concentrator columns (Millipore). The final
volume of concentrated eluate recovered was about 2 ml. Concentrates were split
in half and stored at �80°C.

Extraction of viral RNA and DNA. Concentrated samples were extracted for
viral nucleic acids and purified through commercial spin columns based on the
method of Boom et al. (5), using an RNeasy Mini kit or DNeasy Tissue kit
(QIAGEN, Valencia, Calif.) following the manufacturer’s protocol. Purified viral
RNA was then eluted and resuspended in 50 �l of RNase-free water. Extracted
DNA was eluted and resuspended in 50 �l of AE buffer (elution buffer) provided
in the kit. Each concentrated and purified sample was serially diluted to a
concentration of 10�3.

Oligonucleotides. Primers and probes were selected from highly conserved
regions of the HEV, HAdV, and BEV genomes, which allowed for detection of
multiple members from each group of viruses. For HEV detection, the pan-
enterovirus primer set (ENT-up-2 and ENT-down-1) developed by De Leon et
al. (12) was used in conjunction with another HEV primer set (ENT-up-1 and
ENT-down-2; developed by J. H. Paul at the University of South Florida) to
develop a reverse transcription (RT)-nested-PCR assay for the pan-enterovirus
group (Table 1). Primers were selected from the 5�-untranslated region (UTR)
of HEV genomes by aligning with previously published sequences available on
the National Center for Biotechnology Information (NCBI) database (http:
//www.ncbi.nlm.nih.gov). HEV primer sets were able to pick up at least 25
different HEV; echovirus 22 was not detected. A nested primer set designed by
Allard et al. (2) was used to amplify HAdV in this study (Table 1). The primers
are able to identify 47 HAdV serotypes, including the more common HAdV
types 2, 40, and 41 (2, 52). BEV primers were designed by aligning and evaluating
the 5� UTR of BEV genomes available in the NCBI database (Table 1). The
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sequences amplified by the BEV primer set were BLAST searched in GenBank
and showed exact matches with seven different strains of bovine enteroviruses
(strains PS87, RM2, SL305, K2577, BOT/209/67, BEV261, and VG527) and one
sheep enterovirus isolate (strain 82Sh2R). The primers were tested against po-
liovirus 1 (strain Lsc) and HAdV 2 and showed no cross-reaction with either of
the virus groups. The internal probe used for HEV dot blot hybridization was
described by De Leon et al. (12) and is able to pick up 25 different enteroviruses
(28). Internal probes for HAdV and BEV were developed in this study (Table 1).

RT-nested-PCR for HEV. HEV were amplified with RT-nested-PCR. RT-
nested-PCR was performed with the RNA-PCR core kit by Applied Biosystems
(Foster City, Calif.). For reverse transcription, 2.5 �l of concentrated and puri-
fied sample RNA was added to 7.5 �l of reaction mixture containing 5.0 mM

MgCl2, 1� PCR buffer, 0.75 mM deoxynucleoside triphosphates (dNTPs), 2.5
�M random hexamer (as provided in the kit), 2.5 U of reverse transcriptase �l�1,
and 1.0 U of RNase inhibitor �l�1. The temperature cycle for RT was 22°C for
10 min, 42°C for 15 min, and 99°C for 5 min. Samples were cooled to 4°C before
the addition of master mix for the first round of PCR (PCR I). All reactions were
performed in a DNA Engine PTC-0200 thermal cycler (MJ Research, Inc.,
Waltham, Mass.).

To optimize the detection sensitivity by PCR, we tested several concentrations
of primers, MgCl2, and dNTPs as well as annealing temperatures and numbers of
cycles. During PCR I, the 5� UTR of the virus cDNA was amplified with primers
ENT-up-1 and ENT-down-1, yielding amplicons of 333 bp in size. PCR I was
carried out by adding 20 �l of PCR master mix to the entire reaction mixture

FIG. 1. Sampling stations (1 through 5) in the lower Altahama River. The Altamaha River and South Altamaha River are the main sources
of flow towards the coast. The Atlantic Intracoastal Waterway provides flow from coastal areas primarily to stations 1 (on the outgoing tide), 2,
and 4; station 3 is outside of the main flow.

TABLE 1. Nucleotide sequences for primers and probes used for PCR amplification and dot blot hybridization of HEV, BEV, and HAdV

Virus Primer(s) and Probe(s) Sequence (5� to 3�)d Targeta Amplicon
(bp) Reference or source

HEV ENT-up-1 GTAGATCAGGTCGATGAGTC This study
ENT-down-1 ACYGGRTGGCCAATC 5� UTR 330 12
ENT-up-2b CCTCCGGCCCCTGAATG 12
ENT-down-2b ATTGTCACCATAAGCAGCC 5� UTR 154 This study
EV-probe TACTTTGGGTGTCCGTGTTTCc 12

BEV BEV-up GAGTAGTCCGACTCCGCWCC This study
BEV-down CAGAGCTACCACTGGGGT 5� UTR 270 This study
BEV-probe AAYCGACCAATAKVNGCc This study

HAdV AV-A1 GCCGCAGTGGTCTTACATGCACATC 2
AV-A2 CAGCACGCCGCGGATGTCAAAGT Hexon gene 300 2
AV-B1b GCCACCGAGACGTACTTCAGCCTG 2
AV-B2b TTGTACGAGTACGCGGTATCCTCGCGGTC Hexon gene 143 2
AV-probe ACGCACGACGTAACCACAGACc This study

a UTR, untranslated region.
b Internal primer set.
c 5� end is biotin labeled.
d Y � G � T; R � A � G; W � A � T; K � G � T; V � A � C � G; N � A � T � C � G.
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from RT. The PCR I reaction mixture had a final concentration of 2.9 mM
MgCl2, 1� PCR buffer, 0.4 mM dNTPs, 0.2 �M each primer, 2.1 U of Taq
polymerase enzyme 100 �l�1, and 1� Eppendorf TaqMaster (Brinkmann In-
struments, Inc. Westbury, N.Y.). PCR I consisted of 40 cycles of denaturing at
95°C for 30 s, annealing at 57.7°C for 30 s, and extension at 72°C for 45 s. During
the last cycle of amplification, an extra 5 min at 72°C for extension was included.

One microliter of amplified PCR product from PCR I was transferred into the
master mix for the second round of PCR (PCR II). The reaction mixture for
PCR II had a final volume of 50 �l, containing 2.5 mM MgCl2, 1� PCR buffer,
0.2 mM dNTPs, 0.2 �M each primer (ENT-up-2 and ENT-down-2), and 2.5 U of
Taq polymerase enzyme 100 �l�1. PCR II consisted of 40 cycles of denaturing at
95°C for 30 s, annealing at 56.5°C for 30 s, and extension at 72°C for 30 s. As with
PCR I, a final extension of 5 min was included during the last cycle. Amplicons
were 154 bp. Poliovirus 1 (vaccine strain Lsc, courteously provided by C. P.
Gerba, University of Arizona) was used as a positive control, and molecular-
grade nuclease-free water was used as a no-template negative control. The
equivalent original volume of water analyzed by this HEV RT-nested-PCR for
each sample ranged between 2.5 and 10 ml, depending on the volume filtered for
adsorption-elution.

RT-PCR for BEV. RT-PCR for BEV was performed under the same condi-
tions and concentrations as RT and PCR I for HEV. In PCR, the cDNA was
amplified for 40 cycles, which consisted of denaturing at 95°C for 30 s, annealing
at 56°C for 30 s, and an extension at 72°C for 1 min followed by a final 5-min
extension. The resulting amplicons were �270 bp. BEV type 1 (ATCC VR-248)
was used as the positive control; human poliovirus 1 (strain LSc), HAdV type 2,
and molecular-grade nuclease-free water were used as negative controls to test
for cross-reaction and contamination, respectively. As with HEV, the equivalent
original volume of water analyzed for each sample ranged between 2.5 and 10 ml.

Nested-PCR for HAdV. Nested-PCR for HAdV was performed by amplifying
the open reading frame of the hexon gene of adenoviruses following the protocol
of Pina et al. (50) with modifications in the concentration of primers and dNTPs,
annealing temperature, and the addition of Eppendorf TaqMaster (Brinkmann
Instruments, Inc., Westbury, N.Y.) to the PCR mixtures. Two rounds of PCR
consisting of 40 cycles each were performed. In the first round of PCR (PCR I),
1.5 �l of sample DNA was added to a 23.5-�l reaction mixture. The reaction
mixture contained 1.5 mM MgCl2, 1� PCR buffer, 0.5 mM dNTPs, 0.8 �M each
primer, 1� TaqMaster, and 2.5 U of Taq polymerase enzyme 100 �l�1. Three
microliters of PCR I product were used as template for PCR II. Both rounds of
PCR were performed under the same conditions: initial DNA denaturation at
94°C for 4 min followed by 40 cycles of denaturation at 92°C for 30 s, annealing
at 60°C for 30 s, and an extension at 72°C for 1 min. A final extension at 72°C for
5 min was added during the last cycle of amplification. Amplicons of 300 and 142
bp were produced from PCR I and PCR II, respectively. HAdV type 2 was used
as the positive control (courteously provided by C. P. Gerba), and molecular-
grade nuclease-free water was used as a no-template negative control. The
equivalent original volume of water analyzed for each sample ranged between 1.5
and 6 ml.

Visualization and confirmation of PCR products. PCR products (12.5 ml)
were analyzed by gel electrophoresis on a 2.2% average strength Omnipur
agarose gel (EM Science, Darmstadt, Germany). The gel was stained in ethidium
bromide and viewed under UV light. PCR products were then confirmed by dot
blot hybridization with biotin-labeled probes (Table 1) internal to the amplified
viral regions and detected by chemiluminescence following the protocol for
Southern light chemiluminescent detection system for biotin-labeled DNA from
Applied Biosystems (Bedford, Mass.) (12, 28, 40). All blots were hybridized
overnight at 37°C. Stringency wash temperatures for HEV, HAdV, and BEV
probes were 47, 65, and 51°C, respectively.

Detection efficiency. The sensitivities of all PCR assays were determined by
limiting dilution experiments of pure virus stocks in cell culture lysates (�108

viral particles ml�1 for HEV and HAdV and �107 ml�1 for BEV). Viral particles
were counted using the method described by Noble and Fuhrman (47), with the
exception that viruses were stained with SYBR Gold rather than SYBR Green I
nucleic acid gel stain (Molecular Probes, Eugene, Oreg.). Viral RNA (enterovi-
ruses) and DNA (adenoviruses) extracts were serially diluted to 10�8, reversed
transcribed (HEV and BEV), and amplified by PCR methods described previ-
ously.

The efficiency of viral detection after concentration by adsorption-elution was
also evaluated using a seeded study. MilliQ water was used as a control. A fresh
estuarine water sample (with 50/00 salinity and pH 7.9) was filtered through
0.45-�m-pore-size membrane filters to remove particles. Prior to inoculation, the
filtered estuarine water sample was exposed to UV light for at least 24 h to
reduce or eliminate any background viruses. For quality control, two samples
were taken from each type of water before inoculation as preseed controls. One

liter of each of the two water types was inoculated with known amounts of HEV,
BEV, and HAdV, serially diluted to 1 virus particle ml�1, and mixed at room
temperature for at least an hour before processing. Seeded samples were con-
centrated, extracted, detected by PCR, and confirmed by dot blot hybridization
following the protocols described previously.

Statistical analysis. The Pearson correlation test was used to evaluate rela-
tionships among water quality and environmental variables. Binary logistic re-
gression was used to analyze the relationship between the occurrence of viruses
and levels of bacterial indicators and other environmental variables collected in
this study. Minitab Release 12.2 (State College, Pa.) was used for logistic regres-
sion and correlation analyses. The analysis of variance (ANOVA) and subse-
quent comparisons to determine differences in mean levels of bacterial indicators
and other environmental variables were performed using GraphPad Prism
(GraphPad Software, Inc., San Diego, Calif.). In all cases, significance was
determined at the 95% confidence level.

RESULTS

Physical and chemical parameters related to water quality.
A total of 35 samples were collected (including 5 samples that
were collected from the bottom of the water column in July).
Water temperature ranged between 10.5°C (December) and
31.0°C (July). Average water temperatures were similar for
July, August, September, and October (means ranged between
27.7 and 29.5°C) and dropped significantly as winter ap-
proached (November mean, 20.2°C; December mean, 11.0°C)
(P � 0.001). Increases in dissolved oxygen levels corresponded
to the decrease in water temperature (r � �0.791, P � 0.001)
and were lowest in August, with an average of 2.86 mg liter�1,
and highest in December, with an average of 9.35 mg liter�1.
Salinity varied between sites and sampling dates and ranged
between 0.10/00 (station 5 in December) and 23.10/00 (station 1
in September). Station 5 (located farthest inland) consistently
had the lowest salinity (mean, 1.00/00). Salinity levels were
significantly lower at all stations in November and December
(mean, 2.9 in each month) (P � 0.01) and were moderately
influenced by increased streamflow (r � �0.5446, P � 0.0019).

Total monthly precipitation ranged from a seasonal high of
16.5 cm in August to a winter-time low of 5.6 cm in December,
which was significantly lower than precipitation levels in any
other month. However, streamflow was lowest in August, at 51
m3 s�1, and highest in December, at 322 m3 s�1 (Fig. 2).

FIG. 2. Percentage of samples positive for human enteroviruses
and human adenoviruses (detected simultaneously) as well as bovine
enteroviruses by month versus the mean monthly water temperature
(°C) and stream flow (10 m3 s�1) along the lower Altahama River
between July and December 2002 (n � 5).
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Biological water quality indicators. Chlorophyll-a measure-
ments did not vary significantly among stations, and the aver-
ages ranged from 7.52 �g liter�1 (station 5) to 8.54 �g liter�1

(station 3). Monthly averages were more variable and ranged
from 10.69 �g liter�1 in August to 4.86 �g liter�1 in December,
which was significantly lower than that in other months (P �
0.001).

Over the course of the study, fecal coliform levels ranged
between a most probable number (MPN) of 2 100 ml�1 and an
MPN of 170 100 ml�1 (Table 2). Increases in fecal coliform
levels corresponded to decreasing salinity (r � �0.648, P �
0.001). Fecal coliform levels were the lowest at station 1 (lo-
cated at the mouth of the river) and increased up the river;
station 5 consistently had the highest fecal coliform levels (Ta-
ble 2). Total coliform levels ranged between 11 and 2,400 MPN
100 ml�1, following the same trend as fecal coliform levels.

Viral detection efficiency. Pure cultures of HEV and HAdV
could each be detected to a 10�8 dilution (�4 viral particles
ml�1) with RT-nested-PCR and nested-PCR, respectively.
BEV was detected by RT-PCR to a 10�3 dilution (�40,000
viral particles ml�1). The efficiency of viral detection in MilliQ
water after concentration by adsorption-elution was 4 HAdV
particles ml�1 and 40 HEV particles ml�1. Both HAdV and
HEV were detected to a level of 40 particles ml�1 in filtered
estuarine water. BEV were detected to a concentration of 4 �
105 viral particles ml�1 both in MilliQ and filtered estuarine
water with RT-PCR.

Dot blot hybridization showed no significant improvement in
detection efficiency for seeded HAdV (detection limits remain
4 viral particles ml�1 in MilliQ water and 40 viral particles
ml�1 in filtered estuarine water). However, the additional hy-
bridization step did improve the detection of HEV by an order

of magnitude (to 4 viruses ml�1 in both water types). Detection
efficiency for BEV also improved by 10- to 100-fold after dot
blot hybridization in which they were detected to a concentra-
tion of 4 � 104 and 4 � 103 viral particles ml�1 in filtered
estuarine water and MilliQ water, respectively.

Detection of human enteric viruses from environmental
samples. HEV were detected in 17 out of 30 (�57%) surface
water samples and two out of five (40%) bottom water samples
(collected only in July). HAdV were detected in 11 (�37%)
surface samples and 1 (20%) bottom sample. Sixty-seven per-
cent of surface water samples and 40% of bottom water sam-
ples were positive for either HEV or HAdV. The viruses were
detected simultaneously in nine (�26%) samples (including
one of the bottom water samples); this consisted of 41% of
those samples in which either HEV or HAdV was detected.

Human enteric viruses were most frequently detected at
stations 1 and 4, followed by station 5, station 2, and station 3
(Table 3). Six out of seven (86%) samples taken from station 1
were positive for either HEV or HAdV. HEV were detected
from four (67%) surface samples and from the bottom sample
collected in July, and HAdV was detected from three (50%)
surface samples at station 1. At station 4, HEV and HAdV
were each detected from four out of six (67%) surface samples;
HEV and HAdV were detected concurrently from three (50%)
surface samples. For station 5, HEV and HAdV were each
detected from three out of six (50%) surface samples, and
HEV and HAdV were detected simultaneously from the bot-
tom sample collected in July. Four HEV-positive samples and
only one HAdV-positive sample were detected from station 2.
Human enteric viruses were only detected at station 2 from
July to October. Station 3 was the least contaminated station
throughout the study period, with only two HEV-positive (Oc-
tober and November) and no HAdV-positive samples.

The occurrence of human enteric viruses demonstrated a
clear seasonal trend in which the frequency of detection in-
creased at lower water temperatures and increased streamflow
(Fig. 2). Both of these conditions reached their greatest extent
in December, at which time HEV and HAdV were detected
simultaneously in 80% of the samples. Conversely, only three
samples (from stations 1, 2, and 5) were positive for any human
virus in July (average temperature, 31°C), and two of these
samples (from stations 1 and 5) were collected from the bot-
tom of the water column.

The occurrence of human enteric viruses was significantly
related to streamflow (in cubic meters per second) on the day
samples were collected, mean daily rainfall for the 30 days

TABLE 2. The range and geometric mean MPN fecal and total
coliform bacterial counts at each sampling station in the lower

Altamaha River between July and December 2002a

Station

Fecal coliform bacteria Total coliform bacteria

Range Geometric
mean Range Geometric

mean

1 2–23 7 11–170 51
2 8–34 22 30–700 91
3 13–70 34 50–1,600 238
4 13–130 36 30–900 162
5 30–170 74 110–2,400 786

a Fecal coliform bacteria and total coliform bacteria are measured in MPN 100
ml�1.

TABLE 3. Occurrence of HEV, HAdV, and BEV at each sampling station in the lower Altamaha River between July and December 2002a

Station

Human Impact Bovine Impact

Month of HEV-
positive sample

Month of HAdV-
positive sample Rank Month of BEV-

positive sample Rank

1 July, Aug, Oct, Nov, Dec Sept, Oct, Dec 1 Nov, Dec 2
2 July, Aug, Sept, Oct Sept 3 Dec 3
3 Oct, Nov 4 Sept, Dec 2
4 Aug, Oct, Nov, Dec Sept, Oct, Nov, Dec 1 Sept, Oct, Nov, Dec 1
5 July, Aug, Dec July,b Sept, Dec 2 Nov, Dec 2

a Sites are ranked by occurrence of viruses, with 1 being the most contaminated.
b Bottom-water sample.
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preceding the sample collection, and other water quality vari-
ables (i.e., water temperature and DO and chlorophyll-a lev-
els) but was not related to rainfall on the sample collection day
and mean daily rainfall for up to 7 days preceding the sample
collection, salinity, pH, and nutrient levels. Binary logistic re-
gression models using streamflow (on sampling days), water
temperature, 30-day mean rainfall, and DO and chlorophyll-a
concentrations as independent variables were able to predict
the presence or absence of HEV and HAdV together in a
sample 79 to 85% of the time (P � 0.05) (Table 4). The
presence or absence of human enteric viruses was directly
(positively) related to streamflow and DO and inversely related
to temperature, rainfall, and chlorophyll-a concentrations. Fe-
cal coliform and total coliform levels in a sampling area were
generally low and did not show any correlation to viral detec-
tion (Table 4).

Detection of bovine enteric viruses from environmental
samples. BEV were detected from 11 out of 30 (�37%) sur-
face water samples and none of the bottom water samples.
Over the course of study, station 4 was the most contaminated
site for BEV, where it was detected from four out of six
(�67%) surface samples. Station 1, station 3, and station 5
each had two BEV-positive samples, while only one BEV-
positive sample was discovered at station 2 (Table 3).

The occurrence of BEV demonstrated a seasonal trend sim-
ilar to those of human enteric viruses, with frequency of de-
tection increasing at lower water temperatures and increased
streamflow (Fig. 2). BEV were detected from three out of five
(60%) stations in November and all stations in December.
Neither July nor August had any positive BEV samples. Binary
logistic regression analysis for the occurrence of BEV using
streamflow on sampling days, 30-day mean rainfall, water tem-
perature, and other water variables (i.e., DO and chlorophyll-a
levels) as independent variables showed relationships for BEV
similar to those for human enteric viruses (Table 4). There was
no significant relationship between the presence of BEV and
total or fecal coliform counts (Table 4).

DISCUSSION

Freshwater demand in the 24 counties of Georgia’s coast has
increased tremendously from 1980 to 1997 because of popula-
tion growth and increased water use by industry and agricul-
ture (16). Furthermore, exponential population growth and

rapid development along coastal rivers in general has gener-
ated many concerns about decreasing water quality (21), in-
cluding increased pumpage of groundwater and freshwater,
conversion of open lands into nonpermeable surfaces, changes
in hydrologic conduits, and increased wastewater discharge
(16). These changes have affected water quality through salt-
water intrusion and the addition of sediment, toxic chemicals,
pathogenic microorganisms, and nutrients into the coastal riv-
ers and estuaries.

Water quality issues in the Altamaha River. In 1999, water
quality data collected by the United States Geological Survey
in the Altamaha River Basin indicated DO and fecal coliform
impairments in many segments of the Altamaha tributaries
(19, 21). The state of Georgia has conducted several studies, in
accordance with Section 303(d) of the Clean Water Act and
the U.S. Environmental Protection Agency (EPA) Water
Quality Planning and Management Regulations (40 CFR Part
130), to develop fecal coliform bacteria and DO total maxi-
mum daily loads (TMDLs) for water bodies in the Altamaha
River basin that are listed as either not supporting or partially
supporting designated use classifications, due to exceedence of
water quality standards (19, 21). One of the main purposes of
the TMDL analysis is to identify the source categories or in-
dividual sources of fecal pollution in a watershed and the
amount of loading contributed by each of these sources so that
the long-term effects of anthropogenic activities and develop-
ment upstream on water quality can be better monitored (21).
Presently, there are more than 100 permits allowing treated
sewage, discharge from paper and pulp operations, and other
pollutants to be discharged into the Altahama River (4). Typ-
ical non-point sources of fecal pollution in the Altahama River
include urban development (storm water runoff and leaking
sewer collection lines), leaking septic systems, land application
of agricultural manure, livestock grazing, and wildlife (21).
Based on an EPA survey in 2001, 5% of the septic systems in
the watershed leak (21). In the Altamaha River Basin, animal
waste might be one of the main contributors to non-point
source contamination via land application of manure, runoff
from confined animal feeding operations, and unconfined an-
imals (i.e., deer, hogs, and other wildlife) (21). The marsh
islands surrounding our sampling stations in the lower Alta-
maha River are inhabited primarily by cattle, a limited number
of feral hogs, and waterfowl (Katy Austin, Georgia Marine
Extension Services, personal communication).

TABLE 4. Binary logistic regression analyses for the occurrence of HEV, HAdV, and BEV using water quality or environmental variables

Parameter
HAdV HEV HEV and HAdVa BEV

Concordance (%) P valued Concordance (%) P value Concordance (%) P value Concordance (%) P value

DO 75.6 0.031� 59.3 0.625 85.8 0.012� 88.5 0.018�
Water temp 75.6 0.062 63.8 0.183 81.8 0.012� 86.6 0.006�
Total coliform 51.2 0.431 44.3 0.429 48.9 0.233 42.6 0.567
Fecal coliform 50.7 0.545 52.9 0.643 57.4 0.377 44 0.811
Streamflowb 70.8 0.040� 54.3 0.246 79 0.009� 85.6 0.005�
Rainfallc 70.8 0.08 54.3 0.204 79 0.012� 85.6 0.003�
Chlorophyll-a 74.2 0.034� 42.5 0.956 80.1 0.019� 80.9 0.009�

a HEV and HAdV were detected in the same sample simultaneously.
b Streamflow value on sampling days was used.
c Mean rainfall 30 days preceding sampling was used.
d An asterisk indicates the value is significant (P � 0.05).
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Fecal indicator bacteria. Several studies have suggested that
fecal coliform levels cannot be used to predict the occurrence
of human viruses, and this is consistent with the results of our
study (28, 50, 67). While human and bovine enteric viruses
were frequently detected at our sampling stations, fecal coli-
form readings at sampling stations were generally low and
never exceeded Georgia’s recreational water quality control
one-time sampling limit of 500 MPN 100 ml�1 during our study
period (20). Fecal coliform levels ranged between 13 and 130
MPN 100 ml�1 at station 4, which was ranked the highest in
human and bovine enteric virus contamination, combined. Fe-
cal coliform bacteria, therefore, may not be a reliable indicator
to assess risks associated with enteric viruses in the coastal
rivers of Georgia, especially given that symptomatic infections
can be caused by less than 1 PFU of enteric virus (66). Fur-
thermore, without additional strain typing of these bacteria the
source is unknown.

Enteric viruses as water quality assessment tools. The levels
of enteric viruses in natural aquatic environments usually are
low, and detection methods with high sensitivity and specificity
are needed to study the occurrence of these viruses. Molecular
detection of viruses offers several advantages over traditional
viral assays, such as cell culture. PCR viral detection is less
laborious and time-consuming but is more specific and sensi-
tive than cell culture (10, 30, 34). PCR is capable of detecting
viruses that are either difficult to grow in cultured cells or
replicate without producing cytopathogenic effects in cells (9,
41, 51). For example, adenoviruses, one of the most important
human pathogens present in polluted water, are slow growing
and often do not produce cytopathogenic effects in cells, there-
fore they are consistently underestimated when fast-growing
enteroviruses are present (32, 59). Pina et al. (50) suggested
that the highly sensitive PCR detection method had led to
higher detection rate of adenoviruses in environmental sam-
ples. Furthermore, the specificity of PCR combined with the
host specificity of enteric viruses allows a contaminant source
to be identified immediately without the need for an extensive
database of strains, as is required with bacterial source tracking
(49).

The development and application of RT-nested-PCR proto-
cols to detect HEV and HAdV in our study increased the
detection limit compared to that of conventional PCR proto-
cols (12). Nested-PCR is generally more specific and has
shown a higher level of sensitivity in detecting enteric viruses
from environmental samples (52). The detection limit for
HAdV by nested-PCR as used in this study was �4 viral par-
ticles ml�1, which is consistent with previously reported sensi-
tivities as high as one purified viral particle (2). This is about
100 to 1,000 times more sensitive than cell culture assays (52).
The RT-nested-PCR protocol for HEV detection developed in
this study was also shown to have a sensitivity of �4 viral
particles ml�1. Previous unnested PCR assays had a reported
sensitivity of 103 viral particles ml�1 (28).

The addition of dot blot hybridization after PCR further
increased detection sensitivity, especially in natural water sam-
ples, and prevented false-negative results as well as confirmed
PCR positives by gel electrophoresis. In our seeded experi-
ment, dot blot hybridization improved detection sensitivity of
HEV by about one order of magnitude in filtered estuarine
water and one to two orders of magnitude for BEV in MilliQ

water and filtered estuarine water. While there was no signif-
icant improvement for HAdV in MilliQ water or filtered estu-
arine water, in environmental samples our rate of detection
was higher after dot blot hybridization in all cases. This finding
is consistent with the results from previous studies in which dot
blot hybridization increases detection sensitivity by at least an
order of magnitude (12, 28, 63). For our environmental sam-
ples, dot blot hybridization increased the number of HAdV-,
HEV-, and BEV-positive samples compared to gel electro-
phoresis by 71, 111, and 100%, respectively.

Although direct PCR and dot blot hybridization offer quick,
highly specific, and sensitive ways to detect enteric viruses from
environmental samples, it does not necessarily represent a
public health risk, because little is known about the infectivity
of the viruses. Because PCR can detect nucleic acids from both
infectious and noninfectious viruses, data derived from direct
PCR is most useful when the infectivity of these viruses is not
an important issue or not of public health concern (i.e., solely
to track the source of water pollution).

Human and animal fecal loading in the lower Altamaha.
The prevalence of positive human enteric virus samples de-
tected in this study suggests that the water quality at the lower
Altamaha River is affected by contaminants of human origin,
such as wastewater (including leaking septic systems) and ur-
ban runoff. BEV also were frequently detected in the study
area, despite a reduced detection efficiency compared to that
of the human enteric viruses. This suggests that bovine species
also contribute to fecal loading in this watershed and indicates
potential for transmission of zoonotic pathogens.

The Altamaha River drains one-fourth of the state of Geor-
gia, and therefore contamination may reflect both upstream as
well as local pollution. The most human viral loading was
noted at station 1, which is located near the Altamaha Sound.
Contamination at this station may be higher, because in addi-
tion to the lower Altamaha River, it also receives flow from the
Atlantic Intracoastal Waterway (which flows through popu-
lated areas of coastal Georgia). Station 4, which ranked the
highest in both bovine and human enteric virus contamination,
is also influenced by the Atlantic Intracoastal Waterway (which
flows south of a marsh island near station 3 inhabited primarily
by cattle, locally known as Cow Island) and the south Alta-
maha tributary (Fig. 1). Station 5, our most upstream site and
located on the south Altamaha tributary, ranked second in
human enteric virus load. A commercial fish camp with res-
taurant and lodging upstream from the station might have
contributed to human fecal contamination.

In our study, all viruses were detected at a higher frequency
in December, reflecting the importance of low temperature
and high streamflow in viral stability and loading, respectively.
This finding is consistent with previous reports that the stability
of viral particles is highly influenced by water temperature (46,
66). The important effect of streamflow in the loading of vi-
ruses in coastal waters has also been demonstrated by Goyal et
al. (27) and Lipp et al. (40). Increase in streamflow may have
caused more remote influx of contaminants as well as more
widespread viral loading. Our results showed no immediate
response in viral detection to rainfall events and an inverse
response with mean rainfall in the 30 days preceding sampling,
which may reflect a complex hydrology in this watershed. Sea-
sonal cycles in viral infection and excretion in the population
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also might have played a role in the elevated detection of
enteric viruses in winter months (33).

The ability to identify the major source categories of fecal
contamination is important in managing both water quality and
human health risk. Several studies have evaluated the preva-
lence of animal-specific enteric viruses (i.e., bovine enterovi-
ruses, porcine teschoviruses, and bovine and porcine adenovi-
ruses) in animal feces and the environment (35, 39, 42, 49).
Findings of this study along with those of previous works sug-
gest that molecular detection of animal-specific viruses can be
highly sensitive and specific markers for tracing sources of fecal
contamination; however, more testing will be needed to study
the geographical and seasonal distribution of these viruses.

In conclusion, the stringent host specificity of enteric viruses
makes them good library-independent indicators for identify-
ing sources of water pollution. PCR can be used to detect and
differentiate specific groups of viruses when infectivity data are
unnecessary in decision-making. Detection assays specific for
other groups of animal enteric viruses, such as avian and por-
cine enteric viruses, could be developed to better characterize
sources of contamination.
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