
Abstract. DNA photolyases are highly efficient light-
driven DNA repair enzymes which revert the genome-
damaging effects caused by ultraviolet (UV) radiation. 
These enzymes occur in almost all living organisms 
exposed to sunlight, the only exception being placental 
mammals like humans and mice. Their catalytic mecha-
nism employs the light-driven injection of an electron 
onto the DNA lesion to trigger the cleavage of cyclobu-
tane-pyrimidine dimers or 6-4 photoproducts inside 

duplex DNA. Spectroscopic and structural analysis has 
recently yielded a concise view of how photolyases rec-
ognize these DNA lesions involving two neighboring 
bases, catalyze the repair reaction within a nanosecond 
and still achieve quantum efficiencies of close to one. 
Apart from these mechanistic aspects, the potential of 
DNA photolyases for the generation of highly UV-resis-
tant organisms, or for skin cancer prevention by ectopi-
cal application is increasingly recognized.
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Introduction

Ultraviolet radiation, especially UV-B (290 nm < l < 
320 nm), endangers all forms of sun-exposed life by the 
formation of various genotoxic photoproducts in DNA 
which subsequently cause mutations, growth delay or 
even killing [1, 2]. To ensure genetic integrity when liv-
ing cells are exposed to bright sunlight, nature invented 
several strategies to repair different types of UV damage. 
The two major UV-induced lesions (Fig. 1a) are cis-syn 
cyclobutane pyrimidine dimers (CPDs) and pyrimidine-
pyrimidone (6-4) photoproducts (6-4 PPs). These lesions 
mostly exert their detrimental cytotoxic effects by block-
ing DNA replication and transcription and are the major 
players in the formation of skin cancers [3]. In vivo the 
CPD and 6-4 PP lesions are formed in a ratio of about 
3:1 [4] from two, in a DNA strand adjacently located py-

rimidine bases, mainly thymine. Their enzymatic repair 
(Fig. 1a) involves the catalytic cleavage of the pyrimidine 
dimers using near-UV or blue light (l = 320–500 nm) and 
was first reported more than 50 years ago as photoreac-
tivation [5, 6]. The enzyme that enables the light-driven 
repair of UV-damaged DNA was afterwards found to be a 
flavoprotein and the term ‘photoreactivating enzyme’ 
changed to DNA photolyase [7, 8]. DNA photolyases 
represent one of only two known classes of light-driven 
enzymes in nature, the other being the light-driven and 
NAD(P)H-dependent protochlorophyllide oxidoreduc-
tases [9] which catalyze the final step in chlorophyll 
biosynthesis in photosynthetic organisms. Due to their 
ability to repair two different lesion types, DNA photoly-
ases are classified either as CPD photolyases or as (6-4) 
photolyases.
The following review will mostly focus on aspects not 
covered to any extent in two previous and excellent re-
views on DNA photolyases [10, 11].
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Evolution and structural organization of DNA 
photolyases
During the Archaean era (2.5–3.8 Ga ago) the lack of a 
UV-protective ozone layer around Earth caused the pas-
sage of unfiltered solar UV-C radiation (l ∼ 190–280 
nm) down to the surface and the upper layers of the 
global oceans [12]. The DNA-damaging UV flux at that 
time was estimated to be about three orders of magni-
tude larger than the flux today, and thus limited the sur-
vival and growth of organisms in the photic region of the 
oceans. Given these circumstances, it is not surprising 
that DNA photolyases emerged in all three kingdoms of 

life: archaea, eubacteria and eukaryotes. The ancestral 
photolyase was probably present in the common progeni-
tor of life and diversified by at least eight gene dupli-
cations to the families of photolyases and non-catalytic 
cryptochromes known today [13]. However, during a pe-
riod of prebiotic evolution, the maintainance of sequence 
information in a pool of RNA species may not have de-
pended at all on the catalytic function of protein-based 
DNA photolyases, because RNA, compared to DNA, 
is highly resistant against UV-induced lesions [14] and 
the sequence context might contribute to UV resistance 
or even to self-repair. The latter was demonstrated by a 

Figure 1. (a) Formation and enzymatic repair of the primary UV lesions, the cyclobutane pyrimidine dimers (CPD) and the 6-4 pyrimidone-
pyrimidine adducts (6-4 PP). (b) Dendrogram showing the sequence relationships within the photolyase subfamilies. So far, only crystal 
structures from class I photolyases (highlighted in bold) have been solved.
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study where in vitro selection of DNA sequences capable 
of light repair succeeded to yield a 42-nucleotide-long 
DNA fragment that underwent self-repair if illuminated 
by near-UV light [15].
DNA photolyases are monomeric proteins 45–66 kDa 
in size, and comprise 420–616 amino acid residues. De-
pendent on the substrate specifity, photolyases can be 
classified into two groups. CPD photolyases or DNA 
photolyases repair CPD lesions in single- and double-
stranded DNA. (6-4) pyrimidine-pyrimidone dimers are 
cleaved by (6-4) photolyases. The CPD photolyases are 
further subdivided into two classes whose members share 
sequence identities of less than 20% if derived from dif-
ferent classes, but more than 30–35% if selected from the 
same class (Fig. 1b). Class I DNA photolyases are widely 
found in eubacteria, fungi and haloarchaea [16]. In con-
trast, class II DNA photolyases occur in eukaryotes other 
than fungi as well as in a few eubacteria [17], several 
pathogens like poxviruses [18, 19] and some parasitic 
microsporidiae [20]. In sponges, a CPD-like photolyase 
has been described that shared sequence similarity with 
the cryptochrome/6-4 photolyase family, but exhibited 
the activity of a typical CPD photolyase [21]. Overall, 
the spread of photolyase genes into the different branches 
of life was apparently at least partly driven by horizontal 
gene transfer.

DNA binding is apparently not only a feature of the cata-
lytic DNA photolyases, but also occurs in the structurally 
highly related cryptochromes, although the physiological 
function of DNA binding is still unresolved in these blue-
light-triggered signaling proteins. For example, the DASH 
cryptochromes which form a separate subfamily among 
the photolyases/cryptochromes [22, 23] bind DNA with 
rather low affinity. The human cryptochrome Cry2 [24] 
likewise binds non-specifically to DNA but, interestingly, 
with a higher affinity to 6-4-PP-lesion-containing DNA 
without effecting its light-driven repair. Furthermore, hu-
man Cry2 binds preferentially to ssDNA (KD ∼ 5 nM) 
than to dsDNA, whereas CPD DNA photolyases do not 
exhibit such a preference. Given the very close sequence 
relationship between 6-4 photolyases and animal cryp-
tochromes (pairwise sequence identities: ∼40–60%), this 
DNA-binding activity has been speculated to be the base 
for some of the transcriptional control activity of animal 
cryptochromes.
Until now, only the crystal structures of the class I pho-
tolyases from Escherichia coli [25], the cyanobacterium 
Anacystis nidulans [26] and Thermus thermophilus [27] 
have been solved at resolutions between 1.8 and 2.3 Å 
(Table 1). Like the structurally related cryptochromes 
from Synechococcus sp. and Arabidopsis thaliana [23, 
28], these structures reveal a common architecture, with 

Table 1. X-ray crystallographic characterization of DNA photolyase and cryptochrome structures.

PDB code Protein Organism Resolution Å Reference Remark

1DNP DNA photolyase Escherichia coli 2.30 25 complexed with MTHF antenna pigment

1IQR DNA photolyase Thermus thermophilus 2.10 27 no antenna pigment observed

1IQU DNA photolyase Thermus thermophilus 2.20 27 complexed to thymine base in active site

1QNF DNA photolyase Anacystis nidulans 1.80 26 complexed with 8-HDF antenna pigment

1OWL DNA photolyase Anacystis nidulans 1.80 37 apoenzyme, i.e. without 8-HDH antenna 
pigment

1OWM DNA photolyase Anacystis nidulans 2.30 37 apoenzyme; received X-ray dose of 
1.2 × 1015 photons/mm2

1OWN DNA photolyase Anacystis nidulans 2.30 37 apoenzyme; received X-ray dose of 
4.8 × 1015 photons/mm2

1OWO DNA photolyase Anacystis nidulans 2.30 37 photoreduced apoenzyme; received 
X-ray dose of 1.2 × 1015 photons/mm2

1OWP DNA photolyase Anacystis nidulans 2.30 37 photoreduced apoenzyme; received 
X-ray dose of 4.8 × 1015 photons/mm2

1TEZ DNA photolyase Anacystis nidulans 1.80 38 complex with bound CPD-containing 
dsDNA and 8-HDF

1NP7 cryptochrome DASH Synechocystis sp. PCC6803 1.90 23 no antenna pigment observed

1U3C Phr domain of Cry1 Arabidopsis thaliana 2.60 28 no antenna pigment observed 

1U3D Phr domain of Cry1 Arabidopsis thaliana 2.45 28 complexed to non-hydrolyzable ATP 
analog AM PP(NH)P
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a larger C-terminal, all a-helical domain (240–280 resi-
dues) that harbors the catalytic cofactor FAD and an N-
terminal a/b domain (180–220 residues). The latter com-
prises a Rossman fold with a five-stranded, parallel b 
sheet and is mostly responsible for the versatile binding 
of additional antenna pigments (Fig. 2a). Despite the 
early emergence of photolyases during evolution there 
are no close structural homologs for the C-terminal cata-
lytic domain outside the photolyase/cryptochrome fami-
lies where this fold found other use.

The catalytic FADH– cofactor of photolyases
All photolyases and cryptochromes comprise FAD as a 
light-sensitized cofactor and chromophor. In photoly-
ases, this cofactor transfers after excitation an electron 
transiently to the DNA lesion to trigger its repair by a 
radical mechanism. The catalytic FAD cofactor is unusu-
ally bound in the C-terminal domain by adopting a U-
shaped conformation that allows the adenine moiety to 
contact the redox-active isoalloxazine group (Fig. 2a, b). 
This conformation had not been previously observed in 
any other flavoprotein and apparently reflects the unique 
mode of catalysis (see below). To achieve its active state, 
this flavin is reduced by a light-driven process to a depro-
tonated FADH– species [29]. In its reduced and oxidized 
states, the deprotonated N3 nitrogen of the isoalloxazine 
forms an intramolecular hydrogen bond with the 3′-hy-
droxyl group of the ribityl chain. The FAD-binding site is 
highly conserved among the photolyase and cryptochrome 
structures. In the class I structures and the reported cryp-
tochrome structures of Cry1 from A. thaliana [28] and of 
cry-DASH from Synechococcus sp. [23], the isoalloxa-
zine ring is sandwiched between a salt bridge compris-
ing an arginine and an aspartate residue (e.g. A. nidulans: 
R352/D380; E. coli: R344/D372) and short polypeptide 
stretches (A. nidulans/E. coli: A385-N386/A377-N378, 
G389-W390/G381-W382). Another conserved interac-
tion is a hydrogen bond formed between the N5 nitrogen 
of the isoalloxazine group and a conserved asparagine 
sidechain (A. nidulans/E. coli: N386/N378).
Interestingly, the reduction of the catalytic cofactor is, 
like the DNA repair, a process where the absorption of 
visible light by FADH• or oxidized FAD triggers an elec-
tron transfer process from an exogenous electron donor 
onto the flavin [29]. Photoreduction of the flavin cofac-
tor in the absence of added artificial photosensitizers 
is not entirely uncommon among flavoproteins. For ex-
ample, homologs of the old yellow enzyme also undergo 
photoreduction to a fully reduced flavin species via the 
semichinoid form [30]. However, due to the simplicity 
of the experimental system, the electron transfer pathway 
for this process in DNA photolyases has been biophysi-
cally studied in much detail during the last two decades 
[for a concise review see ref. 10]. Mutagenesis and ultra-
fast kinetic spectroscopy revealed a consecutive chain of 

three conserved tryptophan residues with the order W306 
→ W359 → W382 → FAD(H•) in the E. coli enzyme, and 
Y469 (?) → W314 → W367 → W390 → FAD(H•) in the 
A. nidulans photolyase. In the E. coli enzyme, reduction 
of FADH• and subsequent appearance of a deprotonated 
Trp• radical is accomplished within 5 ms [31]. As the re-
verse electron transfer leading to charge recombination 
is significantly slower (∼17 ms) and apparently inhib-
ited by deprotonation of the terminal surface-exposed 
tryptophan residue (E. coli W306), there remains suf-
ficient time to subtract an electron from an exogenous 
electron source. Variations on this theme were found for 
the A. nidulans photolyase [32], the 6-4 photolyase from 
A. thaliana [33] and Cry1 from A. thaliana [34] where 
tyrosine radical species were additionally delineated dur-
ing photoreduction of the flavin cofactor. There is also 
some evidence for redundant electron transfer pathways. 
Kinetic studies on the E. coli photolyase indicated that 
the photoreduction of the catalytic flavin can also proceed 
via electron-hopping along helix a-15 and an aromatic 
residue (F366) contacting the flavin [35].
The three-tryptophan electron transfer pathway for pho-
toreduction of the FAD cofactor is structurally not only 
conserved in 6-4 and most likely also in class II photoly-
ases, but could be delineated as well in the cryptochrome 
structures [23, 28]. A photocycle-like behavior was first 
described for the Cry1 cryptochrome from A. thaliana 
[34]. Here, a signaling role for the photoreduction pro-
cess was demonstrated by tryptophan mutants of Cry1, 
which showed a loss of light-driven signaling in vitro and 
in vivo [36]. Accordingly, the light-driven change of the 
redox state of the FAD cofactor from a fully oxidized to 
a reduced state is now thought to promote the formation 
of signaling states in cryptochromes. However, structural 
changes at the flavin-binding site alone are unlikely to 
be sufficient to trigger a signaling state which might in-
teract with downstream components of the cryptochrome 
signaling pathways. X-ray crystallographic data from 
the A. nidulans photolyase [37, 38] showed only minor 
conformational changes upon reduction of the catalytic 
flavin, mainly an increased butterfly-like bending of the 
isoalloxazine moiety. Currently, one can only speculate 
that long-range electron transfer events from aromatic 
residues and/or pK changes at the protein surface are 
responsible for the local structural changes required for 
modulating cryptochrome-protein interactions.

The light-antenna of DNA photolyases

At the interface between the catalytic C-terminal and 
the N-terminal a/b domain, methenyltetrahydrofolate 
(MTHF) or an 8-hydroxydeazaflavin (8-HDF) were ob-
served as ancillary chromophores in the structures of 
the E. coli [25] and A. nidulans enzyme, respectively 
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Figure 2. (a) The antenna-pigment-binding site for photolyases of the MTHF type (left, E. coli) and of the 8-HDF type (right, A. nidulans). 
(b) Complex between a CPD-containing duplex DNA and the class I photolyase from A. nidulans. (c) Structural models for the increase in 
the CPD-induced DNA bend induced by binding to DNA photolyase and base-flipping of the thymine dimer.
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(Fig. 2a). In class I or II CPDs as well as in 6-4 photoly-
ases, no other chromophore than MTHF and 8-HDF has 
yet been described. For many of the characterized and 
mostly recombinant DNA photolyases, the nature of their 
antenna pigments is still not known. This apparent lack 
of an antenna pigment chromophore in several CPD pho-
tolyases, e.g. the class II CPD photolyase from A. thali-
ana [39], does not imply that these photolyases lack an 
antenna chromophore in vivo. Action spectra for the CPD 
lesion repair in sorghum, cucumber [40] and maize [41] 
indicated a maximum at 400 nm which might be con-
sistent with an MTHF chromophore (lmax ∼ 380 nm) that 
experiences a protein-induced red shift, as observed in 
the Bacillus firmus enzyme [42].
Due to the low extinction coefficients of the reduced 
FADH– chromophore in the visible region, these chromo-
phores considerably broaden the action spectra and opti-
cal cross-sections of the DNA photolyases. The protein-
chromophore interaction fine-tunes the optimal absorp-
tion characteristics, because the antenna pigments bind to 
the interfacial regions between the N-terminal and the 
catalytic domains with a concomitant bathochromic shift 
of their absorption. For example, in the E. coli photolyase, 
the MTHF absorbtion spectrum is red-shifted by 25 nm 
from 358 nm to 383 nm [43] by the interaction with an 
acidic residue of the antenna pigment binding site (E. coli 
E109). Due to the proximity of the antenna pigments, 
16.8 Å between MTHF and FADH– in the E. coli enzyme 
and 17.7 Å between 8-HDF and FADH– in the A. nidulans 
photolyase, the transfer of excitation energy is very rapid 
and apparently follows a Förster-type mechanism. In the 
E. coli enzyme transfer rates of 292 ps and 19 ps were 
determined for the excitation transfer from MTHF to the 
reduced and semichinoid catalytic flavin, respectively 
[35]. Similar short rates, 50 ps and < 20 ps, were reported 
for the excitation transfer from the 8-HDF antenna pig-
ment of the A. nidulans photolyase to FADH– and FADH•, 
respectively [44]. The measured rates are quite compatible 
with the measured distances and relative orientations be-
tween the antenna pigments and the catalytic flavin.
Together with the high quantum yields of 0.62 and 0.94 
for excitation transfer in the class I photolyases [44], one 
may conclude that the photolyases are not only the sim-
plest light-harvesting systems in nature, but can favorably 
compete with the highly complex photosynthetic units. 
Whether the chemical nature of the antenna pigments 
in photolyases can be now chemically manipulated for 
changing even further the absorption and DNA repair 
characteristics of these enzymes remains to be seen.

DNA recognition by DNA photolyases

If not sterically hindered by the packing of DNA around 
nucleosomes [45], DNA photolyases recognize CPD le-

sions with rather high affinity in single- or double-stranded 
DNA, e.g. the E. coli photolyase exhibits dissociation 
constants of ∼10–8 M for both forms of DNA. Although 
there is no sequence dependence for the repair of CPD 
lesions, the binding of the thymine dimer only contributes 
half of the binding energy (KD ∼ 10–4 M), the other half 
being contributed by the deoxyphosphate-ribose back-
bone of the DNA strand. Structural information about the 
interaction between CPD lesions and photolyases became 
available recently from X-ray crystallography [38] and 
nuclear magnetic resonance (NMR) spectroscopy [46, 
47]. The 1.8-Å X-ray structure of a complex between the 
A. nidulans photolyase and a CPD lesion comprising du-
plex DNA corroborated earlier data from atomic force 
microscopy [48] by showing that the enzyme increases 
the CPD-induced kink in the B-type DNA upon binding 
from about 20–30° [49, 50] to 50°. The large kinking of 
the B-type DNA is accompanied by a flip-out of the CPD 
lesion into the active site of the enzyme such that the 
thymine dimer is suitably positioned to form hydrogen 
bonds between the C4 carbonyls and the N6 amino group 
from the adenine moiety of the catalytic FADH– (Fig. 2b). 
This intimate mode of interaction was not predicted by 
several modeling studies [51–53] and, interestingly, also 
not by an NMR spectroscopic characterization of CPD-
DNA binding to the T. thermophilus photolyase [46]. 
Here, paramagnetic resonance enhancement (PRE) from 
the catalytic FAD in its semiquinone form was used as a 
novel technique to trigger NMR resonance changes in the 
CPD lesion. The estimated distance parameters between 
FAD and the CPD lesion amounted to 16 ± 3 Å. Although 
a flipping-out of the CPD lesion could be likewise delin-
eated by the NMR techniques [46, 47], only a peripheral 
docking of the CPD lesion was predicted along the en-
trance of the active site. Further indications for a close in-
teraction between the CPD lesion and the adenine group 
of the FADH– cofactor were found by the increase of the 
mid-point potential of the redox pair FADH–/FADH• from 
16 to 81 mV upon substrate binding [54] and a concomi-
tant 1.8-fold speed-up for intraprotein electron transfer 
from FADH– to the surface-exposed tryptophan radical 
W306• in the E. coli enzyme [55].
Salt bridges and hydrogen bonds are extensively formed 
along the protein surface and the phosphates P–1, P+1, P+2 
and P+3 [38, 47]. Although the synthetic CPD lesion of 
the photolyase/CPD-DNA cocrystal structure comprises 
a formacetal group instead of the intradimer phosphate 
P0, major interactions with the missing P0 phosphate are 
unlikely to occur because no residues are found in close 
proximity which are capable of forming H bonds or salt 
bridges. This lack of interaction with P0 is consistent with 
protection assays which defined a NpT <> TpNpNp sig-
nature as a common signature motif of DNA binding by 
photolyases [56, 57]. The crucial role of these interac-
tions (Fig. 3) for the formation of a catalytically compe-
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tent photolyase/CPD-DNA complex is underlined by a 
mutation of a conserved arginine (A. nidulans/E. coli: 
R350/R342), which forms a salt bridge with P+1 [58]. 
Among several active-site mutants this R→A mutant 
was found to exhibit the greatest effect by lowering the 
selectivity toward CPD-containing DNA 32-fold and the 
quantum yield of CPD cleavage from 98% to about 60%. 
In contrast, mutations of residues interacting with P+2 (A. 
nidulans/E. coli: Q411/Q403, K414/K406) only affected 
the affinity toward CPD-containing DNA [58]. Further-
more, the helical segment a6 protrudes into the minor 
groove at the 5′ end of the CPD lesion. As in several other 
DNA-binding proteins, DNA photolyases seem to utilize 
the dipolar moment of this helix for electrostatic stabili-
zation of the protein-DNA complex by directing the N 
terminus of a6 toward the P–1 phosphate. A similar helix 
dipole-ion interaction may be postulated for helix a18 
that points toward the P+2 phosphate.
The a6 helix belongs to a long protrusion that emerges 
from the N-terminal domain (Figs. 2b, 3). Unlike the re-
mainder of the N-terminal domain, this region does not 
contribute to the binding of the antenna pigment, but in-
teracts with the non-CPD-containing strand by hydrogen 
bonding with the P–4 and P–5 phosphates of the backbone. 
These interaction sites on the non-CPD strand are supple-
mented by a Mg2+-bridged interaction between P–3 and 

a conserved aspartate (A. nidulans/E. coli: D399/D391). 
According to DNA protection assays [57], the interaction 
sites on the non-CPD strand are conserved among the se-
quence-divergent class I and II photolyases. Interestingly, 
the DNA-binding protrusion motif is structurally con-
served in cryptochromes of the DASH subfamily, which 
also bind to duplex DNA, but lack any repair capabil-
ity [23]. Another, but generally not conserved salt bridge 
with the non-CPD strand is formed between K472 and 
the P–1 phosphate. As the affinity of DNA photolyases 
is not higher for double-stranded DNA than for single-
stranded DNA [11], the interactions with the non-CPD 
strand might compensate the additional energetic costs of 
extensive DNA bending and base-flipping during forma-
tion of the enzyme-substrate complex.
Despite the structural information about the DNA/pho-
tolyase complex and the high affinities of CPD DNA pho-
tolyases, how DNA photolyases find the lesions in duplex 
DNA is still not clear. Crystal and NMR structures of 
duplex DNA with CPD lesions [50, 59] show only minor 
distortions of B-type DNA with the thymine dimer still be-
ing base-stacking and forming three out of four hydrogen 
bonds with the complementary adenine bases. Molecular 
dynamics simulations showed that the presence of a CPD 
lesion at least increases the flexibility of the B-type DNA 
around the lesion site [60], making it more prone to base-

Figure 3. Schematic representation of interactions between CPD-lesion-containing DNA and class I photolyases as revealed for the A. 
nidulans enzyme by X-ray crystallography [38] (a) and for the T. thermophilus photolyase by NMR spectroscopy [47]. (b) For a better 
comparison of the common binding mode of the duplex DNA in the A. nidulans photolyase and of the single-stranded oligonucleotide 
in the Thermus enzyme, the numbers in parentheses correspond to the A. nidulans numbering. b modified from Torizawa et al. [47] with 
permission.
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flipping or structural deformation. Recognition motifs in 
CPD-lesion-containing DNA might be the higher-energy 
BII conformation of the backbone at the 3′ side of the 
CPD lesion [50, 59] and a change in the intraphosphate 
distances which might favor the recognition of the P–1, 
P+1, P+2 and P+3 phosphates by the enzyme.
Another contribution might arise from a flexible, non-
regular ridge (A. nidulans: G397-F406) which penetrates 
between the DNA strands upon double-flipping of the 
thymine dimer into the active site. This disruption creates 
a hole of about 10×10 Å that is mostly filled by this ridge 
making non-specific van der Waals interactions with the 
adenines complementary to the CPD lesion. Other spe-
cific interactions are missing, apart from a hydrogen bond 
between the P0 phosphate of the complementary strand 
and a main-chain peptide group. At least in class I pho-
tolyases, this ridge might be a passive and flexible space 
filler, because it exhibits increased thermal mobility in 
all other structures of non-complexed DNA photolyases 
[25–27]. Due to the lack of specific interactions, the ad-
enine ring complementary to the 5′ T of the CPD lesion 
is highly accessible to methylation in E. coli photolyase 
[57]. However, sequence variation in the ridge region may 
affect DNA binding, because in the class II enzyme from 
Methanobacterium thermoautotrophicum the affinity is 
not only increased by two to three orders of magnitude 
(KD ∼ 10–11 M), mostly by decreasing the dissociation rate 
koff, but the complementary adenine becomes also effi-
ciently protected against methylation [57].

Mechanism of DNA photolyases

After DNA binding and double-flipping of the CPD le-
sion into the active site, the repair of DNA occurs by 
light-driven injection of an electron from the excited 
FADH–* to the CPD lesion (Fig. 4a). About 125 kJ/mol 
of the 240 kJ/mol of energy that is captured upon pho-
ton absorption is consumed during this initial electron 
transfer step [61]. After electron capture, the splitting of 
the CPD lesion proceeds rapidly within 0.6 ns [62, 63]. 
This is about 103-fold faster than the non-catalyzed rate 
of splitting an anionic CPD radical and indicates that the 
active site distorts the CPD lesion in a manner that split-
ting of the CPD is promoted, e.g. by increasing the strain 
in the cyclobutane ring. The rapid electron transfer rate, 
now precisely determined to 0.17 ns [62], might be aided 
by the electric dipole moment of the CPD substrate as the 
CPD thymines make hydrogen bonds with the catalytic 
FADH– cofactor [38]. This intimate interaction between 
the CPD lesion and the catalytic flavin was found in sev-
eral instances to affect the kinetics of electron transfer 
reactions [55, 64]. Interestingly, the X-ray structure of 
the photolyase/CPD-DNA complex showed the synthetic 
CPD lesion in its repaired state as the synchrotron radia-

tion used during crystallographic data collection repaired 
the CPD lesion in the crystals, presumably by the radia-
tion-mediated release of free electrons [38]. The repaired 
CPD inside the active site was almost superimposable on 
a model of the intact CPD lesion, indicating that the radi-
cal anion cycloreversion, i.e. the splitting of the CPD le-
sion, proceeds without major reorientations of the CPD 
lesion during the whole reaction course.
The high quantum yields of many DNA photolyases of 
up to 0.98 [44] imply that non-productive back-transfer 
of the electron from the CPD lesion to the FADH. radical 
that would otherwise cause a futile cycle is efficiently 
avoided by the enzyme before cleavage of the cyclobu-
tane ring is completed. Nevertheless, back-transfer of the 
electron from the split thymine dimer onto the catalytic 
flavin cofactor has to be at the same time highly efficient 
in order to restore the activity of the enzyme. One pos-
sibility for achieving this would be to use separate elec-
tron transfer pathways where the reduction of the FADH. 
cofactor occurs by separate photoreduction as discussed 
above. Ultra-fast femtosecond laser spectroscopy initially 
suggested that the photolyase was indeed left in the semi-
quinonid state after repair of the CPD lesion had been 
accomplished [63]. However, using a mutant of the E. 
coli photolyase (W306F) that is impaired in the photo-
reduction of the FADH–, Sancar and colleagues could 
unambigously demonstrate that the intraprotein electron 
transfer pathway of the photoreduction process is not a 
regular part of the photolyase photocycle under physi-
ological conditions, because the enzyme was able to un-
dergo at least 25 repair cycles before losing activity [65]. 
Furthermore, a direct back-transfer of the excess electron 
from the thymine dimer to the FADH• cofactor could be 
followed by ultra-fast spectroscopy with a time constant 
of 0.56 ns for CPD splitting and complete electron back-
transfer [62].
From the structure of the photolyase/CPD-DNA com-
plex, two routes for electron transfer from the catalytic 
flavin to the CPD lesion were apparent inside the active 
site [38] and consistent with the kinetic data. An indi-
rect route along the hydrogen-bonded C4-carbonyls of 
the CPD lesion and the amino group of the adenine, or a 
direct route from the isoalloxazine to the CPD lesion, as 
both groups contact partially with a minimal distance of 
4.3 Å. The former route can only play a role if a superex-
change or tunneling mechanism is postulated for electron 
transfer, because the redox potential of adenines is lower 
than that of the CPD lesion (E0 = –2.5 V vs. –1.4/–1.9 
V). As the complex structure showed the CPD just after 
cleavage in the active site, the putative electron trans-
fer routes are very likely maintained during the entire 
cleavage reaction. Solvation reordering with positional 
changes of water molecules and/or protein side chains 
was spectroscopically observed during the light-driven 
repair reaction [62]. One candidate for such an interac-
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tion between the substrate and the active that is affected 
during electron transfer might be the observed hydrogen 
bond between a protonated glutamic acid (A. nidulans: 
E283) and the O4 oxygen of the 5′ T base. A protonation 
of the electron-rich O4 group of the 5′ T upon protonation 
that is concurrent with electron transfer might be crucial 
to stabilize the radical anion CPD so that non-productive 
back-transfer of the electron onto the FADH• radical is 

avoided and bond cleavage is favored (Fig. 4a). Quan-
tum-chemical calculations [66] predicted that a proton-
ated CPD radical should experience a significant thermal 
barrier for cleavage compared with the barrier-free dis-
solution of non-protonated CPD radical anions, but this 
thermal barrier might not exist in the context of the active 
site of the protein.

Figure 4. (a) Hypothetical repair mechanism of CPD photolyases involving transiently the protonation of the CPD radical anion. Note that 
this reaction sequence assumes a thymine dimer as CPD lesion. However, the repair of other CPD lesions like C <> T or T <> C is catalyzed 
by DNA photolyases as well. (b) Due to the almost symmetric recognition of the pyrimidines in the active site by a protonated glutamate 
and an asparagine residue, the binding of these lesions only requires a flip of the carboxylate or carboxamide groups to accomodate the 
alternative H-bonding pattern of cytosine bases. (c) Current hypothesis for the mechanism of 6-4 photolyases as suggested by Todo and 
coworkers for the Xenopus laevis 6-4 photolyase [71] that was based on an earlier model for general-acid/general-base-catalyzed formation 
of an enzyme-bound oxetane intermediate [70, 76].
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DNA photolyases also catalyze the cleavage of pyrimi-
dine dimers comprising cytosines, albeit with an up to 
20-fold reduced affinity and a twentyfold reduced quan-
tum yield for the repair of C <> C lesions [67]. The quite 
promiscuous recognition of different pyrimidine dimers 
(T <> T ∼ U <> U >> C <> C) in the active site may 
be facilitated by the almost symmetric interactions made 
by the carboxylate mentioned before with the 5′ T (A. 
nidulans: E283) and an asparagine (A. nidulans: N349) 
that likewise forms H bonds with the 3′ T. Cytosine bases 
in pyrimidine dimers would, hence, be expected to make 
similar interactions by flipping either the asparagine 
carboxamide group or forming an alternative H bond as 
shown in Figure 4b.
After DNA repair, the thymine pair has to flip back into 
the duplex DNA to form hydrogen bonds with the com-
plementary adenines. This relaxation of the DNA back-
bone proceeds much more slowly than the repair of CPD 
lesions, as was shown by FTIR spectroscopy [68].
As the class I and II CPD DNA photolyases, (6-4) pho-
tolyases and cryptochromes are derived from a common 
ancestor, most likely of the CPD-type [13, 69], the path-
way of electron injection into the DNA lesion should be 
a common feature among the members of this protein 
family. This pathway involving a hydrogen bond between 
the adenine amino group of the FADH– cofactor and the 
C4-carbonyl group of a pyrimidine sets tight restraints 
for the recognition mode of the 6-4 PP lesion by (6-4) 
photolyases. The 5′ T of this photoproduct is predicted to 
make similar interactions as the CPD damage, whereas 
the 3′ T may be hydrogen-bonded to a histidine (analo-
gous to A. nidulans N349). Accordingly, binding of the 
6-4 PP lesion to the enzyme is postulated to cause prefer-
ential formation of the oxetane-like species (Fig. 4b) that 
is otherwise unstable at temperatures above –80 °C [70]. 
Another histidine that corresponds to M353 in the A. ni-
dulans photolyase was recently shown to affect catalysis 
[71] and supposed to act as a general acid with the 5′ T 
(Fig. 4c). However, due to the close spatial relationship 
in the active site, one might currently not exclude that 
this residue recognizes the P+1 phosphate by formation of 
a salt bridge, because in 6-4 photolyases the conserved 
arginine residue that forms the salt bridge to the P+1 phos-
phate in CPD-like photolyases (A. nidulans R350) is re-
placed by a leucine. These small differences around the 
active site presumably reflect the need for fine-tuning the 
DNA conformation on the protein surface to position the 
structurally divergent UV lesions precisely into the active 
sites of photolyases.

Perspectives on DNA photolyases for human health

Unlike other animals, the placental mammals lost light-
driven DNA repair by CPD and 6-4 photolyases during 

evolution, presumably because the mammals were mostly 
small nocturnal animals until the end of the Cretaceous 
era when the dinosaurs were finally eradicated. In pla-
cental animals, the repair of CPD and 6-4 PP lesions is 
taken over by the nucleotide excision repair (NER) sys-
tems. Removal of 6-4 PP lesions in the genome occurs 
by global genome NER, whereas CPD lesions are only 
efficiently removed from transcription-active regions 
of the genome by transcription-coupled NER, and here 
preferentially from the transcribed strand. Human genetic 
diseases like xeroderma pigmentosum, trichothiodystro-
phy and Cockayne syndrome are therefore mostly related 
to defects in these NER systems. Recently, the beneficial 
effect of transfering a CPD photolyase into mammals was 
demonstrated, when transgenic mice were generated with 
a transgene for a marsupial CPD photolyase [72]. These 
mice exhibited a 40% increase of repair for CPD lesions 
in intact skin and cultured fibroblasts that was accompa-
nied by an improved resistance against acute UV-induced 
effects like erythema (sunburn), epidermal hyperplasia or 
apoptosis. Most remarkably, the expression of the CPD 
photolyase in mice efficiently suppressed the formation 
of skin carcinomas. In contrast, the expression of a plant 
6-4 PP photolyase [73] did not improve the resistance 
against carcinoma formation or lower the UV-B-induced 
mutation rate. Apparently, the endogenous global genome 
NER systems have a sufficient capacity to repair 6-4 PP 
lesions whereas the transcription-coupled NER is less ef-
fective against CPD lesions.
Surprisingly, the topical application of liposome formu-
lations with CPD photolyases as an active biological in-
gredient onto human skin was reported to provide some 
protection against UV-B-induced damage like erythema 
and immunogenic hypersensitivity reactions [74]. How-
ever, in the absence of a functional NER, the carcinogenic 
potential of 6-4 PP lesions in humans is apparently sev-
eralfold larger than that of CPD lesions [75]. Therefore, 
whether additional protection against UV-induced CPD 
lesions is sufficient in humans to lower the rate of carci-
noma formation awaits further investigations.
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