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A B S T R A C T

Heme oxygenase-1 (HO-1, HMOX1) degrades heme protecting cells from heme-induced oxidative damage.
Beyond its well-established cellular functions, heme has emerged as a stabilizer of G-quadruplexes. These sec-
ondary DNA structures interfere with DNA replication. We recently revealed that nuclear HO-1 colocalizes with
DNA G-quadruplexes and promotes their removal. Here, we investigate whether HO-1 safeguards cells against
replication stress.
Experiments were conducted in control and HMOX1-deficient HEK293T cell lines. Immunostaining unveiled

that DNA G-quadruplexes accumulated in the absence of HO-1, the effect that was further enhanced in response
to δ-aminolevulinic acid (ALA), a substrate in heme synthesis. This was associated with replication stress, as
evidenced by an elevated proportion of stalled forks analyzed by fiber assay. We observed the same effects in
hematopoietic stem cells isolated from Hmox1 knockout mice and in a lymphoblastoid cell line from an HMOX1-
deficient patient. Interestingly, in the absence of HO-1, the speed of fork progression was higher, and the
response to DNA conformational hindrance less stringent, indicating dysfunction of the PARP1-p53-p21 axis.
PARP1 activity was not decreased in the absence of HO-1. Instead, we observed that HO-1 deficiency impairs the
nuclear import and accumulation of p53, an effect dependent on the removal of excess heme. We also demon-
strated that administering ALA is a more specific method for increasing intracellular free heme compared to
treatment with hemin, which in turn induces strong lipid peroxidation.
Our results indicate that protection against replication stress is a universal feature of HO-1, presumably

contributing to its widely recognized cytoprotective activity.

1. Introduction

Heme oxygenase-1 (HO-1, encoded by the HMOX1 gene) is an
inducible enzyme that plays a central role in heme catabolism. HO-1
converts heme to biliverdin, carbon monoxide (CO), and iron ion. Due

to its ability to remove potentially pro-oxidant heme, HO-1 is widely
regarded as an enzyme that protects cells from oxidative damage [1]. In
principle, the HO-1 protein localizes in the cytoplasm and anchors to the
endoplasmic reticulum, although it was also detected in other cell
compartments, including mitochondria [2]. Importantly, HO-1 can
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translocate to the nucleus, and in some cell types, e.g. hematopoietic
stem cells (HSCs), the nuclear form dominates [3].
The role of HO-1 is not limited to its enzymatic activity, and several

reports indicate the putative importance of binding to other proteins and
nucleic acids [4,5]. HO-1 co-precipitates with proteins involved in
replication, DNA damage response (DDR) and DNA repair [5]. One of
the possible partners interacting with HO-1 is poly(ADP-ribose) poly-
merase-1 (PARP1), a highly abundant enzyme that uses NAD+ as a
substrate to catalyze poly(ADP-ribosyl)ation (PARylation) [4]. This
post-translational modification, involving the covalent binding of highly
negatively charged poly(ADP-ribose) (PAR) residues, strongly affects
protein functions. Additionally, many proteins (PAR-readers) can bind
PAR noncovalently, which may regulate their localization, stability and
interactions with other macromolecules [6]. Recognition of DNA dam-
age by PARP1 changes the conformation of its autoinhibitory helical
domain (HD), which permits NAD+ binding and converting to PAR [7].
Docking modeling suggests that HO-1 may potentially interact with the
HD region to facilitate PARP1 activation [4].
Using a standard chromatin immunoprecipitation assay we were

unable to detect binding of HO-1 to DNA [8]. However, the HO-1 protein
consists of seven α-helices, which may provide a DNA-binding pocket,
and has recently been suggested to regulate gene transcription directly
[5]. HO-1 also appears to regulate gene expression through
protein-protein interactions with several transcription factors, espe-
cially those related to the oxidative stress response. Nuclear HO-1 was
shown to bind and stabilize NRF2 and AP-1 transcription factors,
thereby increasing the expression of their target genes and improving
antioxidant protection [9]. It may also be involved in the type I inter-
feron response or in the regulation of mRNA processing [10]. Thus,
direct interaction with other macromolecules is an increasingly appre-
ciated aspect of HO-1 function, but its role is still far from being fully
understood.
We have demonstrated that nuclear HO-1 can promote the removal

of G-quadruplexes, four-stranded secondary structures composed of
guanine-rich nucleic acids. Moreover, using proximity ligation assay
(PLA), we proved the colocalization of HO-1 protein with DNA G-
quadruplexes in the nucleus of murine HSCs and human HEK293T cells
[8].
G-quadruplexes are enriched at telomeres, gene promoters and ori-

gins of replication (ORIs), so they can influence both gene transcription
and DNA replication [11]. Importantly, G-quadruplexes can form steric
hindrances in single-stranded DNA and disrupt the progression of
replication forks, which in turn causes replication stress [12]. Indeed,
administration of small molecules stabilizing G-quadruplexes slowed
down DNA replication and stalled replication forks [13]. An insufficient
response to fork stalling can lead to replication fork collapse and the
formation of double-strand DNA breaks (DSBs) [14]. As a result, repli-
cation stress emerges as an important source of DSBs, significantly
impacting genome stability [15]. Similarly, G-quadruplexes have been
recognized as significant contributors to DNA damage [16].
The response to replication stress can be regulated by PARP1, which

stabilizes stalled forks and is involved in the recruitment of DNA repair
proteins [17]. Importantly, PARP1 is also known to bind G-quadruplexes
with nanomolar affinities, which in turn enhances its enzymatic acti-
vation independently of DNA breaks. PARP1 promotes relaxation of
supercoiled DNA and facilitates the unwinding and removal of
G-quadruplexes [18].
Importantly, one of the targets of PARP1-mediated PARylation is the

tumor suppressor protein p53, which is involved in DNA quality control
[19]. In cells where DNA has been damaged, p53 can promote apoptosis,
senescence, or transient cell cycle arrest to allow DNA repair [20]. It also
associates with active replication forks and plays a central role in the
response to replication stress. When fully functional, p53 maintains the
appropriate rate of ongoing fork progression and binds to stalled forks to
ensure proper restart of replication [19,21]. PARP1 significantly in-
fluences p53-DNA binding and regulates p53 trafficking [20]. It is worth

noting that p53 can also be directly regulated by heme, the substrate of
HO-1, which noncovalently binds to the heme-regulatory motif (HRF) at
the molecular ratio 1:1 and accelerates protein degradation [22]. Thus,
it can be assumed that the absence of HO-1, which removes excess heme,
could reduce the efficiency of p53 pathway.
It has been demonstrated that chemical stabilization of G-quad-

ruplexes may result in replication stress, increased formation of DNA
breaks and a high frequency of deletions at the sites of G-quadruplex
formation [13,16]. Again, one of the effective stabilizers of G-quad-
ruplexes in cells is heme [8,23,24]. Therefore, it is conceivable that
HO-1may influence key DNA damage response proteins and participates
in regulating heme availability for G-quadruplexes, potentially impact-
ing their stability [8]. This implies that HO-1 might provide protection
to cells not only against heme-induced oxidative damage but also
against replication stress. Our aim was to verify this hypothesis.

2. Materials and methods

HEK293T cells. Cell cultures were performed under standard con-
ditions, at 37 ◦C in a humidified atmosphere with 5 % CO2. HEK293T
cells (kindly obtained from dr. Maciej Wiznerowicz from Wielkopolskie
Centrum Onkologii, Poznan, Polska) were cultured in DMEM High-
Glucose medium (Biowest) containing 10 % fetal bovine serum (FBS,
EurX) and antibiotics (100 IU/mL penicillin and 100 μg/mL strepto-
mycin, Sigma-Aldrich). Cells were routinely cultured in a T-25 flasks
(Falcon) and then seeded in 6-well culture plates (Falcon) or 24-well
plates (Falcon) onto glass coverslips. In some experiments, cells were
incubated with 20 μM hemin (Frontier Scientific), 350 μM δ-amino-
levulinic acid hydrochloride (ALA, Sigma-Aldrich), 2.5 mM N-Acetyl-L-
cysteine (NAC, Sigma-Aldrich), 500 μM succinylacetone (SA, Sigma-
Aldrich); 2 μM pyridostatin hydrochloride (PDS, MedChemTronica),
0.25 μM etoposide (Sigma-Aldrich) for 3 or 24 h. Unless otherwise
indicated, experiments were performed in complete medium.
HEK293T cells were modified and characterized as described pre-

viously [25]. In short: the HMOX1-deficient HEK293T cell line (KO-H-
MOX1) was created using CRISPR-Cas9 genome editing with
pX330-Pac-Cer plasmid that encodes sgRNA targeting the second exon
of humanHMOX1 gene. Control cells [WT(mock)] were created using an
empty pX330-Pac-Cer vector. CELI mismatch detection assay was per-
formed to evaluate the presence of mutations. HO-1 protein was unde-
tectable in KO-HMOX1 cells both under control conditions and after
incubation with hemin [25].

Induced pluripotent stem cells (iPSCs). Murine iPSCs were
cultured as described previously [8]. In short: Hmox1-/- iPSCs were
reprogrammed from fibroblasts collected from C57BL6 × FVB Hmox1-/-

mice and cultured in DMEM High-Glucose medium containing 20 %
FBS, 1 % Non-Essential Amino Acids (Life Technologies), 0.1 mM
β-mercaptoethanol (Life Technologies), 1000 U/mL leukemia inhibitory
factor (LIF, Millipore), and antibiotics (100 IU/mL penicillin and 100
μg/mL streptomycin). Hmox1-/-Hmox2-/- (double knockout, dKO) iPSCs
were generated fromHmox1-/- cells using pSpCas9(BB)-2A-Puro plasmid
with sgRNA encoding insert targeting Hmox2 (heme oxygenase-2).
Then, using lentiviral vectors, constructs providing stable expression
of Hmox1 with nuclear localization signal (NLS) or with nuclear export
signal (NES) were introduced to Hmox1-/-Hmox2-/- iPSCs [8].

Mouse hematopoietic stem cells (HSCs). Mice were used only for
tissue collection, and therefore there was no ethical committee approval
required. Mice were housed in individually ventilated cages in specific
pathogen-free conditions and had unlimited access to food and water.
For the isolation of hematopoietic stem cells, we used C57BL6xFVB
Hmox1+/+ or Hmox1-/- mice bred in our facility. Mice were euthanized
via CO2 inhalation. Bone marrow was isolated from femurs and tibia, as
described earlier [26]. Bones were crushed in a mortar and pestle in 2 %
FBS in phosphate buffered saline (PBS, Lonza). Bone marrow isolated
from male and female individuals was pooled and collected into tubes,
filtered through a cell strainer (100 μm), and centrifuged at 670 g for 10

P. Chudy et al.



Redox Biology 75 (2024) 103247

3

min at 4oC. Next, the cell pellet was resuspended in an RBC lysis buffer
(0.15 M NH4Cl, 10 mM KHCO3, 0.1 mM EDTA) and incubated for 7 min
at room temperature. After the dilution of the lysis buffer with 2 % FBS
in PBS, the cells were centrifuged and washed with PBS. Finally, the cell
pellet was resuspended with 100 μL of 2 % FBS in PBS.
Mouse HSCs (LKS CD150+ CD48− ) [26] were sorted using MoFlo

XDP FACS sorter (Beckman Coulter) using following clones of anti-
bodies: anti-mouse CD3, clone 17A2; anti-mouse Ly-6G/Ly-6C, clone
RB6-8C5; anti-mouse CD11b, clone M1/70; anti-mouse CD45R/B220,
clone RA3-6B2; anti-mouse TER-119/erythroid cells, clone Ter-119;
anti-mouse-CD150, clone TC15-12F12.2; anti-mouse-CD48, clone
HM-48-1 (all Biolegend); anti-mouse-Ly6A/E (Sca1), clone D7;
anti-mouse-CD117 (cKit), clone 2B8 (eBioscience). Sorted HSCs were
then cultured for 7 days in non-adherent U-shaped 96-well plates
(Greiner), ~2,500 cells/well in standard cell culture conditions. HSC
culture medium was StemSpan SFEM (Stem Cell Technologies), sup-
plemented with 20 % of BIT 9500 Serum Substitute (Stem Cell Tech-
nologies), murine stem cell factor (mSCF, Peprotech), human
thrombopoietin (hTPO, Peprotech), murine interleukin-3 (mIL-3,
Peprotech), and human erythropoietin (hEPO, Sigma-Aldrich), all at a
concentration of 20 ng/mL.

Patient-derived lymphoblastoid cell line (LCL). Immortalized
lymphoblastoid cells were generated as previously described from a
patient with genetically confirmed HMOX1 mutation,
c.262_268delinsCC (p.Ala88Profs*51) and c.55dupG (p.Glu19Glyfs*14)
in trans [27]. LCL cells were characterized by the absence of inducible
HO-1 expression. In brief, peripheral blood mononuclear cells (PBMCs)
from venous blood samples were incubated with the supernatant of
EBV-producing B95-8 marmoset B-lymphoblastoid cells and maintained
in RPMI supplemented with L-Glutamine, antibiotics and antimycotics
[(100 units/mL of penicillin, 100 μg/mL of streptomycin, and 0.25
μg/mL of amphotericin B (Gibco)] and 20 % FBS at 37 ◦C and 5 % CO2.
The patient’s clinical presentation is described in detail elsewhere [27].
He exhibited a severe, multisystem disease with frequent episodes of
hyperinflammation irresponsive to immunosuppression, organ failure,
and premature death due to pulmonary hemorrhage. Control LCL
derived from a healthy donor.

Immunoblotting. Cultured cells were detached with TrypLE in
preparation for lysates. Cells were then suspended in cold PBS and
centrifuged at 400 g. Pellets were resuspended in Pierce RIPA buffer
(Thermo Scientific) with protease inhibitors (complete Protease Inhibi-
tor Cocktail, Merck) and incubated for 5 min at 4 ◦C with agitation.
Lysates were clarified by centrifugation at 8,000 g for 10 min at 4 ◦C.
Protein concentration was determined by a BCA assay kit (Thermo-
fisher) to ensure the equal loading of each sample (10 μg of proteins).
Samples were electrophoretically separated in 4–20 % Mini-PROTEAN
TGX Precast Protein Gels (BioRad) followed by transfer to a nitrocellu-
lose blotting membrane (BioRad) in transfer buffer (BioRad) with 20 %
ethanol. The membranes were blocked with EveryBlot Blocking Buffer
(BioRad) for 5 min and incubated with anti-HO-1 (ADI-SPA-896-J, Enzo
Life Science), anti-PARP (AF-600-NA, R&D Systems), anti-α-tubulin
(T9026, Sigma-Aldrich) primary antibodies overnight at 4 ◦C. The
membranes were then washed three times with Tris-buffered saline with
0.1 % Tween 20 (TBST) and incubated with anti-rabbit-HRP (HO-1),
anti-mouse-HRP (α-tubulin), or anti-goat-HRP (PARP) antibodies (Invi-
trogen) diluted in EveryBlot blocking buffer for 1 h at room temperature.
After five washes with TBST, the membrane was incubated with horse-
radish peroxidase (HRP) substrate (Bio-Rad) for chemiluminescence
detection that was performed on a ChemiDoc MP instrument (Bio-Rad).

MTT reduction assay. Cells (15,000 cells/well) were seeded in a 96-
well plate (Falcon) and stimulated with hemin for 24 h at 37◦C. After
stimulation, cells were cultured with 1 mg/mL MTT reagent (3-(4,5-
dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide, Sigma-Aldrich)
for ~1 h at 37◦C. Then formazan crystals were dissolved with 50 μL lysis
buffer (10 % SDS and 0.6 % acetic acid in DMSO). Absorbance was
measured at a wavelength of 570 nm using a TECAN infinite M200

microplate reader (TECAN reader).
Proximity ligation assay (PLA). For in-situ visualization of the

colocalization between HO-1 and PARP1 proteins, we followed the
Duolink PLA Fluorescence Protocol (Sigma-Aldrich) using the Duolink
In Situ Detection Reagents Orange kit (Sigma-Aldrich). Briefly, the cells
grown on glass coverslips covered with 1 % Geltrex LDEV-Free Reduced
Growth Factor Basement MembraneMatrix (Gibco), were fixed with 4 %
electron microscopy-grade, methanol-free paraformaldehyde (Biotum)
and permeabilized with 0.2 % PBS-Tx (PBS with 0.2 % Triton X-100) for
10 min at room temperature. Next, cells were blocked in a drop of
Blocking Solution (Sigma-Aldrich) at 37◦C for 1 h and incubated with
primary antibodies [anti-HO-1 (ADI-SPA-896, Enzo), anti-PARP (AF-
600-NA, R&D Systems)] diluted 1:100 in Duolink Antibody Diluent
(Sigma-Aldrich). After washing in wash buffer A (10 mM Tris, 150 mM
NaCl and 0.05 % Tween 20), cells were incubated with secondary an-
tibodies conjugated with PLUS and MINUS probes for 1 h at 37 ◦C. The
following Duolink In Situ PLA secondary antibodies (Sigma-Aldrich)
were used: anti-goat PLUS, and anti-rabbit MINUS. Next, the cells were
again washed twice in wash buffer A and then incubated with the ligase
(diluted 1:40 in ligation buffer) for 30 min at 37 ◦C. After the next round
of washing in wash buffer A, cells were incubated with polymerase
(diluted 1:80 in an amplification buffer) for 100 min at 37 ◦C. Finally,
cells were washed in wash buffer B (200 mM Tris and 100 mM NaCl),
counterstained with DAPI (0.5 μg/mL, Sigma-Aldrich), mounted in
Fluorescence Mounting Medium (Dako), and allowed to dry before im-
aging. Negative controls were performed using secondary antibodies
only. Cells were analyzed with a Zeiss LSM 880 confocal microscope
(Zeiss). We imaged single optical sections using the Plan-Neofluar 40
1.30 Oil DIC M27, alpha Plan-Apochromat.

Immunofluorescence staining. Cells grown on glass coverslips
covered with 1 % Geltrex LDEV-Free Reduced Growth Factor Basement
Membrane Matrix were fixed with ice-cold 80 % methanol (POCh) at
− 20◦C for 10 min or with 4 % Pierce methanol-free formaldehyde
(Thermo Scientific) at room temperature for 10 min and followed by two
washes with PBS. Cells fixed in formaldehyde were subsequently per-
meabilized in PBS-Tx at room temperature for 10 min and blocked in 10
% normal donkey serum (Sigma-Aldrich) in 0.1 % PBS-Tx at room
temperature for 30 min. Then, the cells were incubated with primary
antibodies diluted in 0.1 % PBS-Tx with 1 % donkey serum. Blocking
was followed by three PBS washes before incubation with the appro-
priate secondary antibodies that were diluted 1:400 in 0.1 % PBS-Tx
containing 1 % donkey serum at room temperature for one to 3 h.
Finally, after washing with PBS and counterstaining the cell nuclei with
0.5 μg/mL DAPI (Sigma-Aldrich) for 10 min at room temperature, the
coverslips were mounted in Fluorescence Mounting Medium (Dako) and
allowed to dry before imaging. Negative controls with the omission of
primary antibodies were performed for each protein. Cells were
analyzed using the Axio Observer Z1 microscope (Zeiss) using 63x/1.4
Oil DIC m27 objective or by Leica DMI6000 using 40x/0.75 objective.
For immunocytochemical staining, the following primary antibodies

were used: anti-PARP (AF-600-NA, R&D Systems) 1:200; anti-G4
(mouse 1H6 clone, MABE1126, Millipore), anti-HO-1 (ADI-SPA-894,
Enzo Life Sciences), anti-phospho-H2AX (Ser139, JBW301 clone,
05–636, EDM Milipore) diluted 1:100, anti-p53 (ab131442, Abcam)
diluted 1:200. The following secondary antibodies from Molecular
Probes (Invitrogen), diluted 1:400, were used: AlexaFluor 488 anti-
rabbit IgG (A21206), AlexaFluor 568 anti-mouse IgG (A10037), Alexa-
Fluor 568 anti-goat IgG (A11057), and AlexaFluor 488 anti-mouse IgG
(A21202).

Flow cytometry. Cells for flow cytometry were detached with Try-
pLE, fixed with 4 % paraformaldehyde in PBS for 10 min, permeabilized
with 0.1 % Triton X100 in PBS, and stained with anti-PARP (AF-600-NA,
R&D Systems) and then AlexaFluor 568 anti-goat IgG (A11057) anti-
bodies. Fluorescence signal was analyzed using BD LSR Fortessa flow
cytometer with excitation at λ = 561 nm and emission at 575/26.
Quantitative analysis was performed using the FloJo software.
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FRAP analysis. Human PARP1 coding sequence (NCBI Reference
Sequence: NM_001618.4) was inserted into a Sleeping Beauty system
vector based on the pSBbi-Hyg plasmid (a gift from Eric Kowarz,
Addgene plasmid # 60524 [28]) conferring resistance to hygromycin
and providing constitutive expression of PARP1 under the control of the
UbC promoter, with the Clover green fluorescent protein at the N-ter-
minus. FRAP analysis was performed in living HEK293T cells transfected
with PARP1-GFP fusion proteins. A laser-scanning confocal microscope
(Zeiss LSM 880) equipped with a 488 nm laser light and a 40 × 1.3
numerical aperture objective was used to perform all photobleaching
experiments (bleaching: 488 nm, 150 ms, 5 iterations). Fluorescence
recovery was monitored over a 120 s period. The data obtained for re-
covery were corrected for the background intensity and loss of total
fluorescence [29]. The T-half analysis was performed with easyFRAP:
https://easyfrap.vmnet.upatras.gr.

ImageStream cytometry. Cells were immunostained using anti-p53
(MA1-7629, Invitrogen) and AlexaFluor 488 anti-rabbit (A21206, Invi-
trogen) antibodies and co-stained with DAPI (0.5 μg/mL; Sigma-Aldrich)
for nuclear imaging. On average, 3,000 events per sample were collected
using ImageStream IS100 (Amnis). The spatial relationship between p53
and nuclear images was measured using the ‘Nuclear Translocation’
feature of the IDEAS software package.

Lentivirus production and cell transduction. Lentiviral particles
were generated by co-transfection of 3 plasmids into HEK293T cells
using Transfection Grade Linear Polyethylenimine Hydrochloride (PEI
Max, Polysciences): envelope plasmid (PMD2.G), packaging plasmid
(psPAX2) and transfer plasmid (for LivePAR pLV-EF1A-LivePAR-Hygro
which was a gift from Robert Sobol (Addgene plasmid #176063) [30],
for NAD+ sensors: NS-Grapefruit, NS-Grapefruit-NLS plasmids [31]),
which were a gift fromMin Hu and Qiuliyang Yu. Forty-eight hours after
transfection, lentivirus-containing supernatant was centrifuged at 200 g
for 5 min to pellet any cells that were collected during harvesting and
the supernatant was filtered through a 0.45 μm PES filter (Braun).
Next, WT(mock), KO-HMOX1 HEK293T cells, or iPSC dKO, NLS and

NES were seeded into 6-well plates and after 24 h medium with lenti-
viral particles (1mL) was mixed with polybrene (2 mg/mL) and added to
the cells. Cells were incubated overnight and then the medium with
lentiviral particles was removed and replaced with fresh medium. Next,
GFP-positive cells (stable cell lines) were sorted using MoFlo XDP
(Beckman Coulter).

Analysis of NAD + levels. The HEK293T cell lines that stably ex-
press the FRET sensors (in cytoplasm or nucleus) were seeded at a
density of 50,000 cells per well into a 24-well plate. After 48 h of in-
cubation, different compounds were added into the culture medium: 10
mM β-Nicotinamide adenine dinucleotide sodium salt (β-NAD, Sigma-
Aldrich), 10 nmol/L FK866 (HY-50876, MedChemExpress), 250 nM
etoposide, and 100 μMolaparib. After 24 h incubation cells were washed
with DPBS, collected using TrypLE Express (Thermo Scientific) and
analyzed using BD LSR Fortessa flow cytometer with excitation at λ =

488 nm and emission at 670/30 nm and 530/30 nm. Quantitative
analysis was performed using the FloJo software.

LivePAR Recruitment after laser-induced micro-irradiation. For
analysis of PARylation in HEK293T cells, WT(mock) and KO-HMOX1
lines were transfected using lipofectamine 2000 (Invitrogen). On the
next day, cells were seeded into μ-Slide 18 Well Glass Bottom (Ibidi)
covered with Geltrex.
Stable LivePAR+ iPSC dKO, NLS and NES were seeded into μ-Slide 18

Well Glass Bottom (Ibidi) covered with Geltrex. After the next 24 h, laser
micro-irradiation (50 mW laser λ = 405 nm, 95 % of total power, 50 ms)
was performed using a Stellaris 5 (Lecia) equipped with HC PL APO CS2
40x/1.30 OIL objective. Time-lapse images of LivePAR (GFP signal)
were collected every 1 s during a 1–3 min analysis. Cells stimulated for 1
h before laser irradiation with 100 nM olaparib (inhibitor of PARylation)
were used as a control. Quantitative analysis was performed using the
Image J software.

PARP1 autoparylation assay. PARP1 autoparylation in the

presence of HO-1 was assessed using modified method by Xie and co-
workers [32]. Briefly, 10 nM recombinant PARP1 (Active Motif, cat.
nr 81037) was incubated with 61.25 nM recombinant HO-1 (R&D Sys-
tems, cat. nr 3776-HM-020) in 50 mM Tris-HCL (pH = 8.0), with 2 mM
MgCl2, 25 μM biotin-NAD+ (R&D systems, cat. nr 6573/131U), 75 μM
NAD+ (Sigma-Aldrich, cat. nr N0632-1G) and 5 μg/mL oligonucleotide
which forms (G4, AGGGAGGGCGCTGGGAGGAGGG) or does not form
G-quadruplexes (ssDNA, CCAGTTCGTAGTAACCC) in the total volume
of 20 μL. The reaction was carried out at room temperature for 1 or 3
min and stopped by adding NuPage LDS sample buffer (Thermo Scien-
tific, cat. nr NP0007). Samples were then separated on 4–15 % MP TGX
gel (Bio-Rad, cat. nr 4561083), transferred to nitrocellulose membranes
using Trans-Blot Turbo RTA Mini 0.2 μm Nitrocellulose Transfer Kit
(Bio-Rad, cat nr. 1704270). Membranes were then blocked with
EveryBlot blocking buffer (Bio-Rad, cat. nr 12010020) for 5 min at room
temperature and incubated for 1 h with 1:3000 streptavidin-HRP
(Thermo Scientific, cat. nr N100). Chemiluminescence was detected
with Immobilon Western Chemiluminescent HRP Substrate (Millipore
Sigma, cat. nrWBKLS0500) using ChemidocMP (Bio-Rad). As a negative
control we used reaction mix without NAD+. Additionally, specificity of
the PARylation detection was confirmed with anti-PAR antibody (R&D
Systems, cat. nr 4335-MC-100), (data not shown).

Total heme measurement. Intracellular heme concentration was
measured using a fluorescence-based assay [33]. Briefly, cells were de-
tached with TrypLE and suspended in 100 μL 2 M oxalic acid (Sig-
ma-Aldrich) and then split. One sample was heated at 95 ◦C for 30min to
remove iron from heme. The other solution was treated in the same way
but at room temperature throughout to control for the presence of
endogenous porphyrins. Fluorescence (wavelengths: excitation 400 nm,
emission 662 nm) was measured by Spectra II Microplate Reader
(Tecan). Data were normalized to the total protein concentration.

Free heme measurement. For live imaging of cytosolic and nuclear
free heme we used HS1 cytosolic and HS1 nuclear plasmids [34] kindly
provided by prof. Amit R. Reddit (Georgia Institute of Technology).
These constructs consist of a heme-binding domain from cytochrome
b562, fused to a pair of fluorescent proteins, EGFP and Katushka 2
(mKATE2). The ratio of EGFP (heme-sensitive) to mKATE2 (hem-
e-insensitive) fluorescence provides a readout of cellular heme inde-
pendent of sensor concentration [34]. Cells were transfected using
polyethyleneimine MAX (PEI MAX, Polysciences) and assay was per-
formed as described previously [8]. Fluorescence was analyzed using
LSR Fortessa flow cytometer (Becton Dickinson).

Detection of oxidative stress. We used CellROX Deep Red Reagent
for oxidative stress detection (Thermo Fisher Scientific). Cells were
cultured in the 12-well plates and stimulated with hemin (20 μM) or ALA
(350 μM) for 24 h. Tert-butyl hydroperoxide (TBHP, 200 μM) was added
for 30 min as a positive control. To detect reactive oxygen species,
CellROX Deep Red reagent (500 nM) was added to each sample and
incubated for 30 min at 37 ◦C. Fluorescence was analyzed using LSR
Fortessa flow cytometer (Becton Dickinson).

Lipid Peroxidation. We used the Click-iT Lipid Peroxidation (LAA)
Kit for Imaging – Alexa Fluor 488 (C10446, Thermo Fisher Scientific),
following the provider’s protocol. Cells were cultured in the 24-well
plates with round coverslips and stimulated with hemin (20 μM) or
ALA (350 μM) for 24 h. Cumene hydroperoxide (CH) served as a positive
control. The cells were fixed with 4 % Pierce methanol-free formalde-
hyde (Thermo Scientific) at room temperature for 10 min and washed
twice with PBS. Then, the cells were permeabilized in PBS-Tx at room
temperature for 10 min. Lipid peroxidation was detected by incubation
of coverslips with 50 μL Click-iT reaction cocktail for 30 min at room
temperature. Next, the samples were washed 3 times with PBS and co-
stained with DAPI (0.5 μg/mL; Sigma-Aldrich). Fluorescence detection
was performed using Leica DM6B fluorescent microscope with PL
Fluotar L 20x/0.40 objective.

DNA fiber assay. All procedures were based on the protocol
described by Nieminuszczy and colleagues [35]. Cells grown on the
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6-well plates were stimulated with nucleotide analogs: 25 mM IdU
(5-iodo-2-deoxyuridine, Sigma) and 250 mM CldU (5-chloro-2-deox-
yuridine, Sigma), both for 20 min at 37 ◦C. Next, the cells were washed
with PBS, detached with TrypLE, centrifuged, and resuspended in cold
Dulbecco’s PBS (DPBS) to the concentration of 750,000 cells/mL. Then,
the cells were lysed (200 mM Tris-HCl, pH 7.5, 50 mM EDTA, 0.5 %
SDS), spread on the glass Superfrost Plus Gold slides (Thermo Scientific)
and fixed in acetic acid:methanol (3:1). After incubation in 2.5 N HCl,
fixed chromatin slides were incubated in blocking solution (5 % BSA in
PBS) and stained with primary antibodies: anti-BrdU rat (BU1/75
(ICR1), ab6326, Abcam) and anti-BrdUmouse (B44, BD, 347580) for 2 h
at room temperature; secondary antibodies: Alexa Fluor 488 anti-rat IgG
(A21208, Invitrogen) and Alexa Fluor 568 anti-mouse IgG (A10037,
Invitrogen) for 1 h at room temperature. Finally, after washing with PBS,
the coverslips were mounted in a fluorescence mounting medium (Dako)
and allowed to dry before imaging. The LSM 880 AxioObserver (Zeiss)
confocal microscope equipped with an EC Plan-Neofluar Plan-Apo-
chromat 63x/1.4 oil DIC M27 objective or Leica DM6B fluorescent mi-
croscope with PL Fluotar 63x/1.30 oil objective was used for
visualization of DNA fibers. ImageJ software was used to quantify the
number and length of DNA fibers from the images.

G4 labeling in DNA fibers. Cells grown on the 12-well plates were
stimulated with 10 μM EdU for 30 min. Next, cells were washed with
PBS, detached with TrypLE, centrifuged, and resuspended in cold DPBS
to the concentration of 650,000 cells/mL. Then, cells were lysed, spread
on glass Superfrost Plus Gold (Thermo Scientific) slides and fixed in
acetic acid:methanol (3:1) for 10 min. Next, slides were washed in
distilled water and twice in 5 % BSA in PBS. EdU staining was performed
by incubation for 30 min at room temperature with a Click-iT reaction
cocktail (Click-iT EdU Cell Proliferation Kit for Imaging – Alexa Fluor
488, Thermo Fisher Scientific) prepared according to the manufacturer’s
protocol. After incubation, slides were washed twice in 5 % BSA in PBS
and blocked in 10 % donkey serum in PBS-Tx for 30 min at room tem-
perature. The samples were then incubated with anti-G4 primary anti-
bodies (mouse 1H6 clone, Millipore) overnight at 4 ◦C diluted 1:100 in 1
% donkey serum in PBS-Tx. Finally, after washing with PBS, G-quad-
ruplexes were visualized by secondary antibodies [Alexa Fluor 568 anti-
mouse IgG (Thermo Scientific)] diluted 1:400, for 3 h at room temper-
ature. The coverslips were mounted in Fluorescence Mounting Medium
(Dako) and fibers were analyzed with a Leica DM6B fluorescent mi-
croscope using PL Fluotar 63x/1.30 Oil objective and quantified
manually.

Cell cycle and cell culture growth. Cells grown on the 6-well plates
were fixed with ice-cold 80 % methanol (POCh) at − 20◦C for at least 30
min. After washing and centrifuging, cells were stained with FxCyclePI/
RNase Staining Solution (Life Technologies). After 15 min of incubation
at room temperature samples were analyzed using BD LSR Fortessa
(Becton Dickinson) (excitation 488 nm, emission 585 nm). Data were
analyzed using FlowJo software (BD Life Sciences) by univariate
modeling. To evaluate the cell culture growth rate, cells were seeded in a
12-well plate (150,000 cells/well), collected after 24, 48, and 72 h, and
then counted using the BioRad TC20 automated cell counter.

Timelapses – duration of the cell cycle. Cells were seeded (50,000
cells/well) onto a black 24-well plate with a glass bottom (Cellvis). After
24 h, NucSpot Live 650 Nuclear Stain (Biotum) was added to the cells for
30 min at 37◦C. Then timelapses were performed using Olympus IX
microscope with a Lumencor Spectra X 647 nm fluorescence LED light
source for 72 h (image intervals – 15 min). The cell cycle duration (time
between metaphase plate of mother and daughter cell) was measured
manually using ImageJ software.

Timelapses – p53 nuclear translocation. Cells were seeded
(50,000 cells/well) onto a black 24-well plate with a glass bottom
(Cellvis). After 24 h, they were transfected with GFP-p53 plasmid, a gift
from Tyler Jacks (Addgene plasmid #12091), [36]) by using lipofect-
amine 2000 and incubated for 24 h. Then 20 μM etoposide was added
and timelapses were performed using Olympus IX microscope with a

Lumencor Spectra X 647 nmfluorescence LED light source for 3 h (image
intervals – 10 min). Nuclear translocation of p53 was calculated by
measuring the increase in fluorescence signal in nucleus of single cell
(ratio of the last and the first timelapse frame).

Heme depleted serum. Heme-depleted serum was prepared by
treating FBS (Biowest) with 1 mM ascorbic acid (Sigma-Aldrich). The
mixture was then incubated at 37 ◦C andmixed at 50 rpm. The depletion
of heme was confirmed by measuring the optical absorbance of the
serum at 405 nm using a spectrophotometer (Tecan). The optical density
is stabilized at around 0.6–0.8 after 7 h. Subsequently, heme depletion
was achieved through three rounds of dialysis against cold PBS using 2K
MWCO dialysis flasks (Thermo Scientific). The first dialysis was carried
out overnight, followed by two more dialysis sessions of 4 h each.
Finally, the serum was sterilized by filtering it through 0.2 μm syringe
filters (Sarstedt).

Reverse Transcription and Real-Time PCR. Cells were seeded
(50,000 cells/well) onto a 12-well plate and treated with 500 μM suc-
cinylacetone (SA – Sigma Aldrich) in culture medium with heme
depleted serum for 24 h. Additionally, cells were treated with 100 nM
olaparib (HY-10162, MedChemExpress) in complete culture medium for
24 h. RNA was isolated using a RNeasy Mini Kit (Qiagen) and reverse-
transcribed with a QuantiTect Reverse Transcription Kit (Qiagen) with
integrated gDNA removal. The gene expression was assessed on a Ste-
pOnePlus thermocycler (Applied Biosystems) with real-time PCR using
an SYBR Green JumpStart Taq ReadyMix (Sigma-Aldrich) and specific
primers: EEF2 For – GCG GTC AGC ACA ATG GCA TA, Rev – GAC ATC
ACC AAG GGT GTG CAG; CDKN1A (p21) For – AGG ACT CAA CCG TAA
TAT CC, Rev – CAG CAG ATC ACC AGA TTA AC.

RNA-seq analysis. We used our previously published data available
in the BioProject database, accession no. PRJNA562450 [26].

Statistical Analysis. All experiments were performed in duplicate or
in triplicate and were repeated independently at least three times, unless
otherwise indicated. Data were analyzed with GraphPad Prism 8.0
software. Tests used in the statistical analysis are listed in the description
of the figures. Bar graphs represent mean +SEM; ns – non significant,
*-p≤0.05, **-p<0.01, ***- p < 0.001.

Other. The graphical abstract was created with BioRender.com
(Agreement number: IV26TQ6OJU).

3. Results

HMOX1-deficient HEK293T cells. In previous study [8], we
demonstrated the colocalization of HO-1 protein and DNA G-quad-
ruplexes in the nuclei of immortalized human embryonic kidney
HEK293T cells. Here, to investigate the possible effects of G-quadruplex
accumulation and the role of HO-1, we employed the HMOX1-deficient
HEK293T cell line (KO-HMOX1) created by CRISPR-Cas9 genome edit-
ing [25]. Cells treated with empty vector [WT(mock)] were used as a
control. Western blot confirmed successful knocking-down of the
HMOX1 gene and removal of the HO-1 protein (Fig. 1A). The empty
vector did not change HO-1 levels compared to intact cells (WT). As
expected, KO-HMOX1 HEK293T cells were more sensitive to hemin
treatment than their WT(mock) counterparts, as shown by the results of
the MTT reduction assay. Viability of control cells was unaffected even
in response to high concentration of hemin (100 μM, 24 h), but was
reduced by approximately 50 % in HMOX1-deficient cells (Fig. 1B).
Differences in hemin sensitivity were confirmed by cytometric analyzes
and cell morphology (Fig. 1C and D).

HO-1 colocalizes with PARP1 and affects its functions. HO-1 has
been reported to co-precipitate with PARP1 [4], a protein involved in
both DNA replication and repair, which binds to G-quadruplexes [9,18].
To check whether HO-1 could affect PARP1-dependent pathways, we
first compared the expression level of PARP1 protein in WT(mock) and
KO-HMOX1 cells. Western blot analysis did not show any differences
between cell lines (Fig. 2A). However, a more quantitative assay using
flow cytometry-detected immunostaining suggested higher PARP1
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protein levels in HMOX1-deficient cells (Fig. 2B). This observation was
confirmed by immunofluorescence microscopy, where stronger PARP1
spots were visible in at least some KO-HMOX1 cells (Fig. 2C). Moreover,
using PLA we also showed a close colocalization of HO-1 and PARP1 in
our HEK293T cells cultured under control conditions (Fig. 2D).
To test whether HO-1 could have any functional effect on PARP1, we

transfected the cells with pEGFP expression plasmid encoding full-
length GFP-tagged human PARP1, and then monitored fluorescence
recovery after photobleaching (FRAP) [37], induced by pulsing with
488 nm laser light (Fig. 2E). As expected, we observed a rapid increase in
the fluorescence intensity of PARP1 at the site of photobleaching,
reaching maximum values within 10–20 s. Interestingly, PARP1 accu-
mulated more rapidly in HMOX1-deficient cells (t1/2 = 3.71 s) than in
their HO-1 expressing counterparts (t1/2 = 4.78 s, p < 0.05) (Fig. 2E).
In the next step, we used a genetically encoded LivePAR probe for

live-cell imaging of PAR accumulation to follow PARP activation in real
time in WT(mock) and KO-HMOX1 cells. LivePAR is a PAR-binding
fusion protein (PAR binding domain of RNF146) tagged with EGFP
[38]. We measured the kinetics of LivePAR recruitment in response to
laser micro-irradiation (405 nm, 50 ms) in single cells (Fig. 2F). Probe
accumulation reached peak intensity within 1 min. Interestingly, PAR
formation at the site of laser micro-irradiation was more intense in
HMOX1-deficient HEK293T cells (Fig. 2G). Then, we performed the
samemeasurements using murine induced pluripotent stem cells (iPSCs)
lacking Hmox1 and Hmox2 (dKO) or stably expressing either cyto-
plasmic HO-1 (NES) or nuclear HO-1 (NLS) [8]. The results were similar:
PAR formation was more intense in Hmox1-deficient cells, while cyto-
plasmic or nuclear localization of HO-1 was not significant (Fig. 2G).
Hence, it appears that higher PARylation dynamics in the absence of
HO-1 is not cell type specific but is a more common feature.
PARP enzymatic activity and PAR accumulation can be modulated by

changes in NAD+ levels [38]. Therefore, we analyzed NAD+ availability in

both the cytoplasm and nucleus using genetically encoded FRET-based
NAD+ sensors targeting appropriate cellular compartments [31]. The
sensors report subcellular NAD+ levels as a ratio of the emission intensities
at 594 nm and 507 nm (Fig. 2H). Treatment of cells with FK866, an in-
hibitor of nicotinamide phosphoribosyltransferase-mediated NAD+ syn-
thesis, resulted in a significant reduction in the NAD+ signal, an effect
reversed by supplementation of cells with β-NAD, confirming the speci-
ficity of NAD+ detection. We observed slightly decreased NAD+ levels in
the cytoplasm of KO-HMOX1 HEK293 cells compared to control coun-
terparts. No differences were found in the nucleus (Fig. 2H). Importantly,
there were no differences in NAD + levels related to HMOX1 status in cells
treated with etoposide (to induce DNA damage response and activate
PARP1) or olaparib (PARP1 and PARP2 competitive inhibitor). In both
KO-HMOX1 and WT(mock) cells, NAD+ concentrations in the cytoplasm
and nucleus after etoposide or olaparib administration were comparable to
that in control conditions (Fig. 2H). These results indicate that NAD+ is not
a limiting factor influencing PARylation dynamics in HEK293T cells.
Finally, to detect a possible direct effect of HO-1 protein on PARP1

enzymatic activity, we measured autoPARylation of PARP1 protein in
vitro in the presence or absence of HO-1 protein (Fig. 2I). We did not
observe any effect of HO-1 in such an isolated system with or without
dsDNA or G4-forming DNA. Thus, the effect of HO-1 deficiency on
PARylation in HEK293T cells appears to be more associated with PARP1
cellular motility, but not with a substrate availability or direct protein-
protein interaction modulating PARP1 enzymatic activity.
To sum up, we showed that HO-1 colocalizes with PARP1, and

HMOX1 deficiency influences dynamics of laser micro-irradiation-
induced PARylation. Next, we checked whether HO-1 affects G-quad-
ruplex accumulation in HEK293T cells and the cellular response to DNA
damage.

HO-1 prevents the stabilization of G-quadruplexes. We used
immunostaining with specific antibodies to compare the level of G-

Fig. 1. Characterization of HEK293T WT(mock) and KO-HMOX1 cell lines. A) Expression of HO-1 protein in cells cultured under control conditions. Western blot.
Tubulin was used as a loading control. B) Effect of hemin (10–100 μM, 24 h) on cell viability. MTT reduction assay. ANOVA. * - KO-HMOX1 vs. WT(mock), # - treated
vs. untreated cells. C) Flow cytometer plot for 7-AAD staining after hemin (100 μM, 24 h) treatment and in control (untreated) group. Percentage of 7-AAD negative
(range was selected based on comparison to negative control without 7-AAD) and 7-AAD positive cells was indicated for cells after hemin stimulation. D) Effect of
hemin (100 μM, 24 h) on cell morphology. Representative images. Bright field, scale bar 200 μm.

P. Chudy et al.



Redox Biology 75 (2024) 103247

7

quadruplexes in the WT(mock) and KO-HMOX1 cell lines. Similarly to
murine iPSCs reported in our previous study [8], we detected more
G-quadruplexes in HMOX1-deficient HEK293T cells cultured in control
conditions (Fig. 3A). Treatment of the cells with pyridostatin (PDS, 2
μM), a well-known stabilizer of G-quadruplexes, significantly elevated
the signal, regardless of HMOX1 status. This indirectly indicates that
HO-1 is possibly not important in the formation of G-quadruplexes, but

rather may reduce their stability by regulating heme levels, the effect
not visible in the presence of an exogenous stabilizer.

HO-1 protects cells from genotoxic stress. To test whether HO-1
could contribute to the protection of DNA against damage, we used
immunocytochemical staining of phosphorylated histone H2AX
(γH2AX), as a marker of the DNA damage response (DDR) to DNA
double-strand breaks [39]. Under control conditions, KO-HMOX1 cells

Fig. 2. The role of HO-1 in the regulation of PARP1 pathway. A) PARP1 protein level. Western blotting (left) and densitometry results (right) of PARP1 in HEK293T
cells. Tubulin was used as a loading control. T-test. B) PARP1 protein level. Immunofluorescence staining was analyzed by flow cytometry. T-test. C) PARP1 in
HEK293T cells. Representative images of PARP1 intracellular localization (left) and densitometry analysis (right). Mann-Whitney test. Scale bar 20 μm. D) Coloc-
alization (red dots) of HO-1 and PARP1 proteins in WT(mock) cells. Cell nuclei were counterstained with DAPI (blue). Scale bar 10 μm. Proximity ligation assay
(PLA). E) Fluorescence recovery after photobleaching (FRAP) analysis of PARP1-GFP using a confocal microscope. Representative images (left) taken at the indicated
timepoints (in seconds) and quantitative analysis (right) of T-half of recovery after photobleaching of PARP1-GFP. T-test. Scale bar 20 μm. F) Timelapse analysis of
livePAR in WT(mock) and KO-Hmox1 after induction of DNA damage in the cell nucleus. Foci (arrows) in the image demonstrate LivePAR recruitment. G)
Recruitment of LivePAR in HEK293T (left) or iPSCs (right) after laser-induced micro-irradiation. H) Effect of β-NAD (10 mM) with and without FK866 (10 nM),
etoposide (250 nM), and olaparib (100 nM) on cytoplasmic (left) and nuclear (right) NAD+ levels. The FRET NAD+ sensors were analyzed by flow cytometry. Two-
way ANOVA. I) Autoparylation in vitro of recombinant PARP1 in the presence of recombinant HMOX1. The liquid reaction was proceeded with mixture of biotin-
NAD+ (25 μM), NAD+ (75 μM) and ssDNA or G4 oligonucleotides (5 μg/mL). Western blotting (right) and densitometry (left) detection with streptavidin-HRP.
Reaction mix without NAD+ was used as a negative control. ANOVA. (For interpretation of the references to color in this figure legend, the reader is referred to
the Web version of this article.)
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exhibited more intense γH2AX staining, which may indicate a more
pronounced DDR associated with either more severe DNA lesions or less
efficient repair of damage (Fig. 3B). Furthermore, exposure of cells to a
low concentration of etoposide (0.25 μM), an anticancer drug that
generates DSB [40], increased the γH2AX signal, confirming the DDR
induction. This effect was significantly stronger in HMOX1-deficient
cells (Fig. 3B), indicating that HO-1 may play a role in protecting cells
from genotoxic stress.
We supposed that the observed effects of HMOX1 deficiency are

related to elevated levels of pro-oxidative heme, which is not sufficiently
removed in the absence of a heme-degrading enzyme. Accordingly, we
expected that the effect of HMOX1 deficiency would be stronger in cells
with elevated levels of intracellular heme. We therefore compared
γH2AX staining in WT(mock) and KO-HMOX1 cells exposed to hemin
(20 μM) or supplemented with δ-aminolevulinic acid (ALA, 350 μM), a
substrate in the heme synthesis pathway (Fig. 3B). Indeed, hemin
induced strong DDR, comparable to the response to etoposide. This ef-
fect was more pronounced in the absence of HO-1. Importantly, the
influence of ALA on DDR was much weaker and observed only in KO-

HMOX1 cells. As expected, stabilization of G-quadruplexes by PDS
resulted in increased γH2AX staining, regardless of HMOX1 status
(Fig. 3B). The obtained results show that HO-1 efficiently protects cells
against genotoxic stress induced by increased heme synthesis but is less
effective in protecting against hemin.

ALA is a more specific source of intracellular free heme than
hemin. To understand the differences between the protective efficacy of
HO-1 in response to ALA and hemin, and to test whether the effect on
DDR correlates with an increase in intracellular heme levels, we
compared the total and free heme pools in WT(mock) and KO-HMOX1
cells treated with hemin or ALA. We chose concentrations of hemin
(20 μM) and ALA (350 μM) that did not affect cell viability but increased
HO-1 levels in HEK293T cells (Fig. 4A).
We first measured total heme levels using an oxalic acid colorimetric

assay. The total heme pool was comparable in WT(mock) and KO-
HMOX1 cells cultured under control conditions (Fig. 4B). In response
to hemin, total heme levels decreased slightly in control cells, possibly as
a result of HMOX1 induction, as such an effect was not visible in the
absence of HO-1. In both cell lines, total heme levels did not change

Fig. 3. G-quadruplex accumulation and DNA-damage response (DDR) in WT(mock) and KO-HMOX1 cells. A) G-quadruplexes in cells cultured under control con-
ditions or incubated with PDS (2 μM, 24 h). B) DDR measured as γH2AX staining in cells cultured under control conditions or incubated with etoposide (0.25 μM),
hemin (20 μM), ALA (350 μM) or PDS (2 μM) for 24 h. Immunocytochemistry and confocal microscopy. Representative images are presented in inserts. Kruskal-Wallis
test. * - KO-HMOX1 vs. WT(mock), # - treated vs. untreated cells.

Fig. 4. Effect of hemin and ALA on intracellular heme in HEK293T WT(mock) and KO-HMOX1 cells. A) Expression of HO-1 protein in WT(mock) cells. Immuno-
cytochemistry and fluorescence microscopy. Representative pictures. B) Effect of hemin (20 μM, 24 h) and ALA (350 μM, 24 h) on total heme levels. Oxalic acid
assay. ANOVA. C) Free heme in the cytoplasm and nucleus of WT(mock) and KO-HMOX1 cells under control conditions. D) Effect of hemin (20 μM, 3 h) and ALA
(350 μM, 24 h) on free heme in the cytoplasm and nucleus of WT(mock) cells. E) Effect of hemin (20 μM, 3 h) and ALA (350 μM, 24 h) on free heme in the cytoplasm
and nucleus of KO-HMOX1 cells. Cytoplasmic or nuclear eGFP/mKATE2 fluorescence ratio in cells transfected with reporter plasmids (a lower value indicates a
higher concentration of heme). Flow cytometry. ANOVA (B, C), Kruskal-Wallis test (D, E).
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significantly in response to ALA (Fig. 4B). However, what may be bio-
logically more important for the expression of heme-regulated genes or
the stabilization of G-quadruplexes is the pool of free heme. Therefore,
we transfected the cells with eGFP-mKATE2 reporter plasmids and then
measured free heme using genetically encoded fluorescent heme sensors
localized to the cytoplasm or nucleus. In this system, the green fluo-
rescence of eGFP is quenched by heme, whereas the red fluorescence of
mKATE2 is heme-insensitive [34]. A decrease in the green-to-red fluo-
rescence ratio indicates an increase in the free heme level. We compared
the levels of heme in cells cultured under control conditions and sup-
plemented with hemin (3 h) as a source of exogenous heme or ALA (24
h) as a substrate for heme synthesis.
Under control conditions, the effect of HMOX1 deficiency on the

level of free heme in the cytoplasm was undetectable. However, heme
concentration was slightly increased in the nucleus of HMOX1-deficient
cells, compared to WT(mock) counterparts (Fig. 4C). Treatment of WT
(mock) cells with hemin resulted in a weak, statistically insignificant
tendency towards an increase in free heme levels in the cytoplasm and
nucleus, as we already reported [8]. The increase in response to ALAwas
statistically significant (Fig. 4D). In KO-HMOX1 cells, the accumulation
of free heme in response to hemin as well as ALA was significant and
more pronounced than in WT(mock) cells, in both cytoplasmic and
nuclear cell compartments (Fig. 4D). Thus, HO-1 may play a role in
regulating the intracellular availability of free heme, although the
observed effects are moderate. Worth noting, the influence of hemin and
ALA on the DNA damage response does not correlate with the upregu-
lation of intracellular heme.

Hemin, but not ALA, induces strong lipid peroxidation. In the
next step, we compared the induction of oxidative stress in WT(mock)
and KO-HMOX1 cells after treatment with hemin or ALA. We used a
CellROX Deep Red fluorogenic probe designed to measure superoxide
and hydroxyl radicals in the cytoplasm (Fig. 5A). The fluorescence was
quantified by flow cytometry, 24 h after stimulation. The obtained re-
sults were similar in WT(mock) and KO-HMOX1 cells: hemin did not
induce the production of radicals in the cytoplasm, whereas ALA caused
a relatively weak upregulation, statistically significant in HMOX1-
deficient cells. A strong induction in both cell lines was detected in
response to tert-butyl hydroperoxide (TBHP), which served as a positive
control (Fig. 5A). We also checked the effect of hemin on cytoplasmic
ROS production at shorter time points, 3–12 h. Similarly to 24 h, we did
not observe an increase in the ROS levels either in WT(mock) or KO-
HMOX1 cells (Fig. 5B).
Additionally, we analyzed the influence of hemin and ALA on lipid

peroxidation using the Click-iT kit (Fig. 5C and D). In contrast to cyto-
plasmic free radical production, lipid peroxidation was strongly
enhanced 24 h after stimulation with hemin but not ALA. The effect of
hemin was comparable to that of cumene hydroperoxide (CH), a positive
control, and completely reversed by antioxidant N-acetylcysteine (NAC,
2.5 mM) supplementation (Fig. 5D). The cell responses to hemin were
similar 24 h after stimulation, regardless of HO-1 levels. However, the
analysis of earlier time points showed that in WT(mock) cells peroxi-
dation gradually increased reaching amaximum after 24 h, while in cells
without HO-1 a very strong signal was visible already after 3 h and
persisted throughout the measurement period (Fig. 5E).
Taken together, the effects of ALA and hemin administrations in

HEK293T cells were different: ALA slightly upregulated the production
of reactive oxygen species in the cytoplasm, while hemin led to strong
lipid peroxidation in cell membranes (Fig. 5A–E). These effects were
more pronounced in HMOX1-deficient cells.
To understand the potential importance of G-quadruplexes and

oxidative stress for hemin-triggered DNA damage response, we induced
genotoxic stress by etoposide and at the same time treated the cells with
PDS (2 μM), hemin (20 μM) alone or hemin supplemented with NAC
(2.5 mM). Analysis of γH2AX staining showed that stabilization of G-
quadruplexes by PDS did not increase the etoposide-induced DDR
(Fig. 5F). On the other hand, hemin enhanced the response to etoposide.

This effect was stronger in the absence of HO-1 and fully reversed in
both cell lines by co-incubation with NAC (Fig. 5F). Thus, the increased
DDR in hemin-treated cells is oxidative stress-dependent. We expected
that the response to hemin-induced lipid peroxidation may strongly
interfere with the influence of elevated free heme on G-quadruplex
stabilization. Therefore, in further experiments we used ALA supple-
mentation to increase the availability of free heme without strong in-
duction of lipid peroxidation.

Both HMOX1 deficiency and G-quadruplex stabilization lead to
replication stress. A direct effect of the stabilization of G-quadruplexes
and one of the causes of DNA breaks may be replication stress [12,14].
Therefore, we tested the extent to which administration of PDS or in-
crease in heme levels after ALA treatment affects DNA replication in the
presence or absence of HO-1. To this end, we analyzed the progression of
replication forks using the fiber assay [35] to directly evaluate the
percentage of stalled forks.
We first confirmed that administration of ALA increases free heme

levels (Fig. 4D and E) and leads to the accumulation of G-quadruplexes,
in both WT(mock) and KO-HMOX1 cells (Fig. 6A and B). Interestingly,
under control conditions, the increased levels of G-quadruplexes seen in
KO-HMOX1 cells (Fig. 3A) were accompanied by an increase in the
fraction of stalled forks in cells undergoing DNA replication (Fig. 6C). A
similar increase in stalled forks was found inWT(mock) cells in which G-
quadruplexes were stabilized by PDS, whereas in KO-HMOX1 cells
replication stress was not further amplified (Fig. 6C). This indicates that
both HMOX1 deficiency and G-quadruplex stabilization cause replica-
tion stress in HEK293T cells.

Endogenous heme induces replication stress but accelerates
fork progression. Induction of heme synthesis by ALA led to a signifi-
cant increase in the stalled fork proportions in WT(mock) cells (p <

0.01) and tended to further enhance replication stress in KO-HMOX1
cells (p = 0.074). This effect seems to be indeed related to heme syn-
thesis as the opposite trend was observed in cells treated with succiny-
lacetone (SA), a heme synthesis inhibitor (Fig. 7A). Interestingly, despite
a higher percentage of stalled forks, the ongoing forks were longer in
both WT(mock) and KO-HMOX1 cells after administration of ALA
(Fig. 7B). The forks were also longer in untreated HMOX1-deficient cells
than in wild-type counterparts. This indicates a higher speed of fork
progression in cells with increased synthesis and availability of endog-
enous heme.

HO-1 regulates the response to G-quadruplexes at replication
forks. G-quadruplexes can form at replication forks (Fig. 7C). Indeed,
we detected them in about 30 % of all forks, with similar frequency in
both cell lines cultured in control conditions (28.6 % in WT(mock) cells
and 30.3 % in KO-HMOX1 cells, p > 0.4) (Fig. 7D). However, HMOX1
status determined the effects of endogenous heme synthesis on G-
quadruplexes within the fork. Namely, administration of ALA did not
alter the formation of G-quadruplexes within the forks in WT(mock)
cells but increased their frequency to 37.8 % (p< 0.01) in the absence of
HO-1 (Fig. 7D).
Moreover, despite the similar frequency of G-quadruplexes at repli-

cation forks in cells with and without HO-1, their spatial distribution
was different (Fig. 7D). Under control conditions, in WT(mock) cells,
40.4 % of the fork-associated G-quadruplexes were located at the fork
ends, indicating fork stalling and replication arrest. After ALA admin-
istration and the putative increase in free heme levels, G-quadruplexes
did not further accumulate within the forks, but the percentage of forks
with G-quadruplexes at their ends increased to 52.4 % (p < 0.01). This
suggests that the cells responded to ALA by inhibiting the replication of
the DNA strand on which G-quadruplexes had formed. Interestingly, in
HMOX1-deficient cells cultured under control conditions, terminal
localization of G-quadruplexes was observed in 56.2 % of cases (p <

0.001 in comparison to WT(mock) counterparts). Administration of ALA
led to further accumulation of G-quadruplexes within the forks, but here
the increase was mainly observed in the middle part (Fig. 7D). This
might suggest less restrictive control of the cell cycle in HMOX1-
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Fig. 5. Oxidative stress and genotoxic stress in HEK293T cells. A) Effect of hemin (20 μM, 24 h) and ALA (350 μM, 24 h) on ROS generation in WT(mock) and KO-
HMOX1 cells. CellROX Deep Red Reagent assay, analyzed by flow cytometry. TBHP (200 μM, 30 min) was used as a positive control. ANOVA. B) Time course of ROS
generation after hemin (20 μM) treatment in WT(mock) and KO-HMOX1 cells. C) Representative images of lipid peroxidation in untreated cells and after treatment
with hemin, ALA or CH. Scale bar 40 μm. D) Effect of hemin (20 μM, 24 h), ALA (350 μM, 24 h) and hemin (20 μM, 24 h) together with NAC (2.5 mM, 24 h) on lipid
peroxidation in WT(mock) and KO-HMOX1 cells. Click-iT Lipid Peroxidation Kit, analyzed using a fluorescence microscope. Cumene hydroperoxide (CH, 100 μM, 24
h) was used as a positive control. ANOVA. E) Time course of lipid peroxidation after hemin (20 μM) treatment in WT(mock) and KO-HMOX1 cells. F) DNA-damage
response measured as γH2AX staining in cells exposed to etoposide (0.25 μM) and then cultured without additional stimulation or treated with PDS, hemin alone and
hemin together with NAC (2.5 mM) for 24 h. Immunocytochemistry and confocal microscopy. Kruskal-Wallis test. (For interpretation of the references to color in this
figure legend, the reader is referred to the Web version of this article.)
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deficient cells after supplementation with ALA, and continuation of DNA
replication despite steric hindrance.

HMOX1 deficiency impairs the p53-dependent pathway. A key
cell cycle controller is p53, which prevents the occurrence of stalled or
collapsed replication forks and blocks the cell cycle in response to DNA
damage. Moreover, the balance between p53, its transcriptional target
p21 (CDKN1A) and PARP1 allows maintaining a normal speed of
replication fork progression [19]. Interestingly, we observed that
although p53 protein levels were similar in WT(mock) and KO-HMOX1
cell lines (Fig. 8A), nuclear localization of p53 was reduced in
HMOX1-deficient cells (Fig. 8B). To monitor intracellular trafficking of
p53, we transfected HEK293T cells with a plasmid encoding a p53-GFP
fusion protein to test nuclear translocation of p53 in response to eto-
poside (20 μM). Time-lapse analysis during the first 3 h after stimulation
showed a significant increase in nuclear signal in WT(mock) cells, but
not in HMOX1-deficient cells (Fig. 8C).
The cellular trafficking of p53 may be influenced by PARP1 activity

[20] and direct interaction with heme [22]. Our results showed that
both PARylation dynamics (Fig. 2G) and free heme availability
(Fig. 4C–E) are altered in HMOX1-deficient cells. In the next step, we
analyzed the nuclear localization of p53 under heme-deprived condi-
tions, namely in the heme-free medium supplemented with SA to inhibit
endogenous heme synthesis. To avoid the effect of HO-2 isoform on
heme metabolism, we performed experiments using dKO (without HO-2
and HO-1) and NLS (without HO-2, with nuclear form of HO-1) iPSC.
Under control conditions, nuclear localization of p53 was decreased in
Hmox1-deficient iPSCs. However, under heme-deprived conditions, the

effect of HO-1 disappeared (Fig. 8D). We alsomeasured the expression of
Cdkn1a, a direct transcriptional target of p53. Indeed, we found
decreased Cdkn1a expression in Hmox1-deficient iPSCs cultured in
control medium, but not in heme-deprived conditions (Fig. 8E). In
contrast, the effect of HO-1 status was still evident in cells treated with
olaparib, inhibitor of PARP1 and PARP2 (Fig. 8E). These results suggest
that the effects of HO-1 on p53 pathway are associated mainly with
regulation of free heme. If heme levels are low, the presence of HO-1 is
irrelevant to p53 transcriptional activity.

HMOX1 deficiency slows down cell culture growth. G-quad-
ruplexes were only present at a minority of replication forks. Therefore,
we checked whether the possible influence of ALA on the cell cycle and
S-phase arrest is detectable at the cell culture level. A standard cell cycle
assay based on the detection of DNA staining with propidium iodide did
not show any effect of HMOX1 expression or ALA administration in the

Fig. 6. G-quadruplexes and replication stress in HEK923T cells. A) Effect of
treatment with ALA (350 μM, 24 h) on G-quadruplexes in WT(mock) cells. B)
Effect of treatment with ALA on G-quadruplexes in KO-HMOX1 cells. Immu-
nocytochemistry and confocal microscopy. Wilcoxon test. C) Effect of PDS (2
μM, 24 h) on DNA replication, assessed as a proportion of fired, ongoing,
terminated and stalled replication forks in WT(mock) and KO-HMOX1 cells.
Fibers assay. Chi2 test.

Fig. 7. Replication stress and G-quadruplex processing in HEK923T cells. A)
Effect of ALA (350 μM, 24 h) and succinylacetone (SA, 500 μM, 24 h) on DNA
replication, assessed as a proportion of fired, ongoing, terminated and stalled
replication forks in WT(mock) and KO-HMOX1 cells. Fibers assay. Chi2 test. B)
Length of fibers identified as ongoing forks in untreated cells and after treat-
ment with ALA. Kruskal-Wallis test. C) Representative images of G-quad-
ruplexes (magenta) on DNA fibers (green) of WT(mock) cells. D) Proportion of
replication forks with G-quadruplexes detected in the middle or at the end of
the fork in untreated cells and after treatment with ALA. Fibers assay. Chi2 test.
* - G-quadruplexes in the end of forks, # - G-quadruplexes within the forks. (For
interpretation of the references to color in this figure legend, the reader is
referred to the Web version of this article.)
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highly proliferating HEK293T cell lines (Fig. 9A). Thus, increased for-
mation of G-quadruplexes within replication forks is not sufficient to
exert cell cycle arrest in cell cultures. However, monitoring the growth
of cell cultures for 48 h and time-lapse image analysis revealed that
HMOX1-deficient cells proliferated more slowly (Fig. 9B), confirming
our previous observations [25]. Interestingly, administration of ALA did
not affect control cells, but additionally attenuated the growth of
KO-HMOX1 cell line (Fig. 9C). Furthermore, single-cell division tracking
showed that the cell cycle duration is significantly longer in the absence
of HO-1 (Fig. 9D). These results indicate that, despite the lack of cell
cycle arrest, the proliferation of HMOX1-deficient HEK293T cells is
slowed down, independently of the replication fork progression rate.

Protection against replication stress is a universal effect of HO-
1. In the last step, we investigated whether the effect of HMOX1 defi-
ciency on the induction of replication stress is specific to immortalized
HEK293T cells or is more universal. Previously, we reported [8] that
HO-1 protein colocalizes with G-quadruplexes in murine hematopoietic
stem cells (HSCs). On the other hand, we have shown that HO-1 defi-
ciency in the bone marrow leads to premature aging of HSCs in Hmox1
knock-out mice [26]. We have also found that this is due to an extrinsic
dysfunction of the hematopoietic niche and can be corrected after
transplantation to the Hmox1-competent, healthy niche [26]. In
contrast, the intrinsic effects of Hmox1 deficiency in HSCs themselves
have not been well characterized.

Here, we investigated whether Hmox1 deficiency could intrinsically
increase the risk of replication stress in proliferating primary cells. To
this end, we isolated hematopoietic stem and progenitor cells (HSPC,
Lin− Sca1+Kit+) from the bone marrow of wild-type and Hmox1
knockout mice and cultured them ex-vivo to induce cell cycling. Then,
we analyzed the replication forks using the fiber assay. Similarly, to
HEK293T cells, Hmox1-deficient HSPCs had a higher proportion of
stalled forks (Fig. 10A), indicating their higher susceptibility to repli-
cation stress. Also, the mean length of ongoing forks was greater in the
absence of HO-1 (Fig. 10B). Interestingly, Hmox1-deficient HSCs iso-
lated from aged animals had increased expression of Parp1 (Fig. 10C),
while the expressions of p53-target genes that regulate the cell cycle,
such as Cdkn1a (p21) and Plk2, were decreased in comparison to their
counterparts in wild-type cells (Fig. 10C). This could suggest some
changes in cell cycle regulation or p53 activity, implying a more uni-
versal nature of the observed dependencies.
Finally, we had the opportunity to investigate whether a similar

relationship applies to a very rare case of congenital deficiency of HO-1
in humans. We used the lymphoblastoid cell line (LCL) derived from a
patient with defective HMOX1 (HMOX1-mut). The previous whole
exome-seq analysis [27] identified the mutations (c.55dupG;
c.262_268delinsCC in trans), resulting in a frameshift and absence of
functional HO-1 protein. We compared these cells with control LCL from
a healthy donor. As shown in Fig. 10D, the fraction of stalled forks was
increased in HMOX1-mut cells, confirming the replication stress. In
accordance with previous models (Figs. 7B and 10B), the mean length of
ongoing forks was greater in the absence of correct HO-1 protein
(Fig. 10E), which indicates a higher speed of fork progression.

4. Discussion

Replication stress, defined as the slowing or stalling of replication
forks, can result from any obstacle that perturbs fork progression,
including nucleotide imbalance, DNA breaks, or secondary DNA struc-
tures [41]. In this study, we demonstrate that HO-1 deficiency increases
the risk of replication stress, manifested by fork stalling, in both
immortalized cell lines and primary cells. Experiments conducted in the
HEK293T cell line revealed that replication stress is enhanced in
response to ALA, a substrate in the heme synthesis pathway. It appears
that the direct cause of the increased risk of fork stalling in the absence
of HO-1 may be the accumulation of DNA G-quadruplexes stabilized by
endogenous heme.
It is known that the accumulation of G-quadruplexes is particularly

high in single-stranded DNA during the S phase of the cell cycle [42,43].
When stabilized and left unremoved, G-quadruplexes can stall replica-
tion forks, disrupting DNA repair mechanisms, causing DNA damage,
and ultimately leading to genomic instability [44]. Additionally,
G-quadruplexes are associated with increased susceptibility to oxidative
stress because guanine is preferentially oxidized compared to other DNA
bases, and guanines within quadruplexes are more sensitive to oxidation
than those dispersed [45,46]. It has been shown that a fraction of active
replication forks spontaneously form G-quadruplexes at newly unwound
DNA [47]. We directly detected the presence of G-quadruplexes at ~30
% of replication forks in HEK293T cells cultured under control condi-
tions (Fig. 7D). In response to enhanced heme synthesis, the level of
fork-associated G-quadruplexes increased, but only in HMOX1-deficient
cells. This indicates that HO-1 provides effective protection against
replication stress induced by endogenous heme.
The main function of HO-1 is to degrade excess heme [1]. In its FeII

and FeIII oxidation states, heme participates in many cellular processes,
acting as a ubiquitous cofactor of crucial enzymes (such as cytochromes
P450, dioxygenases, or nitric oxide synthases), and as a direct regulator
of several transcription factors (such as BACH1, BACH2, NPAS2,
REV-ERBα). Heme is known to induce oxidative DNA damage and DNA
strand breaks [48]. Importantly, it binds with nanomolar affinity to DNA
G-quadruplexes and can stabilize them in living cells [8,49]. At the same

Fig. 8. Nuclear translocation of p53. A) Protein level and (B) nuclear trans-
location of p53 measured by ImageStream. T-test. C) Nuclear translocation of
p53-GFP in WT(mock) and KO-HMOX1 HEK293T cells treated with etoposide
(20 μM) for 3 h. Timelapses images (right) captured by using fluorescence
microscopy. Scale bar 10 μm. D) Nuclear level of p53 in dKO and NLS iPSCs
cultured in heme depleted medium with SA (500 μM) for 24 h. ANOVA. E)
Expression of p21 (Cdkn1a) in dKO and NLS iPSCs cultured in heme depleted
medium with SA (500 μM) or in complete medium with olaparib (100 nM) for
24 h. Kruskal-Wallis test.
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time, binding to G-quadruplexes can strongly increase the pro-oxidant
properties of heme. Such G-quadruplexes complexed with FeIII-heme,
form heme-DNAzymes which utilize hydrogen peroxide for oxidative
catalysis [48]. Therefore, the removal of excess heme may not only
prevent the stabilization of G-quadruplexes but also the formation of
DNAzymes, contributing to the antioxidant effects of HO-1. It is worth
noting that PDS, used as a positive control, does not exhibit these
properties. While PDS stabilizes G-quadruplexes it does not transform
them into DNAzymes.
In our experiments, to increase the availability of cellular free heme,

we used hemin (as a source of exogenous heme) and ALA (as a substrate

for ALAD in heme synthesis). These are commonly employed approaches
[34]. However, our direct side-by-side comparison demonstrates that
they have different cellular effects. Administration of ALA increased
cytoplasmic and nuclear free heme levels in both control and
HMOX1-deficient cell lines. It is worth noting that the increase in free
heme level (more effectively induced by ALA) was not reflected in the
intensity of the DNA damage response, as measured by γH2AX staining
(which was stronger in cells exposed to hemin). This suggests that
endogenous free heme itself is not a direct cause of DNA damage.
Hemin increased cellular free heme levels to a statistically significant

extent only in HMOX1-deficient cells. Instead, hemin administration

Fig. 9. Cell cycle and proliferation of HEK293T cells. A) G1/S/G2 phases of the cell cycle in WT(mock) and KO-HMOX1 cells cultured under control conditions or
treated with ALA (250 μM, 24 h). B) Representative images of cells after 12 h, 24 h, 36 h and 48 h. Scale bar 20 μm. C) Number of cells cultured under control
conditions or treated with ALA (24 h or 48 h). ANOVA. D) Duration of the cell cycle in WT(mock) and KO-HMOX1 cells cultured under control. Mann-Whitney test.
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resulted in severe lipid peroxidation both in WT(mock) and KO-HMOX1
cells, although this effect appeared faster in the absence of HO-1. This
seems not surprising, as hemin can intercalate into the lipid domains,
with subsequent release of its free iron, thereby permitting efficient
catalysis of lipid oxidation [50]. Simultaneously, hemin caused a strong
DNA damage response, comparable to that induced by etoposide and
stronger in the absence of HO-1. It is known that products of lipid per-
oxidation such as reactive aldehydes react directly with DNA bases or
generate intermediates which form mutagenic exocyclic adducts [51].
The effect of hemin on DDR was prevented by antioxidant NAC. This
indicates that DNA damage caused by hemin is associated with the in-
duction of oxidative stress rather than an increase in free heme levels.
Importantly, it also indicates that administration of ALA is a more spe-
cific method for increasing the availability of intracellular free heme,
while the observed effects of hemin are strongly interfered by the
cellular response to oxidative stress.
Similarly, we observed that HMOX1-deficient cells exhibited a

stronger response to etoposide-induced genotoxic stress, as evidenced by
γH2AX staining. HO-1 has been reported to regulate the DNA damage
response by targeting ATM kinase activity [52]. Therefore, our obser-
vations may support the assumption that HO-1 influences the activity of
DNA repair proteins. However, etoposide also induces pronounced
oxidative DNA damage [53,54]. Since the effect of HMOX1 deficiency

disappeared in the presence of NAC in our experimental setting, we
presume that HO-1 primarily protects HEK293T cells against
etoposide-induced oxidative stress.
Endogenous oxidative stress is the main factor causing the accumu-

lation of single-strand DNA breaks, while etoposide, as a topoisomerase
inhibitor, also induces double-strand breaks. Both lead to replication
stress, depletion of the replication protein-A (RPA) complex, and
disruption of cell cycle checkpoints [47,55]. The protein involved in the
recognition and repair of both SSBs and DSBs is PARP1 [20].
Binding of PARP-1 to DNA breaks or G-quadruplexes ahead of the

replication fork and its subsequent auto-PARylation are key steps in
stabilizing stalled forks and restarting replication [18,19]. On the other
hand, if de-PARylation is insufficient, PARP1 complexes can themselves
form a barrier to replication [56]. Based on docking modeling, it was
proposed that HO-1 interacts with the regulatory helical domain (HD) of
PARP1 to maintain PARylation. Additionally, HO-1 was suggested to
bind to the PARG protein, reducing its dePARylating activity [4].
Therefore, one might expect a decrease in PARylation in the absence of
HO-1. However, in our experimental settings, PARP1 activation was not
reduced in HO-1-deficient cells; on the contrary, the dynamics of PAR-
ylation were even higher (Fig. 2E–G). AutoPARylation analyzed in-vitro
using purified proteins did not show any effect of HO-1 on PARP1 ac-
tivity (Fig. 2I). Therefore, it appears that the increased risk of replication
stress that we observed in the absence of HO-1 was not significantly
mediated by PARP1 regulation.
In response to DNA damage and replication stress, PARP1 directly

interacts with p53 and p21 inhibiting DNA replication [19,20]. Namely,
p53 is a substrate for covalent PARylation at the C-terminal domain
(CTD) and exhibits a non-covalent, high-affinity interaction with PAR.
This non-covalent PARylation decreases sequence-independent DNA
binding, resulting in increased sequence-specific transcriptional activity
of p53 [20]. Additionally, PARylation impedes the interaction between
p53 and the nuclear export receptor CRM1 [19], leading to nuclear
accumulation of p53 and upregulation of p21 [19,20].
Interestingly, we observed a reduced accumulation of p53 in the

nucleus of KO-HMOX1 and dKO iPS cells (Fig. 8B–D), as well as a
decreased expression of its transcriptional targets Plk2 and Cdkn1a
(Fig. 10C) in HSCs isolated from aged Hmox1 knockout mice. The
downregulation of p53 targets was further confirmed by qRT-PCR
(Fig. 8E) and RNA-seq in Hmox1-deficient murine iPSCs, or by qRT-
PCR in primary Hmox1-deficient murine fibroblasts (data not shown).
Consequently, the PARP1-p53-p21 axis which protects cells against
replication stress seems to be dysregulated in the absence of HO-1.
Moreover, the same axis is known to regulate the speed of fork

progression [15,16,19,23]. Again, the p53 transcriptional target, p21,
controls fork progression, and inhibits DNA synthesis [57]. Experiments
in p21-knockdown cells showed fork acceleration, pinpointing p21 as a
negative regulator of fork speed [57]. Defects in p53-p21 interplay lead
to supra-threshold acceleration of fork elongation [15,16,19,23].
Importantly, accelerated fork progression is a general mechanism trig-
gering replication stress and DNA damage [57,58]. Our experiments
indicate that G-quadruplex accumulation is a direct but most likely not
the only factor influencing replication in HMOX1-deficient cells.
Namely, in the absence of HO-1, we observed a higher progression rate
of ongoing forks (Figs. 7B and 10B,E), which can result from impairment
of p53-regulated pathway.
Replication arrest, as a reaction to non-canonical DNA structures, is a

p53-dependent quality control process regulated mainly by p21 [21].
Another p53 target, PLK2 kinase, controls the G1/S checkpoint [59].
Cells with dysfunctional p53 signaling enter and proceed through S
phase regardless of DNA damage [57]. We observed such a progress in
replication despite G-quadruplexes localized within the forks in
HMOX1-deficient cells (Fig. 7D). This indicates a less efficient replica-
tion arrest in response to DNA conformational hindrance in the absence
of HO-1.
We did not investigate in detail the molecular mechanism(s)

Fig. 10. Replication stress in primary cells. A) DNA replication, assessed as a
proportion of fired, ongoing, terminated and stalled replication forks in HSCs
isolated from the bone marrow of WT mice or Hmox1 KO mice and cultured in-
vitro for 7 days. Chi2 test. B) Length of fibers identified as ongoing forks in HSCs
isolated from the bone marrow of WT mice or KO-Hmox1 mice and cultured in-
vitro for 7 days. Fibers assay. T-test, 2 biological repetitions. C) Expression
Parp1, Plk2 and Cdkn1a genes in HSCs isolated from the bone marrow of old WT
mice or Hmox1 KO mice. RNA-seq, data are presented as FPKM (Fragments Per
Kilobase of transcript per Million mapped reads). T-test. D) DNA replication,
assessed as a proportion of fired, ongoing, terminated, and stalled replication
forks in LCL derived from a healthy donor (WT) and patient carrying HMOX1
mutation (HMOX1-mut). Chi2 test. E) Length of fibers identified as ongoing
forks in WT and HMOX1-mut LCL. Fibers assay. T-test.
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responsible for the observed changes in the p53-dependent pathway.
However, our experiments reveal that the main contribution is related to
direct regulation of p53 by heme. It has been demonstrated that p53
protein contains a heme-binding CXCP motif and binds heme non-
covalently with low micromolar affinity (Kd 1.2 μM) at the molecular
ratio 1:1. Heme triggers nuclear export of p53 by unmasking its C-ter-
minal NES sequence, what is followed by accelerated protein degrada-
tion through the ubiquitin-proteasome system [22]. It has been reported
that inhibition of heme synthesis with succinylacetone led to increased
p53 levels. On the contrary, the administration of hemin led to the
redistribution of p53 protein in the cell: the level of p53 protein
decreased in the nuclear fraction, while increasing in the cytosol. It was
accompanied by the decrease in p53-mediated transcription of p21 [22].
We observed a similar relationship when comparing WT(mock) and
KO-HMOX1 cells. In the absence of HO-1, the cellular level of p53
protein remained unchanged, but its nuclear localization was reduced
(Fig. 8A and B).
Heme-triggered ubiquitylation of p53 [22] affects not only protein

degradation but also negatively regulates its nuclear import [60]. In
unstressed cells, ubiquitylation of lysines in NLS interferes with binding
of p53 to importin-α3. Thus, p53 is trapped in the cytoplasm. In response
to stress, the level of p53 ubiquitylation is rapidly reduced and NLSmotif
becomes competent for efficient recognition of importin-α3, which is
critical for nuclear import of p53 [60]. Interestingly, we demonstrated
that the nuclear import of p53 induced by the etoposide treatment was
strongly diminished in the absence of HO-1 (Fig. 8C).
It should be emphasized that the effect of HO-1 on p53 localization

disappeared if we cultured the cells in conditions of low heme avail-
ability, namely in a heme-free medium supplemented with a heme
synthesis inhibitor (Fig. 8D). This observation was confirmed by the
expression of the direct transcriptional target of p53, i.e. p21 (Cdkn1a):
expression was reduced in the absence of HO-1 under control conditions,
but the effect of HO-1 disappeared in heme-deprived cells (Fig. 8E). In
contrast to heme depletion, inhibition of PARylation did not abolish the
effects of HO-1. This indicates that the removal of excess heme, which
affects the localization of p53, determines the importance of HO-1 for
the proper functioning of the p53-p21 pathway.
Generally, if a replication fork encounters a barrier, it stops or dis-

integrates. Stalled forks are protected from excision by several proteins,
including PARP1, and can restart after the hindrance is removed. If the
fork is stalled for several hours, it loses the ability to restart, and its
disintegration leads to a DNA double-strand break [61]. To restore the
correct structure of the replication fork, G-quadruplexes are resolved by
helicases, primarily by BRIP1, but also by FANCM, WRN and BLM [62].
It is worth noting that in murine Hmox1-deficient iPSCs and in HSCs
isolated from Hmox1 knockout mice, BRIP1 colocalized with G4 and
Brip1 expression was strongly upregulated [8].
The cellular response to replication stress involves either activation

of replication checkpoints, remodeling of stalled forks and DNA repair to
restart replication, or induction of DNA-damage tolerance (DDT) [15]. A
form of DDT is translesion DNA synthesis (TLS), which allows to bypass
DNA damage [41]. TLS is performed by specialized polymerases that do
not have 3’→5′ proofreading properties. This allows for rapid cell pro-
liferation, but at the cost of a greater risk of mutations. However, this
prevents the collapse of replication forks and the formation of DNA
double-strand breaks [16]. The most important polymerase in TLS is
Polθ (encoded by POLQ), suppressed by p53 [21]. Polθ carries out
mutagenic replication and often introduces incorrect substitutions.
Accordingly, when POLQ is absent, G-quadruplexes cause massive DNA
deletions [62]. In the present study, we did not test which of the path-
ways is active in HEK293T cells, but again in HSCs isolated from Hmox1
knockout mice, Polq expression was strongly upregulated [8], while
Western blot showed increased Polθ protein levels in HMOX1-deficient
HEK293T cells, especially after treatment with etoposide (data not
shown). This may suggest an activation of TLS pathways.
It can be hypothesized that the increased risk of DNA double-strand

breaks and TLS activation induced by G-quadruplexes may lead to
genome instability, especially in cancer cells, where replication stress is
often amplified [63,64]. Indeed, in-silico analysis revealed that 70 % of
rearranged genes in leukemia contain a G-quadruplex sequence [65],
and rearrangement sites in transcription factor-3 (TCF3), that promote
leukemia development, colocalize with regions that can form G-quad-
ruplexes [66]. Another analysis showed that G-quadruplex motifs in-
crease the likelihood of repetitive mutations and may be primary
mutagenesis indicators [67].
Interestingly, HO-1 was considered a protein influencing the risk of

carcinogenesis and tumor progression, which was mainly attributed to
its cytoprotective, pro-angiogenic or immunomodulatory effects
[68–70]. Similarly, the genotoxic properties of heme as a pro-oxidant
factor have been suggested [71]. In humans, a polymorphism of the
HMOX1 promoter has been identified, affecting the level of gene
expression [72]. The results of meta-analysis did not show a relationship
between these polymorphisms and overall cancer susceptibility [73].
However, less active HMOX1 promoter variants may be associated with
a higher incidence of lung adenocarcinoma in male smokers [74] and
oral squamous cell carcinoma in betel chewers [75]. Our results suggest
that an additional mechanism of HMOX1-dependent protection against
tumor induction may involve reducing the risk of replication stress.
Additionally, it is worth noting that replication stress and fork arrest

appear to be the main sources of cytosolic DNA. Remnants of DNA
generated during DNA repair enter the cytoplasm, and act as a warning
signal that regulates the cGAS-STING pathway leading to activation of
IRF3 and the induction of type-I interferon response [76]. Interestingly,
in the transcriptome of HSCs isolated from the Hmox1 knockout mice,
we observed an increase in a panel of genes involved in the interferon
response [26]. We suppose that the replication stress in Hmox1-deficient
HSCs described in the current study may contribute to such a gene
expression profile. We do not expect a similar effect in HEK293T cells,
because they lack STING and are unable to induce an interferon reaction
[77].
We believe that the protective effect of HO-1 against replication

stress is a universal feature because we observed similar results in all
models used, including the cells derived from a patient with an HMOX1
frameshift mutation. The cellular effects of HMOX1 mutations in pa-
tients are poorly characterized because very few cases have been diag-
nosed. In our study, the LCL donor patient suffered from hemolytic
anemia with elevated inflammation markers throughout childhood, and
experienced fatal pulmonary hemorrhage at the age of 5 years. Gener-
ally, the lack of HO-1 has more severe consequences in humans than in
mice, and usually leads to death in childhood. The lifespan of Hmox1
knockout mice is comparable to that of wild-type mice. However, at the
cellular level, replication stress manifested by an increased percentage
of stalled forks and increased rate of fork progression, was very similar
in cells isolated from Hmox1 knockout mice and HMOX1-mut human
patient.

5. Conclusion

We found that HMOX1 deficiency increases the risk not only of
oxidative but also of replication stress and, consequently, DNA damage.
This is most probably due to the accumulation of DNA G-quadruplexes
stabilized by excess heme and an impaired response to replication stress
regulated by the PARP1-p53-p21 network. Inefficient removal of heme
disrupts the nuclear localization of p53 and the expression of its tran-
scriptional targets, which may explain less stringent replication arrest in
response to DNA conformational hindrance. We suppose that protection
against replication stress may play a role in the widely recognized
cytoprotective activity of HO-1.
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