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Actin networks are continuously reorganized in cells that rapidly
change their shape. Applying total internal reflection fluorescence
microscopy at acquisition rates of 10–20 Hz, we measured an
average growth rate of 3 �m�sec�1 for filamentous actin structures
throughout the entire substrate-attached cortex of Dictyostelium
cells. New filaments often proceed along preexisting ones, result-
ing in bundle formation concurrent with filament growth. In cells
that orientate in a gradient of chemoattractant, prominent assem-
blies of actin enriched in the Arp2�3 complex are inserted into the
network, primarily at the base of filopods that point into the
direction of the gradient. We propose that high turnover rates of
actin filaments confer the plasticity to the cell cortex that is
required for rapid accommodation to external stimuli.

actin polymerization � Arp2�3 complex � Dictyostelium � latrunculin �
total internal reflection fluorescence

The actin cytoskeleton undergoes rapid changes of its orga-
nization to fulfill its role in cell motility, phagocytosis, and

cytokinesis. Thereby, interconnected and membrane-anchored
actin filaments are assembled from soluble precursors in the
cytoplasm and are subsequently depolymerized to replenish the
precursor pool. In a moving cell, current view attributes most of
the activity in actin filament nucleation, elongation, and branch-
ing to the leading edge of a lamellipodium (1, 2). Actin poly-
merized at the leading edge of fibroblasts, keratocytes, or neural
growth cones is gradually depolymerized during its net transport
toward the center of a cell. However, actin filaments do not only
grow in contact with the membrane at the border of a cell (3, 4).
Continuous reorganization of the entire actin system is partic-
ularly striking in fast migrating cells that rapidly change the
direction of movement. Prominent examples are neutrophils and
Dictyostelium cells, which adjust leading-edge formation to gra-
dients of chemoattractant and readily engulf particles that
adhere to their surface (5, 6). The question is how flexibility is
conferred to the actin network that enables these cells to change
their shape within seconds.

To visualize and measure actin dynamics in the cell cortex
remote from a leading edge, we have applied total internal
reflection fluorescence (TIRF) microscopy to Dictyostelium cells
at acquisition rates of 10–20 Hz (7). TIRF microscopy is
perfectly suited to visualize intricate network structures with a
minimum of fluorescence emission from the cytoplasm. The
evanescent field used for illumination extends typically 100–200
nm from the bottom surface into the cell, which corresponds to
the thickness of the cortical actin network of Dictyostelium cells
(8). Nevertheless, the background fluorescence turned out to be
insufficiently reduced when GFP-actin was used as a marker,
because half of the total actin exists in a nonfilamentous state
within the cytoplasm (9). Only markers that selectively visualize
filamentous actin structures provided the resolution necessary to
study cortical actin network dynamics. Here, we apply fluores-
cent versions of a truncated or full-length Lim protein,
LimE�coil-GFP or LimE-GFP (7), to measure increases of
fluorescence intensity and to investigate actin dynamics in
unstimulated cells or in cells responding to chemoattractant.

Methods
All strains, except HS1, were derived from Dictyostelium discoi-
deum AX2-214. Full-length LimE-GFP was expressed in a
LimE-null background (7), and LimE�coil-GFP was expressed
either in a LimE-null or HS1 myosin II-null background (10).
GFP-ABD120 was expressed in AX2-214 WT cells (7), and
GFP-actin (11) was expressed in HS2205 myosin II-null cells
(12). GFP-Arp3 (13) was combined with mRFPmars-LimE�coil
(in which RFP indicates red fluorescent protein) (14) .

Confocal scans were obtained by using the PerkinElmer Ultra
View spinning-disk system. Through-the-objective TIRF micros-
copy of GFP labels was performed as described by Bretschneider
et al. (7). For dual-emission TIRF imaging, both GFP and
mRFPmars were excited at 488 nm, and emissions were split as
described in ref. 15. Cells were treated with FM4-64 or 5 �M
latrunculin A as in ref. 15. For chemotaxis, cells starved as a
monolayer in 17 mM Na�K-phosphate buffer (pH 6) for 7–10 hr
were stimulated through a micropipet filled with 10�4 M cAMP.
Details are given in Supporting Text, which is published as
supporting information on the PNAS web site.

Results
Rapid Reorganization of the Cortical Actin Network Independent of
Leading-Edge Activity. The principle of TIRF microscopy in
combination with an indirect label for the cortical actin network
is outlined in Fig. 1A, and the structures visualized by this
technique in a living Dictyostelium cell are shown in Fig. 1B. To
suppress leading-edge activities, the cell shown was immobilized
by compression with an agar sheet. The overall dynamics of actin
network reorganization throughout the substrate-attached cell
surface is illustrated by the overlay of two TIRF images acquired
at an interval of 0.5 sec. These images are pseudocolored in a way
such that new structures in the second image are shown in red,
disappearing structures are in green, and persisting ones are in
yellow (Fig. 1 C and D).

To resolve details of actin network reorganization, we have
taken images uninterruptedly at 50- or 100-msec exposure times.
In the filamentous network of a freely moving cell (Fig. 1E), the
gain of fluorescence intensity recorded at 100-msec intervals is
mapped in red (Fig. 1 F and G). Integration of the gain over 200
msec reveals a pattern of short stripes (Fig. 1F), and integration
over a period of 2 sec results in a distinct network of filamentous
structures up to 4 �m in length (Fig. 1G), indicating that
fluorescence is increasing along linear paths. In the following, we
measure and analyze the gain in fluorescence intensity (gainfi) in
comparison to the loss in fluorescence intensity (lossfi).

In Fig. 2, data recorded at 50-msec intervals are extracted
from two subareas of a cell’s network (framed in Fig. 2 A and also
shown in Movie 1, which is published as supporting information
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on the PNAS web site). Linear extension of the tip of a
fluorescent element is visualized in Fig. 2B Upper. The gainfi in
consecutive frames and a maximum projection are shown in
Lower. Profiles of the gain are plotted in Fig. 2C, indicating that
the front progressed at a velocity of 3.6 �m�sec�1. No distinct
pattern was found over the same time scale for lossfi (not shown).
However, on a 5-fold extended time scale, it became evident that
the fluorescence intensity does not recede in a linear manner
(Fig. 2D). We will investigate the lossfi in detail later under
conditions of blocked actin polymerization.

To confirm that the observed actin-filament dynamics is not
artificially altered by the LimE�coil-GFP label used, full-length
LimE-GFP was expressed in LimE-null cells at a level similar to
endogenous LimE in WT cells (see Supporting Text). Apart from
a higher cytoplasmic background, pattern dynamics was indis-

tinguishable from that recorded by using LimE�coil-GFP. In
addition, we have replaced the LimE label by the GFP-tagged
actin-binding domain of the 120-kDa filamin-like protein
(ABD120) from Dictyostelium (16). This marker also revealed a
similar pattern, but, in accord with previous findings (7), the
structures were less distinctly visualized (see Movie 2, which is
published as supporting information on the PNAS web site).

Linear Progression of Fluorescence Increases Measured in Cells With
and Without Myosin II. The conventional, double-headed myosin
II forms antiparallel filaments that are capable of cross-linking
actin filaments. In cells lacking the myosin II heavy chains,
contractility is substantially reduced (17). These mutant cells still
form actin-filament networks visualized by TIRF microscopy
(7), but the mechanical rigidity and force-generating power of
the cell cortex is low (18). To check whether the progression in
gainfi is a myosin II-dependent process, actin dynamics was
visualized in the mutant cells in parallel to WT cells. Linear
progression of the gainfi in the mutant was as clearly recogniz-
able as in WT, and the reduced contractility in the mutant cells
allowed the recording of longer time series (Movies 3 and 4,
which are published as supporting information on the PNAS web
site). Both velocity distributions peak at 3 �m�sec�1 (Fig. 3).
However, in the myosin II-null background, the fraction of fast
growing network elements is significantly higher, indicating that
filamentous myosin slightly restricts the growth rate.

Growth of Actin Bundles Along Preexisting Filaments. A survey of our
image series suggests that gainfi often advances along already
existing elements of the actin network (see Movie 4). To
establish that, we have made use of unusually thick actin bundles,
the growth of which is easy to follow. The thickness of actin
bundles varies in the cortex of Dictyostelium cells, and extremely
thick ones are particularly abundant in cells lacking myosin II.
Fig. 4A shows a network region with wide meshes and prominent
actin structures, where the turning tip of a bundle follows an
underlying filamentous element (in particular, see the 1.3- to
3.5-sec frames of Fig. 4A; see also Movie 5, which is published
as supporting information on the PNAS web site).

The Increases in Fluorescence Intensity Reflect Actin Polymerization.
Fluorescence intensities along the axis of the actin bundle shown
in Fig. 4A reveal peaks and valleys that stay in place while the
tip progresses (Fig. 4B). The peaks are not only due to the
crossing of other filaments, but also to differences in fluores-
cence intensity along the bundle. This stationary profile suggests
that increases in fluorescence intensity are caused by the de novo
polymerization of actin at the tip of a bundle rather than by the
gliding of actin filaments along a track.

To clearly distinguish polymerization from gliding, we turned
to spinning-disk microscopy, which allowed us to follow actin
bundles over their entire length even if one of their ends was
located too deep within the cell to be recognized by TIRF. To
ensure that the entire bottom layer of a cell, including subcortical
structures, is visualized, the cells were labeled with FM4-64. This
red fluorescent styryl dye integrates into the plasma membrane
and into membranes of endosomes and the contractile vacuole
complex (Fig. 5). The bladders and tubules of this osmoregula-
tory organelle serve as markers for a layer between the actin
network and the interior cytoplasmic space (19). We also took
advantage of the fact that compact actin bundles contrast
sufficiently against background to be directly monitored by the
incorporation of GFP-actin.

Fig. 5A shows the origin of an actin bundle staying in place
during progression of the tip (0- to 4-sec frames). This bundle
sharply bends when it reaches the cell border and finally disas-
sembles from behind (4- and 7-sec frames). In Fig. 5B, a growing
bundle pushes the membrane forward, thus creating a long,

Fig. 1. TIRF imaging of actin networks and their reorganization in the cortex
of Dictyostelium cells. (A) Illumination at a high incidence angle (blue) gen-
erates an evanescent field that illuminates the cortical actin network of
100–200-nm thickness (green). Molecules diffusing in the cytoplasm are illu-
minated only for the fraction of time they persist within the evanescent field,
a period that is prolonged by incorporation into the cytoskeleton (red double
arrows). (B) TIRF image of the actin network visualized by LimE�coil-GFP in a
cell immobilized by tight compression under an agar sheet, taken at an
exposure time of 100 msec. (C) Two-dimensional color space where It indicates
color coding of the gray scale for the first frame (green) and It � 1 indicates color
coding of the gray scale for the second frame (red). Mixed colors (yellow tones)
represent structures that persist from the first frame to the second frame with
constant or slightly varying fluorescence intensity. (D) Superposition of two
TIRF images of the cell shown in B, recorded at a 500-msec interval and
color-coded as in C. Areas of very densely packed actin filaments with fluo-
rescence intensities beyond the linear range of the 0–255 gray scale are left
uncolored. (E–G) gainfi in a TIRF image series recorded at 100-msec intervals.
(E) Snapshot at the beginning of the series. (F) gainfi during a period of 200
msec obtained by image subtraction, colored in red. (G) gainfi obtained by
subtracting 20 consecutive frames from each other, presented as a maximum
projection over the period of 2 sec. The gray and color bars indicate contrast
enhancement. (Scale bars: 5 �m.)
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filopod-like protrusion. In the bundles visualized by GFP-actin,
the tip progressed with an average velocity of 1 �m�sec�1 and a
maximal velocity of 2 �m�sec�1 (Fig. 5C).

Speed and Mode of Actin Depolymerization. In a steady state, the
rapid gain of polymerized actin must be balanced by efficient
depolymerization. To view depolymerization separately, we have
treated cells with latrunculin A. This drug entraps actin in a
nonpolymerizable complex, thus allowing only depolymerization

to proceed (20, 21). In WT cells, fragments of the actin network
coalesce into large clusters, and the cells contract before actin
structures disappear (Movie 6, which is published as supporting
information on the PNAS web site). This process resembles the
contraction of an actomyosin gel in vitro (22) and has prompted
us to record the depolymerization in myosin II-null cells. In these
cells, the network decays gradually into smaller fragments, while
only dense clusters known to be associated with the Arp2�3
complex (7) are retained (Fig. 6).

Initially, the tips of filamentous actin structures are still
progressing, and even small fragments are motile, suggesting that
actin treadmilling is still superimposed on net depolymerization
(Movies 7 and 8, which are published as supporting information
on the PNAS web site). At an advanced stage of depolymeriza-
tion, rosette-like structures become apparent (Fig. 6, 35-sec
frame), probably produced by the annealing of actin bundles at
their ends, similar to the rings produced in vitro by the actin
bundling protein dynacortin (23).

Taking into account that latrunculin A has to pass the plasma
membrane and sequester G-actin before it inhibits polymeriza-
tion, our data indicate that actin filaments are visibly shortened
within �20 sec. Importantly, the actin network disintegrates
uniformly over the area of the cell surface that is visualized by
TIRF, indicating that filamentous actin is rapidly and continu-
ously renewed in the entire cortex of Dictyostelium cells.

Actin Dynamics in Chemotaxis. The cells studied so far exhibited
spontaneous actin dynamics in the absence of an external
stimulus. To investigate how cells modulate their activities to
orientate within a gradient of chemoattractant, we have stimu-

Fig. 2. Linear progression of gainfi as opposed to irregular progression of lossfi. (A) TIRF image of an actin network. The framed areas are analyzed in B–D at
an acquisition rate of 20 Hz. (Scale bar: 5 �m.) (B) gainfi within the left frame of A. The loose network in this region facilitates the separation of a single element
from its texture. (Upper) Consecutive TIRF images. The arrow in the leftmost panel indicates the direction of tip progression. (Lower) Difference images
color-coded for gainfi (red) and lossfi (green). Frames separated by 150 msec were subtracted from each other to make the tip region clearly visible. The double
arrow indicates tip advancement within the first 150 msec. Maximum projection (max 0–200 msec) of the difference images results in a red stretch �1 �m in
length. (C) Line-scan profiles of the advancing tip region at intervals of 50 msec, as shown in red in B Lower. (D) lossfi within the right frame of A, where the loss
predominates gain. (Upper) Sequence of TIRF images. (Lower) Frames separated by 750 msec were subtracted from each other to make the decay of fluorescence
intensity visible. Difference images are color-coded for lossfi (green) and gainfi (red). The maximum projection (max 0–1,000 msec) of the difference images is
shown at far right. (Scale bars in B and D: 1 �m.)

Fig. 3. Velocity distribution of gainfi in cells having or lacking myosin II,
tracked as in Fig. 2. For reproducible quantitation of tip velocities, the gain was
thresholded. High velocities are significantly more abundant in myosin II-null
cells (P � 0.1%, Mann–Whitney U test; n � 289 tracked positions in WT cells;
n � 446 tracked positions in myosin II-null cells).

Diez et al. PNAS � May 24, 2005 � vol. 102 � no. 21 � 7603

CE
LL

BI
O

LO
G

Y



lated cells with cAMP (Movie 9, which is published as supporting
information on the PNAS web site). Three types of structures are
distinguishable by TIRF microscopy in chemotaxing cells: the
basal actin network, dense assemblies of actin, and filopods. As
in unstimulated cells, increases in fluorescence intensity contin-
uously progressed, with a mode of 3 �m�sec�1 throughout the
entire actin network along the substrate-attached area of the
cells. Directional activity was obvious in the dense actin assem-
blies integrated into the network, which extended predominantly
into the direction of higher cyclic-AMP concentrations (Fig. 7A
and Movie 10, which is published as supporting information on
the PNAS web site).

Dual-emission TIRF microscopy of cells double-labeled with
GFP-Arp3 and mRFP-LimE�coil identified the dense actin
assemblies as Arp2�3-enriched structures (Fig. 7B; see also
Movie 11, which is published as supporting information on the
PNAS web site). The GFP-Arp3 label distinguished these as-
semblies from filopods, which only occasionally contained
patches of GFP-Arp3 along their length (Fig. 7C; see also Movie

12, which is published as supporting information on the PNAS
web site), in accord with the immunolocalization of Arp3 (13).
The Arp2�3 complex often accumulated at the base of filopods,
from where clusters broadened and extended toward the source
of the gradient.

Discussion
Rapid Actin Reorganization Analyzed by Time-Resolved TIRF Micros-
copy. Information on actin dynamics in live cells can be obtained
by fluorescent probes in combination with speckle microscopy
(24), selective photobleaching followed by ratio imaging (4), the
use of photoactivatable GFP (25), or by TIRF microscopy (26).
Single molecules of GFP-actin can be traced by speckle micros-
copy if incorporated into a filament (3), and the procession of a
single motility unit of formin has been recorded (27). TIRF
imaging as used here resolves cortical actin network structures
in toto to study their dynamics in live cells on the scale of 50–100
msec. Owing to residual background, the detectability is cur-
rently limited to small bundles of two to five filaments (7).

As a parameter reflecting the speed of actin reorganization,
we have measured progression of the tips of filamentous network
elements (Fig. 2 and Movies 1–3). The tips advance over
distances of several micrometers in a linear manner at velocities
of 1–5 �m�sec�1, corresponding to the addition of up to 2 � 103

actin subunits per second to a filament (Fig. 3). This velocity
means that, by uninterrupted progression, the diameter of a cell
would be passed within �3 sec, which is more than 1 order of
magnitude faster than the translocation of a whole cell. Because
an indirect label was needed to visualize the actin filaments, its
binding rate may become limiting so that we might miss velocities
higher than the reported ones.

The principal question is whether the observed progression is
due to the polymerization or to the gliding of actin filaments. If
gliding were assumed, the end of a filamentous element should
be seen as a lossfi that progresses at the same velocity as the gainfi
at the tip. In our TIRF image series, which clearly revealed linear
progression of the tips, no similar progression for the lossfi was
found (Fig. 2 and Movies 1–3). To ensure that polymerization is
monitored, we focused on actin bundles thick enough to be
recognized in confocal scans by the incorporation of GFP-actin
(Fig. 5). Such bundles are particularly abundant in cells lacking
myosin II, probably because cross-bridges between actin fila-
ments are efficiently broken in WT cells by the motor activity of
myosin II (28). In the confocal images, the origin of a bundle can
be seen even if polymerization starts outside the cortical actin
network. The result was that bundles elongate while the origin
stays in place, showing that polymerization, rather than gliding,
is responsible for the tip progression measured. This notion does
not rule out gliding of actin filaments in live cells, which might
occur less frequently or on another time scale; in particular,

Fig. 4. Growth of a thick actin bundle in a myosin II-null cell. (A) The bundle labeled with LimE�coil-GFP and viewed by TIRF microscopy extends in line with
the layout of the actin network. At 3.5 sec, the bundle reaches its maximal length of 6 �m. Thereafter, �15 sec are needed for disassembly. (Scale bar: 5 �m.)
(B) Line scan of fluorescence intensities along the actin bundle shown in A, sampled at 100-msec intervals from the 0- to 2.4-sec frames in the direction of the
arrow. The front of the bundle is characterized by a steep intensity gradient that advances at an average velocity of 1.7 �m�sec�1.

Fig. 5. Actin polymerization in thick bundles visualized by spinning-disk
confocal microscopy. In myosin II-null cells, GFP-actin is expressed for incor-
poration into filamentous actin (green). The membranes of intracellular ves-
icles, primarily of the contractile vacuole complex, are labeled by FM4-64 (red).
(A) A bundle that extends from its origin (open arrowhead) to the left and
forms a kink when it hits the membrane (closed arrowhead). As in Fig. 4A,
depolymerization starts at the rear of the filament (7-sec frame). (B) An actin
bundle that gives rise to a filopod-like extension by applying force onto the
cell border. (C) Velocities of tip progression in thick bundles labeled by the
incorporation of GFP-actin. Data are from 85 measurements on 16 actin
bundles. (Scale bars: 5 �m.)
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myosin II-dependent actin movement remains to be analyzed in
cells double-labeled for actin and the heads of myosin.

The maximal velocity obtained for the incorporation of GFP-
actin into thick bundles is 2 �m�sec�1, which is about one-third
of the value obtained for delicate actin structures (Figs. 3 and
5C). A potential reason for the lower speed is local depletion of
precursors, which, in thick bundles, might limit progression of
the tip.

Rapid disintegration of the cortical network upon blockage of
actin polymerization provides further evidence for its continuous
reorganization. The network breaks down over the entire area of
the cell surface visualized by TIRF microscopy, indicating that
turnover is not linked to the activity of a leading edge (Fig. 6).

Mechanism of Actin Network Reorganization. The major nucleators
of actin polymerization, the Arp2�3 complex and members of
the formin family, give rise to different types of actin struc-
tures. The Arp2�3 complex nucleates clusters of branched
filaments, whereas formins are processive motors that typically
produce straight and often bundled filaments (for review see
refs. 29 and 30). In a subclass of formins, the delivery of actin

monomers to the plus end of actin filaments is gated by
profilin, which binds to the formin homology (FH) 1 domain
of formins, thus increasing the rate of polymerization (31, 32).
The FH2 domain of yeast Bni1p forms a processive cap by
continually walking to the plus end of the growing actin
filament (33). Formins prevent the plus ends of actin filaments
from being blocked by capping proteins, an activity that is
required for the linear progression of polymerization over
several micrometers, as shown in Fig. 2 and Movies 1–3. Such
long runs have been observed in fibroblasts by using an
FH1-FH2 construct of the formin mDia1 as an actin-driven
motility machine (27). The speed of 2 �m�sec�1 measured for
the FH1-FH2 motility in fibroblasts shows that the polymer-
ization machinery of formins meets the rates of actin poly-
merization deduced from our data in Dictyostelium cells (Fig.
3). These data suggest that formins, which are represented by
at least 10 members in the genome of Dictyostelium, are
responsible for the linear growth of actin filaments in the
cortical network (Fig. 1G). Consistent with this notion, the
Arp2�3 complex is concentrated in Dictyostelium cells at the
leading edge and in phagocytic cups, small foci, and traveling

Fig. 6. Global depolymerization of actin in a myosin II-null cell. Numbers are seconds before and after the addition of 5 �M latrunculin A. Before addition of
the drug, the cell shows typical actin network organization and a protrusion at its right side (�13-sec frame). The network is fragmented within the first 17 sec.
Later on, rosette-like assemblies predominate (35 sec) before structures become diffuse (see Movie 7). Intensely labeled areas consist of dense actin clusters
associated with the Arp2�3 complex (7). Notably, in the myosin II-null cells, filopods attached to the substrate are not retracted when they are depleted of their
actin content. Exposure time � 100 msec. (Scale bar: 5 �m.)

Fig. 7. Actin and Arp2�3 dynamics in chemotaxis. The cells shown respond to cAMP applied through a micropipet that is placed outside the frames shown. The
direction of the diffusion gradients is indicated by arrows. (A) A cell labeled with full-length LimE-GFP recorded at a frame rate of 100 msec. (B and C) Cells labeled
with GFP-Arp3 (green) and mRFP-LimE�coil (red). Yellow regions indicate merge of the two labels. The pattern of dense actin assemblies in B resembles the
pattern in A, showing that these structures are enriched in the Arp2�3 complex. At subsequent stages, Arp2�3-rich actin structures are distributed along the
region of the cell border that is exposed to higher cyclic-AMP concentrations. (C) Arp2�3-rich actin structures are preferentially accumulated at the base of
filopods that point toward the source of the gradient. (In B and C, network structures are not visible, because the resolution of dual-emission fluorescence
recordings is limited.) Time is indicated in seconds. (Scale bar: 5 �m.)
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actin waves; not, however, along the filamentous elements of
the actin network (7).

The observed bundling of actin filaments in statu nascendi
suggests that the machinery promoting polymerization is capable
of interacting with preexisting filaments that serve as tracks
(Movies 4–5). A molecular basis for bundling concomitant with
polymerization is provided by interaction of the yeast formin
Bni1p with translation elongation factor 1A, an actin-filament
bundling protein (34, 35).

Arp2�3 Accumulation in Chemotaxis. Orientation of cells in a
gradient was reflected in the expansion of Arp2�3-rich actin
assemblies toward the attractant. Often, the Arp2�3 complex
started to accumulate at the base of filopods that were protruded
into the direction of increasing cyclic-AMP concentrations (Fig.
7 B and C). This finding is consistent with the idea that while

extending, filopods might sense temporal increases in attractant
concentration and transmit information on the direction of the
gradient to the actin system (36).

The reported dynamics of the actin system accounts for two
opposite functions of the actin system: to stabilize cell shape and to
enable changes of the shape. Actin polymerization along a template
of actin filaments stabilizes the shape of a cell. Continuous renewal
confers flexibility to the actin system that is needed for the
immediate generation of new structures such as phagocytic cups, or
leading edges in response to chemoattractant.

We thank our group members for expert assistance, Andreas Schröder
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