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The molecular mechanisms linking obstructive sleep apnea syndrome (OSA) to obesity and the 
development of metabolic diseases are still poorly understood. The role of hypoxia (a characteristic 
feature of OSA) in excessive fat accumulation has been proposed. The present study investigated the 
possible effects of hypoxia (4% oxygen) on de novo lipogenesis by tracking the major carbon sources 
in differentiating 3T3-L1 adipocytes. Gas-permeable cultuware was employed to cultivate 3T3-L1 
adipocytes in hypoxia (4%) for 7 or 14 days of differentiation. We investigated the contribution of 
glutamine, glucose or acetate using 13C or 14C labelled carbons to the newly synthesized lipid pool, 
changes in intracellular lipid content after inhibiting citrate- or acetate-dependent pathways and 
gene expression of involved key enzymes. The results demonstrate that, in differentiating adipocytes, 
hypoxia decreased the synthesis of lipids from glucose (44.1 ± 8.8 to 27.5 ± 3.0 pmol/mg of protein, 
p < 0.01) and partially decreased the contribution of glutamine metabolized through the reverse 
tricarboxylic acid cycle (4.6% ± 0.2–4.2% ± 0.1%, p < 0.01). Conversely, the contribution of acetate, 
a citrate- and mitochondria-independent source of carbons, increased upon hypoxia (356.5 ± 71.4 
to 649.8 ± 117.5 pmol/mg of protein, p < 0.01). Further, inhibiting the citrate- or acetate-dependent 
pathways decreased the intracellular lipid content by 58% and 73%, respectively (p < 0.01) showing the 
importance of de novo lipogenesis in hypoxia-exposed adipocytes. Altogether, hypoxia modified the 
utilization of carbon sources, leading to alterations in de novo lipogenesis in differentiating adipocytes 
and increased intracellular lipid content.

Obstructive sleep apnea (OSA) is a highly prevalent disorder affecting 9–38% of the adult population1. OSA is 
characterized by recurrent episodes of partial or complete collapses of the upper airway during sleep, resulting 
in tissue hypoxia, sleep fragmentation, and excessive daytime sleepiness. Additionally, OSA has been associated 
with an increased risk of developing cardiovascular and metabolic diseases, including glucose intolerance, 
insulin resistance, or type 2 diabetes mellitus2–4, independently of other known risk factors. Although the 
epidemiological evidence linking OSA with metabolic impairments is convincing, the underlying molecular 
mechanisms remain to be elucidated.

Obesity has been identified as a main risk factor for the development of OSA5,6, however, emerging evidence 
suggests causality in the opposite direction might also be true. For example, the severity of OSA was associated 
with the subsequent BMI increase7 as well as with limited weight loss during lifestyle intervention8. Suggested 
mechanisms linking OSA with excessive adipose tissue accumulation remain hypothetical and include cognitive 
and behavioral factors e.g. altered food intake and appetite regulation as well as reduced physical activity9–11. 
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Considering the sensitivity of several adipose tissue functions to hypoxia12–17, it can be hypothesized that OSA 
predisposes to the development of obesity through its impact on adipocyte biology, e.g. through dysregulated 
lipolysis, endocrine secretion, adipogenesis, differentiation and lipogenesis. In fact, previous studies have shown 
that hypoxic exposure promoted adipogenesis and increased intracellular lipids in adipocytes in vitro18,19, 
while suppression of lipolysis was described in hypoxia-mimicking conditions20. In contrast, other studies 
demonstrated inhibition of adipocyte differentiation21,22 in hypoxia and after HIF1 activation23, demonstrating 
the important and sometimes opposing role of HIF1 in adipocyte differentiation, depending on the status of 
other signaling pathways and the stage of differentiation24–26.

Hypothesis presenting OSA as a promoting factor for obesity development and maintenance is based on 
the fact, that mature adipose tissue is characterized by constant adipocyte turnover - a process where senescent 
adipocytes are replaced with newly differentiated cells from the preadipocyte pool27. It has been determined 
that average adipocyte survival, independent of age or degree of obesity, is approximately 10 years28. Hypoxia, 
as a hallmark of OSA, could thus impact precursors as well as differentiating cells (on their trajectory from 
preadipocytes to adipocytes) and modify them towards obesity phenotype, however, timing and consequences 
of such hypoxic stimulus as well as magnitude of the effect on lipid accumulation remain unknown. Similarly, 
hypoxia was shown to increase lipid accumulation in adipocytes, however, sources of excessive intracellular 
lipids remain unclear with the possible contribution of de novo lipogenesis as well as transport of fatty acids from 
the extracellular compartment. As previous studies reported reduced, rather than increased, fatty acids transport 
into adipocytes and muscle cells under hypoxic conditions29,30, probably due to decreased expression of FATP1 
and CD36 transporters, intracellular lipid synthesis becomes a plausible source for elevated intracellular lipids. 
Intracellular acetyl-CoA pool, representing the source metabolite for de novo lipogenesis, is maintained by the 
metabolism of glucose (and other glycolytic metabolites) and branched-chain amino acids in tricarboxylic acid 
cycle (Krebs cycle) generating citrate which is subsequently exported out of the mitochondria and converted 
to acetyl-Co and oxaloacetate31. Furthermore, glutamine was identified as an important source of citrate and 
acetyl-CoA, particularly under hypoxic conditions through reverse tricarboxylic acid cycle (rTCA)32–35. Finally, 
acetate, circulating in plasma in micromolar concentrations, represents an important source of acetyl-CoA in 
mammalian cells36–40, although, its role in hypoxia-induced lipogenesis in adipocytes remains unknown.

The present study aimed to investigate whether exposure to hypoxia during differentiation of preadipocytes 
into adipocytes would affect intracellular lipid content and whether the effect of hypoxic exposure is dependent 
on the stage of differentiation (early versus late adipocytes). Furthermore, the study investigated hypoxia-induced 
changes in sources for de novo lipogenesis during adipocyte differentiation. To achieve this goal, we employed 
3T3-L1 cells and exposed them to hypoxic or control conditions using a gas-permeable cultureware22,41–43. 
Subsequently, the gene expression change of key enzymes and the incorporation of carbon molecules originating 
from isotope-labeled glucose 14C-glucose), acetate 14C-acetate) or glutamine 13C-glutamine) was traced into 
lipids to assess de novo lipogenesis in adipocytes after 7 days (early adipocytes) or 14 days (late adipocytes) of 
differentiation. The contribution of citrate- or acetate-dependent pathways to the lipid pool during adipocyte 
differentiation under hypoxia was investigated using ATP-dependent citrate lyase inhibitor (SB 204990) or 
Acetyl-CoA synthetase 2 inhibitor (ACSS2i). The outcomes of this study provide molecular evidence supporting 
the hypothesis that OSA (hypoxia) causally contributes to the development and/or maintenance of obesity at the 
cellular level via changes in de novo lipogenesis.

Results
rTCA contribution to de novo lipogenesis
The exposure to hypoxia did not affect palmitate accumulation in early adipocytes (Fig.  1A). However, 
prolonged cultivation under hypoxic exposure significantly increased intracellular palmitate accumulation in 
late adipocytes from 13.4% ± 2.1–31.4% ± 6% (p < 0.01) compared to control conditions and from 6.3% ± 
1–31.4% ± 6% (p < 0.01) compared to hypoxia-exposed early adipocytes. Stably labeled glutamine was used to 
investigate whether hypoxic conditions activated rTCA during adipocyte maturation, thus contributing to an 
increased lipid pool. Glutamine labeled at position C5 was used to trace the direct contribution of rTCA to de 
novo lipogenesis. The results showed that exposure to hypoxia increased 13C incorporation in early adipocytes 
from 3.2% ± 0.2–4.6% ± 0.2% vs. control conditions (p < 0.01) and from 3.0% ± 0.3–4.0% ± 0.1% vs. control 
conditions (p < 0.01) in late adipocytes (Fig. 1B). Furthermore, 13C incorporation decreased in hypoxia-exposed 
late adipocytes compared to hypoxia-exposed early adipocytes from 4.6% ± 0.2–4.0% ± 0.1% (p < 0.01). In 
parallel support to these findings, analysis of rTCA-related metabolite labeling was conducted using glutamine 
containing 13C at the C1 position. The results showed that 13C incorporation to citrate (Fig. 1C) after exposure to 
hypoxia increased in early adipocytes from 3.4 to 3.7% (p < 0.01) compared to control conditions and decreased 
in late adipocytes from 3.2 to 2.9% (p < 0.02) compared to control conditions. Similarly, hypoxia increased 13C 
incorporation to malate (Fig.  1D) in early adipocytes from 5.5 to 6.0% vs. control conditions (p < 0.01) but 
showed no effect in late adipocytes.

Glucose and acetate contribution to de novo lipogenesis
The 14C incorporation studies were performed to investigate hypoxia-induced changes in pathways of de novo 
lipogenesis during adipocyte maturation. To evaluate the contribution of glucose to a newly synthesized lipid 
pool, 14C-glucose was employed. Hypoxia significantly increased 14C-glucose incorporation in early adipocytes 
from 14.2 ± 3.3 pmol/mg of protein to 44.1 ± 8.8 pmol/mg of protein (p < 0.01) compared to control conditions 
(Fig.  2A). In hypoxia-exposed late adipocytes, 14C-glucose incorporation dropped from 44.1 ± 8.8 pmol/
mg of protein to 27.5 ± 3.0 pmol/mg of protein (p < 0.01) compared to hypoxia-exposed early adipocytes and 
was sustained at control level. Further, the contribution of acetate, an important carbon source for de novo 
lipogenesis, was investigated by tracing 14C-acetate in the lipid pool. The results showed that hypoxia exposure 
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Fig. 2. The effect of hypoxia on glucose and acetate contribution to de novo lipogenesis during adipocyte 
differentiation. Incorporation study of 14C radiolabeled isotopes assessing glucose (A) or acetate (B) 
contribution to the intracellular lipid pool in early and late adipocytes. Data are presented as the mean ± SD, 
N = 9. Two-way ANOVA was performed followed by Tukey’s post-hoc test. *p < 0.05 for comparison 21% O2 vs. 
4% O2; #p < 0.05 for comparison 7 Days vs. 14 Days.

 

Fig. 1. The effect of hypoxia on lipid quantity and rTCA contribution to de novo lipogenesis during adipocyte 
differentiation. The effect of hypoxia on intracellular palmitate content in early and late adipocytes (A). 
Percentage of 13C derived via rTCA from 13C5-labeled glutamine into intracellular palmitate (B). Percentage 
of 13C derived from 13C1-labeled glutamine into citrate (C) and malate (D), representing the rTCA-generated 
metabolites. Data are presented as the mean ± SD, N = 9. Two-way ANOVA was performed followed by Tukey’s 
post-hoc test. *p < 0.05 for comparison 4% O2 vs. 21% O2; #p < 0.05 for comparison 7 Days vs. 14 Days.
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increased 14C-acetate incorporation in early adipocytes from 119.5 ± 31.9 pmol/mg of protein to 356.5 ± 71.4 
pmol/mg of protein (p < 0.01) compared to control conditions. Moreover, incorporation increased significantly 
from 187.0 ± 37.5 pmol/mg of protein to 649.8 ± 117.5 pmol/mg of protein (p < 0.01) in hypoxia-exposed late 
adipocytes compared to control conditions and by 82% (p < 0.01) compared to hypoxia-exposed early adipocytes 
(Fig. 2B).

Gene expression analysis during differentiation under hypoxia
The analysis of gene expression during differentiation under hypoxia focused on key enzymes involved in 
glucose, glutamine, and acetate metabolic pathways. The relative expression of the PDHA1 gene showed a 
significant interaction between experimental groups (p = 0.01) (Fig. 3A). Specifically, the expression significantly 
decreased in normoxic late adipocytes, from 22.5 ± 2.9 to 13.9 ± 4.1 2–ΔCT (p = 0.02) when compared to normoxic 
early adipocytes, and showed a slight (non-significant) decrease in hypoxic late adipocytes to 18.3 ± 5.1 
2–ΔCT (p = 0.06). Hypoxia exposure did not significantly affect IDH1 or IDH2 gene expression (Fig. 3B and C). 
However, hypoxia led to a significant increase in ACLY gene expression in late adipocytes, rising to 14.7 ± 4.4 
2–ΔCT compared to 6.5 ± 2.6 2–ΔCT in normoxic early adipocytes (p = 0.01), and compared to 8.4 ± 1.8 2–ΔCT in 
hypoxic early adipocytes (p = 0.02) (Fig. 3D). No significant increase was observed when comparing hypoxic late 
adipocytes to normoxic late adipocytes (10.0 ± 2.8 2–ΔCT). Similarly, hypoxia-exposed late adipocytes exhibited a 
significant increase in ACSS2 gene expression, reaching 4.8 ± 2.2 2–ΔCT compared to 1.0 ± 0.4 2–ΔCT in normoxic 
early adipocytes (p = 0.01), and 1.7 ± 0.8 2–ΔCT in hypoxic early adipocytes (p = 0.02). However, there was no 
significant difference compared to control late adipocytes, as summarized in Fig. 3E.

Determination of total lipid content
Inhibition experiments targeting citrate- and acetate-dependent pathways were performed to support the 
findings from the incorporation studies described above. The results confirmed that prolonged hypoxia 
significantly increased the total lipid content during differentiation, rising from 112.3 ± 23.0 µg/mg of protein 
to 196.2 ± 45.7 µg/mg of protein (p < 0.01) in comparison to late normoxic adipocytes, and from 19.4 ± 3.1 µg/
mg of protein (p < 0.01) when compared to early hypoxic adipocytes (Fig. 4A). Furthermore, the inhibition of 
ATP-citrate lyase (ACLY) had no impact on early adipocytes. However, a reduction in total lipid content, from 
196.2 ± 45.7  µg/mg of protein to 82.7 ± 8.9  µg/mg of protein (p = 0.01), was observed during differentiation. 
Notably, hypoxia exposure in inhibitor-treated cells did not show any effect during the differentiation period. 
Similarly, inhibition of acetate-dependent acetyl-CoA synthetase 2 (ACSS2) did not affect lipid content in early 
adipocytes (Fig. 4B), yet in differentiated late adipocytes, ACSS2 inhibition led to a dramatic 73% reduction in 
lipid content, from 196.2 ± 45.7 µg/mg of protein to 52.3 ± 7.0 µg/mg of protein (p < 0.01). However, hypoxia 
exposure did not significantly affect the ACCS2 inhibitor-treated cells.

Fig. 3. Gene expression change of selected enzymes during adipocytes differentiation under hypoxia. 
Quantitative real-time PCR was employed to assess gene expression of (A_ pyruvate dehydrogenase E1 alpha 1 
(PDHA1), (B) ATP citrate lyase (ACLY), and (C) acyl-CoA synthetase short-chain family member 2 (ACSS2), 
(D) isocitrate dehydrogenase 1 (IDH1), (E) isocitrate dehydrogenase 2 (IDH2). All values are expressed as 
2^ΔCT. Data are presented as the mean ± SD, N = 6. Two-way ANOVA test was performed followed by Tukey’s 
post-hoc test.*p < 0.05 for comparison 4% O2 vs. 21% O2; #p < 0.05 for comparison 7 Days vs. 14 Days; 
ns = non-significant.
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Discussion
This study aimed to investigate whether OSA causally contributes to the development of obesity through changes 
in the regulation of adipocyte lipogenesis during differentiation. Exposure to hypoxia during differentiation 
increased the intracellular lipid content in adipocytes. Furthermore, hypoxia-induced lipogenesis from glucose 
and glutamine (provided through the rTCA cycle) decreased, while lipogenesis from acetate increased during 
adipocyte differentiation.

Obesity represents a major risk factor in OSA development6. The reverse relationship has been also suggested, 
that is, OSA can promote obesity, for example, via increased energy intake, reduced energy expenditure, modified 
food preferences, and altered lifestyle44. An additional mechanism linking OSA with obesity development 
was explored in this paper; specifically, hypoxia-induced molecular adaptations in adipocytes during their 
differentiation from preadipocytes. We speculated that adipose tissue hypoxia associated with severe OSA45 
affects adipocyte functions, including lipid synthesis during adipocyte maturation. In fact, previous studies 
have shown that hypoxia increases the levels of adipogenic markers and total lipid content in adipocytes18,46, 
suggesting accelerated adipocyte differentiation. However, the contribution of various substrates utilized for 
newly synthesized lipids under hypoxic exposure remained unclear. Additionally, constant adipocyte turnover 
(death) induces the replenishment of mature adipocytes from precursor cells27. Immature preadipocytes are 
thus exposed to hypoxia with unknown consequences. The present study showed that hypoxic exposure during 
adipocyte maturation not only promotes lipogenesis but also shifts the sources of acetyl-CoA used for lipid 
synthesis from glucose (and, to a minor extent, glutamine) to acetate.

De novo lipid synthesis serves two major functions in the cellular context. First, newly produced lipids are used 
for a variety of purposes within the cell, such as for the construction of biological membranes, trafficking vesicles, 
signaling molecules, or energy storage47, which is a major physiological function of adipocytes. Lipid synthesis 
also represents a conserved adaptive mechanism to help cells (particularly mitochondria) survive under hypoxic 
conditions48. Limited oxygen availability results in the lagging transport of protons and electrons through the 
mitochondrial respiratory chain, with subsequent elevation of the NADH/NAD+ ratio in mitochondria49. De 
novo lipogenesis serves as a salvage mechanism for depositing hydrogen ions after transporting them out of 
mitochondria through the activity of the NAD(P)+ transhydrogenase enzyme in the form of NADPH50, which 
is subsequently combined with acetyl-CoA in the process of lipogenesis. Under normoxic conditions, pyruvate 
derived from glycolysis represents a primary source of acetyl-CoA–a building block for intracellular de novo 
lipid synthesis51. Even though glucose uptake is enhanced in adipocytes as a response to hypoxic exposure12, the 
metabolic fate of glucose differs between early and late adipocytes. As early adipocytes are characterized by lower 
energy demands52, hypoxic exposure results in glucose being partially utilized for ATP production through 
anaerobic glycolysis. However, a substantial part of glucose is also metabolized to pyruvate, transported to 
mitochondria, and subsequently converted to acetyl-CoA for use in de novo lipogenesis. In fact, the present study 
showed that hypoxia promoted incorporation of glucose-derived carbons to lipids by 210% in early adipocytes. 
In contrast, mature adipocytes, with higher energy demands52, were not capable of utilizing glucose for lipid 
synthesis under hypoxia, probably because of increased demand for anaerobic ATP production; hence, the 
majority of glucose is diverted to lactate rather than acetyl-CoA. These observings correlate with the decreased 
PDHA1 gene expression, which codes the enzyme important for the conversion of pyruvate to acetyl-CoA. 
Alternative carbon (acetyl-CoA) sources are thus needed to secure adipocyte homeostasis in hypoxic conditions.

Fig. 4. The effect of hypoxia on total lipid content after inhibition of citrate- or acetate-dependent pathways. 
Intracellular lipid accumulation in 3T3-L1 adipocytes after 7 or 14 days exposed to hypoxia (A) ATP-citrate 
lyase inhibitor (SB-204990), (B) acetate-dependent acetyl-CoA synthetase 2 inhibitor (Ac-CoA synthase 
inhibitor1). Data are presented as the mean ± SD, N = 3. A three-way ANOVA test was performed followed by 
Tukey’s post-hoc test. *p < 0.05 for comparison 4% O2 vs. 21% O2; #p < 0.05 for comparison 7 Days vs. 14 Days; 
$p < 0.05 for comparison treatment vs. vehicle; ns = non-significant.
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Cells are endowed with a powerful mechanism, referred to as rTCA or “reverse Krebs cycle,” that secures 
the replenishment of the acetyl-CoA pool from sources other than glucose. Specifically, the conversion of 
glutamine to α-ketoglutarate and subsequent reductive carboxylation to citrate provides sufficient quantities 
of acetyl-CoA for biosynthetic needs. Reverse TCA has been identified as a major source of acetyl-CoA under 
hypoxic conditions, especially in the context of cancer cells where 60–80% of acetyl-CoA is derived through this 
pathway53. The results of the present study demonstrate that identical responses are employed also in adipocytes, 
particularly in immature cells, where incorporation of 13C from glutamine to palmitate increased by 42% under 
hypoxia together with appropriate enrichment of precursor metabolites (citrate and malate). With continued 
hypoxic exposure during adipocyte differentiation, the contribution of rTCA decreased, as demonstrated by 
the reduced 13C enrichment of citrate and malate from labeled glutamine and by the decreasing proportion of 
13C carbons in lipids. Additionally, gene expression analysis of two genes IDH1 and IDH2, key enzymes for the 
reductive pathway, showed no significant changes under hypoxia exposure. Altogether, these results suggest the 
employment of yet another source of carbon for de novo lipogenesis - the often-neglected acetate.

Acetate from intracellular processes or extracellular sources can reach plasma concentrations of 50–650 
µM in humans and rodents40 and has been identified as a significant source of acetyl-CoA and lipogenesis 
independently of glucose transport or citrate or mitochondrial metabolism54. Unlike other carbon donors for 
de novo lipogenesis, acetate freely diffuses through cellular membranes and is converted to acetyl-CoA in a one-
step reaction. The findings of the present study indicate that the acetate-dependent pathway plays a significant 
role in lipogenesis in differentiated adipocytes, as inhibition of ACSS2 resulted in a 15% greater reduction in 
total lipid content compared to ACLY inhibition, implying that ACLY was less capable of compensating for the 
loss of ACSS2 function in these cells. Furthermore, various cancer cells increased the production of acetyl-CoA 
from acetate by over 50% in hypoxic conditions39,55. The present study showed that acetate is the only lipogenic 
carbon source in adipocytes with increased contribution during adipocyte differentiation under hypoxic 
conditions. This observation is in line with studies reporting that hypoxia decreases glucose and increases acetate 
utilization for fatty acid biosynthesis in hypoxic/cancer cells40,55. Further studies are warranted, however, based 
on the observations presented in this study. It can be hypothesized that adipocyte differentiation under hypoxic 
conditions (e.g. OSA) promotes de novo lipogenesis from acetate. Notably, in adipose tissue, the incorporation 
rate of acetate into total lipids was measured as ~ 40% higher than that of glucose56. Future studies will need to 
elucidate whether such modulation is clinically relevant in the context of obesity development in patients with 
OSA.

Several limitations of the experimental procedures used in this study need to be considered. First, a cell 
culture model of OSA was employed41,57–59 that enabled the investigation of direct effects of hypoxia on 
adipocytes. However, the responses induced by OSA in people are rather more complex, involving hypoxia 
and sleep fragmentation as well as stress and neuroendocrine and cognitive interactions. Second, as 
differentiating adipocytes synthesize lipids primarily de novo60, the present study investigated the impact of 
hypoxia and differentiation on this pathway; however, another important source of intracellular lipids—fatty 
acid uptake together with regulation of lipolysis and whole-cell lipid turnover needs to be combined to obtain 
a comprehensive picture of adipocyte life in hypoxic conditions. Third, the level of 4% O2 was used to induce 
hypoxia, as it represents the equivalent to oxygen concentration expected in the adipose tissues of patients with 
OSA and measured in rodent OSA models45. Finally, it should be noted that the contribution of rTCA pathway 
to total adipocyte lipid content is rather limited, as the 13C enrichment of palmitate represented only 5% of total 
intracellular palmitate carbons. To clarify these results, the 13C-glutamine labeled at the C5 position was used to 
directly trace the lipid enrichment specifically through reductive metabolism, given the stoichiometry of citrate. 
Similarly, the 13C labelled carbon can be tracked in TCA metabolites only through reductive metabolism, as in 
the oxidative pathway they are lost as 13CO2 in the reaction catalyzed by 2-KG dehydrogenase34. In conclusion, 
the present study showed that exposure of differentiating adipocytes to hypoxia increased intracellular palmitate 
content. Adipocytes differentiated under hypoxic conditions exhibited augmented de novo lipogenesis from 
acetate, while the contribution of glucose and rTCA to the synthesized lipids diminished.

Materials and methods
Cell culture maintenance and hypoxia induction
Murine 3T3-L1 preadipocytes (Zenbio, Inc., USA), at an initial density of 4000 cells/cm2, were cultured in 24-
well fluorocarbon-bottom plates (94.6000.014; Sarstedt AG & Co, Germany) for 14C incorporation studies or 
in 50  mm fluorocarbon-bottom dishes (94.6077.410; Sarstedt AG & Co) for 13C incorporation studies, gene 
expression analysis and lipogenesis determination. The cells were cultured in complete medium containing high 
glucose DMEM (D6429; Merck, USA), 10% FBS (F6178; Merck), 1% penicillin–streptomycin (P4333; Merck), 
and 1% HEPES (H0887; Merck) at 37 °C and 5% CO2. At 2 days postconfluency (day 0), the cells were induced to 
differentiate into mature adipocytes for 2 days using complete medium supplemented with 0.5 mM 3-Isobutyl-1-
methylxanthine (I5879; Merck), 0.25 µM dexamethasone (D2915; Merck), 1 µg/ml insulin (I9278; Merck), and 
2 µM rosiglitazone (71740; Cayman Chemical Com., USA)61. After 2 days, the cells were cultured in complete 
medium containing 1 µg/ml insulin for further days up to their fully differentiated state (day 14). To induce 
hypoxia, on day 0, the cells were placed in modular incubators (Billups-Rothenberg Inc., USA) that were inflated 
with a mixture of 4% O2 + 5% CO2(Linde Gas a.s., Czech Republic). The control groups were maintained in 21% 
O2 + 5% CO2. The cells were processed for experiments on day 7 (the starting point of the lipid accumulating 
phase in 3T3-L1 cells) and on day 14 of the differentiation, when the lipids represent 80% of total cell mass and 
cells are considered as fully matured17,61,62. Analysis of rTCA activation.

To assess the activation of rTCA under hypoxic conditions, stable labeled 13C-1]-glutamine (CLM-3612-PK; 
Cambridge Isotope Laboratories, Inc., USA) or unlabeled glutamine (for control experiments) were employed. 
The cells were cultured in complete medium containing 2.5 mM 13C-1]-glutamine or unlabeled glutamine for 
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24 h and then immediately frozen on dry ice blocks. The cells were washed with cold PBS and lysed in chloroform/
methanol/water (2:1:1). The suspension was vortexed and centrifuged for 1000 g/10 min. The separated polar 
phase was collected and subsequently lyophilized overnight. Derivatization of dry samples was proceeded at 
65 °C for 75 min using chlorotrimethylsilane/N, O-Bis (trimethylsilyl) acetamide/pyridine (1/2/4 v/v/v) and the 
samples were further analyzed via gas chromatography coupled with mass spectrometry (GC/MS) on an Agilent 
6890 coupled to an Agilent 5973 mass spectrometer and Agilent ChemStation software (Agilent Technologies, 
Palo Alto, CA) as described previously43,63. The ratio 13C to 12C of rTCA-related metabolites (m/z settings: citrate 
274/273; malate 336/335) was calculated. Non-labeled control samples were used as natural 13C background. The 
results were expressed as the percentage of 13C incorporation to the total carbon amount of each metabolite.

Contribution of rTCA to de novo lipid synthesis
The cells were cultured in a complete medium containing 2.5 mM 13C-5]-glutamine (CLM-1822-H-PK; 
Cambridge Isotope Laboratories, Inc.) or unlabeled glutamine (as a control) throughout the whole differentiation 
period (7 or 14 days). The cells were then washed with cold PBS, lysed in chloroform/methanol/water (2:1:1), 
vortexed, and centrifuged for 1000 g/10 min to separate the fractions. The extracted nonpolar phase was dried 
using nitrogen gas, and lipid hydrolysis proceeded via incubation in 80% ethanol with 0.5 mM KOH (60 °C, 
20 min). The suspension was neutralized with acetic acid, the lipids were extracted to hexane added 1/1 v/v and, 
after drying using nitrogen gas, derivatized with diazomethane for 20 min. Diazomethane solution was briefly 
evaporated and re-dissolved samples in 200 µL of hexane were analyzed via GC/MS using a mobile phase (1 ml/
min) in a RESTEK Rxi-5ms (15 m × 0.25 mm, ID: 0.25 μm) column. The oven program started with 1 min 
100° C hold, then increased at 10 °C/min to 250 °C followed by 20 °C/min to 310 °C. The single MS operated in 
selective ion monitoring mode with m/z settings: 270, 271, 272, 273, 274 and 27543. Palmitate was analyzed as a 
representative fatty acid. Data were calculated as the percentage of 13C incorporation to the total carbon amount 
of palmitate. A total 12C palmitate content (m/z settings: 270) was analyzed to internal standard (m/z settings: 
284) and normalized to protein content.

14C-glucose and 14C-acetate incorporation
3T3-L1 differentiated adipocytes were incubated in a serum-free medium 24 h before incorporation. On the day 
of the experiment, the medium was removed, and the cells were washed twice with glucose-free Krebs Ringer 
buffer (KRB; 130 mM NaCl, 10 mM MgSO4, 2.5 mM NaH2PO4, 4.6 mM KCl, 2.5 mM CaCl2, 2.5 mM sodium 
pyruvate, and 5 mM HEPES, pH 7.4, 37 °C). For glucose or acetate incorporation study, 2 µM D-14C(U)]-glucose 
(NEC042 × 050UC; Perkin Elmer, USA) or 2 µM [1,2-14C]-acetate (NEC553050UC; Perkin Elmer) were added 
into KRB and incubated for 120 min at 37 °C in normoxic (control) or hypoxic conditions. After incubation, the 
cells were placed immediately on ice and the incubation solution was discarded. The cells were washed thrice 
with cold KRB and subsequently lysed for 2 h at 4 °C using 0.15 M NaOH64–66. The lysates were collected and 
neutralized with 1  M HCl and subjected to total lipid extraction using the Bligh-Dyer extraction method67. 
The radioactivity of the sample mixture with UltimaGold LSC cocktail (Perkin Elmer) was measured using a 
PerkinElmer TriCarb 2900-TR liquid scintillation counter (pre-measuring = 1 min, measuring = 5 min) and the 
effect of naturally occurring 14C was corrected. The data were normalized to protein content68.

Gene expression analysis
Total RNA was isolated using High Pure RNA Isolation Kit (11828665001, Roche Diagnostics, Switzerland) 
and transcribed to cDNA with High-Capacity cDNA Reverse Transcription Kit (4368814, Roche Diagnostics) 
according to the manufacturer’s instructions. Quantitative RT-PCR reactions were performed using the TaqMan 
probes (4331182, Applied Biosystems, USA) of Pdha1 (Mm00468675_m1), Acly (Mm01302282_m1), Acss2 
(Mm00480101_m1), Idh1 (Mm00516030_m1), Idh2 (Mm00612429_m1), Gusb (Mm01197698_m1), Tbp 
(Mm01277042_m1) and Real Time PCR cycler ABI 750 (ThermoFisher Scientific, USA). TBP (Mm01277042_
m1) and GUSB (Mm01197698_m1) were used as endogenous controls. Data were presented as the relative gene 
expression change using the 2–ΔCT method.

Determination of lipogenesis
To assess the contribution (activity) of citrate- or acetate-dependent pathways to the intracellular lipid pool we 
exposed the cells to hypoxia with selected specific inhibitors for 7 or 14 days. Cells were treated with 40 µM 
SB-204,990 (HY-15245; MedChemExpress, USA) to inhibit the ATP-dependent citrate lyase43 or with 20 µM 
ACSS2i (HY-104032; MedChemExpress, USA) to inhibit the acetate-dependent acetyl-CoA synthetase 270. Both 
drugs were dissolved in DMSO, while the identical volume of DMSO was used in culture media as the control 
group. After the cultivation period, the cells were placed immediately on ice and the media was discarded. 
The cells were washed twice with cold PBS. Intracellular lipids were extracted using the Bligh-Dyer extraction 
method and quantified using a neutral lipids assay kit (ab242307, Abcam, UK) according to the manufacturer’s 
protocol. Lipid content was normalized to the total protein amount for each experimental group.

Statistical analysis
Statistically significant differences between groups (7 days 21% O2, 7 days 4% O2, 14 days 21% O2, and 14 
days 4% O2) were analyzed using two-way analysis of variance (ANOVA) followed by Tukey’s post-hoc tests. 
Three-way ANOVA (F1 x F2 x F3; hypoxia x time x drug treatment), followed by Tukey’s post-hoc test, was 
performed for experiments with inhibitors. GraphPad Prism 10 (GraphPad Software Inc, USA) was used for 
figure production and statistical analyses. The value of p ≤ 0.05 was considered statistically significant. Data are 
presented as the mean ± SD of nine (incorporation studies), six (qPCR) or three replicates (inhibitors studies).
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The data presented in this study are available on request from the corresponding 
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