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Microbial trait multifunctionality drives soil
organic matter formation potential

Emily D. Whalen 1,2 , A. Stuart Grandy1,2, Kevin M. Geyer 3,
Eric W. Morrison 1 & Serita D. Frey 1,2

Soil microbes are a major source of organic residues that accumulate as soil
organic matter, the largest terrestrial reservoir of carbon on Earth. As such,
there is growing interest in determining the microbial traits that drive soil
organic matter formation and stabilization; however, whether certain micro-
bial traits consistently predict soil organic matter accumulation across dif-
ferent functional pools (e.g., total vs. stable soil organic matter) is unresolved.
To address these uncertainties, we incubated individual species of fungi in soil
organic matter-free model soils, allowing us to directly relate the physiologi-
cal, morphological, and biochemical traits of fungi to their soil organic matter
formation potentials. We find that the formation of different soil organic
matter functional pools is associated with distinct fungal traits, and that
‘multifunctional’ species with intermediate investment across this key group-
ing of traits (namely, carbon use efficiency, growth rate, turnover rate, and
biomass protein and phenol contents) promote soil organicmatter formation,
functional complexity, and stability. Our results highlight the limitations of
categorical trait-based frameworks that describe binary trade-offs between
microbial traits, instead emphasizing the importance of synergies among
microbial traits for the formation of functionally complex soil organic matter.

Microbialmetabolism shapes the balance between carbon (C) loss and
accrual within the soil organic matter (SOM) pool, the largest actively
cycling reservoir of C on Earth1. While microbial decomposition and
respiration (catabolism) are responsible for a significant proportion of
annual carbon dioxide emissions from SOM to the atmosphere, these
processes are accompanied by the production of microbial biomass
(anabolism), and subsequent deposition of cellular residues and
extracellular products (i.e., microbial necromass), thereby providing a
pathway for the simultaneous accumulation of SOM2. As such,
microbes are increasingly recognized for their contributions to SOM
alongside direct inputs from plants3–6. Contemporary theory recog-
nizes SOM formation and persistence as the balance between micro-
bial catabolic and anabolic processes, further regulated by soil
physicochemical properties that restrict decomposer access to sub-
strates (e.g., pore connectivity, aggregation, mineralogy), as well as

biotic factors that influence the outcome of microbe-substrate inter-
actions (e.g., microbial traits such as enzymatic repertoire or growth
efficiency)7–10. Owing to this important role of microbial anabolism in
the soil C cycle, a growing number of studies attempt to link microbial
traits to SOM formation and stabilization11–14; however,whether certain
microbial traits consistently predict organic matter accumulation
across different SOM pools is unresolved.

Soil organicmatter is structurally andmolecularly complex, being
comprised by multiple functional pools that contribute to the myriad
of ecosystem functions provided by soils, including nutrient cycling, C
storage, water retention and erosion prevention15–17. Such functional
pools include particulate organic matter (POM) and mineral-
associated organic matter (MAOM). POM is characterized by larger
organic matter fragments that are relatively accessible to microbial
decomposers, promoting soil C and nutrient cycling, while MAOM is
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comprised of smaller biopolymers andmonomers in close association
with silt and clay minerals, rendering this SOM relatively protected
from microbial decomposition and promoting C storage in soils18,19.
POM and MAOM are integrated into the complex three-dimensional
structure of soil aggregates, further protecting SOM from microbial
decomposition through physical occlusion andmodification of micro-
scale environmental gradients (e.g., O2 availability)

18,20.
While these SOM pools differ broadly in their relative stabilities,

eachpool cancontainorganicmatterwith a rangeof turnover times (e.g.,
“fast cycling” MAOM or occluded POM)21–23. Indeed, emerging under-
standing suggests thatmineral sorption should be viewed as a reversible
process that temporarily increases C retention in soils8 and that greater
spatial heterogeneity and molecular diversity of SOM (so-called ‘func-
tional complexity’17) promote its retention, while simultaneously main-
taining other vital ecosystem functions (e.g., nutrient cycling, water
retention)15–17. This view underscores the need for a holistic under-
standing of the role of microbial traits in the formation of SOM func-
tional pools, and in the generation of SOM functional complexity17.
Because SOM pools are formed via multiple plant and microbial
pathways6,18, it is likely that their formation is controlled bydistinct traits.

Trait-based frameworks adapted from plant ecology24–26 are
increasingly applied in microbial ecology to distill the compositional
and functional complexity of microbial communities, and to link
microbial identity to emergent ecosystem functions, including SOM
formation27,28. Prior frameworks have theorized the role of several
microbial trait categories (e.g., physiology, growth morphology and
cellular/extracellular biochemistry)27–30 in SOM formation and persis-
tence. However, empirical evidence is limited, with a majority of stu-
dies measuring a single physiological trait—carbon use efficiency
(CUE), the proportion of substrate C that microbes allocate towards
growth relative to respiration31. By definition, higher microbial CUE
corresponds with greater allocation of resources (per unit substrate
consumed) to biomass production, and many studies thus propose a
positive empirical relationship between CUE, microbial necromass
production, and soil C accrual11,14,30,31. Thus, it has been proposed that
microbes who maximize investment in CUE at the expense of other
traits (i.e., genetic and/or physiological tradeoffs)32 will make the lar-
gest contributions to SOM formation27,28. However, evidence is
mixed13,14,33,34, suggesting that current trait-based frameworks empha-
sizing single traits (e.g., CUE) – or binary tradeoffs between traits – are
insufficient to describe the microbial controls on SOM accumulation
across functional pools.

Whereas soil microbial CUE appears to positively correlate with
total SOM-C14,35,36, its relationship with relatively stable pools of SOM,
such as MAOM, may be positive, negative or neutral13,33,34, and under-
standing is limited by the paucity of studies evaluating stable sub-
fractions of MAOM alongside CUE33. Emerging evidence suggests that
CUE may be decoupled from MAOM accumulation under circum-
stances whereMAOM-C is predominantly plant- rather thanmicrobial-
derived (e.g., in temperate forests34 or detritusphere soils37). Microbial
CUE may also become decoupled from stable SOM formation if other
traits strongly influence the incorporation of microbial residues into
mineral-associated or otherwise protected pools12,18. It was recently
hypothesized that microbial physiological traits, such as CUE and
growth rate, act as initial filters on the pool of microbial residues
available for incorporation into SOM, while additional microbial traits
regulate the subset of those residues that become stabilized in soils
(i.e., “feedstock traits” and “MAOM formation traits”, respectively)18.
For example, physiological traits such as CUE may predict total
microbial residue inputs to soils, while growth morphology (e.g., fun-
gal hyphal surface area) and cellular and extracellular residue che-
mistries (e.g., protein contents) are likely to influence the degree and
strengthof resulting organo-mineral interactions18,29. A comprehensive
approach that accounts for the groupings of physiological, biochem-
ical and morphological traits of microbes involved in SOM formation

would more accurately capture the multidimensional nature of
microbial trait expression38, allowing for the identification of potential
interactions and synergies between microbial traits that may be
necessary for the formation of different SOM pools. However,
empirical tests of such a framework are currently lacking.

Here, we characterized a suite of microbial physiological, bio-
chemical, and morphological traits hypothesized to be important for
the production of microbial residues and their subsequent incorpora-
tion into SOM functional pools. We took a comprehensive approach,
accounting for the role of these multidimensional trait profiles in the
formation ofmultiple SOMpools, including total SOM-C, POM,MAOM,
water-stable aggregates, and chemically or biologically stable fractions
of SOM. Our study focused on fungi, which dominate the microbial
biomass pool39,40, necromass pool41,42, and decomposition
processes43,44 in many ecosystems, and are therefore likely a major
source of microbial-derived SOM29. We employed a unique study
design with individual fungal species incubated axenically in SOM-free
model soils. Fungal species spanned three phyla (Basidiomycota,
Ascomycota, and Mucoromycotina) and were selected to represent a
gradient of trait values, based on known differences in their trait
profiles32. Model soils have been successfully employed to monitor
microbial formation of SOM from simple C substrates45–47, providing
direct evidence that microbes are a source of SOM quantity and che-
mical complexity14,47. Importantly, such simplified systems allow direct
inferences to bemade about relationships between the trait profiles of
microbes and the SOM that they generate. Thus, our study system
allowed us to directly relate each fungal species’multidimensional trait
profile to its SOM formation potential. We hypothesized that physio-
logical traits such as CUEwould beprimary drivers ofmicrobial residue
inputs to soils, and thus would be the strongest predictors of total soil
C. We expected that such physiological traits may become decoupled
from MAOM and stable SOM formation if other fungal traits (e.g.,
hyphal morphology and biomass chemistry) influence the degree and
strength of microbe-mineral interactions, and correspondingly that
traits within these latter categories would be important predictors of
stable SOM pools. Our results partially supported our hypothesis,
illuminating a key grouping of fungal traits involved in SOM formation,
with distinct traits emerging as important predictors of total soil C,
MAOM-C, and persistent subfractions of the MAOM pool. We propose
a holistic framework for understanding the microbial role in SOM
formation, identifying synergies among microbial traits that promote
SOM quantity, stability, and functional complexity.

Results
Fungal traits
We characterized a suite of physiological (CUE, growth rate, turnover
rate, extracellular enzyme production), biochemical (biomass chem-
istry, melanin content), andmorphological (hyphal length and surface
area per soil volume) traits for eight fungal species spanning three
phyla (Basidiomycota, Ascomycota, Mucoromycota [subphylum
Mucoromycotina]). To evaluate each species’ performance of multiple
traits, we calculated ametric of ‘traitmultifunctionality’by adapting an
approach for characterizing ecosystem multifunctionality48,49 (details
provided in Methods). This metric accounted for both the presence of
traits (value > 0) within an isolate’s trait profile and their relative
values. While our focus in this experiment was on relationships
between fungal trait profiles and the formation of different SOMpools,
we present results at the species and phylum levels to aid interpreta-
tion and understanding of the range of trait (and SOM pool) values
spanned by the fungal isolates included in this study. Relative values
are not indicative of innate or immutable characteristics of the fungal
isolates, but rather their relative trait values and contributions to SOM
pools under the specific experimental conditions of this study. Fungal
species exhibited distinct trait profiles (MANOVA: P =0.001; Fig. 1;
Supplementary Fig. 1), corresponding with differences in trait
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multifunctionality (one-way ANOVA; P = 0.003; Fig. 1; Supplementary
Fig. 2). Certain species (e.g., H. minutispora, P. lacerum) exhibited
intermediate values across a wider range of traits (Fig. 1), corre-
sponding with higher trait multifunctionality scores (Supplementary
Fig. 2), while other species (e.g., P. stipticus, Gymnopus sp.) exhibited a
greater degree of specialization, with high values restricted to a more
limited suite of traits (lower trait multifunctionality scores). Corre-
spondingly, these species had relatively low values across the
remaining suite of measured traits (Fig. 1; Supplementary Fig. 2).

Trait profiles exhibited clear groupings at the phylum level
(MANOVA: P =0.001; Fig. 2). Higher growth rates were associated with
Mucoromycotina and Ascomycota (P <0.001, one-way ANOVA, Sup-
plementary Fig. 1; post-hoc Tukey HSD results in Supplementary
Table 1), while higher CUE was associated with Basidiomycota and
Ascomycota (all P <0.05; Supplementary Fig. 1; Supplementary
Table 1). Biomass turnover time was generally shorter (i.e., faster
turnover rates) among the Ascomycota and one Basidiomycota spe-
cies (Gymnopus sp.; P = 0.004; Supplementary Fig. 1). Biomass protein,

Fig. 1 | Radar plots illustrating trait profiles of fungal species. Trait values are
scaled between 0 to 1 across species for each individual trait measurement, where 0
represents the lowest relative value of trait expression, and 1 represents the highest
relative value (n= 3). Species areordered fromhigh traitmultifunctionality scores (top
row) to low trait multifunctionality (bottom row), and the color associated with each
fungal species is carried throughout subsequent plots. Text abbreviations around the
radar plots represent individual traits. Trait abbreviations are as follows: GR = growth
rate (average of twometrics; μg biomass-C produced biomass-C−1 hr−1); CUE = carbon
use efficiency (average of three metrics; units of C); MEL = melanin (mg g−1 biomass);
TURN=biomass turnover time (reflected such that ahighvaluecorrespondswithhigh

turnover rate); BG+CBH = combined activity of beta-glucosidase and cellobiohy-
drolase (μmol substrate h−1 g−1 dry soil; same units for all subsequent enzymes);
NAG=N-acetyl-glucosaminadase activity; PHOS = acid phosphatase activity; LAP =
leucine aminopeptidase activity; OX = combined activity of phenol oxidase (ABTS)
and peroxidase (TMB); AROMAT = relative abundance (%) of aromatic compounds in
fungal biomass; LIP = biomass lipids (%); POLY= biomass polysaccharides (%); N-BEAR
= biomass N-bearing compounds (%); PROT = biomass proteins (%); PHEN = biomass
phenols (%); HSA = hyphal surface area (m2 g−1 dry soil); HL = hyphal length (m g−1 dry
soil). Source data are provided as a supplementary Source Data file.
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phenol, and N-bearing contents were highest among the Mucor-
omycotina and Ascomycota (all P <0.05; Supplementary Table 1;
Supplementary Fig. 1). Biomass melanin concentrations were highest
among Basidiomycota and Ascomycota species (P < 0.001; Supple-
mentaryTable 1), particularly C. elongatum and P. lacerum (Supple-
mentary Fig. 1). Mucoromycotina exhibited the highest hyphal surface
areas (P <0.001), driven in part by their large relative hyphal diameters
(P < 0.001; Supplementary Table 1; Supplementary Fig.1). Intermediate
to high hyphal lengths were observed for individual species within
each phylum (particularly Gymnopus sp., H. minutispora [sporulating]
and M. abundans; Supplementary Fig. 1). Oxidative enzyme (OX)
activities were highest among the Basidiomycota (P =0.001), while the
hydrolytic enzymes BG and CBH were highest among the Ascomycota
(P < 0.001; Supplementary Table 1; Supplementary Fig. 1). PHOS
activity was higher among the Ascomycota and Mucoromycotina iso-
lates than the Basidomycota (P = 0.011; Supplementary Table 1; Sup-
plementary Fig. 1). The potential activities of LAP and NAG did not
differ significantly by phylum (P =0.09 and P = 0.29, respectively;
Supplementary Table 1), though there were significant differences at
the species-level (P <0.01; Supplementary Fig. 1).

Fungal SOM Formation
Fungi were incubated axenically in initially SOM-free, substrate-
amended model soil for between 3-6 months depending on species’
individual growth dynamics. Each species received the same total
quantity and rate of substrate-C amendment, while the timing of
amendments and harvests weremade on a species-specific basis (based
on respiration rates, Suppl. Fig. 3; see Methods for details). Species’
contributions to total soil C,MAOM-C, POM-C, water-stable aggregates,
and biologically stable or chemically stable subfractions of SOM were
assessed. Fungal contributions to each of the measured functional
pools were compared against sterile control soils (model soil mixture +
substrate) to account for possible abiotic retention of substrate-C.
Fungal species differed greatly in their contributions to different SOM

functional pools (Fig. 3; Supplementary Fig. 4; P <0.05 for all pools).
Across all species, between 31-46% of the total substrate-C added over
the course of the experiment remained as soil C (on average; Supple-
mentary Fig. 4). The average proportion of total soil C comprised by
the MAOM fraction ranged between 46-79%, while the average pro-
portion in POM was 8-34% (Supplementary Fig. 4; all P <0.05). We
achieved ~96% soil mass recovery during the fractionation procedure,
with C losses ranging from 4-36% across species (Supplementary Fig. 5;
explanation provided in supplement). Total soil C varied by species
(P =0.007; Fig. 3) and was generally highest among the Ascomycota
and Basidiomycota isolates, though these differences were not sig-
nificant at the phylum-level (P =0.301; Supplementary Table 2). Con-
tributions to MAOM-C and water-stable aggregates varied by phylum
(P =0.045 and P <0.001, respectively; Supplementary Table 2), with the
highest average values observed among Ascomycota and Basidiomy-
cota isolates (post-hoc comparisons: P <0.05; Supplementary Table 2).
Biologically and chemically stable SOM also varied by phylum (both
P <0.01; Supplementary Table 2), with the largest contributions in this
case observed among the Ascomycota and Mucoromycotina (post-hoc
comparisons: P<0.05; Supplementary Table 2). We thus sought to
understand how fungal contributions to different SOM functional
pools were related to their respective trait profiles and functioning.

Traits Predicting SOM Formation
Weused partial least squares regression (PLSR) to identify fungal traits
associatedwith the formation of each SOM functional pool. Across our
dataset, CUE was one of the most important traits regulating the for-
mation ofMAOMand total C (Fig. 4a; strongpositive loadings, highVIP
scores in PLSRmodels), whereas biomass protein and phenol contents
were the most important traits contributing to the formation of che-
mically and biologically stable SOM (Fig. 4a). Growth rate was also an
influential trait variable in each PLSR model, loading positively on the
most explanatory latent factor for biologically stable SOM (and to a
lesser extent, chemically stable SOM) versus negatively on the latent

Fig. 2 | Principal components analysis (PCA) of fungal trait profiles. The two
most explanatory PC axes are presented (PC1, PC2), which collectively explained 45%
of variation in fungal trait data. The color of sample points represents fungal species
(n= 3), while point shape represents fungal phyla. Vectors indicate individual trait
measurements. The results of separate one-way MANOVA analyses for species and

phyla are presented (both P=0.001). Fungal species abbreviations are consistent
throughout this manuscript and are as follows: HmS = H. minutispora (sporulating);
HmN =H. minutispora (non-sporulating); PhL = P. lacerum; TrK = T. koningii; CyE = C.
elongatum; MuA = M. abundans; MuM =M. mucedo; GyS = Gymnopus sp.; PaS = P.
stipticus. Source data are provided as a supplementary Source Data file.
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factors for total C and MAOM-C. These relationships were reflected in
the significant positive correlations between CUE and total C or
MAOM-C (Fig. 4b; R2 = 0.43-0.67; P ≤ 0.0002), and in the positive
correlations between biomass protein content and chemically or bio-
logically stable SOM (R2 = 0.40; P ≤0.0004). CUE was also positively
correlated with the proportion of water-stable aggregates (R2 = 0.65;
P <0.0001).

Principal components analysis (PCA), used to visualize differences
in trait profiles across species and phyla, demonstrated similar pat-
terns of association between fungal traits and SOM pools (Fig. 2).
Higher biomass protein, phenol and N-bearing contents, as well as
fungal growth rates, loaded positively on PC1 (associated with
Mucoromycotina and certain Ascomycota isolates), while CUE loaded
negatively on PC1 (associated with the Basidiomycota and remaining
Ascomycota isolates). Correspondingly, PC1 was generally associated
with greater proportions of chemically and biologically stable C
(quadratic polynomial regressions in Supplementary Fig. 7; R2 = 0.32
and 0.28, and both P ≤0.05), whereas it was negatively correlated with
totalC andMAOM-C (linear regressions; R2 ≈0.2 and P <0.05 for both).

The results of these analyses (Figs. 1–4) led us to hypothesize that
microbial taxa with intermediate to high performance across this key
grouping of traits (namely, CUE, growth rate, and biomass protein and
phenol contents) would be most proficient at forming SOM across
multiple functional pools. To test this hypothesis, we calculated a
metricof SOMformationpotential to characterize each species’ average
contributions to the measured SOM functional pools. The same
approach that was used to calculate trait multifunctionality48,49 was
adapted for this purpose by using SOM pools as input values instead of
fungal traits. We found that trait multifunctionality was strongly posi-
tively correlated with SOM formation potential (Fig. 5; R2 = 0.70;
P <0.0001), and this relationship was consistent whether all measured
functional pools (Fig. 5) or only the putatively stable pools of SOMwere
included in the calculation (Supplementary Fig. 8; R2 = 0.65;P <0.0001).
To illustrate this point, Gymnopus sp. (Basidiomycota) exhibited a high
degree of specialization in its trait profile and had a relatively low trait
multifunctionality score (0.31; Supplementary Fig. 2). Correspondingly,
Gymnopus sp. made large contributions to a small subset of SOM
functional pools, namely MAOM-C, but had one of the lowest levels of
both chemically and biologically stable C of all the isolates (Fig. 3). In
contrast, H. minutispora (Ascomycota) exhibited high trait multi-
functionality (0.40 for HmS; Supplementary Fig. 2), including inter-
mediate CUE, growth rate, and biomass protein contents, and formed
intermediate tohigh levelsof SOMacross allmeasured functional pools.
Overall, the five fungal species with the highest SOM formation
potentials (Fig. 5; Supplementary Fig. 2) were associated with inter-
mediate to high trait values (>0.5 when species’ trait values were scaled
0 to 1) for CUE, turnover rates, and PHOS activity (Fig. 1). Four out of the
five taxa were associated with intermediate to high values for biomass
proteins, phenols, polysaccharides, and aromatics.

Chemistry of fungal-derived SOM
In addition to evaluating fungal contributions to SOM quantity, we
sought to understand whether species identity influenced SOM chem-
istry. We had two main objectives: (1) evaluate whether fungal produc-
tion of specific compounds is related to the stability of SOM produced,
and (2) characterize the molecular diversity of SOM generated by each
fungal species17. Using a ramped pyrolysis gas chromatography/mass
spectrometry (Py-GC/MS) approach, we found that different fungal
species generated SOM (Fig. 6a) andMAOM (Supplementary Fig. 9) with
distinct chemistries (both P≤0.001), and this species-level variation was
apparent within each pyrolysis thermal fraction (Supplementary Fig. 10;
PERMANOVA, all P≤0.001). In the ramped pyrolysis approach, organic
compounds that resist pyrolysis at lower temperatures, but combust at

Fig. 3 | Isolate contributions to SOM functional pools. Contributions are pre-
sented as total uncorrected values (lefthand Y-axis) and corrected values (right-
hand Y-axis), which were calculated as the difference between inoculated (fungal)
and sterile control samples (n = 4, except P. stipticus, n = 3). Corrected values for
total C are negative, as the sterile control samples contained higher C concentra-
tions than the inoculated samples, due to the absence of respiratory CO2 losses.
Colors represent fungal species (carried throughout figures). Boxplots represent
25th and 75th percentile, median and outlying points. Whiskers extend from
minimum to maximum values (no further than 1.5x the inter-quartile range).
Results (p-values) of one-way ANOVA or Kruskal-Wallis tests are presented for
each SOM functional pool (all P <0.05). Source data are provided as a supple-
mentary Source Data file.
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higher temperatures, are assumed to have higher thermal stabilities, and
thus to comprise relatively persistent pools of SOM50. In general, the
relative abundances of proteins, N-bearing compounds, and phenols
increased as pyrolysis temperature increased (abundances peaked
between 444–600 °C), suggesting that these fungal-derived compounds
were relatively stable in soils (Supplementary Fig. 11). In contrast, the
relative abundances of polysaccharides and lipids peaked between
330–396 °C and generally declined at higher pyrolysis temperatures,
suggesting that these compounds were less thermally stable. Consistent
with these results, we found that the average relative abundances of
phenols andproteins in soils at the endof the long-term incubationwere

positively correlated with the proportion of chemically stable SOM
produced by each species (Fig. 6b, c; R2 =0.57 and 0.33, respectively;
both P≤0.0003). Additionally, fungi with relatively high SOM formation
potentials tended to produce thermally stable SOM characterized by a
higher relative abundance of proteins and phenols (HmS, HmN, PhL,
TrK, MuA in Supplementary Fig. 10). These fungi also generally pro-
duced SOM that was more chemically diverse, and we observed a
positive correlation between the chemical diversity (Shannon index) of
thermally stable SOM (735 °C thermal fraction) and the proportion of
chemically stable C formed by each species (Supplementary Fig. 12;
R2 = 0.55; P<0.0001).

Fig. 4 | Fungal traits predicting SOMpool formation. ABar plots of trait loadings
on the first (most explanatory) PLSR latent factor for each SOM functional pool,
accounting for 50–78% of variation in each pool. From left to right: total C, MAOM-
C,water-stable aggregates (WSA), chemically stable C, andbiologically stableC. Bar
color is shaded to represent variable importance scores (VIP) for each trait variable
(n = 3), indicating the overall importance of each trait to the PLSR model, inte-
grating latent factor 2, and in some cases, factor 3. Full PLSR model results are
reported in SupplementaryTable 3a, b, and a versionof this plotwith POM included
is presented in Supplementary Fig. 6. Optimum growth rate and CUE were mea-
sured in liquid culture. All growth rate and CUE assays were conducted during log-
phase, unless specified at stationary growth. B Linear regressions (n = 27) between
the trait variable with the strongest loading on PLSR1 for each SOM functional pool,

where regression plots correspondwith the functional pool whose PLSR results are
presented directly above (i.e., the first panel represents the correlation between
CUE and total C, and so on). For regressions involving CUE, an average CUE value
was calculated across the three CUE metrics included in this study (liquid culture
log-phase, soil log-phase, soil stationary growth). Biomass proteins represent the
relative abundance of proteins in the biomass of fungal isolates grown in liquid
culture, as quantified by Py-GC/MS. Point color represents fungal species, as in
prior plots, with trait multifunctionality and SOM formation potential generally
increasing from light to dark colors (Supplementary Fig. 2). Error bands represent
95% confidence interval. Source data are provided as a supplementary Source
Data file.
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Discussion
Fungi differed considerably in their formation and stabilization of SOM
based on variation in their trait profiles, with distinct fungal traits
emerging as important controls on the formation of different SOM
functional pools. Total SOM and MAOM formation were primarily

associated with higher CUE, whereas the formation of chemically and
biologically stable SOMwas associatedwith higher fungal growth rates
and biomass protein and phenol contents. Species with higher trait
multifunctionality, especially those with intermediate to high perfor-
mance across this key grouping of traits, exhibited the greatest capa-
cities for SOM formation across functional pools.We present a holistic
framework for understanding the role of fungal traits in SOM forma-
tion, proposing that synergies among these traits promote SOM
quantity, stability, and functional complexity17.

Similar to previous experiments employing model soils to investi-
gate SOM formation, we demonstrate that microbes can form SOM that
is chemically and functionally diverse, absent complex plant inputs14,33.
Additionally, we provide direct evidence that fungi contribute to SOM
formation and stabilization via multiple pathways within soils, from
aggregate formation and particulate hyphal residue inputs within the
POM (> 53μm) fraction, to the formation of relatively stable fractions of
mineral-associated SOM. Prior frameworks have emphasized the role of
fungi in soil particle arrangementandenmeshment, suggesting that fungi
are particularly central to the formation of soil macroaggregates51–53.
However, these frameworks have been less clear on the potential role of
fungi as agents of microaggregate and stable MAOM formation, often
suggesting that bacteria are primarily responsible for the decomposition
of hyphal residues and simultaneous production of biofilms (including
EPS and other extracellular compounds) that become major inputs to
MAOM29,54–56. Here, we demonstrate that in a bacteria-free environment,
fungi generated chemically and functionally diverse SOM and MAOM,
which included fractions that resisted chemical and biological destabili-
zation. While hyphal decomposition and EPS production by bacteria
surely play important roles in MAOM formation in natural soils, our
results emphasize that the direct contributions of fungi should not be
overlooked. Fungal inputs may include cell wall fragments, cytosolic
components from lysed cells, EPS originating from hyphal coatings, as
well as other extracellular metabolites (e.g., organic acids, sugars)29,57–59.
In our study, fungal species differed in their contributions to SOM
functional pools. Below, we detail how these differences were linked to
variation in fungal traits.

Fig. 6 | Ordination of chemical composition and correlations between abun-
dances of soil phenol and protein. A NMDS ordination of SOM chemical com-
position (individual compound-level data) after long-term incubation with fungal
isolates (n = 4, except P. stipticus, n = 3). Results for a single temperature fraction
(503oC) from the ramped pyrolysis GC/MS analysis are presented here for simpli-
city (P <0.0001; PERMANOVA). Significant variations in species’ SOM chemistries
were observed for each thermal fraction (all P <0.001; one-way PERMANOVA), and
full results are shown in Supplementary Fig. 10. Point color represents fungal

species, while point shape represents fungal phyla. Environmental vectors repre-
senting broad chemical compound classes were included in the plot if significant
(P <0.05). B Correlations between the relative abundances of phenols (top)
or proteins (bottom) in soils at the end of the long-term incubations and the
proportion of chemically stable C produced by each fungal species (n = 27). One-
way ANOVA results are presented (both P <0.001). Error bands represent
95% confidence interval. Source data are provided as a supplementary Source
Data file.

Fig. 5 | Linear regression between trait multifunctionality and SOM formation
potential. Point color represents fungal species, while point shape represents
fungal phyla. The SOMpools included in the calculation of average SOM formation
potential included: totalC, POM,MAOM,water-stable aggregates, chemically stable
C and biologically stable C. One PaS replicate with significantly lower trait multi-
functionality ( ~ 0.2) is removed from the plot for ease of visualizing differences
across other samples, but does not change the interpretation of the results (both
P <0.0001). One-way ANOVA results are presented for the model that included all
replicates (n = 27; R2 = 0.70; P <0.0001). Error bands represent 95% confidence
interval. Source data are provided as a supplementary Source Data file.
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We observed a pattern among our study species consistent with
the theory of ecological trade-offs amongmicrobial generalists versus
specialists60,61; here, we adapt this theory in the context of microbial
traits. Certain species exhibited high trait values within a limited suite
of trait categories (i.e., functional specialists; e.g., P. stipticus, Gymno-
pus sp.) whereas other species exhibited intermediate values across a
wide range of traits (functional generalists; e.g.,H.minutispora), which
corresponded with higher trait multifunctionality scores. We found
that a species’ trait multifunctionality was an important positive pre-
dictor of its SOM formation potential. Because microbes exhibit fun-
damental tradeoffs in genetic and/or physiological investment in
different traits32, such a relationship could exist if generalists invest at
intermediate levels across a wider range of trait categories than func-
tional specialists, increasing their likelihood of possessing the genetic
and/or physiological capacity for traits important to SOMformation. In
our study, certain fungal traits were positively correlated with one
SOM functional pool but neutrally or negatively associated with
another. Therefore, species with the ability to perform multiple traits
that are positively correlated with distinct SOM pools may make the
largest contributions to SOM accrual. In contrast to past studies that
have focused on individual traits (e.g., CUE) or binary trade-offs
between traits (e.g., high CUE, low resource acquisition), our results
point towards the need to consider interactive effects among micro-
bial traits and their net effect on SOM accumulation. Below, we discuss
a key grouping of traits that emerged as synergistic for the formation
and stabilization of SOM.

Microbial community CUE has been the focus of most empirical
studies evaluating the relationships between microbial traits and SOM
formation, with evidence generally supporting a positive correlation
between CUE and total soil C storage11,13,14,35. However, the relationship
between CUE and relatively persistent SOM is less clear, with some lab-
based studies showing a positive empirical relationship between these
two variables33 and emerging field-based evidence demonstrating that
microbial CUE can become decoupled from stable SOM formation (e.g.,
in temperate forests34 or detritusphere soils37). Our results suggest that
intermediate to high growth rates and biomass protein, phenol and
N-bearing contents are stronger predictors of fungal contributions to
persistent SOM than CUE, but that when fungi possess intermediate (to
high) CUE alongside these other traits, SOM formation potential is
amplified. Multiple species with high SOM formation potential also
exhibited intermediate to high biomass turnover rates. Microbial CUE,
growth and turnover ratesmay act as initial filters on the “feedstock”18 of
microbial residues available for incorporation into SOM functional
pools, while additional microbial traits (“MAOM formation traits,” e.g.,
cellular and extracellular residue chemistries) regulate the subset of
those residues that become stabilized in soils, as proposed by Sokol
et al.18. Our results suggest that this specific combination of traits
(intermediate to high CUE, growth rate, biomass turnover, and biomass
protein and phenol contents) is synergistic for the formation of SOM.
Thus, individual species with the capacity to perform these traits (high
traitmultifunctionality), or communities ofmicroorganismswhere these
key traits arewell-represented,may possess the greatest SOM formation
potentials.

An understanding of microbial growth and turnover rates along-
side CUE provides a more complete picture of microbial physiology,
giving insight into the amount of biomass and cellular necromass
inputs to soils per unit time18,62. While high CUE has been the focus of
discussions around a ‘high yield’ strategy among microbes28, CUE is
typically defined per unit substrate63 and does not guarantee high
biomass and necromass yield per unit time. In ecosystems or spatial
microsites in soils where C inputs are relatively continuous (e.g., rhi-
zosphere soil), it is likely that the integrative effects of microbial
growth rates, turnover rates, and CUE regulate SOM-C accrual, espe-
cially microbial-derived SOM11,13,37,62. Higher growth rates and activity
levels among microbes may be associated with faster biomass

turnover and more extensive processing of necromass into lower
molecular weight compounds, producing “feedstock” for stable
MAOM formation18,64. Indeed, we observed greater SOM formation
potential among species with a higher capacity for the production of
hydrolytic enzymes involved in necromass decomposition (e.g., PHOS,
BG, CBH), consistent with the idea that microbial processing of parti-
culate OM can increase the reactivity and diffusion of these frag-
mented residues to soil minerals8.

In contrast, if fungi are efficient (i.e., high CUE) but their growth
rate is slow, they may promote C retention in soils by limiting the
amount of soil C lost via respiration, but this C will not necessarily be
converted into stable forms. In field soils, microbial communities
characterized by slower growing species may be associated with more
direct stabilization of plant-derived, as opposed to microbial-derived
SOM34,37. In our study, a Basidiomycota species (Gymnopus sp.) yielded
the highestMAOM-C concentrations and one of the highest total soil C
concentrations; however, only a small fraction of this C was biologi-
cally or chemically stable. Although incubation length was longest for
this species (6mo. comparedwith 3mo. for the fastest growing taxon),
this slow-growing fungusmayhave had sufficient access to substrate C
throughout the course of the incubation, reducing its need to mine C
and nutrients from existing necromass. Overall, our results suggest
thatmore active fungal specieswith intermediate to high growth rates,
CUE, turnover rates, and enzymeactivities producemore residueswith
the potential for incorporation into stable SOM pools compared to
taxa characterized exclusively by high CUE.

While physiological traits largely control the pool of available
microbial residues, additional microbial traits have been proposed to
regulate the incorporation of these residues into stable SOM pools
(i.e., MAOM formation traits18), alongside characteristics of the soil
matrix65,66. Our results provide empirical support for the existence of
MAOM formation traits, suggesting that biomass chemistry, namely
protein and phenol contents, may be one such trait influencing the
formation of persistent SOM. While the chemical complexity (‘recal-
citrance’) of plant and microbial residues is no longer thought to be a
dominant control on their long-term retention in soils9,10, the sorptive
affinity of individual compounds is an important factor influencing
organo-mineral associations8,67. Proteins comprise an important frac-
tion of MAOM because of their unique surface reactivity (e.g., abun-
dance of polar and charged functional groups)68,69 and conformational
changes in structure (unfolding) upon association with certain
minerals67. Similarly, N-rich microbial metabolites and amino acids
have been shown to preferentially accumulate in MAOM fractions55,70

and amino acids are strongly sorbed to Fe and Al (hydr)oxides71. Phe-
nols also exhibit strong sorptive affinity for Fe and Al (hydr)oxides and
short-range order minerals72 and while their presence in field soils is
commonly attributed to plant origins (e.g., lignin)54,73, the source of
many soil phenols is unknown, and a larger fraction may be microbial-
derived than is currently recognized, as proposed by Whalen et al.6.
(e.g., melanin-derived phenols, phenolic microbial metabolites)14,59.

We observed a positive correlation between the relative abun-
dances of fungal-derived soil proteins and phenols and the amount of
chemically stable SOM produced by fungi. Consistent with a recent
field study50, these compounds also comprised an important fractionof
thermally stable fungal SOM. Since fungal species generated SOMwith
distinct chemical fingerprints, these results suggest that microbes who
produce and release higher quantities of proteins and phenols have a
greater potential for the formation of persistent SOM. This finding
builds on emerging evidence that microbial community composition
influences the chemical composition and stability of SOM14,33. Taxawith
the highest SOM formation potentials also generated SOM that was
more chemically diverse, and the chemical diversity of SOM was posi-
tively correlated with its stability. While our data are currently limited
to eight fungal species, these results provide preliminary support for
the functional complexity model proposed by Lehmann et al. 17,
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wherein SOM persistence is a function of its molecular diversity and
spatial heterogeneity, which likely increases with the formation of
multiple SOM functional pools. Thus, microbial communities and their
associated traits may play a role in the emergence of SOM functional
complexity in soils, as is recognized for other characteristics of the soil
habitat74.

Together, our results build on emerging evidence34,37 that the
formation of different SOM functional pools is associated with distinct
microbial traits. We demonstrate that SOM functional complexity and
stability is promoted by more ‘multifunctional’ microbes with inter-
mediate to high performance across a key grouping of traits (namely,
CUE, growth rate, turnover rate, and biomass protein and phenol
contents). We show that these traits are synergistic for the formation
and stabilization of SOM across functional pools, and thus, repre-
sentation of these traits among microbial communities may promote
soil C storage, while also maintaining the vital ecosystem services
provided by soil aggregates and actively cycling SOM pools15–17. Prior
trait-based frameworks have proposedmicrobial life history strategies
that influence SOM formation and stabilization27,28, generally empha-
sizing a single, defining feature associatedwith each strategy (e.g., high
CUE or high investment in enzymatic machinery for resource
acquisition28). While these frameworks are based on fundamental
microbial tradeoffs in genetic and/or physiological investment in dif-
ferent traits32, they may (inadvertently) portray investment in strate-
gies as if they were mutually exclusive, obscuring the continuous
nature of microbial trait expression38. Such frameworks may thereby
limit identification of the specific clusters of microbial traits that are
involved in SOM formation, and possible synergies among traits.
Where possible, future studies should consider synergistic, additive,
and/or antagonistic interactions among microbial traits and their net
effect on SOM accrual across multiple SOM pools.

Methods
Selection and culturing of fungal isolates
Eight saprotrophic fungal isolates spanning three phyla (Ascomycota,
Basidiomycota, Mucoromycota) were selected for inclusion in our
study. The Ascomycota included Phacidium lacerum (shortened in
figure labels to ‘PhL’), Cylindrium elongatum (CyE), Trichoderma
koningii (TrK), and Hypocrea minutispora (Hm). The Basidiomycota
included Panellus stipticus (PaS) and aGymnopus sp. (GyS), and the two
Mucoromycota (subphylum Mucoromycotina) isolates were Mucor
mucedo (MuM) and Mucor abundans (MuA). Fungal cultures were
isolated from decomposing leaf litter, soil or sporocarps in control
plots at the Harvard Forest Long-term Ecological Research (LTER) site
(Petersham, MA, USA), as described by van Diepen et al.75. Species
identification was confirmed using the Basic Local Alignment Search
Tool (BLAST)76 and comparison to respective ITS sequences in the
NCBI nucleotide database. Taxa were assigned provisional species
names as inMorrison et al.32. The eight isolates were selected based on
three central criteria: (1) they represent taxa that are highly abundant
soil and litter saprotrophs in a model northern hardwood forest, the
Harvard Forest (based on past meta-barcoding studies)32, (2) they
represent a broad phylogenetic range and were confirmed in a pre-
vious liquid culture study to show substantial variation in key physio-
logical traits (e.g., CUE, growth rate)32, and (3) their genomes have
been sequenced32. The selected isolates were plated from long-term
storage slants onto potato dextrose agar (PDA) plates and maintained
at 4 °C for use in subsequent incubations. Prior to each incubation
experiment, a fungal plug was transferred to PDA working plates and
grown at 25 °C to acclimate to incubation conditions.

Model soil preparation
Model soil was created from a mixture of organic matter-free sand
(Quikrete Premium Play Sand; sieved <2mm), silt (Lab-Aids Pure Silt
Soil, 500cc) and montmorillonite clay (Sigma-Aldrich K10

Montmorillonite Powder). To remove native organicmatter and adjust
soil pH, the sand fraction was acid washed in 1% HCl, and the silt
fractionwasmuffled at 550oC for threehours and subsequently treated
four times with concentrated 6M HCl. The clay fraction was soaked in
a bath of 0.1M CaCl2 to make it homoionic. Soil size separates were
combined 70:20:10 (sand:silt:clay) by weight to create a sandy loam
texture approximating the soil texture at the Harvard Forest LTER,
where fungi were isolated. The final pH of the soil mixture was con-
firmed with a pH probe (pH = 4.8 ± 0.01), approaching the pH of A
horizon soils at Harvard Forest ( ~ 4.6 in control plots)77. Achieving a
lower pH was challenging due to the high buffering capacity of the silt
fraction. Once homogenized, 50g soil was weighed into specimen
cups and sterilized by autoclaving three times at 120 °C with 24 h rest
periods in between each cycle.

Long-term incubation experiment
To quantify each isolate’s potential to form SOM across different
functional pools, each of the eight isolates was incubated axenically in
model soils. The moisture content of sterilized soils (50g) was adjus-
ted to 50% water holding capacity with a sterile liquid media solution
(pH = 4.5). Substrate media contained 12.6 g L−1 D-glucose (0.42MC),
1.4 g L−1 potato infusion extract (46.6mMC, 3.8mMN), 8.53 g L−1 MES
monohydrate buffer (40mM), and 0.78 g L−1 ammonium nitrate
(19.5mMN). Glucose and potato infusion extract supplied 90% and
10% of substrate C, respectively, and substrate additions weremade at
a rate of 5.6mgC g−1 soil (soil C:N = 20). Potato infusion extract was
used to provide essential micronutrients and cofactors required for
fungal growth. While other C-supplying substrates were considered,
glucose was selected due to its rapid assimilation and low level of
discrimination among microbial taxa, including saprotrophic
fungi78–80. A detailed rationale for this decision is provided in the
supplement (see Supplementary Methods and Discussion). Soils were
inoculated under sterile conditions with a 5mm diameter agar plug
(50ml PDA/plate) of the respective fungal culture and sealed in auto-
claved quart-size ( ~ 946ml) mason jars with lids containing rubber
septa. Jar flushing (O2 replenishment) and gas sample collection
(respiration measurements) were conducted using sterile needles and
syringes fitted with 0.2 μm filters (PES membrane; Corning).

Soils were incubated at 25 °C for between 3–6mo., depending on
the growth dynamics of each fungal species. To provide C and nutri-
ents to sustain fungal growth, two additional substrate amendments
(1ml; 5.6mgC g−1 soil) were applied over the course of the incubation
using a sterilized glass syringe and 8-inch stainless steel needle. While
more frequent, less concentrated C amendments would have more
realistically simulated root exudation rates into soils14, a central con-
straint of our study was the need to maintain axenic conditions of
fungal cultures; therefore, we minimized the number of substrate
additions to limit the risk of contamination. A total of 840mgC was
added to each 50g soil unit over the course of the incubation
experiment (16.8mgC g−1 soil, prior to respiratory losses). Respiration
was monitored every 12–96 h (depending on isolate growth stage)
using an infrared gas analyzer (LI-COR 6252 IRGA), and the timing of
substrate amendments was determined on an isolate-specific basis
after each isolate had undergone an exponential growth phase (after
prior substrate amendment) followed by a period of stationary growth
(Supplementary Fig. 3). The second substrate addition was made once
isolate respiration rate had reached ≤ 1μgCO2-C g−1 soil h−1. Before the
third substrate addition, we intentionally induced a period of C and
nutrient limitation by maintaining isolates at stationary growth for
~20 days to facilitate biomass and necromass recycling. Soils were
harvested once isolate respiration rates returned to <1μgCO2-C g−1 soil
h−1 following the third substrate addition.While alternative approaches
to standardization were considered (e.g., standardized by time), it was
ultimately determined that the selected approach would allow for the
most accurate assessment of trait-SOM relationships. A central
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concern was ensuring that most of the added substrate media was
utilized by fungi prior to incubation harvest; had all species been
incubated for the same amount of time, it is more likely that unpro-
cessed substrate would have remained in soils for slower-growing
compared with faster-growing species. While it cannot be ruled out
that a small fraction of media components remained in soils – espe-
cially if fungi experienced nutrient (e.g., N, P) limitation or environ-
mental stress (e.g., space limitation) –our approach to standardization
minimized the potential for such biases across fungal taxa (additional
rationale provided in supplementary materials).

Experimental units were monitored regularly for contamination
(visually and via respiration measurements), and contaminated sam-
ples were promptly removed from the experiment. For all but one
taxon (Panellus stipticus; Basidiomycota), we achieved at least four
replicates thatmet the criteria for inclusion in subsequent analyses; for
P. stipticus, we were only able to include three replicates in subsequent
analyses due to contamination challenges with this slow-growing taxa
(additional details provided in Supplementary Methods and Discus-
sion). During incubation, approximately half of the Hypocrea minutis-
pora replicates began producing ascocarps and sporulating. We
expected that this could influence SOM formation dynamics and alter
the chemistry of SOMproduced, and thus, samples for this taxon were
separately labeled as “sporulating” (HmS) or “non-sporulating” (HmN)
(four replicates each). Four sterile control samples (50g) were estab-
lished with the equivalent amount of substrate added to each sample
containing fungal cultures (840mgC total) and were harvested 24 h
later to preclude the possibility of contamination. After harvest, soils
were gently homogenized by passing them through a 4mm sieve and
subsequently air-dried for 72 h. Separate subsampleswere used for the
characterization of SOM functional pools, SOM chemistry, and a sub-
set of the fungal trait measurements (hyphal lengths, hyphal
surface area).

Trait measurements
A suite of trait measurements was conducted to characterize physio-
logical, morphological, and biochemical traits of the fungal isolates. At
the end of the long-term incubations, soil was subsampled (3 g) to
directly characterize the length and diameter of hyphae produced by
each isolate in the incubated soils. Fungal hyphaewere extracted from
soils and stained following standard methods outlined in Brundrett
et al.81. Stained hyphae were evaluated at 200x magnification, and the
line intersect method82 was used to estimate hyphal lengths. Hyphal
diameters were assessed at 400x magnification and quantified using
AmScope software (AmScope, Irvine, CA). Ten measurements of
hyphal diameter were taken and then averaged for each replicate (four
replicates per isolate). The hyphal surface area was calculated as fol-
lows: HSA = (2 π r h) + (2 π r), where r represents the hyphal radius (1/2
hyphal diameter), and h represents the hyphal length. It should be
noted that thehyphal length andHSAmeasurements represent the low
end of possible values for these variables, as some of the hyphae
produced earlier in the experiment may have been recycled prior to
incubation harvest.

For all remaining trait measurements, separate short-term incu-
bations were conducted for each isolate in model soils, with a small
subset of measurements conducted in liquid culture as required (3-4
replicates per isolate per trait measurement). All samples were ana-
lyzed immediately following incubation harvest. Carbon use efficiency
(CUE) and mass-specific growth rates were assessed in both liquid
culture and in model soil. We include these multiple metrics to better
represent the long-term growth dynamics of fungal taxa during incu-
bation. The liquid culturemeasurementswere conducted in a previous
study32 and data are includedhere as ametric of species’optimumCUE
and growth rate under experimental conditions (25 °C, C:N= 20; same
media solution). Fungal biomass was collected from liquid culture
conditions through vacuum filtration and weighed to assess growth,

while respiration was monitored using the LI-COR infrared gas analy-
zer. The mass-specific growth rate was calculated as biomass-C pro-
duced biomass-C−1 hr−1 during log-phase growth by regressing the log
of biomass over time (i.e., the standard approach to measure mass-
specific growth). In a small lab incubation mirroring this liquid culture
approach32, soil CUE and growth rate were assessed during log-phase
growth. Twenty-one experimental units (10 g soil) per isolate were
incubated at 25 °C for ~1 week to 1month (depending on isolate growth
rate). Experimental units were destructively harvested at seven-time
points across each isolate’s respective log-phase growth curve (3
replicates x 7 sampling times), and a ~ 0.3 g soil samplewas flash frozen
and stored at −80 °C for downstreamDNA extraction. Respiration was
measured 12 h before, and then again immediately before each harvest
to assess respiratory losses of CO2 (LI-COR analysis, described above).

Soil DNAwasextracted as ametric of fungal biomassgrowth using
amodified phenol-chloroformextraction procedure designed for clay-
and iron oxide-rich soils83,84 and adapted for model soils (e.g., mineral
packets)85. All solutions used in this procedure were nuclease-free.
Briefly, soils ( ~ 0.3 g) received 1.168ml urea extraction buffer
(4.67ml g−1) and 82.5 μl lysis buffer (4M guanidine isothiocyanate, 1%
sarkosyl, 1M NaPO4, 10% bovine serum albumin, 10μl L−1 2-(β)-mer-
captoethanol) at pH 8, and lysing matrix E beads (MP Biomedicals,
Santa Ana, CA). Tubes were shaken on a Biotech Mini Bead Beater for
2.5min, and subsequently centrifuged. The supernatant was trans-
ferred to a new tube and combined with 325 μl detergent solution (5%
sarkosyl, 5%CTAB), 168 μl 5Mpotassium acetate, and an equal volume
of 24:1 chloroform/isoamyl alcohol. Samples were centrifuged at
10K x g for 10min, and the supernatant was transferred to a new tube
and combined with 0.6 volumes of isopropanol and 2 μl GlycoBlue co-
precipitant (Invitrogen). Samples were incubated for 1.5 h at room
temperature and subsequently centrifuged for 30min at 16 K x g. The
resulting supernatant was removed from the tube, leaving only the
DNA pellet, which was washed with 1ml 70% ice-cold ethanol (mole-
cular grade). Samples were centrifuged for 10min at 16 K x g, ethanol
was removed, and pellets were air-dried and resuspended in 90 μl Tris
EDTA buffer. DNA solutions were frozen overnight and purified by
incubation with 7.5M LiCl (30min at 4 °C) the following day. After
incubation, samples were centrifuged, supernatant removed, and
combined with 80μl isopropanol. Samples were incubated for 30min
at −20 °C, centrifuged, supernatant removed, and the DNA pellet
washed with 70% ice-cold ethanol. DNA pellets were dried and then
dissolved in 20μl PCR-grade water. Lastly, DNA was quantified using a
Qubit 3.0 Fluorometer (Life Technologies, Grand Island, NY) following
the manufacturer’s protocol.

Microbial biomass C (MBC) was estimated from DNA concentra-
tions using a published conversion factor of 5.0 to convert μg DNA g−1

soil to μg MBC g−1 soil86. To assess the validity of this approach for our
samples, we generated a species-specific conversion factor for each
isolate by extracting DNA from a known quantity (1-2 g) of fungal
biomass32. Because of low replication, we calculated an average con-
version factor for all eight isolates ( ~ 4.5), whichwas comparable to the
published conversion factor86. After conversion from DNA to MBC,
we regressed MBC over time (separately for each isolate) and took
the slope of the linear portion of each growth curve to estimate isolate
growth rates. Carbon use efficiency was subsequently calculated as
(growth/growth + respiration), where respiration rates were acquired
by taking the slope of the linearportion of the curve for respiration (μg
CO2-C produced g−1 soil h−1) regressed over time, as inMorrison et al.32.
Standard errors of CUEwere calculated by pooling the standard errors
of the slopes for growth and respiration32.

Soil CUEwasalso assessedduring stationaryphasegrowthusing the
18O-water tracing method, which quantifies the incorporation of
18O-labeled water into DNA tomeasure gross growth63,87. Four additional
replicates per isolate (10g soil) were incubated at 25 °C and harvested
when each isolate was determined to have reached stationary growth
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(steady state; based on respiration measurements). Steady-state was
selected as the timepoint for harvest and for initiation of the 18O-water
tracing assay to meet the assumptions for estimating biomass turnover.
The 18O-water tracing assay was conducted following methods recom-
mended in Geyer et al.63. Briefly, enriched ( ~ 97 at%) 18O-water was
diluted with unlabeled filtered deionized water (FDIW) to achieve a tar-
get soil moisture enrichment of 20 atom%. Approximately 0.3 g soil was
weighed into microcentrifuge tubes, receiving either a labeled (18O) or
unlabeled (16O; control) FDIW solution. Soils were sealed in 50ml amber
vials fitted with rubber septa and flushed with CO2-free air. Soils were
incubated for 48h, whereafter respiration measurements were taken
and soils were flash frozen and stored at −80 oC until DNA extraction.
DNA was extracted using the modified phenol-chloroform procedure
described above. DNA extracts were mixed with a diluted salmon DNA
solution (20μgul−1) to bring total oxygen mass within detection limits
and dried overnight in silver encapsulation tins at 60 °C. Tins containing
dried DNA extracts were sent to the Cornell Stable Isotope Laboratory
for δ18O quantification.

Total microbial growth (production of new 18O-labeled DNA) was
estimated using a two-pool mixing model63,88. Typically, microbial
growth values are scaled to MBC using a ratio of MBC:DNA generated
through chloroform fumigation extraction (CFE). Our attempts to
extract and quantify biomass frommodel soils using the CFE approach
were unsuccessful, potentially due to the high potential for cell lysates
to re-sorb to cleanmineral surfaces in thesemodel soils. Therefore, we
quantified DNA concentrations by Qubit and used the published con-
version factor for DNA toMBC as described above86. Biomass turnover
length and CUE were calculated as in Geyer et al.63. For one Basidio-
mycota species (Gymnopus sp.), turnover rate may be artificially
inflated relative to other taxa due to especially slow linear-phase
growth which may have violated assumptions of the 18O method;
however, we assume that samples for most species generally met the
steady-state requirement.

Soils were assayed for potential activities of hydrolytic and oxi-
dative enzymes following standard methods89,90. Four replicates (10 g
soil) were established for each isolate alongside the experimental units
for measuring soil CUE, and were destructively harvested and homo-
genized before subsampling for enzyme assays. The hydrolytic
enzymes cellobiohydrolase (CBH), ß-glucosidase (BG), acid phospha-
tase (PHOS), N-acetyl-ß- glucosaminidase (NAG) and leucine amino-
peptidase (LAP) were assessed fluorometrically using the substrates β-
D-cellobioside, β-D-glycopyranoside, phosphate, N-acetyl-β-D-gluco-
saminide and L-Leucine, respectively. The oxidative enzymes perox-
idase (OX1) and phenol oxidase (OX2) weremeasured colorimetrically
with the substrates 3,3’, 5,5’-Tetramethylbenzidine (TMB+H2O2)

91 and
2,2’-azino-bis(3-ethylbenzothiazoline-6-sulphonic acid) (ABTS)92,
respectively. Fluorescence (hydrolytic) and absorbance (oxidative)
were measured on a BioTek Synergy HT Multi-detection Microplate
Reader at 460 nm and 450 nm, respectively. Final enzyme activity
values were calculated as in DeForest93 and are reported as μmol
substrate h−1 g−1 dry soil.

To characterize isolate biomass chemistry and melanin content,
four replicates of each isolate were grown in potato dextrose broth
media to facilitate biomass collection. The liquid media contained the
same concentrations ofD-glucose, potato infusion extract,MESbuffer,
and ammonium nitrate (C:N = 20) as the substrate media used in the
model soil experiments, and the pH was also adjusted to 4.5. Cultures
were inoculated into sterilized glass vials containing 100ml liquid
media and shaken continuously at 75 rpm32. Cultures were grown at
25 °C for between 3–30 days depending on species’ growth rate.
Fungal biomass was collected by vacuum filtration and washed
three times with FDIW (100ml/rinse). Biomass was subsequently
dried at 70 °C and subsampled for biomass chemistry and melanin
analyses. The chemical composition of isolate biomass (ground sub-
samples) was characterized by pyrolysis gas chromatography-mass

spectrometry (Py-GC/MS), following methods described
previously94,95, and the relative proportions of broad chemical com-
pound classes (e.g., polysaccharides, aromatics, lipids, proteins) were
determined (additional details below). Biomass melanin concentra-
tionsweremeasuredbyquantitative colorimetric analysiswithAzureA
dye96. Briefly, dried biomass was incubated for 90min in an Azure A
solution (initial absorbance = 0.665 at 610 nm) and subsequently fil-
tered through a 0.45μmnitrocellulose syringe tipfilter. Absorbanceof
the filtrate wasmeasured with a spectrophotometer at 610 nm and the
change in absorbance was compared against a standard curve to cal-
culate biomass melanin content. The standard curve was constructed
using known amounts of melanin isolated from Cenococcum geophi-
lum biomass, as in ref. 96.

Total C, MAOM-C and POM-C analyses
Air-dried soil (5 g) from the long-term incubation study was separated
into MAOM ( < 53μm) and POM ( > 53μm) fractions using a standard
size-based fractionation protocol97,98. Soils were dispersed via shaking
with dilute (0.5%) sodium hexametaphosphate for 18 h and were sub-
sequently rinsed through a 53μm sieve. The MAOM fraction under-
went an additional rinse step, followed by centrifugation, to remove
DOC thatmayhavebeenpresent in thewater column.MAOMandPOM
fractions were oven dried at 105 °C and 60 °C, respectively. Sub-
samples of MAOM, POM and whole soil were finely ground and ana-
lyzed for total C andNbydry combustion analysis (Perkin-Elmer Series
II 2400 Elemental Analyzer; Perkin Elmer Inc.).

Stable aggregate formation
The potential of each fungal species to generate water-stable aggre-
gates was assessed using a standard wet-sieving procedure (USDA
NRCS, 1999). Since the model soil mixture began as a combination of
un-aggregated particle separates (sand, silt, clay), any aggregates that
formed could be attributed to the growth and activity of the fungal
isolates. After harvest of the long-term incubations, soils (5 g) were
weighed onto a 250μm sieve and wetted through capillary action
(5min) by positioning the surface of the sieve screen just above water-
level within a plastic bin containing ~1 inch DI water. Thereafter, soils
were wet-sieved for three minutes. Deionized water was added to the
bin such that the soil on the sieve was completely submerged. The
sieve was moved up and down over a vertical distance of 1.5 cm at a
rate of 30 oscillations per minute. At the end of the three-minute
period, aggregates remaining on the sieve surface were transferred to
an aluminum drying pan and oven-dried at 105 °C. Water-stable
aggregates were calculated as the proportion of the initial 5 g
soil that remained on the 250μm sieve after wet-sieving, minus the
amount of remaining soil > 250μm present in sterile control samples
(Sample(% of soil > 250 μm) – Control(%soil > 250 um)).

Chemical and biological stability of SOM
We determined the chemical stability of fungal-derived SOM using a
sequential chemical extraction procedure. Each soil sample was sub-
jected to three sequential C-free extractants to isolate discrete poolsof
SOM that form distinct bonds and/or associations with soil
minerals99,100. Water was used first to extract readily solubilized com-
pounds, followed by KCl (1M; pH= 4.8) to isolate easily exchangeable
pools, and finally by sodium pyrophosphate (0.1M; pH 10) to extract
compounds bound via stronger electrostatic forces or within organo-
metal complexes. For each extraction, 30ml extraction reagent was
added to 1 g soil, vortexed, and shaken for 4 h (water, KCl) or 16 h
(sodium pyrophosphate) at 200 rpm99,100. Samples were centrifuged
and the supernatant was filtered using 0.2μm nylon syringe tip filters.
Extracts were analyzed for total organic C (TOC) by high-temperature
catalytic oxidation followed by non-dispersive infrared detection with
a Shimadzu TOC analyzer (TOC-LSH; Shimadzu Corporation, Kyoto,
Japan). The percent of initial soil C (pre-extraction) removed by each

Article https://doi.org/10.1038/s41467-024-53947-2

Nature Communications |        (2024) 15:10209 11

www.nature.com/naturecommunications


extractant was calculated for each isolate (full results included in
supplementary materials; Supplementary Fig. 13). The proportion of
initial C remaining in the soil pellet (that is, C not removed by the three
extractants) was calculated as a metric of SOM chemical stability (%
“chemically stable” C). These values are reported as (sample-control)
to account for the small amount of C remaining in uninoculated con-
trol samples after sequential extraction, likely representing the frac-
tion of substrate C that was directly sorbed to minerals.

We also assessed the biological stability of fungal-derived SOM in
a separate 3-month incubation (sensu Kallenbach et al.14). After soils
were harvested from the long-term incubation experiment (described
above), 10 g soil subsamples (4 replicates/isolate) were re-inoculated
with a mixed microbial community and 13C-glucose (to stimulate
decomposition), and the relative stability of SOM generated by each
isolate was assessed. Since unlabeled (12C) glucose was used as a sub-
strate in the original incubation experiment, we applied 13C-labeled
glucose (25 atom%; 50μg C g−1 soil, as in Kallenbach et al.14.) in the
3-month biological stability assay, such that we could parse microbial
respiration derived from the newly added glucose (13CO2) versus
existing fungal-derived SOM (12CO2). The microbial inoculum was
prepared from soil collected from control plots at the Harvard Forest
LTER. Soil was combined with FDIW (1:25w/v; as in ref. 101) and the
viability of the inoculum was confirmed at pH 4.5 by measuring its
respiration for three days following the addition of 120mgL−1

glucose72. The microbial inoculum was added in 1ml aliquots to each
10 g sample, and additional FDIW was added to bring soil moisture
back up to 50% field capacity. Soils were incubated in mason jars at
25 °C and were hand-mixed once weekly to encourage C
mineralization14. A water control was established alongside each
13C-glucose amended sample to represent background δ13C values.
After 3 mo. incubation, soils were harvested and analyzed for δ13C and
total C (%) at the Cornell Stable Isotope Laboratory. A standard isotope
mixing model102 was used to calculate the relative proportion of
isolate-derived SOM that resisted decomposition by the mixed
microbial community (% “biologically stable” C). These values are
reported as (sample-control) as described above for chemically
stable C.

Chemical composition of fungal-derived SOM
We characterized the chemistry of fungal-derived SOM using Py-GC/
MS, following methods described in refs. 94,95. Subsamples of whole
soil and the MAOM fraction were analyzed separately for each isolate.
MAOM fraction samples were pyrolyzed at a single temperature
(600 °C) on a CDS Pyroprobe 5150 pyrolyzer (CDS Analytical Inc.,
Oxford, PA), following standard protocol, whereas whole soil samples
were analyzed using a modified ramped pyrolysis procedure (sensu50),
whereby each sample was pyrolyzed at increasing temperatures (330,
396, 444, 503, 600 and 735 °C) in a stepwise fashion. This approach
characterizes the composition of organic compounds that require
different activation energies for thermal decomposition as a means of
assessing the relative thermal stability of SOM50. Following pyrolysis
(of MAOM or whole soil samples), decomposed products were trans-
ferred to a ThermoTrace GCUltra gas chromatograph (Thermo Fisher
Scientific, Austin, TX) and subsequently to a Polaris Q mass spectro-
meter (Thermo Fisher Scientific). Products were ionized and detected
using AMDIS (V. 2.69) and recorded peaks were classified against the
National Institute of Standards and Technology (NIST) compound
library. Relative percentages of organic matter compounds were
summarized within broad compound classes (polysaccharides, lipids,
aromatics, phenolics, proteins, N-bearing (non-proteins) or unknown
source)94.

Statistical analyses
All statistics were performed in R 4.3.0 unless stated otherwise. Dif-
ferences in species’ trait values and contributions to SOM functional

pools were evaluated using one-way ANOVA and post-hoc Tukey HSD
tests (P <0.05). Levene’s test of homogeneity of variances and the
Shapiro-Wilk normality test were used to assess homoscedasticity and
normality of residuals, respectively. When normality or homo-
scedasticity assumptionswere notmet, datawereevaluatedusing non-
parametric Kruskal-Wallis and post-hoc Dunn tests, or were square-
root or log-transformed when used in other analyses (e.g.,
regressions).

We used partial least squares regression (PLSR) to evaluate the
relative importance of fungal traits associated with the formation of
different SOM functional pools. A separate PLSR model was con-
structed for each SOM pool (response variable), and all measured
fungal trait variables were included as predictors. PLSRwas conducted
in JMP Pro (version 16.1.0) using the NIPALS algorithm (as in ref. 103).
Due to the nature of our dataset, where some of the trait measure-
ments were collected on independent experimental units separate
from the long-term incubated samples analyzed for SOM, we used a
randomization approach with three iterations to construct our final
PLSRmodel results.We ran three separate PLSR analyses, each runon a
separate randomized dataset representing the three possible pairings
between each trait measurement replicate (3 replicates per isolate,
representing the minimum number of replicates available for certain
traits) and each SOM functional pool replicate (3 replicates/isolate)
(full model results in Supplementary Table 3a, b). After model results
were collated, we calculated the average X loadings and variable
importance in projection (VIP) scores for each trait variable across the
three PLSR model iterations. Predictor variables with a VIP score
greater than 0.8 were retained in the final models. Thereafter, we fit
linear regressions between SOM functional pools and the trait variable
with the strongest loadingoneachpool’smost explanatoryPLSR latent
factor, and we used ANOVA to assess the significance of these
relationships.

Principal components analysis (PCA) was used to summarize
fungal trait variables alongmajor axes of variance. PCAwas conducted
using the ‘rda’ function in the ‘vegan’ package104 on z-score standar-
dized values for each trait variable. Principle component axes were
retained if eigenvalues were greater than one, and such that cumula-
tive variation explained reached 80%. For ease of interpretation, only
the twomost explanatory axes (PC1 and PC2), explaining a total of 45%
of variation in fungal trait data, are presented and visualized using
ordination. Multivariate ANOVA (MANOVA) was used to test for sta-
tistical differences among species and phyla (‘adonis2’ function,
Euclidian distance method). Additionally, we examined relationships
between PC1 and SOM functional pools by fitting polynomial regres-
sionmodelswith the lowestmeansquare error between eachpredictor
and response variable. When the single-degree model (h = 1) exhibited
the lowest mean square error value, linear regression was used.

To generate a metric of trait multifunctionality as well as SOM
formation and stabilization potential (essentially, SOM multi-
functionality) for each isolate, we adapted an approach for calculating
“ecosystem multifunctionality”48,105. Broadly, multifunctionality is
defined as the simultaneous performance or provisioning of multiple
functions48. We used a modified version of the averaging approach48

that uses Hill numbers (q) to produce a single metric of “effective”
multifunctionality, which accounts for both the total provisioning of
functions as well as the evenness (e.g., relative trait values) of those
provisions of function49. Trait (or SOM) multifunctionality was calcu-
lated using the ‘multifunc’ package (v. 0.9.4)48,49 as the product of the
effective number of functions performed by each isolate and the
arithmetic mean performance of the measured functions. Values for
turnover time (originally reported in days)were reflected such that the
maximum level of each trait variable in our dataset represented the
“best” or highest function. We multiplied turnover time values by −1
and then added the un-reflected maximum value such that the lowest
level of transformed function was zero48. All trait values were then
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standardized by the maximum observed value to a common scale
between 0 to 1 before analysis. Effective multifunctionality was cal-
culated at order q = 1 to accommodate information about unequal
levels of functioning proportional to the relative functional perfor-
mance, without making any uncomfortable decisions about
upweighting high-performing functions49. Radar plots were used to
visualize trait performance across isolates, with data scaled between 0
to 1 prior to plotting, and differences in effective multifunctionality
were evaluated using ANOVA.

Finally, we assessed the effect of isolate identity on SOM and
MAOM chemical composition using permutational multivariate ana-
lysis of variance (PERMANOVA)106 on a Bray-Curtis dissimilarity matrix
calculated from the relative abundance values of individual com-
pounds identified by Py-GC/MS. For the whole soil samples that were
analyzed with the ramped pyrolysis approach, separate PERMANOVA
analyses were run for each thermal fraction. To visualize the effects of
species identity on SOM chemistry, we conducted non-metric multi-
dimensional scaling (NMDS) ordination of the Bray-Curtis distance
values. Environmental vectors representing broad Py-GC/MS com-
pound classes were fitted to the NMDS using the ‘envifit’ function
(‘vegan’ package) andwere included in the plot if significant (P <0.05).
Lastly, we calculated SOM chemical diversity for each species within
the most thermally stable fraction (735 °C) of SOM using the Shannon
index (individual compound-level dataset).

Reporting summary
Further information on research design is available in the Nature
Portfolio Reporting Summary linked to this article.

Data availability
The fungal trait, SOM pool, and SOM chemistry data that support the
findings of this study have been deposited in the Environmental Data
Initiative repository, https://doi.org/10.6073/pasta/cf2a305c7d21938
ddad3cb9430d22ed3. Source data associated with each main text and
Supplementary Figure are also available as a supplementary Source
Data file.
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