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Adenosine deaminases that act on RNA (ADARs) constitute a family
of RNA-editing enzymes that convert adenosine to inosine within
double-stranded regions of RNA. We previously developed a method
to identify inosine-containing RNAs and used it to identify five ADAR
substrates in Caenorhabditis elegans. Here we use the same method
to identify five additional C. elegans substrates, including three
mRNAs that encode proteins known to affect neuronal functions. All
10 of the C. elegans substrates are edited in long stem-loop structures
located in noncoding regions, and thus contrast with previously
identified substrates of other organisms, in which ADARs target
codons. To determine whether editing in noncoding regions was a
conserved ADAR function, we applied our method to poly(A)� RNA of
human brain and identified 19 previously unknown ADAR substrates.
The substrates were strikingly similar to those observed in C. elegans,
since editing was confined to 3� untranslated regions, introns, and a
noncoding RNA. Also similar to what was found in C. elegans, 15 of
the 19 substrates were edited in repetitive elements. The identities of
the newly identified ADAR substrates suggest that RNA editing may
influence many biologically important processes, and that for many
metazoa, A-to-I conversion in coding regions may be the exception
rather than the rule.

Adenosine deaminases that act on RNA (ADARs) are RNA-
editing enzymes that convert adenosine (A) to inosine (I) in

double-stranded RNA (dsRNA) (reviewed in refs. 1–4). Mice (5,
6), flies (7), and worms (L. A. Tonkin, L. Saccomanno, D.P.M., T.
Brodigan, M. Krause, and B.L.B., unpublished work) that lack
ADARs have behavioral defects, emphasizing that ADARs have
important roles in the nervous system. However, exactly how the
enzymes mediate their functions, and which RNAs they target, is
known for only a few cases. For example, in mammals ADARs are
known to target codons so that multiple protein isoforms can be
synthesized from a single message; in this way ADARs generate
isoforms of glutamate receptors (GluRs) (8–10), serotonin recep-
tors (11), and the hepatitis delta antigen (12, 13). In addition,
mammalian ADAR2 edits its own pre-mRNA to create a new splice
site, which may serve to autoregulate ADAR2 levels (14). Finally,
recent data show that RNAs targeted by ADARs at many sites are
selectively retained in the nucleus (15), at least in some cases.

In addition to altering the sequence of RNA, ADARs can alter
RNA structure. Deamination of an adenosine within an A�U base
pair produces the less stable I�U wobble pair, whereas deamination
within A�C mismatches produces more stable I�C pairs. Therefore,
ADARs can either decrease or increase the stability of dsRNA.
Sequence or structural changes produced by ADARs within non-
coding regions of mRNAs such as untranslated regions (UTRs), or
introns, could potentially affect such processes as RNA translation,
stability, localization, or splicing. Other types of RNAs such as
catalytic RNAs, guide RNAs, small nuclear RNAs, small nucleolar
RNAs (snoRNAs), and RNAs involved in dosage compensation
and imprinting, indeed any RNA molecule that forms intra- or
intermolecular duplexes of sufficient length, are potential function-
ally important ADAR targets.

The amounts of inosine in mRNA isolated from various rat
tissues show that there is far more inosine than can be accounted

for by the few known mammalian ADAR substrates (16). Given the
large number of undiscovered substrates, and the vast potential for
RNA editing to perform regulatory functions, it remains possible
that codon changes do not represent the major role for ADARs.
Toward the goal of understanding the full scope of ADAR function,
we developed a systematic method to identify RNAs that contain
inosine (17, 18). In our first application of the method we identified
5 previously unknown ADAR substrates in Caenorhabditis elegans
(18); as described here, we have now increased this number to 10.
Each of the C. elegans substrates is edited within a stem-loop
structure located in a UTR, an intron, or a noncoding RNA. Several
of the edited structures are moderately repetitive sequences called
IR (inverted repeat) elements that are likely remnants of once-
functional transposons (19). These ADAR substrates suggest that
editing functions to regulate gene expression in ways other than
targeting codons. To further investigate this issue, we asked whether
editing in noncoding regions was a conserved ADAR function.
Here we show that in human brain, as in C. elegans, noncoding
regions of mRNAs appear to be the primary targets of ADARs.

Materials and Methods
Identification of ADAR Substrates in C. elegans and Human Brain.
C. elegans substrates were identified and analyzed as previously
described (18). Human brain poly(A)� RNA used for the initial
identification of human substrates was purchased from CLON-
TECH. Candidate human substrates were identified as described
previously (18) except that PCR products amplified from DNA
isolated from RNase T1-dependent bands was not cloned, but
sequenced directly.

Confirmation and Quantification of Editing, and Identification of
Additional Editing Sites. Regions surrounding RNase T1 cleavage
sites were amplified from random hexamer-primed cDNA and
from genomic DNA. As indicated in Fig. 2, C. elegans PCR products
were either cloned followed by sequencing of individual clones, or
sequenced as a population, without cloning. All of the human PCR
products were directly sequenced without cloning. For the human
samples, we used poly(A)� RNA and genomic DNA isolated from
the same individual (purchased from BioChain Institute, Hayward,
CA) to ensure differences between genomic and cDNA sequences
were due to RNA editing rather than polymorphisms. When the
PCR products were directly sequenced, the extent of editing at each
site was determined by using the electropherograms from the
sequencing reactions to estimate the relative amounts of A and G
(see Fig. 3A). As in our previous work (18), when the PCR products
were cloned, editing efficiency was estimated by evaluating the
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sequence of 10 clones. In the work reported here most PCR
products were sequenced directly, and this resulted in more accu-
rate estimates of editing efficiency because the sequences repre-
sented the entire population of transcripts.

Sequence and Structure Analysis. Identification of genes and assign-
ment of editing sites to 3� UTRs, introns, or noncoding RNAs were
made by using predicted ORFs in genomic sequences, mRNA and
EST (expressed sequence tag) sequences, and data in the published
literature. We used sequence data from both the National Center
for Biotechnology Information (www.ncbi.nlm.nih.gov�BLAST�)
and Celera (celera.com�). Repetitive elements were identified by
using the program REPEATMASKER (repeatmasker.genome.wash-
ington.edu�cgi-bin�RepeatMasker). Secondary structure predic-
tions were made by using the program MFOLD (bioinfo.math.
rpi.edu��mfold�rna�form1.cgi).

Results
Identification of Additional C. elegans Substrates. To gain further
evidence that the ADAR substrates previously identified in C.
elegans represented the norm, we continued screening C. elegans
poly(A)� RNA for inosine-containing RNAs. The method we used
has been described (18) and is outlined in Fig. 1A. Briefly, glyox-
alated poly(A)� RNA is treated with RNase T1, which results
primarily in cleavage 3� of inosines, with some background cleavage
3� of guanosines. In parallel, glyoxalated poly(A)� RNA is treated
identically, but the RNase T1 is omitted. Both samples of RNA are
reverse-transcribed, amplified with the PCR, and compared by
using a differential display protocol (Fig. 1B). As shown in Fig. 1B,
candidate ADAR substrates are identified as RNase T1-dependent
bands (arrow). The sequence of the DNA isolated from an RNase
T1-dependent band is submitted to a BLAST search to identify the
corresponding genomic DNA sequence. A true ADAR substrate is
distinguished from a false positive (G cleavage) by the presence of
a genomically encoded adenosine at the RNA cleavage site.

We identified 5 additional ADAR substrates in C. elegans, and
these are listed along with our previously identified C. elegans
substrates in Table 1. Like the previously isolated substrates, all
editing sites in the new substrates were located in noncoding
regions. Our recent work indicates that in C. elegans, as in other
organisms, ADARs are highly expressed in the nervous system
(L. A. Tonkin, L. Saccomanno, D.P.M., T. Brodigan, M. Krause,
and B.L.B., unpublished work). Consistent with this, three of the

mRNAs identified as new substrates, unc-64 syntaxin (20), lami-
nin-� (21), and succinate semialdehyde dehydrogenase (SSADH)
(22) are important for proper function of the nervous system.

Identification of ADAR Substrates in Human Brain. To determine if
editing of noncoding regions was a conserved ADAR function, we
applied our method to human brain RNA. We first attempted to
detect inosine in two mRNAs already known to be ADAR sub-
strates in human brain. Human brain poly(A)� RNA was treated as
outlined in Fig. 1A, and the PCR products were analyzed by
differential display (e.g., Fig. 1B). Using primers designed to anneal
upstream of known editing sites, we successfully detected the Q�R
editing site in the mRNA encoding subunit B of glutamate-gated
ion channels (GluR-B; ref. 8) and editing site C in the serotonin 2C
receptor mRNA (11) (data not shown). Our previous applications
of our method indicated that new ADAR substrates could be
identified with a minimum of 8 complementary positions between
the 13-nucleotide arbitrary primer and the new ADAR substrate
(18). Thus, to approximate a real experiment, the primers used in
the differential display step were not identical to the target mRNAs
but contained 8 of 13 identities (GluR-B) or 9 of 13 identities
(serotonin receptor). In addition, like the arbitrary primers used for
the real experiments, each 13-mer had a G�C content of �50%.
Our ability to detect editing sites within the GluR-B and serotonin
receptor sequences showed that our method was capable of detect-
ing mRNAs edited in coding regions, and instilled confidence that
our starting RNA pool was not overly biased for highly abundant or
highly structured RNAs. [GluR-B mRNA is a low-abundance
mRNA (16), and although ADARs target double-stranded regions
in both GluR-B and serotonin receptor pre-mRNAs, the structured
regions are removed by splicing and not present in the sequences we
amplified.]

We next used our collection of arbitrary primers (18) to identify
previously unknown human brain substrates. The search for human
substrates was far more efficient than our search in C. elegans. When
we used C. elegans RNA, 700 PCRs were required to find 100
candidate substrates, only 10 of which were true positives (ref. 18
and this study). In contrast, only 130 PCRs were required to identify
44 candidate substrates in human brain RNA, 19 of which were true
positives. Of the remaining 25 human candidates, 12 did not give a
unique sequence, 8 were not found in any database, and, signifi-
cantly, only 5 were false positives cleaved after guanosine.

Sequence Analysis of Human RNAs. To determine the identities of the
previously unknown human ADAR substrates, we searched Gen-
Bank [nonredundant and HTGS (high-throughput genomic se-
quence) databases] and the Celera human genome sequence (23).

Fig. 1. (A) The method used to detect inosine-containing RNAs. As described
(18), inosine-specific cleavage is followed by polyadenylation to create a primer
binding site for a subsequent reverse transcription step. N, nucleotide 5� of
poly(A) tail; the question mark indicates that efficiency of synthesis from un-
cleaved RNAs will vary depending on the nucleotide 5� of the poly(A) tail. X,
nucleotide(s) on the 3� end of the downstream PCR primer was G, A, C, TG, TA, TT,
or TC. (B) An example of an RNase T1-dependent band. Duplicate samples of
humanpoly(A)� RNAweresubjectedtotheprotocolofA. Thearrowpoints tothe
RNase T1-dependent band (in the � lanes) whose sequence revealed that it
derived from HsC7-I mRNA cleaved in its 3� UTR.

Table 1. C. elegans ADAR substrates

RNA*
(Wormbase ID) Editing Repeat Function

M05B5.3 5� UTR IR-5 Unknown
52G (F55A4.9) Noncoding None Unknown
pop-1 (W10C8.2) 3� UTR None Transcription factor (39)
9A (ZC239.6) 3� UTR IR-3 Unknown
16G (Y6D11A.1) 3� UTR None Unknown
Syntaxin (F56A8.7a) 3� UTR�

intron†

IR-5 Secretion of
neurotransmitters (20)

Laminin-� (C54D1.5) 3� UTR None Component of basement
membranes (21)

SSADH (F45H10.1) 3� UTR None �-Aminobutyrate
turnover (22)

12A (D2024.3) 3� UTR IR-2 Unknown
36A (C35E7.6) 3� UTR IR-4 Unknown

*The first five substrates listed are described in ref. 18. For mRNAs of unknown
function, substrates are designated as described in ref. 18.

†See legend to Fig. 2.
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Seven of the 19 substrates encoded gene products of known
function, and 2 encoded proteins with sequence similarities to
known proteins (see Table 2). As observed in C. elegans, editing
within these 9 transcripts occurred exclusively in noncoding regions.
Five were edited in introns, 3 in 3� UTRs, and 1 of the new
substrates was a noncoding RNA (PAR-SN). The remaining 10
substrates were found in regions of the genome not yet annotated
(Table 3, which is published as supporting information on the PNAS
web site, www.pnas.org), and we could identify no reasonably long
ORFs at or near the editing sites. By inference, these RNAs are
probably also edited in noncoding regions, but we cannot yet
determine whether editing occurs in introns, UTRs, or noncoding
RNAs.

As in C. elegans, most (15 of 19) of the human substrates were
edited within repetitive elements that were embedded within the
mRNA. One of these is a MER53 element (a Mariner-like trans-
poson; ref. 24) and the other 14 are retroelements. Among the
retroelements are 3 LINE elements, 1 MaLR element, and 10 Alu
repeats.

Structure Analysis. ADARs are dsRNA-binding proteins, and con-
sequently, deaminate RNAs in regions that fold to create long
stretches of dsRNA. To identify potential secondary structures in
the substrates, we submitted sequences surrounding the edited
regions to the RNA folding program MFOLD (25, 26). We found
good candidate structures for each of the new worm substrates (Fig.
2) and for 10 of the 19 human substrates, including 4 of the
substrates shown in Fig. 3. As observed for the C. elegans substrates,
the structures of some of the human substrates involved pairing
between the repetitive elements found in the mRNAs. For example,
9 human substrates contained edited Alu sequences that could
potentially form long stem-loop structures because they were
located within 1 kb of a second Alu repeat oriented in the opposite
direction (such pairs of Alu sequences are referred to as ‘‘inverted
Alus’’; Fig. 3B).

The initial sequencing of DNA isolated from our differential
display gels provided only short stretches of sequence upstream of
the RNase T1 cleavage sites. To confirm that sequences required to
form the predicted secondary structures were actually part of the
identified transcripts, we attempted to amplify the entire structured
region of each substrate by using primer pairs that flanked the
putative stem-loop. If no reverse transcription–PCR product was
obtained, we attempted to amplify the regions of interest in two
overlapping pieces. Using these two strategies, followed by direct
sequencing of the PCR products, we confirmed the presence of the
complementary sequences for 3 of the 5 newly described worm
substrates (syntaxin, laminin, and 36A; Fig. 2) and for the 4
structures shown in Fig. 3B.

Analysis of Editing Patterns. ADARs typically deaminate multiple
adenosines in their substrates. Consistent with this, in some cases we
isolated multiple RNase T1-dependent bands for a single substrate
(e.g., Fig. 2, 12A). However, T1 cleavage at closely spaced inosines
would yield small fragments that are difficult to amplify, except for
the fragment corresponding to the region upstream of the most 5�
cleavage site. In fact, for most substrates we isolated a single
T1-dependent band that corresponded to cleavage at the most 5�
editing site, or the most efficiently edited site nearest to the 5� end
(see Figs. 2 and 3). To analyze the editing pattern throughout the
base-paired region, we sequenced cDNA clones, or directly se-
quenced reverse transcription–PCR products. (A-to-I conversion at
the RNA level appears as an A-to-G change in the corresponding
cDNA.) We determined the pattern and efficiency of editing in 4
of the 5 new worm substrates (Fig. 2) and for 8 of the 9 human
substrates listed in Table 2 (Fig. 3B). In some structures only 1 or
2 editing sites were found, whereas others showed numerous sites
(see Figs. 2 and 3). This result suggested that our protocol was not
biased for substrates that contained a particular number of editing
sites.

The structures found in the various substrates exhibited a wide
range of stabilities. Further, as previously observed (4), the fraction
of adenosines edited within each structure correlated with the
stability of the structure, with the longest, most stable, structures
showing the highest number of editing sites. For example, the long
structures formed by the inverted Alus of the human substrates
were edited at multiple sites, and in each case, editing was detected
in both strands of the predicted hairpin. Because ADARs are
specific for dsRNA, this provided further evidence that the inverted
Alus pair in these RNAs (Fig. 3B). Unlike the inverted Alus, the
short structure formed by the MER53 element in the tankyrase 3�
UTR was edited with moderate efficiency at only a single site (Fig.
3B). We also sequenced cDNAs derived from human NrCAM,
PDE8A, and ubiquitin carboxyl-terminal hydrolase RNAs, for
which no convincing secondary structure was detected. Each of
these substrates contained only 2 to 4 editing sites in a 400- to
500-nucleotide region surrounding the originally detected RNase
T1 cleavage site (Fig. 3B). Possibly the structures formed in these
RNAs were difficult to predict because they are of low stability or
because the complementary regions lie far from the detected
editing sites; alternatively, these RNAs could pair in trans to an
antisense RNA. Finally, we sequenced PAR-SN RNA and found
multiple editing sites, verifying that this molecule is edited. A
structure is not shown for PAR-SN RNA because it contains an
antisense Alu and two sense Alus, all of which are edited, making
structure prediction ambiguous (the antisense Alu could pair with
either sense Alu).

Table 2. Human brain ADAR substrates with BLASTP hits

Gene product
Accession nos.,

RNA�gene Editing Repeat* Function

Similar to CDK8 AY028424�Z84480 Intron AluSx(�)†, AluJo(�)† Unknown
NrCAM AJ001057�AF172277 Intron None Cell adhesion, axon guidance (40)
PDE8A AF056490�AC012064 Intron None cAMP hydrolysis (41)
Similar to ubiquitin hydrolase AK001647�AC019221 Intron LINE1 Unknown
HsC7-I D26599‡�AL357035 3� UTR AluSc(�), AluJb(�) Proteasome subunit (42)
NADH:ubiquinone oxidoreductase subunit B14.5B BC007323�AC023532 3� UTR AluJb(�), AluSc(�) Mitochondrial electron transport (43)
Tankyrase AF082557�AC055869 3� UTR MER53 ADP-ribosylation of TRF (44)
PP2C-� AF294792�hCG15783§ Intron AluY(�)¶ Protein phosphatase (45)
PAR-SN U55937�AC009696 Noncoding AluJo(�), AluSx(�), AluSx(�) snoRNA host (HBII-13) (30, 31)

*(�) indicates that Alu is in sense orientation, (�) indicates antisense orientation.
†Only AluSx was sequenced, but RNase T1 cleavage site was in AluJo.
‡mRNA sequence does not extend to edited region; a composite cDNA was constructed from expressed sequence tags to connect edited region to upstream ORF.
§Accession no. for gene is from the Celera database.
¶There are three antisense Alus within 1 kb of this Alu but RNA was not sequenced to determine if other Alus are edited.
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Discussion
Using our previously described method, we identified 5 previ-
ously unknown ADAR substrates of C. elegans, as well as 19 of
human brain. All of the newly discovered substrates are edited
in noncoding regions, similar to what we found in a previous
application of our method to C. elegans (18). Whereas previous
studies clearly show that some mammalian substrates are edited
in coding sequences, our data suggest that these substrates are
more rare than those edited in noncoding sequences, and thus,
less likely to be identified by our protocol. Codon changes may
be the exception rather than the rule in C. elegans and human
brain, and by extrapolation, noncoding regions may be the major
ADAR targets in most other metazoa and tissues.

Another interpretation of our results is that our protocol is
somehow biased for the selection of substrates edited in noncoding
regions. Although we cannot definitively rule this out, many of our
results are inconsistent with this possibility. For example, in our
control experiments we readily detected editing in coding regions
of glutamate and serotonin receptor mRNAs (data not shown),
demonstrating that, in theory, our protocol can identify inosines in
coding sequences. Further, the substrates we identified are quite
diverse, arguing against some of the more obvious potential biases.
They exhibit structures of a wide range of stabilities and editing
frequencies, and according to Northern analyses, represent low- to
high-abundance mRNAs (data not shown). Finally, in support of
our observations, an ongoing human brain cDNA sequencing

Fig. 2. Each of the newly identified C. elegans substrates is designated with a name, the location of editing within the mRNA, and the type of repetitive element,
if one exists. Structures predicted by MFOLD are shown above the unedited sequence. Adenosines determined to be edited by cDNA sequencing are shown in uppercase,
color-coded according to the percentage of the cDNA population that was edited at the site (red, �70%; blue, 40–70%; green, �40%); RNase T1 cleavage sites are
underlined. Editing in syntaxin occurs within an alternatively spliced region that can be either an intron or a 3� UTR. SSADH was found by virtue of its IR element, not
by T1 cleavage, and only nucleotides 2538–2773 (complementary strand) of cosmid F45H10 were sequenced to determine editing sites. Editing sites were mapped by
compiling sequence data from multiple PCR clones (SSADH), uncloned PCR populations (36A), or both types of data (syntaxin; laminin-�); the editing sites of 12A have
not been mapped, but three T1 cleavage sites were detected and are shown as black underlined capitals.
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Fig. 3. (A) The electropherograms correspond to the first two editing sites of HsC7-1 mRNA. The two adenosines shown in the genomic DNA sequence appear as a
mixture of adenosine and guanosine in the cDNA, which is diagnostic of editing. N indicates that the sequencing software could not distinguish between A and G. (B)
Eight of the newly identified human brain substrates are represented as in Fig. 2. (The RNase T1 cleavage site in the CDK8 mRNA was on the bottom strand, which was
not sequenced.)
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project recently found additional cDNAs with clustered A-to-G
changes, all in 3� UTRs (O. Ohara, personal communication and
ref. 27). The cDNAs of this project typically included both the
complete coding region and the 3� UTR, and thus should not be
biased toward finding A-to-G changes in noncoding sequences.

At present we can only speculate about the function of editing in
the new substrates. There are two questions pertinent to our
speculations. First, do the RNA secondary structures in noncoding
regions have functions? Second, does editing influence these
functions?

Possible Functions for Editing in Introns. Since incompletely spliced
RNAs normally constitute only a small fraction of the poly(A)�

pool, it is noteworthy that we detected five edited introns in human
brain RNA. Either our method is very sensitive, or these introns are
spliced unusually slowly. ADARs sometimes target regions of
pairing between exons and introns, and possibly such structures
decrease the rate of splicing. Consistent with this idea, an exon�
intron structure in para pre-mRNA that is targeted by the Dro-
sophila ADAR must be resolved by an RNA helicase before proper
splicing can occur (28). This raises the possibility that one function
of ADARs is to regulate splicing by targeting pre-mRNAs with
exon/intron structures. By changing A�U base pairs to I�U mis-
matches, ADARs could reduce the stability of such structures and
promote their unfolding. Whereas previous studies show that
ADARs can change an AA dinucleotide to AI, creating a new 3�
splice site (14), the intronic editing sites we detected do not fit with
such a scenario.

Possible Functions for Editing of 3� UTRs. UTR sequences sometimes
regulate the translation, stability, or localization of an mRNA (29).
The stem-loop structures we identified could mediate these func-
tions by recruiting proteins, or controlling access to regulatory
sequences. Editing could regulate the function of a stem-loop by
changing its sequence to destroy (or create) a protein-binding site
or to alter its structure so as to reveal (or mask) a nearby
protein-binding site.

Possible Functions for Editing of PAR-SN RNA. PAR-SN RNA is
encoded within the Prader–Willi syndrome�Angelman syndrome

(PWS�AS) region on human chromosome 15 (30, 31). A number
of genes within this 2- to 3-Mb region are imprinted and are
transcribed exclusively from either the maternal or paternal chro-
mosome (for reviews see refs. 32 and 33). PAR-SN RNA is
paternally expressed, and possibly editing of PAR-SN RNA influ-
ences this imprinting. In addition, genes for a novel class of
brain-specific C�D-box snoRNAs have been found in the PWS�AS
region (34, 35). One of them (HBII-13) is embedded near the 3� end
of the �3.4-kb PAR-SN transcript (30, 31, 36), downstream of the
three edited Alus we identified. Interestingly, it has been suggested
that HBII-52 may negatively regulate editing of the serotonin 2C
receptor mRNA by ADAR, by base-pairing to the edited region
(34). If editing influences processing of snoRNAs in the PWS�AS
region, and if these snoRNAs regulate editing of ADAR substrates,
it suggests that ADARs regulate themselves by facilitating the
processing of inhibitory snoRNAs.

Do Stem-Loops in Noncoding Regions Activate Other dsRNA Pathways?
dsRNA-binding proteins (dsRBPs) are not sequence-specific, and
thus, the long double-stranded regions we observe may interact with
other dsRBPs, in addition to ADARs. For example, in mammalian
cells, the structured regions could activate the dsRNA-dependent
protein kinase (PKR) to trigger phosphorylation of the � subunit
of eiF2 and inhibition of protein synthesis (reviewed in ref. 37).
Similarly, the base-paired regions could bind dsRBPs involved in
the RNA interference (RNAi; ref. 38) pathway and trigger gene
silencing. In these scenarios, deamination of the dsRNA by ADARs
could provide further regulation by modulating the RNA structure
and sequence.
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