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Functional analysis of the Plasmodium falciparum genome is re-
stricted because of the limited ability to genetically manipulate this
important human pathogen. We have developed an efficient
transposon-mediated insertional mutagenesis method much
needed for high-throughput functional genomics of malaria par-
asites. A drug-selectable marker, human dihydrofolate reductase,
added to the lepidopteran transposon piggyBac, transformed par-
asites by integration into the P. falciparum genome in the presence
of a transposase-expressing helper plasmid. Multiple integrations
occurred at the expected TTAA target sites throughout the genome
of the parasite. We were able to transform P. falciparum with this
piggyBac element at high frequencies, in the range of 10�3, and
obtain stable clones of insertional mutants in a few weeks instead
of 6–12 months. Our results show that the piggyBac transposition
system can be used as an efficient, random integration tool needed
for large-scale, whole-genome mutagenesis of malaria parasites.
The availability of such an adaptable genetic tool opens the way
for much needed forward genetic approaches to study this lethal
human parasite.

malaria � mutagenesis � transposon

Malaria is a deadly infectious disease, annually causing
clinical illness in 400–600 million people and killing 2–3

million (1). Caused by several different Plasmodium species,
malaria remains endemic in many tropical and temperate cli-
mates. The most severe effect results from infections of P.
falciparum in the children of subSaharan Africa. Traditional
measures to control malaria are becoming increasingly ineffec-
tive because of widespread resistance to many of the available
antimalarial drugs and insecticide resistance in the mosquito
vectors of the parasite (2–5). There is an urgent need for the
development of new drugs and vaccines to reverse a progressive
resurgence in malaria morbidity and mortality. Better under-
standing of the biology of malaria parasites is essential for the
development of new interdiction therapies and their efficient use
for long-lasting control of this insidious disease.

Application of new technologies has produced a wealth of
information in recent years about the genomes, proteomes, and
other aspects of the basic composition of the malaria parasites.
Many aspects of the parasites’ biology can be inferred through
these approaches, and, yet, our ability to use this new informa-
tion to reveal the complex biology of Plasmodium has been
painstakingly slow because of the lack of robust and user-friendly
molecular genetic tools. Manipulating the Plasmodium genome
has been a great challenge because of the very low efficiency of
transfection of this parasite, estimated to be �10�6 (6). Gene-
targeting to identify gene functions is a cumbersome process
hindered by the need to build individual targeting plasmids for
each homologous recombination and requires a lengthy (6–12
months) selection process to isolate clones of transformed
parasites with the desired genome integrants (7–10). Further
complicating this process in P. falciparum is the tendency of the
parasite to maintain extracellular plasmid DNA as stable self-
replicating episomal concatamers (11).

Transposable elements have been widely used as tools to
manipulate genomes ranging from different microbes to higher
invertebrates like Drosophila, mammals, and even plants. Trans-
posable elements do not occur naturally in many lower eu-
karyotes, including Plasmodium (12). So far, efficient transpo-
son-mediated random mutagenesis in parasitic protozoa has
been reported only in Leishmania (13). There has been one
report of transposition in Plasmodium using the Drosophila
mariner transposable element, but the transposition events oc-
curred at a very low frequency independent of transposase and
with only two integrations in the same locus (14).

The piggyBac transposable element is derived from the cab-
bage looper moth Trichoplusia ni and is a member of the
TTAA-target site-specific class of transposable elements (15–
18). piggyBac is a class II transposable element that exclusively
targets the tetra nucleotide target site TTAA and always inserts
and excises in a precise manner. piggyBac-based transposon
vectors have been widely used to manipulate genomes of various
invertebrate species, and piggyBac is currently the preferred
vector of choice for enhancer trapping, gene discovery, and
identifying gene function in Drosophila, other insects, and mam-
mals (19–24). The attribute of piggyBac to nonpreferentially
integrate into the genome of Drosophila has made it more
attractive than the popular P-element, which seems to have
preferential hot spots for insertion in untranslated 5� regulatory
sequences (20). In this report, we tested piggyBac’s ability to
integrate into the P. falciparum genome to assess its potential for
use as a high-throughput tool to manipulate a genetic system that
has been otherwise difficult to manipulate.

Methods
Genomic DNA Extraction. P. falciparum genomic DNA was isolated
from blood-stage parasites by using a standard phenol�
chloroform method. Briefly, parasite cultures were lysed in
0.15% saponin in TSE (50 mM Tris, pH 8.0�50 mM EDTA�100
mM NaCl), incubated for 30 min at 37°C, and washed twice in
TSE. The DNA-containing pellet was resuspended in TSE
containing 2% SDS and proteinase K (100 �g�ml) and incubated
at 37°C overnight. Extraction was performed twice in phenol�
chloroform (1:1) and once in chloroform. DNA was precipitated
from the aqueous phase with 3 M sodium acetate (1�10 vol) and
ice-cold 100% ethanol (2 vol), allowed to incubate (5 min at
�20°C), centrifuged (12,000 � g with no brake), and washed
twice with 70% ethanol. The pellet was air-dried and resus-
pended in TE (10 mM Tris�HCl, pH 8.0�1 mM EDTA).

PCR Amplification and Cloning. A 1.8-kb fragment 5� to the coding
sequence of hsp 86 was amplified from P. falciparum 3D7 clone
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by using primers 5�-taaatggtaccTTGATATATTTTTA-
GATATATGGAT-3� and 5�-TCCGTATGCATTTTATTC-
GAAATGTG-3�. The PCRs using standard reagents were sub-
jected to 35 cycles of 15 s at 94°C, 30 s at 45°C, and 2 min at 65°C.
A 1-kb fragment 3� to the coding sequence of hsp 86 was
amplified from P. falciparum 3D7 by using primers 5�-
ataggtaccGGATTTATATAATATATTTATG-3� and 5�-
ataaagcttATTAAGGAAACAAAATGAAAG-3�, and the
PCR conditions were 35 cycles of 15 s at 94°C, 30 s at 41°C, and
1 min at 65°C. Both PCR products were then cloned into the
vector pCR2.1 by using the TOPO TA-cloning kit (Invitrogen).

Plasmid Constructs. pXL-BACII-DHFR contained the human
dihydrofolate reductase (hdhfr) coding sequence under the con-
trol of 5� calmodulin and 3� histidine-rich protein-2 was excised as
a 2.2-kb BglII-EcoRI fragment from the plasmid pHH1 (25) and
cloned between the inverted terminal repeats of the piggyBac
element in the vector pXL-BacII (26).

pHTH, the piggyBac transposase coding sequence, was cut
from the vector p32 as a BamHI fragment, cloned downstream
of 5� hsp86 in pCR2.1, and screened for the right orientation. 3�
hsp86 was cut out as a HindIII fragment from pCR2.1, cloned
downstream to the transposase coding sequence, and screened
for the right orientation to complete the helper plasmid.

Parasite Culture, Transfection, and Selection of Transformed Para-
sites. The NF54 clone of P. falciparum was obtained from the
Naval Medical Research Center and maintained in culture
according to standard methods at 37°C and gassing (5% O2 and
5% CO2, nitrogen balanced) with 5% hematocrit in RPMI
medium 1640 supplemented with 0.5% Albumax I (Invitrogen),
0.25% sodium bicarbonate, and 0.01 mg�ml gentamicin. Human
RBCs were obtained from the Indiana Blood Bank and were
washed three times with RPMI medium 1640, resuspended to
50% hematocrit, and stored at 4°C.

Transfection of P. falciparum NF54 was achieved by parasite
invasion of plasmid DNA-loaded RBCs (27). For plasmid DNA
loading, 250 �l of processed RBCs were washed once with 250 �l
of incomplete cytomix and combined with the desired amount of
plasmid DNA and incomplete cytomix to a final volume of 400 �l.
The mixture was transferred to a 0.2-cm cuvette (Bio-Rad), chilled
on ice, and electroporated by using a Bio-Rad Gene Pulser II and
standard conditions of 0.31 kV and 950 �F capacitance. The RBCs
were loaded with either 100 �g each of plasmids pXL-BacII-DHFR
and pHTH (experiment 1) or with 100 �g of pXL-BacII-DHFR
and 50 �g of pHTH (experiments 2–8).

To ensure parasite invasion of only loaded RBCs, late-stage
parasites were purified from culture by passage through a MACS
magnetic column (Miltenyi Biotec). In brief, 20 ml of parasite
culture at 5–10% late-stage parasitemia was passed through the
MACS column with a magnet attached. The column was washed
with 30 ml of incomplete RPMI medium 1640 to remove
uninfected RBCs and early-stage parasites. The column was
removed from the magnet, and the late-stage parasites still
bound to the column were eluted in 20 ml of incomplete RPMI
medium 1640 and pelleted by centrifugation at 1,250 � g for 5
min without brakes. The pellet was washed once with complete
media and resuspended in 1 ml of complete media. In experi-
ments 1 and 2, transfections were initiated in a 5-ml culture
volume with 2 � 105 parasites, and, after 48-h posttransfection,
2.5 nM WR99210 was added to the culture, and the parasites
were maintained in the drug until the reappearance of parasites
in Giemsa-stained smears. Experiments 3–6 were initiated in a
200-�l culture volume of a 96-well microtiter plate with 2 � 103

parasites. Experiments 7 and 8 were initiated in a 5-ml culture
volume with 1 � 105 parasites. For experiments 3–8, 2.5 nM
WR99210 was added to the culture after four generations of
growth. After the parasites reappeared in Giemsa-stained

smears, the concentration of WR99210 was increased to 5 nM,
and genomic DNA was extracted from drug-resistant parasites
for Southern blot hybridizations.

Limiting Dilution of Parasite Clones and Parasite Lactate Dehydroge-
nase Assay. Drug-resistant parasites were cloned by limiting
dilution at 0.5 and 0.25 parasites per well in a 96-well plate.
Parasitemia was counted by Giemsa-stained smears, and par-
asites were diluted in RPMI medium 1640, such that there were
10 parasites per �l. For each plate, 500 parasites were mixed
with 19.2 ml of RPMI medium 1640 and 0.8 ml of 50%
hematocrit. 200 �l of this mixture were added to each well in
a 96-well plate to obtain a final dilution of 0.5 parasite per well
at 2% hematocrit. Similarly, 250 parasites were used as above
to obtain a dilution of 0.25 parasite per well. The culture
medium was changed and 0.4% hematocrit added on day 7 and
day 14. On day 17, the presence of parasites was detected by
a parasite lactate dehydrogenase assay (28). Brief ly, 20 �l of
parasite culture was lysed by freeze-thawing three times, and
100 �l of Malstat reagent (Flow Laboratories) was added. Ten
microliters of 1 mg�ml nitroblue tetrazolium (Sigma) and 10
�l of 2 mg�ml diaphorase (Sigma) were added to the mixture.
The mixture was incubated at room temperature for 20 min,
and wells positive for parasites were identified by colorimetric
analysis.

Southern Blot Hybridization. Genomic DNA (2 �g) extracted from
transformed parasites was digested with 10 units of EcoRI over-
night and separated on a 0.8% agarose gel. The DNA was depuri-
nated in 0.25 M HCl, denatured in 0.5 M NaOH�1.5 M NaCl,
neutralized in 500 mM Tris�HCl, pH 7.6�1.5 M NaCl and blotted
overnight to a nylon membrane. The blot was then hybridized to
32P-labeled hdhfr, washed three times in 2� SSC�0.5% SDS (1�
SSC�0.15 M sodium chloride�0.015 M sodium citrate, pH 7.0) for
15 min, and exposed to a Kodak photographic film at �80°C to
visualize the hybridized fragments.

Inverse PCR and Sequencing. piggyBac insertion sites in trans-
formed parasites were identified by using an inverse PCR
technique (29). Genomic DNA (1 �g) from drug-resistant
parasite populations was digested overnight with 10 units of
Sau3AI or RsaI, precipitated with 2 vol of ethanol and 1�10 vol
of 3 M sodium acetate, and self-ligated in a 100-�l reaction. The
ligation reaction was precipitated as above and resuspended in
20 �l of ddH20. The Sau3AI-digested, self-ligated fragments
were digested with 10 units of TseI to remove the episomal
fragments. The inverted terminal repeat (ITR) 2 insertion sites
of piggyBac element were identified by using 1 �l of the
Sau3AI�TseI-digested or RsaI-digested ligation reaction as a
template for the inverse PCR (35 cycles of 94°C for 30 s, 45°C for
30 s, and 65°C for 2 min) with one of the sense primers
5�-AGATGTCCTAAATGCACAGCGAC-3�, 5�-CTCCA-
AGCGGCGACTGAG-3�, or 5�-CATTGACAAGCACGCCT-
CAC-3� and one of the antisense primers 5�-GTCAATGCGG-
TAAGTGTCACTGA-3�, 5�-GTAAGTGTCACTGATTTT-
GAACTATAACG-3�, or 5�-GACGCATGATTATCTTT-
TACGTGAC. The PCR products were cloned into pGEM
T-Easy vector (Promega) and sequenced by the dideoxy nucle-
otide chain termination method by using M13 forward and
reverse primers in a Beckman CEQ 8000 sequencer.

Sequence Analysis and Identification of Insertion Sites. The se-
quences obtained by sequencing inverse PCR products were
analyzed by using MACVECTOR software (Accelrys, San Diego),
and the insertion sites in the genome were identified by per-
forming a BLAST search using the PlasmoDB database (30).
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PCR for Confirmation of ITR1 Insertion. To confirm the complete
insertion of the piggyBac element into the P. falciparum genome,
locus-specific primer for each insertion was used in a PCR
reaction with one of the antisense primers 5�-AGATCTCCTA-
AATGCACAGCGAC-3�, 5�-CCTCGATATACAGACCG-
ATAAAAC-3�, or 5�-GTTTGTTGAATTTATTATTAGTA-
TGTAAGT-3�. The locus-specific primers for the insertions
were ‘‘a,’’ 5�-GTTTGTATGTATGTGTGTTTGTTTC-3�; ‘‘c,’’
5�-GGGAAATTATAAAATGGATTATAGG-3�; ‘‘d,’’ 5�-
CCTTTATGAATGCCGCAAC-3�; ‘‘e,’’ 5�-ATGGGATCCAC-
CATATGTATAACC-3�; ‘‘f,’’ 5�-GGACGGGCTAATATCCT-
TACG-3�; and ‘‘i,’’ 5�-CTTGATGGAAAAATGATAGGATC-
3�. The conditions for the PCR were 35 cycles of 94°C for 15 s,
45°C for 30 s, and 65°C for 1 min. The PCR products were cloned
into the pGEM T-Easy vector and sequenced to confirm the
presence of ITR1 and duplication of the target site TTAA.

Results
Design of the piggyBac Transposon and Helper Plasmids for Use in
P. falciparum. A minimal piggyBac transposon vector, pXL-BACII-
DHFR, was created by cloning the hdhfr coding sequence under the
control of Plasmodium 5� and 3� regulatory elements of calmodulin
and histidine-rich protein-2, respectively, in the plasmid vector

pXL-BACII (26). This drug-resistance cassette, widely used for
malaria parasite transformation by targeted homologous recombi-
nation, was flanked by the 3� ITR1 and the 5� ITR2 of the piggyBac
element (Fig. 1A). The ITRs are oriented such that, upon trans-
position, they will carry the drug-resistant cassette into the Plas-
modium genome without any of the plasmid backbone. A helper
plasmid, pHTH, was created by cloning the piggyBac transposase
coding sequence under the control of hsp 86 regulatory elements to
mobilize the piggyBac element in the erythrocytic stages of P.
falciparum (Fig. 1B). Intended only for transient transfection, this
helper plasmid contained no selectable marker.

piggyBac Transformation of P. falciparum Is Rapid and Efficient.
Mature blood-stage P. falciparum NF54 parasites were purified
by isolation on a magnetic column (Miltenyi Biotec) (31). The
purified parasitized erythrocytes were cultured in RBCs loaded
with plasmids pXL-BACII-DHFR and pHTH (Fig. 1C), where-
upon parasites spontaneously acquired plasmids from the eryth-
rocytes (27). Parasites were transfected by using three different
protocols to optimize the conditions required for efficient
transformation. In protocol A (experiments 1 and 2), parasites
were grown in 5-ml culture volume for one generation before
selection with WR99210. In protocol B (experiments 7 and 8),

Fig. 1. Plasmid design and procedure for piggyBac transformation of P. falciparum. (A) pXL-BACII-DHFR, a piggyBac transposon vector for transformation of P.
falciparum, was created by cloning the hdhfr coding sequence under the control of 5� calmodulin and 3� histidine-rich protein-2 into the minimal piggyBac vector
pXL-BACII. The hdhfr cassette was excised from the vector pHH1 as a 2.2-kb EcoRI�BglII fragment and cloned into pXL-BacII, such that it is flanked by the piggyBac ITR
1 and ITR 2. (B) The pHTH helper plasmid was constructed by cloning the piggyBac transposase coding sequence under the control of P. falciparum 5� and 3� hsp 86
sequences. piggyBac transposase expressed in the blood stages of P. falciparum will catalyze the transposition of the piggyBac element from the vector pXL-BACII-DHFR
into the P. falciparum genome. (C) Schematic representation of the procedure used to transform P. falciparum. Mature blood-stage parasites were purified by passage
through a magnetic column (Miltenyi Biotec) and reintroduced into culture with erythrocytes preloaded by electroporation with plasmids pXL-BacII-DHFR and pHTH.
After one to four generations of growth in the preloaded erythrocytes, parasites were selected with 2.5 nM WR99210 until drug-resistant parasites emerged in culture.
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parasites were grown in 5-ml culture volume for four generations
before drug selection. In protocol C (experiments 3–6), parasites
were grown in a 96-well plate in a low culture volume for four
generations before drug selection. Southern blot hybridizations
were performed on the drug-resistant populations obtained
from these eight different experiments by using a hdhfr probe.
Novel hybridization bands were detected in the parasite popu-
lations, in addition to the episomal band, indicating multiple
unique integrations of the piggyBac element into the genome
(Fig. 2A). The average transformation efficiency of piggyBac was
highest for protocol C, in the range of 10�3 (Table 1). As
expected, there was no evidence for piggyBac insertions in the
absence of the helper plasmid (data not shown).

Insertions Are Stable. To test the stability of piggyBac integrations in
the genome, parasites from populations 1 and 2 were cloned by a
limiting-dilution method (32). Southern blot hybridizations with a
hdhfr probe identified clones with integrations into the genome.
Clones A1, B8, B12, C12, and F4, derived from population 1,
appeared to have the same integration ‘‘a,’’ whereas clones B4 and
G5, derived from population 2, had two different integrations, ‘‘b’’
and ‘‘c’’ (Fig. 2B). These clones were maintained in culture for �20
generations in the absence of the helper plasmid. The integrated
piggyBac cassette was stable in all of the clones (data not shown),

thereby ruling out any endogenous transposase activity as reported
for mariner (14).

piggyBac Integrations Are TTAA-Site-Specific. The sites of integration
in the transformed populations were identified by inverse PCR
analyses performed using inverted oligonucleotide primers within
the ITR2 arm of the transposed piggyBac element (29). From the
multiple integrations obtained in the transformed populations, we
isolated and identified 10 different insertion sites. These insertions
were identified with ease because they represented the predomi-
nant population in each transfection experiment (Fig. 2A). Se-
quence analysis of these 10 insertions confirmed a consensus
TTAA-site-specific integration of the piggyBac element into the
parasite genome, as expected for authentic transposition (Fig. 3).
Integration of the ITR1 of the piggyBac element was confirmed in
separate PCR reactions using locus-specific primers and a primer in
the ITR1 of piggyBac. Sequence analysis confirmed the expected
TTAA duplication at the ITR1 end of the insertion for all inte-
grations, except for integrations b, g, h, and i, because of the AT-rich
repeat regions in those sequences. Instead, we confirmed the
complete integration of the DHFR cassette in these populations by
Southern hybridization restriction fragment length polymorphism
analysis (data not shown).

Six insertions (c, f, g, h, i, and j) were in the 5� region of the
closest ORFs. Insertions c, i, and j were located �1,000 bp 5� to
the nearby ORF, whereas insertions f, g, and h were �300 bp, 350
bp, and 500 bp upstream, respectively. Insertions a, d, and e were
100 bp, 150 bp, and 465 bp downstream of the closest ORFs,
respectively. Insertion b was �100 bp downstream of the start
codon of a hypothetical asparagine-rich protein (PFD0200c),
thereby disrupting the putative ORF of this gene. Further
analysis is needed to characterize the effects of these insertions
on gene expression in these transgenic parasite lines. The 10
identified insertions were widely dispersed on different chro-
mosomes throughout the genome of the parasite, consistent with
random selection of the TTAA-target insertion sites (Fig. 3).

Discussion
Genome sequencing of P. falciparum is almost complete, but many
genes have unknown functions with no homologue in other species.
Therefore, it is imperative that functional genomic studies are
carried out with this important pathogen. Overcoming our limited
ability to genetically manipulate this organism is vital so that
progress can be made in understanding the parasite’s unique
biology. Sophisticated genetic procedures similar to what is avail-

Fig. 2. Confirmation of piggyBac integration in the P. falciparum genome. (A) Parasite genomic DNA was digested with EcoRI, and Southern blot hybridization
using a hdhfr probe identified unique piggyBac hybridization bands from parasites cotransfected with pXL-BACII-DHFR and pHTH. In experiments 1 and 2,
parasites were transfected with plasmids pXL-BACII-DHFR and pHTH, in 1:1 and 2:1 ratios, respectively, and the parasites were maintained for one generation
in plasmid-loaded erythrocytes before selection with WR99210. In the other experiments (3–8), parasites were transfected with the plasmids in a 2:1 ratio and
maintained in culture for four generations before selection with WR99210. Transfections for experiments 1, 2, 7, and 8 were initiated in a 5-ml culture volume,
and, in experiments 3–6, transfections were performed in 200-�l cultures in a 96-well plate. After Southern blot hybridization, the episomal band was seen as
a 6.2-kb fragment. The identified piggyBac integrations are indicated by letters. (B) Southern blot hybridization analysis of individual clones obtained from
populations 1 and 2 identified clones with different sites of integrations. Clones A1, B8, B12, C8, and F4 appear to have the common insertion ‘‘a’’ and are likely
to be of the same origin. Clone B4 and G5 have dissimilar sites of integration, ‘‘b’’ and ‘‘c.’’

Table 1. piggyBac transformation efficiency in P. falciparum

Protocol
Parasite
number

Generations in
loaded RBCs

Insertions
obtained

Transformation
frequency

A 4 � 105 1 3 7.5 � 10�6

B 2 � 105 4 8 4 � 10�5

C 8 � 103 4 9 1.1 � 10�3

piggyBac transformation frequency in P. falciparum was calculated as the
number of insertions obtained in the genome divided by the number of
parasites in the starting culture used for transfection. These results are sum-
marized from eight different experiments. Protocols A and B include two
experiments each using 5-ml cultures in flasks, whereas protocol C summa-
rizes results from four experiments using 200-�l cultures in 96-well microtiter
plates. The parasites in protocol A were grown for one generation in plasmid-
loaded RBCs before applying drug, whereas in protocols B and C transfected
parasites were grown for four generations. As anticipated, these preliminary
results indicate that higher rates of transformation were achieved by longer
exposures to the transposase (protocols B and C). Unexpectedly, fewer para-
sites in a transfected culture yielded higher transformation efficiency.
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able for model organisms are needed to employ forward genetic
approaches to characterize phenotypes by producing random gene
mutations. Genome-wide insertion of transposable elements will
provide one such powerful tool to study gene function by allowing
large-scale mutagenesis experiments. The high efficiency of the
piggyBac transposition system in other organisms (20, 22, 33–35)
and the lack of an efficient transposon-based mutagenesis system
for Plasmodium led us to test the efficacy of this system in
P. falciparum.

Parasites were transformed by using three different protocols to
identify optimum conditions for piggyBac transformation. As ex-
pected, piggyBac transformation efficiency was higher when the
parasites were grown longer in plasmid-loaded RBCs, probably
because of more efficient uptake of plasmids. Unexpectedly, the
transformation frequency was highest when using fewer parasites in
low culture volume. Insertions of hdhfr-tagged piggyBac trans-
posons were obtained throughout the genome at high transforma-
tion efficiencies in multiple experiments. These insertions occurred
only in the presence of the piggyBac transposase and were stable for
many generations, confirming the utility of piggyBac mutagenesis
for functional genomic analyses of P. falciparum and other malaria
parasites. Our strategy adapted targeted gene-disruption tech-
niques that have evolved for targeted gene disruption in malaria
parasites. The established approaches confer drug resistance to
otherwise lethal antimalarial compounds through the introduction
into the parasites of selectable markers such as hdhfr (36–38).
Gene-specific targeting sequences that normally flank the drug-
selection cassette were replaced by the minimal inverted terminal
repeats of piggyBac, which are necessary for mobilization of the
transposable element (26, 39). Because mobility of the piggyBac
transposon depends on the presence of its transposase, another
critical component needed for transposon-mediated transforma-
tion was the development of transposase-expressing helper plasmid.
The coding sequence for piggyBac transposase was placed in a

separate plasmid under the control of Plasmodium regulatory
sequences to facilitate stable expression during blood-stage parasite
development. By using this system, transformed parasites emerge
�3 weeks after transfection, and the efficiency was significantly
better than for methods currently in use. Furthermore, our piggy-
Bac-mediated transformation protocols were easily adapted to a
96-well microtiter plate with conditions compatible with large-scale
genetic screening, corroborating the ability of the piggyBac element
to insert in the P. falciparum genome with relative ease and high
efficiency.

The P element is widely used for transposon-mediated insertional
mutagenesis of the D. melanogaster genome. Although this trans-
poson preferentially inserts in the 5� regulatory regions of genes, it
effectively disrupts expression where it inserts and has been an
extremely valuable genetic tool for functional characterization of
the fruitfly genome (40). However, because of this bias in insertion-
site preference, it is estimated that 150,000 insertions may be
required to achieve �90% disruption of all fly genes by using the
P element (41). Nevertheless, a similar rate of targeting efficiency
is calculated for Agrobacterium T-DNA insertions in the Arabidopsis
genome, in which insertion is totally random. Strong AT bias in
noncoding regions of the P. falciparum genome (42) may affect
where piggyBac insertion occurs, so we analyzed the distribution of
the TTAA target sites in the P. falciparum genome to determine the
likelihood and placement of piggyBac insertions within the tran-
scribed portion of the parasite’s genes. We estimate the P. falcipa-
rum genome to have 311,155 TTAA sites with 124,733 (40.5%)
appearing in EST sequence databases of P. falciparum, potentially
giving us �20 targets in each gene (42, 43). Because not all
integrations will be equal in effect, implementation of high-
throughput screening methods will likely be needed to achieve
optimal gene identification when using piggyBac-mediated mu-
tagenesis in forward genetic applications, such as phenotype
screens. Clearly, data from our current study demonstrates that
piggyBac-mediated mutagenesis can be used readily in large-scale
genetic screens needed to identify interesting phenotypes.

A potential limitation of this initial methodology in relying on
mobilization of the transposon in the blood-stage development
may be the inability to modify genes that are essential for the
parasite in this stage. Based on the high number potential
insertion sites within each gene, we can speculate that there may
be a spectrum of loss-of-function effects, depending on the
location of the insertion site. However, this limitation can be
easily overcome by mobilizing piggyBac in the other life-cycle
stages of the parasite. Because piggyBac mobilization depends on
transposase expression by the helper plasmid, the current helper-
plasmid design can be easily modified for transposase expression
in sexual-stage or liver-stage development by changing the
regulatory sequences. Generally, the transposable element and
the helper plasmid can be modified without difficulty for a
variety of whole-genome applications, from promoter trapping
to epitope tagging. Probably one of the most valuable applica-
tions will be stable transgene-expressing parasite clones.

Here, we have demonstrated that the piggyBac transposition
system is an important genetic tool for manipulation of the
P. falciparum genome. With this report of high-efficiency trans-
position in this deadly human pathogen and an efficient inte-
gration system, many genetic strategies that have eluded Plas-
modium researchers will now be feasible. The ability of the
piggyBac transposon mutagenesis system to be used for large-
scale mutagenesis of P. falciparum will provide new insight into
the complex biology of the malaria parasite to greatly accelerate
efforts to develop intervention strategies.
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Fig. 3. Identification of piggyBac integration sites in the P. falciparum
genome. Inverse PCR analysis was used to identify the piggyBac 5� TR insertion
sites. Briefly, genomic DNA from drug-resistant populations were digested
with either Sau3AI or RsaI and self-ligated in a dilute reaction. Sau3AI self-
ligated fragments were digested with TseI to remove the episomal fragment.
The remaining self-ligated fragments were used as templates in an inverse PCR
to identify sites of integration into the genome. Sequence analysis identified
nine different sites of integration in eight different chromosomes, suggesting
a genome-wide insertion of piggyBac. As expected, the piggyBac element had
inserted in a TTAA target sequence in all of the analyzed clones. PCR analysis
was then performed by using a genomic primer at each insertion site and a
primer in ITR1 to confirm that the insertion of the piggyBac element was
complete. Further sequence analysis confirmed the insertion of piggyBac ITRs
into a TTAA target sequence that resulted in the duplication of the target site
in the genome. The italicized sequences in insertions b, g, h, and i were
confirmed by Southern blot hybridization analyses (data not shown).
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