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To get an insight into Borna disease virus (BDV) epidemiology, an isolated flock of approximately 25 sheep
within the region of Southeast Germany to which the disease is endemic was investigated over a 3-year
observation period. BDV-specific antibodies and RNA in peripheral blood mononuclear cells were detected in
12.5 (year 1), 11.5 (year 2), and 19.4% (year 3) and 1.6 (year 1), 0 (year 2), and 14.9% (year 3) of the animals,
respectively. BDV persisted in asymptomatic sheep for up to 2 years. Significantly higher numbers of antibody-
positive animals were detected seasonally in spring and early summer, the times when usually most of the
clinical cases of Borna disease occur. In spring of the third year, numbers of antibody-positive and viral-RNA-
positive animals increased significantly despite their having no obvious clinical symptoms. The removal of all
antibody- and RNA-positive animals from the flock did not reduce the prevalence of BDV infections in the
following year. During a 3-month observation period of three antibody-positive animals, viral RNA was
repeatedly detected by reverse transcription-PCR in nasal secretions, saliva, and conjunctival fluids. Sequence
analysis revealed clustered nucleotide exchanges among sheep BDV p24 genomes, which differed at five
positions from the clustered nucleotide exchanges seen in horse BDV p24 genomes.

Borna disease virus (BDV) is an unsegmented negative-
strand RNA virus that causes a nonpurulent encephalomyelitis
leading to neurologic and behavioral abnormalities in several
vertebrate species, including horses, sheep, cattle, goats, rab-
bits, cats, and dogs (16, 28, 47). Due to the unique genetic and
biological features which involve replication and transcription
in the nucleus, RNA splicing, and overlap of open reading
frames and transcription units (13, 14, 39), BDV was classified
in a new family, Bornaviridae, within the order Mononega-
virales.

Clinical disease in sheep reminiscent of Borna disease (BD)
in horses was first reported by Walther at the end of the last
century (46). Subsequent infection experiments using brain
homogenates from diseased sheep caused inflammatory reac-
tions and clinical symptoms in rabbits (3). Since then, BDV
infections in sheep were reported from Germany, Switzerland,
Lichtenstein, Italy, China, and Japan (11, 19, 20, 28, 33, 45).
Naturally occurring BD, however, still seems to be confined to
certain areas of central Europe to which it is endemic, despite
the unrestricted trade of animals. In these areas, BD in sheep
is diagnosed mainly with a seasonal accumulation of diseased
animals between March and September, a feature that has not
changed since the beginning of the last century (11, 16; T.
Vahlenkamp, A. Konrath, and H. Müller, unpublished data).
The number of diseased animals differs each year, but no
correlation between the numbers of diseased horses and sheep
has been seen in disease-endemic areas (16). Clinical signs vary
from behavioral changes to severe neurological disorders re-
flecting the inflammatory reactions in the CNS. BD symptoms
generally begin with a short prodromal stage of depression and

anorexia. This is followed by overt disease, characterized by
somnolence, ataxia, dysphagia, and multiple neuronal deficits.
Some sheep recover from these disease signs (32), but usually
the course of the disease is progressive over 1 to 3 weeks and
affected animals are euthanatized because of their poor prog-
nosis. Animals of all age groups acquire the disease. Histolog-
ical and immunohistochemical investigations of brains were
performed from naturally (10, 33) and experimentally (3, 22,
29, 31) infected animals. Postmortem investigation of naturally
infected sheep showed that CD4� and CD8� cells are found in
the perivascular, parenchymal, and meningeal infiltrates. In
general, CD4� cells outnumber CD8� cells in perivascular
infiltrates, whereas CD8� cells spread more readily into the
neuroparenchyma. Macrophages and B cells are less often
seen (10). Despite great variations in the degree of inflamma-
tory reactions, the immunopathogenesis of BD in naturally
infected animals seems to be caused by a T-cell-dependent
immune reaction which has also been documented in experi-
mentally infected mice and rats (4, 17, 26, 34).

BDV epidemiology is not well understood. This includes the
mode of transmission, virus reservoirs, persistence of the in-
fection, and seasonal occurrence of the disease (16, 28, 42).
The majority of naturally acquired infections remain clinically
unapparent. In horses, antibody prevalence among healthy an-
imals in Germany has been reported to be approximately 10%,
which increases to more than 20% in areas to which the disease
is endemic (24, 37). Infectious virus has been reported to be
incidentally isolated from nasal and lacrimal secretions as well
as saliva of diseased horses, and the presence of viral RNA was
reported in these secretions in asymptomatic, antibody-posi-
tive horses (24, 38). In some stables repeated outbreaks of BD
are seen over several years, and sometimes numerous animals
in one stable develop BD within a period of months (10, 33).
Detailed epidemiologic studies with horses, however, are dif-
ficult to perform due to the frequent contacts between animals
during sportive competitions and trade.
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We performed a 3-year follow-up study with an isolated
flock of sheep located within a BDV-endemic region. Investi-
gating the prevalence of BDV-specific antibodies and RNA in
the peripheral blood, we found seasonal activations of BDV
infections in spring and early summer. Persistently infected,
asymptomatic animals were found to shed BDV in nasal and
conjunctival fluids as well as saliva, but not in urine, as deter-
mined by reverse transcription-PCR (RT-PCR). The removal
of all antibody- and RNA-positive animals from the flock after
the second year of observation did not reduce the prevalence
of BDV infections in the following year. Analysis of the BDV
genome sequence derived from the brains of diseased sheep
revealed high homologies to the BDV reference strains V and
He/80, both originally derived from horses with BD. Clustered
nucleotide exchanges in brain-derived sheep BDV p24 se-
quences, however, differed at several positions from the clus-
tered nucleotide exchanges in horse-derived BDV p24 se-
quences.

MATERIALS AND METHODS

Animals. The flock consisted of approximately 25 moorland sheep (breed:
Heidschnucke). The year before the study started, six animals of the flock died
due to immunohistochemically confirmed BDV infections. During the entire
observation period of 3 years, the animals were kept on the farm without contacts
with other animals known to be susceptible to BDV infection. During winter the
animals were kept indoors with hay and concentrated food. The latter was given
supplementarily over the entire breeding season. During spring and summer, all
animals were kept on three grazing paddocks directly adjacent to the farm. No
foreign livestock was brought into the flock. One male animal was kept within the
flock for natural reproduction. Lambs were usually slaughtered at 5 to 6 months
of age. In total, seven or eight blood samples were taken from 18 to 26 animals
each in the months of May, July, and October. We investigated in total 15 lambs
born to serologically positive mothers (animals no. 2, 12 [first year], 7, 10, 19, 24,
25, and 26 [3rd year]) and four lambs born to viral RNA-positive mothers
(animals no. 14, 18, and 19 [third year]) for the presence of antibodies and viral
RNA in the blood. In order to investigate whether the removal of all antibody-
and RNA-positive animals from the flock reduced the prevalence of BDV in-
fections in the following year, we removed these animals after the second year of
observation.

Detection of BDV-specific antibodies. Blood samples were investigated for the
presence of BDV-specific antibodies using an indirect immunofluorescence assay
(IFA) (23). Serum dilutions were reacted with acetone-fixed infected and unin-
fected Madin-Darby canine kidney (MDCK) cells. Cells were analyzed by fluo-
rescence microscopy for specific intranuclear reactions. Antibody titers of �20
were defined as positive. A flock of 45 healthy sheep with no history of BD was
investigated prior to the study to verify the IFA. None of the sheep sera was
found positive for BDV-specific antibodies.

Virus isolation. Brain suspensions were prepared as described recently (17).
Briefly, brain sections were subjected to Dounce homogenization in Glasgow
modified Eagle’s medium containing 2% fetal calf serum as 10% (wt/vol) sus-
pensions. After three (15-s) ultrasonic pulses, the material was clarified by
centrifugation at 4°C for 10 min at 1,000 � g, and supernatants were stored at
�70°C. Coculture experiments were performed using rabbit embryonic brain
(REB) cells or oligodendroglia (oligo) cells. Tenfold dilutions of the homoge-
nized brain suspensions were cocultured with suspensions of REB or oligo cells.
Cells were cultured for 10 passages and analyzed for specific antigen after each
passage by IFA.

Isolation and detection of viral RNA. Swab samples taken from the eyes, nose,
and saliva were immediately stored in guanidinium isothiocyanate. RNA was
extracted according to the method of Chomczynski and Sacchi (12). Brain sam-
ples were stored immediately at �70°C. RNA was isolated using the RNeasy
Mini kit (Qiagen) or according to the method of Chomczynski and Sacchi (12).
Blood (3 ml) was collected from the animals by jugular venipuncture using
EDTA. The isolation of RNA from at least 3 � 106 peripheral blood mononu-
clear cells (PBMC) was performed using the QIAamp RNA blood mini kit
(Qiagen).

The BDV p40-specific RT-PCR was performed as described recently (44). The
BDV p24-specific primers used to investigate the swab and urine samples were

BDV p24 s (5�-AGCTAGTGACGGAGCTGG-3�, nucleotides (nt) 1501 to 1518
[9]), BDV p24 as (5�-ATGCGCGGAGGTGCAGGA-3�, nt 1822 to 1805), BDV
p24 nested s (5�-CGCATCGAGGCAGGGTTTGA-3�, nt 1578 to 1597), and
BDV p24 nested as (5�-CGGCGGTTGATGCGTAGAGG-3�, nt 1773 to 1754).
Amplification was performed using the same temperature profile as described for
the BDV p40-specific primers (44). The sensitivity for both the BDV-p24-specific
(unpublished) and BDV-p40-specific (44) RT-PCR has been determined to be
between 1 to 10 RNA molecules by the use of in vitro-synthesized RNA stan-
dards from different laboratories. We performed the RT-PCR under strict con-
ditions, with local separation of RNA isolation, preparation of the reaction
buffers, amplification, and product analysis. Each RT-PCR was routinely
screened for contaminations using RT-dependent amplification controls as well
as negative reagent controls. All these controls remained negative. The samples
were coded and randomly analyzed at the end of each year.

Histological and immunohistochemical examination. Brain samples of the
euthanatized animals (bulbus olfactorius, frontal cortex, hippocampus, cerebel-
lum, and medulla oblongata) were fixed in 4% nonbuffered formalin and em-
bedded in paraffin. For microscopical examination, sections were stained with
hematoxylin-eosin. The presence of BDV antigen was investigated with the
peroxidase-antiperoxidase method using the monoclonal antibody Bo 18 and
rabbit polyclonal sera directed against recombinant BDV p24 and p40 antigens,
kindly provided by J. Richt (University of Giessen, Giessen, Germany).

In situ hybridization. Two digoxigenin-labeled probes were generated from
the genome sequence of animal no. 9. The BDV p24-specific probe (length, 195
bp) was amplified using BDV p24 nested s and BDV p24 nested as primers. The
BDV p40-specific probe (length, 280 bp) was generated using BDV p40 s (5�-
TTACGGGGAAAAGACGA-3�, nt 407 to 423 [9]) and BDV p40 as (5�-TTA
GTAGAGACAACACAAAGGAG-3�, nt 687 to 665) primers. Formalin-fixed
sections were treated twice with Roti-Histol (Roth, Karlesruhe, Germany) and
isopropanol. After rehydration, slides were treated for 15 min at 70°C with 2�
SSC (1� SSC is 0.15 M NaCl plus 0.015 M sodium citrate), incubated for 10 min
at 37°C with proteinase K (10 �g/ml in 50 mM Tris-HCl, pH 7.6), and washed
with aqua bidest. BDV p24- and p40-specific probes were resuspended in 10 �l
of herring sperm DNA (10 mg/ml) and 14 �l of formamide and mixed with
hybridization solution (86 �l of formamide, 40 �l of 20� SSC, 4 �l of 50�
Denhardt’s solution, 40 �l of 25� dextran sulfate, 2 �l of aqua bidest). After
denaturation for 10 min at 95°C, slides were hybridized overnight at 33°C. Slides
were washed twice with 2� SSC and once at 45°C with 0.1� SSC. After incu-
bation with buffer 1 (0.1 M Tris-HCl [pH 7.4], 0.15 M NaCl), slides were
equilibrated at 37°C in binding buffer (820 �l of buffer 1, 50 �l of 2% bovine
serum albumin, 30 �l of 10% Triton X-100). Slides were briefly rinsed with
binding buffer and incubated for 1 h at 37°C with alkaline phosphatase-conju-
gated antidigoxigenin diluted 1:100 in binding buffer. Slides were washed twice
with buffer 1 and once with buffer 2 (0.1 M Tris-HCl [pH 9.5], 0.1 M NaCl, 0.05
M MgCl2). nitroblue tetrazolium–5-bromo-4-chloro-3-indolylphosphate (Roche)
was subsequently used as the substrate.

Sequence analysis. The nucleotide sequence (3,694 bp; corresponding to nt 54
to 3747 of the reference strain V [9]) of the viral genome encoding BDV p40,
p10, p24, p16, and p56 genome regions derived from the brain of animal no. 9
was analyzed. Genome regions were amplified using the Titan One Tube RT-
PCR System (Roche) and cloned into the plasmid pCR 2.1-Topo (Invitrogen).
The nucleotide sequences were determined using an ABI PRISM 377 sequencer
(Perkin-Elmer). Sequence alignments were performed using DNA Star software.

Statistical analysis. The chi-square test for nonbalanced, observational data
was used to compare the antibody and viral RNA prevalences at the different
bleeding time points. Differences were considered significant at P values of
�0.05.

Nucleotide sequence accession number. BDV genome sequences determined
here were submitted to GenBank under the accession numbers listed in Tables
3 and 4.

RESULTS

Clinical signs. In July of the second year, animal no. 9
developed clinical signs of BD with ataxia being the most
prominent one. The animal was 15 months old and was eu-
thanatized after 1 week due to the rapid progression of the
disease. With the exception of this animal, none of the animals
irrespective of detectable antibodies in the plasma and/or viral
RNA in the PBMC showed clinical signs of BD. Also, animal
no. 2 did not show signs of BD. This animal showed an increase
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in titer of antibody within 2.5 months from 40 to 160 and was
also found to be positive for viral RNA in the PBMC in the
second bleeding.

Detection of BDV-specific antibodies. The prevalence of an-
tibodies among the animals in the three following years was
12.5, 11.5, and 19.4% with the highest titers of antibody being
160, measured in animals no. 2 and 24 (Table 1). The results
from October of the second year were not included, because
only selected animals were investigated. A significantly higher
number of antibody-positive animals (P � 0.031) were de-
tected in the samples taken in spring (May) and early summer
(July), the seasons in which most clinical cases are diagnosed,
than towards the ends of the years (October). In particular, in
May of the third year, the number of antibody-positive animals
was significantly higher (P � 0.005) than for all other bleed-
ings. Comparing the samples taken in May and July, three out
of four antibody-positive animals in the first year of observa-
tion showed an increase in antibody titer. In the third year of
observation, six out of nine animals showed a decrease in
antibody titer between the samples taken in May and those

taken in July. Among the lambs born to serologically positive
mothers and those born to viral RNA-positive mothers, only
one lamb born to antibody-positive animal no. 26 was antibody
positive beyond the third month of age.

Animal no. 12 remained serologically positive over two years
and was thereafter removed with animals no. 23 and 27 from
the flock to be analyzed for viral shedding. Animal no. 9 was
euthanatized due to BD. At the time point of euthanasia,
antibodies could not be detected in either serum or cerebro-
spinal fluid.

Detection of viral RNA. Similar to the high numbers of
antibody-positive samples in May and July, more positive RT-
PCR results were also obtained among the samples taken in
spring and early summer than among the samples taken in
October (Table 1). For the number of viral RNA-positive sam-
ples, however, this was not statistically significant (P � 0.13).
Interestingly, in May of the third year the number of viral
RNA-positive samples increased significantly (P � 0.001) com-
pared to all other bleedings. At this time point also the highest
number of antibody-positive animals were detected in the

TABLE 1. Follow-up of BDV-specific antibodies in plasma and viral RNA in cells of the peripheral blood over 3 years

Sheep

Results for year:

1 2 3

May July October July October May July October

Aba RNAb Ab RNA Ab RNA Ab RNA Ab RNA Ab RNA Ab RNA Ab RNA

1 NDc ND � � ND ND � � ND ND 80 � 20 � � �
2 40 � 160 � ● ● ● ● ● ● ● ● ● ● ● ●
3 � � � � � � � � ND ND � � ND ND � �
4 � � � � � � � � ● ● ● ● ● ● ● ●
5 � � � � � � � � ND ND � � ND ND � �
6 � � � � ND ND � � ND ND 20 � 20 � � �
7 ●d ● � � � � � � ND ND 20 � ND ND � �
8 ● ● � � � � � � ND ND � � ND ND � �
9 ● ● � � � � � (BD)e ● ● ● ● ● ● ● ●
10 � � � � � � � � ND ND 20 � � � � �
11 � � � � � � � � ND ND � � � � ● ●
12 40 � 20 � 20 � 20 � 20 � ● ● ● ● ● ●
13 � � 80 � ● ● ● ● ● ● ● ● ● ● ● ●
14 � � � � � � � � ND ND � � � � � �
15 � � � � � � � � ND ND � � � � � �
16 ● ● ● ● ● ● ● ● ND ND 20 � 20 � � �
17 � � � � � � � � ND ND � � � � ● ●
18 � � � � � � � � ND ND � � � � � �
19 � � � � � � � � ND ND 20 � � � � �
20 � � � � � � � � ND ND � � � � � �
21 � � � � � � � � ND ND � � � � � �
22 � � 20 � � � � � ND ND � � � � � �
23 ● ● ● ● 20 � 40 � 20 � ● ● ● ● ● ●
24 ● ● ● ● � � � � ND ND 160 � 20 � � �
25 ● ● ● ● � � � � ND ND 20 � � � � �
26 ● ● � � � � � � ND ND 20 � � � ● ●
27 ● ● ● ● ● ● 40 � (10) � ● ● ● ● ● ●
28 � � � � � � � � ND ND � � � � � �
29 ● ● ● ● � � � � ND ND � � � � � �
30 ● ● ● ● ● ● ● ● ND ND � � ND ND � �
31 ● ● ● ● ● ● ● ● ND ND � � � � � �
32 ● ● ● ● ● ● ● ● ND ND � � � � � �

a Ab, Antibody titers were measured by IFA using serial plasma dilutions on persistently BDV-infected MDCK cells. Antibody titers of �20 were defined as positive.
Titer of antibody for animal no. 27 in October of the second year is given in parentheses.

b RNA, The presence of BDV p40 RNA was determined as previously described (44).
c ND, not done.
d ●, animal not yet born or tested or removed from the flock or slaughtered.
e (BD), animal was euthanatized due to clinical signs of BD.

VOL. 76, 2002 BDV PERSISTENCE IN SHEEP 9737



flock. Only three out of nine (33%) RT-PCR positive animals
were also positive for BDV-specific antibodies. In July of the
first year, animal no. 2 showed a titer of antibody of 160 and
was also positive for viral RNA. Unfortunately, this animal was
removed from the flock without notice.

In total, 15 lambs born to serologically positive mothers and
four lambs born to viral RNA-positive mothers were investi-
gated for the presence of viral RNA in the peripheral blood.
None of the lambs was found positive for viral RNA in the
PBMC.

In Table 2, the RT-PCR results from the swabs (eye, nose,
and saliva) and urine samples are summarized. Viral RNA was
detected in all three animals among swab samples, but never in
urine. Most of the positive results were obtained from the
nose, especially in the samples from animal no. 12. One of
these samples was positive for both BDV p24 and p40 coding
sequences, whereas the other positive samples were either
BDV p24 or p40 specific.

Histological and immunohistochemical examination. The
immunohistochemical and histological results of the brain sec-
tions from sheep no. 9 showed a mild nonsuppurative polioen-
cephalomyelitis dominated by mild to moderate perivascular
inflammatory reactions, including cuffs of lymphocytes, mainly
in the frontal cortex (Fig. 1A) as well as in the hippocampus.
Whereas only a few neurons stained positive for BDV p24
antigen in the frontal cortex, numerous neuronal cells in the
hippocampus and Purkinje cells in the cerebellum were found
to be infected (Fig. 1B and C). Despite the examination of
several brain sections (bulbus olfactorius, frontal cortex,
hippocampus, cerebellum, medulla oblongata), immunohisto-
chemical examinations of the three asymptomatic, serologi-
cally positive animals no. 12, 23, and 27 showed no clear pos-
itive reaction with the polyclonal anti-BDV p24 or anti-BDV
p40 rabbit sera. Only in sheep no. 12 was a weak reaction ob-
served with the BDV p24-specific antiserum (data not shown).

In situ hybridization. The brain sections obtained from an-
imal no. 12 were further investigated. This animal showed a
weak immunohistochemical reaction in the brain and was se-

rologically positive over 2 years, and several swab samples of
this animal were positive for viral RNA. As shown in Fig. 2A,
in situ hybridization was positive in the brain stem by using
both the BDV p24- and BDV p40-specific probes. No reaction
was observed when using these probes on brain stem sections
derived from a negative, uninfected sheep (Fig. 2B).

Sequence analysis. Nucleotide sequence analysis of the
BDV p40, p10, p24, gp18, and gp57 encoding regions derived
from the viral genome of sheep no. 9 revealed homologies to
the BDV reference strains V and He/80 between 97.1 and
98.5% and 94.6 and 98.1%, respectively (Table 3). The highest
sequence homologies were seen within the BDV p40 and BDV
p16 coding regions, with differences in the deduced amino
acids of only 0 to 0.8%. Viruses from sheep did not show a
higher degree of similarity to each other than to the reference
strains, which were originally derived from diseased horses.
The deduced amino acid sequence of sheep BDV p56 (from
sheep no. 9) revealed mutations with respect to the horse-
derived BDV strains V (P3L [at position 3], V3A [17], S3R
[60], S3N [68], T3A [220], A3V [234], S3G [296]) and
He/80 (S3F [at position 7], Q3R [21], S3R [60], S3N [68],
S3P [242], K3R [243], R3K [245], M3V [282]). Except for
the mutations at position 296 (BDV strain V) and 282 (BDV
He/80), all mutations are located within the N-terminal part of
BDV p56, which is involved in receptor recognition and virus
entry (35).

Alignment of all completely sequenced BDV p24 coding
regions derived from the brains of diseased horses and sheep
revealed that most nucleotide exchanges in both animal species
are nonrandomly distributed and cluster at certain nucleotide
positions. In Table 4 the clustered nucleotide exchanges at
positions 1386, 1478, 1493, 1658, 1667, 1697, 1709, and 1751
are shown. Whereas at most positions in the BDV p24 coding
region the nucleotide exchanges are at the same sequence
positions among genomes derived from horse and from sheep
(nt 1386, 1400, 1493, 1535, 1559, 1565, 1574, 1613, 1794, 1851,
and 1859; in Table 4 exemplified by the pattern at positions
1386 and 1493), nucleotide exchanges cluster at some positions
with respect to their species. At position 1658, nucleotide ex-
changes seem to occur preferentially in horses, whereas at
positions 1478, 1667, 1697, 1709, and 1751, exchanges are seen
only in sheep-derived sequences. These nucleotide exchanges
are either purine (G/A) or pyrimidine (T/C) exchanges.

Sequence analysis of the RT-PCR products derived from
the PBMC and the swab samples confirmed the specificity of
the amplified cDNA. The RT-PCR products (p40) from the
PBMC of animal no. 2 and those (p24 and p40) from the nose
swab samples from animal no. 12 revealed nucleotide se-
quences identical to the sequence of animal no. 9.

DISCUSSION

We investigated a flock of approximately 25 sheep, which did
not have contact with other sheep or livestock during the entire
observation period of 3 years. The antibody prevalence differed
significantly between individual bleedings and also between the
years’ seasons. Higher prevalences of BDV infection were de-
tected in spring and early summer. The RT-PCR results also
showed a higher prevalence of BDV in the peripheral blood in
spring and early summer. This, however, was not statistically

TABLE 2. Examination of three asymptomatic (seropositive) sheep
for the presence of viral RNA in secretions and excretions

over a period of 2 and 3 months

Sheep Month

Titer of
antibody ina: Presence of viral RNA inb:

Plasma Liquor PBMC Urine Saliva Nasal
secretion

Lacrimal
fluid

27 0 (10) � �/� �/� �/� �/�
1 NDc ND ND �/� �/� �/� �/�
2 (10) � � �/� �/� �/� �/�
3 ND ND ND �/� �/� �/� �/�

12 0 20 � � �/� �/� �/� �/�
1 ND ND ND �/� �/� �/� �/�
2 (10) � � �/� �/� �/� �/�
3 ND ND ND �/� �/� �/� �/�

23 0 20 � � �/� �/� �/� �/�
1 ND ND ND �/� �/� �/� �/�
2 (10) � � �/� �/� �/� �/�

a Antibody titers were measured by IFA using serial plasma dilutions on
persistently BDV-infected MDCK cells. Titers below the defined threshold of 20
are in parentheses.

b The detection of BDV p40 and BDV p24 RNA is given as p40/p24.
c ND, not done.
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significant (P � 0.13). In May of the third year, the number of
viral RNA-positive samples differed significantly (P � 0.001)
from the other bleedings. The increase in the number of pos-
itive RNA samples coincides with the significant increase of
antibody-positive animals at this time point. Sixty percent of
the animals were positive in May of the third year by either of
the infection markers, versus 4.5 to 20% of the animals at the
other bleeding times. Both infection markers correlated by
their significant increase, but there was no correlation between
the markers in the individual animals. Only three of the nine
RT-PCR positive animals (33%) also had BDV-specific anti-
bodies at this time point. The accumulated detection of anti-
bodies and viral RNA in the peripheral blood in spring and
early summer are reminiscent of the seasonal and epidemic
outbreaks of the disease, which are reported for sheep (11, 33).
These markers, however, do not seem to be sufficient to mon-
itor BDV epidemiology. The removal of all antibody- and
RNA-positive animals in the second year of observation did
not result in a lower incidence of BDV infections in the fol-
lowing year. A marked decrease in antibody titers within 2 to
3 months was observed in animals no. 1, 24, and 27. In natu-
rally BDV-infected animals, antibodies are generally of low

titer and are not permanently present (16, 32). This is in con-
trast to a number of acute viral infections, which often result in
prolonged (lifelong) production of virus-specific antibodies (1,
15). Concurrent with the resolution of the acute infection,
virus-specific plasma cells rapidly decline in the spleen and
plasma cells appear in the bone marrow, which becomes the
major site of long-term high-affinity antibody production (41,
43). Plasma cells generated in that late phase of an immune
reaction represent a successful humoral immune response, and
therefore a regulatory function of antigen in humoral immune
responses has been postulated (2, 30) in which the generation
of long-lived plasma cells in the bone marrow depends on the
clearance of antigen. In persistent infections, the continuous
presence of antigen probably does not evoke the generation of
long-lived plasma cells unless the antigen is eventually cleared
(30). A significant part of antibody titers in persistent infec-
tions might therefore be derived from short-lived plasma cells,
which are continuously generated by the ongoing immune re-
action. The rapid turnover rate of short-lived plasma cells
generated within germinal centers of the spleen and lymph
nodes and the short half-life of immunoglobulin G, usually in
the order of days to, at most, a few weeks (8, 25), might explain

FIG. 1. Histological and immunohistochemical examination of paraffin sections derived from the brain of sheep no. 9. Mild to moderate
perivascular cuffs of lymphocytes (arrow) are seen in hematoxylin-eosin-stained sections of the frontal cortex (A). Using anti-BDV p24 rabbit
serum, infected neuronal cells and Purkinje cells were detected immunohistochemically in the hippocampus (B) and the ganglion cell layer of the
cerebellum (C), respectively. The smaller arrows in Fig. 1B show mild satellitosis. No reaction was observed using a negative rabbit serum as shown
for the cerebellum (D). Nomarski interference contrast. Bar � 50 �m.
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the decrease of antibody titers measured in the animals no. 1,
24, and 27. Recently Bode et al. (7) reported BDV antigens
(bound to PBMC and free in plasma) and circulating immu-
nocomplexes (CIC) to be the most reliable markers for BDV
infections in animals and men. This is of particular interest,
since plasma antigenemia paralleled by high levels of CIC
reflects high burdens of viral proteins that cannot be com-
plexed by antibodies. The present study was initiated before
the recent description of CIC and BDV antigens in the plasma
of infected animals. Whether the frequently observed absence
of antibodies or their presence at low titers in naturally in-
fected sheep (10, 16, 24, 32) are due to the presence of plasma
antigens and CIC has to be the focus of further investigations.
Plasma antigenemia and CIC might also explain the detection
of viral RNA in the absence of detectable antibodies, a con-
dition found only in natural BDV infections (44).

In the first year of observation, three out of four antibody
titers increased between the bleedings in May and July. In the
third year of observation, most of the antibody-positive ani-
mals (six out of nine) showed decreasing titers between these
times of bleeding. It is unknown whether this points to a similar
time point of BDV exposure/activation or reflects the general
immune responsiveness within the flock, since plasma antigens
and CIC might influence these titers of antibody. In most
animals, BDV-specific antibodies were detected only tempo-
rarily. Only two animals had detectable antibody titers over a
period of 1 and 2 years. In situ hybridization verified the
presence of BDV in the brain of the animal seropositive for 2
years. Obviously, this animal was a persistently infected BDV
carrier. The animal was 8 years old and never showed clinical
signs of BD. Since BDV-infected cells are nonuniformly dis-
tributed in the brains of infected animals (4, 10, 27) and even
in animals with overt disease sometimes difficult to detect (10,
32), this animal might not have been the only persistently
infected animal in the flock. The events that trigger the tran-
sition of BDV infection to immunopathological reactions and
likewise the factors that eventually lead to its resolution are at
present unknown and impose further investigations. Also,
upon experimental infection using different infection routes,
only about half of the sheep developed disease (29).

Some cases of vertical transmission of BDV have been re-
ported (6, 21). Because BDV-specific antibodies are trans-
ferred with the colostrum to the suckling lambs, serum anti-
bodies within the first 3 months of age are not indicative of
BDV infections. We investigated in total 15 lambs born to
serologically positive mothers and four lambs born to viral
RNA-positive mothers for the presence of antibodies and viral
RNA in the blood. None of the lambs was found positive for
viral RNA. Only one lamb was antibody-positive beyond the
third month of age. As evidenced by animal no. 9, BDV infec-
tions cannot always be detected in the blood, but these data
seem to show that vertical transmission of BDV is not a com-
mon route of infection. Further investigations should include
the analysis of plasma antigenemia and CIC.

In contrast to urine, the analysis of swab samples (conjunc-
tival and nasal fluids, saliva) from three asymptomatic, sero-
positive animals revealed the presence of viral RNA in these
secretions. One nasal swab sample (animal no. 12) was positive
for both BDV p24 and p40 RNA. The detection of viral RNA
in swab samples has also been reported from seropositive,
asymptomatic horses (38). Herzog et al. (24) reported the
isolation of infectious virus from swab samples and lacrimal
and parotic glands of diseased horses. In experimentally in-
fected sheep, Heinig et al. (22) reported the isolation of infec-
tious virus from nasal secretions. The infection, however, was
also performed by the intranasal route. We did not succeed in
isolating BDV from the swab samples, but obviously, in natu-
rally infected sheep as well, BDV is shed in nasal and lacrimal
secretions and transmission most likely occurs through open
nerve endings of the nasal and pharyngeal mucosa. Transmis-
sion of BDV from sheep to sheep might be possible but does
not seem to occur frequently. In search of a possible virus
reservoir, we also investigated mice and the cat on the farm,
but we did not detect viral RNA or BDV-specific antibodies.

One animal died due to BD. The localized inflammatory
response in the CNS around blood vessels (Fig. 1) and the
rapid progression of the disease within 1 week point to an
acute infection, which might explain why BDV-specific anti-
bodies could not yet be detected. In the brain, numerous Pur-
kinje cells in the cerebellum and a few cells in the frontal

FIG. 2. In situ hybridization using paraffin sections from the brain stem of sheep no. 12. Infected ganglia were detected using BDV-p24- and
BDV-p40-specific probes (A). No reaction was seen in the sections derived from the brain stem of a negative control animal (B). Nomarski-
Interferenzkontrast. Bar � 50 �m.
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cortex were found infected. A remarkably similar distribution
of the inflammatory reaction and distribution of viral antigen
has been described by Caplazi and Ehrensperger (10) for a
diseased horse. Coculture experiments using brain homoge-
nates and REB cells or oligo cells (H. Ludwig, personal com-
munication) gave transient positive IFA results after the sec-
ond and third passage, but we did not succeed in isolating the
virus in cell culture.

Sequence analysis of BDV amplified from the brain of this
animal revealed a close phylogenetic relationship to the refer-
ence strains V and He/80. Their genome sequences differed by
less than 5.4%. The N-terminal part of BDV p56 has been
shown to be involved in receptor recognition and virus entry
(35). The C-terminal part encoding the furin-cleaved gp43 has
been shown to be implicated in pH-dependent fusion after
internalization of the virion by endocytosis (18, 36) Analysis of
the horse-derived (strain V, He/80) and sheep-derived BDV
p56 sequences (U94878, BDV S-589) suggests a selective pres-

sure on the N-terminal part of the glycoprotein, since the
C-terminal part is much more conserved. Viruses from the
horses did not show a higher degree of similarity to each other
(40) than to the sheep-derived virus, raising the assumption of
a single animal source from which the various animals acquire
the infection (42). A rodent reservoir has been discussed, but
so far, all attempts to identify BDV in a rodent species have
failed (Vahlenkamp, Konrath, and Müller, unpublished data).
Adaptation to neuronal receptors might also contribute to the
high level of conservation of the BDV genome among different
mammalian species. However, assuming a high degree of viral
adaptation, one should expect small changes in the viral RNA
among different animal species. We aligned the nucleotides of
all completely sequenced BDV p24 encoding regions derived
from the brains of infected horses and sheep and analyzed the
clustered, nonrandom distribution of nucleotide exchanges
(42). Among eight horse and six sheep sequences derived from
the brains of the infected animals, mutations at 11 positions

TABLE 3. Comparative sequence analysis of horse (strains V and He/80) and sheep BDV isolates with reference to BDV S-589a

Isolate and/or
host

No. of substitionsb for:

p40 p10 p24 p16 p56

nt aa nt aa nt aa nt aa nt aa

Strain V 18 (1.6) 1 (0.3) 6 (2.3) 2 (2.3) 9 (1.5) 4 (2) 12 (2.9) 1 (0.7) 35 (2.3) 7 (1.4)
He/80 56 (5.4) 3 (0.8) 5 (1.9) 2 (2.3) 12 (2) 2 (1) 14 (3.3) 0 54 (3.6) 8 (1.6)
Sheepc (S1) NAh NA NA NA 14 (2.3) 2 (1) NA NA NA NA
Sheepd (S2) NA NA NA NA 4 (0.6) 3 (1.5) NA NA NA NA
Sheepe (S6) NA NA NA NA 5 (0.8) 4 (2) NA NA NA NA
Sheep 1f NA NA NA NA 16 (2.6) 1 (0.5) NA NA NA NA
Sheepg 42 (3.8) 3 (0.8) NA NA 17 (2.8) 1 (0.5) 13 (2.9) 0 60 (3.9) 4 (0.8)

a GenBank accession number AY066023; from sheep no. 9.
b Numbers in parentheses indicate divergence as a percentage of the total sequence. nt, nucleotides; aa, amino acids.
c Accession no. U94883.
d Accession no. U94884.
e Accession no. U94885.
f Sequence derived from the work of Binz et al. (5).
h NA, not available.
g Accession no. U94875 (p40), U94876 (p24), U94877 (p16), and U94878 (p56).

TABLE 4. Nonrandom distribution of nucleotide exchanges in the BDV p24 coding region

Species Isolate or
accession no.

Sequence for nucleotide positiona:

1383–1388 1476–1481 1491–1496 1656–1667 1695–1700 1707–1712 1749–1754

* * * * * * * *
Horse S67507 GCA CTG CTG TCG CTT ATC GAC AGC ATC AAG GAT CGC AAG ACA GAC CTC

U94864 ... T.. ... ... ..A ... ... ... ... ... ... ... ... ... ... ...
U94868 ... T.. ... ... ..A ... ... ... ... ... ... ... ... ... ... ...
WT-1b ... ... ... ... ... ... ... ... ... ... ... ... ... ... ... ...
1-2c ... ... ... ... ..A ... ..T ... ... ... ... ... ... ... ... ...
2-1c ... T.. ... ... ..A ... ... ... ... ... ... ... ... ... ... ...
3c ... T.. ... ... ..A ... ... ... ... ... ... ... ... ... ... ...
4c ... T.. ... ... ..A ... ..T ... ... ... ... ... ... ... ... ...

Sheep U94883 ... ... ... ... ... ... ... ... ... ... ... ... ..A ... ..T ...
U94884 ... T.. ... ... ..A ... ... ... ... ... ... ... ... ... ... ...
U94876 ... ... ..A ... ... ... ... ... ... ..A ..C ... ..A ... ..T ...
U94885 ... T.. ... ... ..A ... ... ... ... ... ... ... ... ... ... ...
AY066023 ... T.. ... ... ..A ... ... ... ... ... ... ... ... ... ... ...
1c ... ... ..A ... ... ... ... ... ... ..A ..C ... ..A ... ..T ...

a According to Briese et al. (9). All available completely sequenced BDV p24 genome regions derived from the brains of infected horses and sheep were analyzed.
The nonrandomly distributed, clustered nucleotide exchanges at positions 1386, 1478, 1493, 1658, 1667, 1697, 1709, and 1751 are marked by asterisks.

b Schneider et al. (40).
c Binz et al. (5).
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clustered at the same positions in horse- and sheep-derived
sequences. At five positions (1478, 1667, 1697, 1709, and 1751),
however, nucleotide exchanges were observed only in the
sheep-derived sequences. At position 1658, exchanges seem to
occur preferentially in infected horses. The reason why muta-
tions at these positions are highly preferred over mutations at
other positions of the viral genome is unknown. With the
exception of the nucleotide exchange at position 1851, none of
the mutations results in amino acid substitutions. Most prob-
ably, functional constraints on secondary or tertiary RNA
structures do exist which restrict sequence alterations to cer-
tain nucleotide positions (42). Differences in the clustered nu-
cleotide exchanges as observed between sheep and horse se-
quences might possibly explain the difficulties in adapting BDV
from infected sheep to cell cultures, which has also been de-
scribed by other investigators (32).
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