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ABSTRACT In the recently published x-ray crystal structure of the “bicelle” bacteriorhodopsin (bbR) crystal, the protein has
quite a different structure from the native and the in cubo bacteriorhodopsin (cbR) crystal. Instead of packing in parallel trimers
as do the native membrane and the cbR crystals, in the bbR crystal the protein packs as antiparallel monomers. To date, no
functional studies have been performed, to our knowledge, to investigate if the photocycle is observed in this novel protein
packing structure. In this study, both Raman and time-resolved transient absorption spectroscopy are used to both confirm the
presence of the photocycle and investigate the deprotonation-reprotonation kinetics of the Schiff base proton in the bbR crystal.
The observed rates of deprotonation and reprotonation processes of its Schiff base have been compared to those observed for
native bR under the same conditions. Unlike the previously observed similarity of the rates of these processes for cbR crystals
and those for native bacteriorhodopsin (bR), in bbR crystals the rate of deprotonation has increased by 300%, and the rate of
reprotonation has decreased by nearly 700%. These results are discussed in light of the changes observed when native bR is
delipidated or monomerized by detergents. Both the change of the hydrophobicity of the environment around the protonated
Schiff base and Asp®® and Asp®® (which could change the pK, values of proton donor-acceptor pairs) and the water structure in

the bbR crystal are offered as possible explanations for the different observations.

INTRODUCTION

The photocycle of native bacteriorhodopsin (bR) was studied
in the mid-1970s (1) and is well documented in the literature.
Upon the absorption of light by the all-trans retinal chromo-
phore of bR, isomerization occurs as the first step in the
photocycle that forms different intermediates of lifetimes
ranging from picoseconds to milliseconds and then results in
the transfer of a proton from the cytoplasmic to the extra-
cellular side of the membrane with intermediates with well-
characterized visible absorption spectra (2—19):
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Atacritical step in the cycle, a proton is transferred from the
protonated Schiff base (PSB) of the retinal to a nearby Asp®’
residue in the hydrophilic channel, resulting in the only
deprotonated retinal intermediate in the cycle, the M inter-
mediate. In the M intermediate the absorption of the retinal is
at 412 nm (5,20,21). The formation of the M intermediate is
accompanied by the appearance of a proton on the extra-
cellular surface. The retinal Schiff base is then reprotonated in
a subsequent step with a proton from the Asp”® residue of the
hydrophobic channel. The Asp’® residue is also reprotonated
by the end of the process, both ready for another turn of the
cycle. The only light-dependent event in the photocycle is the
initial all-trans to 13-cis isomerization of retinal. All sub-
sequent steps are thermal transformation processes (5).

In the native membrane, the bR molecules are arranged
as hexagonal sheets of parallel trimers consisting of three
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monomer units each in a hexagonal unit cell 63 A in di-
ameter. Within each monomer, the retinal molecule lies in
a plane that makes a small angle to the plane perpendicular to
the helix axis and is attached to the protein via a PSB at
Lys®'® of helix G (7,22,23). Retinal separates the hydrophilic
extracellular region (containing many polar side chains and
bound water molecules) from the more hydrophobic cyto-
plasmic region (24).

In 1996, Rosenbusch and Landau published their in cubo
crystallization method for bR (25) with the protein structure
refined in 1997 to 2.5 A (26). In the in cubo bacteriorho-
dopsin (cbR) crystals, as in the native membrane, the parallel
trimer structure is present and protein contacts are mediated
by organized lipids. Time-resolved Fourier transform in-
frared (FTIR) difference spectroscopy was performed on the
hexagonal cbR crystals in which the time-resolved vibra-
tional intensities of several marker bands associated with the
M intermediate are measured. The time traces for the kinetics
of the cbR crystals were essentially the same as those
observed for the native membrane (27).

In 2003, Heyes and El-Sayed published their findings on
how both partial and complete removal of lipids from the
native membrane affected the kinetics of M rise and decay
(28). Since in the bbR crystals the native lipids are almost
completely removed (29), it is worthwhile to discuss their
findings for comparison. They remind the reader that partial
delipidation of the native membrane (75% of native lipids
removed) maintains the trimer unit cell while reducing the
unit cell dimensions (30). Complete lipid removal results in
a loss of the trimer structure altogether, resulting in mono-
merization of the protein (28).

doi: 10.1529/biophysj.105.059675
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In the partially delipidated protein with the smaller trimer
unit cell dimensions, the M rise and decay time were ex-
tended (28). In contrast, the completely delipidated protein in
which the trimer structure is gone and the monomers were
free in solution resulted in a faster M rise relative to the
native membrane and about the same M decay time as the
native, which still has its larger trimer structure intact (28).

In 2002, Bowie and Farham developed a new bR
“‘bicelle’” crystallization technique (29). In contrast to both
the native membrane and to the cbR crystals studied by
Rosenbusch and Landau (27), in these bicelle bR (bbR)
crystals the trimer structure is no longer present, and the
protein monomers are arranged in an antiparallel arrange-
ment (29). A comparison of the structure of the bbR crystals
with that of the cbR crystals performed by Bowie and
Farham (29) emphasizes differences in the protein packing
between these two crystal forms. For the bbR crystals, the
packing structure is not one of parallel trimers but of anti-
parallel monomers that exhibit a vertical displacement rela-
tive to one another within the plane (29).

In the bbR crystals, we are dealing with a detergent-
solubilized protein, one in which the native lipid membrane
is no longer present. In this respect the protein within the bbR
crystal is similar to both the detergent-monomerized bR ex-
amined by Heyes and El-Sayed (28) and to the cbR crystals
examined by Rosenbusch and Landau (27,31). However, the
structure of the protein within the bbR crystal differs from
both of these examples on key points. In contrast to the
detergent-monomerized bR that consists of protein mono-
mers free in solution, in the bbR crystals the individual
protein monomers are not free in solution but locked into
a crystal structure with set unit dimensions. In contrast to the
cbR crystal consisting of parallel trimers, in the bbR crystal
we have an antiparallel arrangement of monomers. The
question then arises as to what effects this drastic change in
the structure and environment of the bR protein has on its
deprotonation/protonation function.

In this study, both resonance Raman and time-resolved
transient spectroscopy are used to determine 1), if the bbR
crystals are capable of undergoing the photocycle, and 2),
how the deprotonation-reprotonation kinetics compare to
those for the detergent-solubilized, cbR crystals, and native
bR. It is found that the photocycle is indeed present in the
bbR crystals. Compared to these rates in both native and cbR
crystals, the deprotonation of the PSB is much faster and the
reprotonation of the Schiff base is much slower. Possible
explanations for the observed differences are qualitatively
discussed in terms of hydration effects and pK, values for the
bbR crystals.

MATERIALS AND METHODS
Sample preparation

The bR samples were obtained from a cell line of Halobacterium salinarium
and were purified by established procedures (3). Diamond-shaped bR bicelle
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crystals were made by the method of Bowie et al. (32) with the following
modifications: the precipitant well solution was made by mixing 4.0 M
NaH,POy,, H,0, and 6.0 M 1,6-hexanediol in a 29:1:1.4 volume ratio, and it
was this precipitant solution that was mixed with the 8.0 mg/mL bR/8%
bicelles mixture (32). The concentration of bR was adjusted to ~10 mg/mL
by monitoring the absorbance of the light-adapted (20 min light exposure
using a 40 W bulb) bR sample at 570 nm until the absorbance spectrum was
constant.

The samples were monitored periodically for the next 2 weeks as the
relatively fluid mixture suspension slowly gelled during equilibration be-
tween the suspended solution and the saturated solution underneath. The
slides were then examined by light microscopy for evidence of crystal
growth. Typical diamond-shaped crystals, having dimensions of 100 um X
200 wm, are shown in Fig. 1.

Crystals were collected by repeated washing of the crystal-detergent
matrix with deionized distilled water (DDW) into microcentrifuge tubes.
The higher-density crystals settled to the bottom of the solution within
a matter of minutes, whereas the white detergent flakes remained suspended
in the supernatant, which was easily removed. Washing the crystals in this
manner removed the bulk detergent while leaving the crystals intact. For
the Raman experiments, after washing, a concentrated drop of the crystal
suspension was placed on a glass coverslip covered with aluminum foil,
and the sample was allowed to dry at room temperature under ambient light
until the bulk water above the drop had evaporated, immobilizing the
crystal on the surface. After the crystals were dried to the glass slide, a drop
of DDW was added to the crystal before the Raman spectrum was taken.

For the flash photolysis experiments, crystals were placed at the bottom
of a solution of DDW, with the pump and probe light being directed from
the top down through this well and then to the detector. A multi-well sample
holder with an optically clear and flat surface was needed to examine several
different samples quickly. Such a multi-well sampling system was designed
by taking a rectangular microscope slide and using spray adhesive to attach
a piece of rubber matting ~2 mm thick. This rubber matting contained
holes punched through it (before its attachment to the glass) that were each
~3-4 mm in diameter. After washing the crystals as described above,
a concentrated drop of the crystal suspension in DDW was placed in a well
of the sampling tray. A glass coverslip was sealed with vacuum grease over
the well to prevent evaporation of the water during the experiment.

FIGURE 1
having dimensions of 100 um X 200 wm, grown by the method of Bowie
et al. (29,32) The crystals are pictured here within the detergent matrix.

Typical diamond-shaped crystals produced in our lab, each
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Instrumentation and data analysis

Raman spectra of single crystals were acquired using a Renishaw in Via
Raman spectrometer running the WiRE 2.0 software package (Renishaw,
Gloucestershire, UK). The sampling area was ~1 um?. To ensure that the
hydration level of all samples remained uniform, all Raman spectra were
taken by submerging the objective underwater to obtain the spectrum of
the native film or the single crystal. The intense Raman band at 520 cm ™' of a
silicon wafer was used for automatic wavelength calibration by the software.
A 514 nm laser was used with a maximum power output at the sample of
25 mW. All data presented were imported as x-y data first to OMNIC E.S.P.
5.2 for baseline correction, and then transferred to the Microcal Origin 7.0
software package (Microcal Software, Northhampton, MA).

Transient absorption experiments were carried out using the frequency
doubled output of a Q-switched nanosecond-pulsed Nd:YAG laser (Spectra
Physics Quanta-Ray Series, Mountain View, CA) providing 1-mJ pulses of
532 nm light and 10 ns pulse width with a 10 Hz repetition rate. Monitoring
light was provided by a Xenon arc lamp (PTI, Lawrenceville, NJ) running in
CW mode. The output of the lamp was focused onto one end of a fiber optic
cable, and the output from the other end of the cable was directed toward the
sample, focused to a ~2 mm diameter spot at the sample, recollected, and
focused onto another fiber optic that directed the transmitted light to the
entrance slit of the monochromator. The monochromator (Acton Research
300i, Acton, MA) wavelength was fixed at 412 nm. A filter was placed in
front of the entrance slit of the monochromator to remove any 532 nm
excitation light while allowing passage of the 412 nm light. Single wave-
length kinetics monitored at 412 nm were recorded using a photomultiplier
tube (Hamamatsu, Hamamatsu City, Japan) coupled to the laser pulses. The
PMT has arise time of 1 us, and this response was digitized using a LeCroy
9350A 500 MHz oscilloscope (LeCroy 9350A, Chestnut Ridge, NJ). The
laser Q-switch triggers data acquisition by the LeCroy 9350 oscilloscope at
a frequency of 10 Hz.

The Winspec32 software program (Roper Scientific, Trenton, NJ) was
used to select the monochromator wavelength. The Scope Explorer v2.16
software program (Lecroy, New York, NY) was used to convert the wave-
form traces into XY format, which were plotted and fitted using the Origin
software package (OriginLab, Northampton, MA) In all cases, attempts were
made to fit the rise and decay data for both samples to both a monoex-
ponential and a biexponential decay, and the fits with the higher R values
and lowest error were chosen.

RESULTS

Fig. 2 shows the intensity changes in the Raman spectrum of
a single hydrated bbR crystal under increasing power of the
incident 514 nm laser. The inset demonstrates how the ratio
of the intensity of the 1562 cm ™' band (the C=C stretch of
M) to that of the 1525 cm ™! band (the vibration of the parent
bbR) increases with increasing 514 nm laser power, indi-
cating an increase in the M population. This is the first
evidence for the production of the M intermediate within the
crystals and strong support that bbR undergoes a photocycle
leading to the deprotonation of the PSB.

Fig. 3 compares the M rise kinetics as a measure of the
intensity of the signal monitored at 412 nm (expressed here
as I41,) for crystals suspended in DDW and for a native
solution of bR suspended in DDW. Fig. 4 compares the
decay rates of this same process for the same two samples
in DDW. The data have been normalized for ease of
comparison. In both the native and the bbR crystals, the
M rise data fit best to a biexponential expression. In the
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FIGURE 2 Intensity changes in the Raman spectrum of a single hydrated
bicelle crystal under increasing power of the incident 514 nm laser. (/nset)
Ratio of the intensity of the 1562 cm™! band (the C=C stretch of M) to that
of the 1525 cm™' band (the same vibration for the ground state) with
increasing 514 nm laser power indicates that increasing the 514 nm laser
power does indeed increase the M population and promotes the photocycle
of the bbR crystal.

native sample, the M decay fit best to a biexponential ex-
pression, whereas in the bbR crystals the M decay data fit
best to a monoexponential. These times are reported in
Table 1, along with times previously reported by Heyes and
El-Sayed (28) for both native bR in DDW detergent-treated
native membrane.
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FIGURE 3 Comparison of M rise kinetics in DDW, expressed as the
intensity of the 412 nm absorption. Both the native and the bicelle crystals fit
to a biexponential rise, with an average rise time for the native sample of
83 ws and an average rise time for the crystals of 24 us. The crystals have a
rise time for the M intermediate that is three times faster relative to the M
rise in the native sample.
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FIGURE 4 Comparison of M decay kinetics in DDW, expressed as the
intensity of the 412 nm absorption. The M decay for the native solution fits
best to a biexponential expression with an average decay time of 10 ms,
whereas that for the bicelle crystals fits best to a monoexponential expression
with an average decay time of 73 ms—a decay time over seven times slower
than observed in native bR.

From Fig. 3 it is observed that the M rise kinetics for the
bbR crystals is faster than it is for the native sample. The
average time for M rise in native is 83 us: a two-component
rise with 7y = 16 us (9% contribution) and 7, = 90 us (91%
contribution).

For the bbR crystals the total time for M rise is 24 us;
a two-component rise with 7; = 3 us (1% contribution) and
75 = 24 us (99% contribution). The bbR crystal’s average M
rise time is over three times faster than in the native sample.
The data for both the native and the bbR samples fits best to
a biexponential M rise, consistent with the literature (33).

From Fig. 4, it is observed that the M decay for the bbR
crystals is slower than it is for the native sample. These data
for the native fit best to a biexponential decay, whereas the
decay data for the bbR crystals fit best to a monoexponential
expression. As mentioned in the introduction, the M decay
data for native bR have been characterized in the literature as
either a monoexponential (28,34) or a biexponential process,
with a total decay time in the tens of milliseconds (33,35).
Here the average time for M decay in native is 10 ms; a two-
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component decay with 7; = 6 ms (72% contribution) and
7, = 20 ms (28% contribution). For the bbR sample, the
average time for M decay is much longer and monoexpo-
nential, with a total decay time of 73 ms. This M decay is
over seven times slower for the bbR crystals than it is in the
native.

It is interesting to note that whereas the M rise of the bbR
crystals is ~3 times faster than it is in the native membrane,
the M decay is over seven times slower relative to native. As
stated before in the introduction, the M rise process involves
the movement of a proton from the PSB to Asp®, which in
the native membrane is located only 4-5 A below the Schiff
base (17,18). Any environmental or structural difference in
the bicelle structure relative to the native that facilitates the
transfer of the Schiff base proton to Asp®> would result in
faster M rise. Likewise, any structural or environmental dif-
ferences relative to the native that hinder the transfer of a
proton from the Asp”® residue to the deprotonated Schiff
base would result in slower M decay.

It is important to mention that in native bR, the existence
of at least two species of M intermediate present with
different lifetimes was first reported in 1975 (36), a finding
that has been repeatedly confirmed (37). The rise of the M
intermediate in native bR is often characterized as fitting to
a biexponential curve (33,35), whereas decay time for the
M intermediate has been characterized as both a mono-
(34,28,38) and a biexponential (33,35) process. In native bR,
two primary models have been presented to account for the
biexponential rise. The first model is of that of parallel
photocycles: that there are two different ground state bR
species, each going through their own photocycle with the
same spectral intermediates (39-41). The other model
assumes that there is only one photocycle but that there is
a transition between two M states, M; and M,, that is
spectrally silent in the visible region (35,42—44). During the
M, — M, transition, the Schiff base redirects its orientation
from the extracellular to the cytoplasmic half-channel (45)
when it accepts the proton from Asp’®, the only ionizable
residue in the cytoplasmic half-channel (18).

In its native form, the purple membrane is 75% protein
and 24% lipid by weight, with ~10 lipid molecules per bR
monomer (46). The protein units are arranged as parallel
trimers. In contrast, in the bbR crystal form of this protein all
the native lipids are removed, the trimer cell unit is lost, and

TABLE 1 Kinetic parameters for M rise and decay for both native bR and bbR in DDW

Sample 71 (A)) 75 (As) M rise T, 71 (A)) 75 (As) M decay T,y
Native bR in DDW 16 us (0.09) 90 us (0.91) 83 us 6 ms (0.72) 20 ms (0.28) 10 ms
Bicelle crystals in DDW 3 us (0.99) 24 ws (0.01) 24 us 73 ms _— 73 ms
Native bR in DDW* 8.49 ws (0.21) 75.8 us (0.79) 61.7 s 8.57 ms _— 8.57 ms
Native + CHAPS in DDW* 23.5 ws (0.49) 137 s (0.51) 81.4 us 27.7 ms _— 27.7 ms
Native + Trition in DDW* 1.76 ws (0.42) 9.71 us (0.58) 6.71 wus 9.47 ms (0.96) 34.0 ms (0.04) 10.5 ms

Tavg 18 calculated by 7,y = (A} X 71) + (A, X 7,), where A; + A, = 1. Data are presented as a time component (7) with the relative contribution to the

overall process (A) in parentheses.
*From Heyes and El-Sayed (28).
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the bR protein molecules are arranged in an antiparallel form.
As stated in the introduction, the removal of the native lipids
of the bilayer surrounding the protein trimers has been
demonstrated to alter the M kinetics. Jang and El-Sayed
found that removing 75% of the lipid from the protein (which
results in a tighter trimer unit cell; 30) results in both
a decrease in the amount of M produced and a reduction of
the rate of M rise from the biexponential rise times of 7.2 us
(15% contribution) and 57 us (85% contribution) observed
in the native membrane to 18 us (37% contribution) and
115 ws (63% contribution) for the 75% delipidated sample
under the same temperature and pH conditions (34). They
also found that in these tighter trimer unit cells, the M decay
rate slows down from a time of 3.9 ms in the native sample
to 55 ms (34).

Later, Heyes and El-Sayed again examined the M rise and
decay effects resulting from the tighter trimer unit cell
created as above and the effect of monomerization of the
membrane, in which the trimer structure is no longer present
(28). As mentioned in the introduction, they found that the
tighter trimer unit cell displayed both a slower M rise and
M decay, whereas loss of the trimer structure altogether in
the monomerized protein resulted in a faster M rise and a
recovery of the M decay time to that of native (28). In
addressing the M rise data, they speculated that the slower M
rise in the tighter trimer unit cell and the faster M rise in the
monomerized protein may be caused either by 1), different
pK, values between the Schiff base (SB) and Asp85 between
these two samples, or 2), a difference in water access to the
cavity. In addressing the pK, difference, they argue that if in
the tighter trimer unit cell the pK, difference between the SB
and Asp®® is not very large, the proton transfer reaction
between these two would be inhibited; however in the
monomerized sample, if the pK, difference between the SB
and Asp™ is very large the proton transfer reaction would be
enhanced. In addressing the point about water access to the
cavity, they reason that in the tighter trimer unit cell the
access to water would be more restricted compared to the
native membrane’s larger trimer unit cell, resulting in a more
hydrophobic environment through which the proton would
have to travel between the SB and Asp®’, slowing down the
process. In the monomerized sample they reason that the loss
of the trimer unit cell altogether allows water greater access
to this cavity, providing a more hydrophilic environment in
which the proton could travel than in the tighter trimer unit
cell (28).

In addressing the M decay data, the authors speculated that
the slower M decay in the tighter trimer unit cell and the
faster M decay in the monomerized protein may be caused by
the difference in conformational freedom between these two
samples. They speculate that the protein situated within the
tighter trimer unit cell has less conformational freedom than
the monomerized protein in which the trimer structure is no
longer present and that it is this reduction in conformational
freedom in the tighter trimer unit cell that inhibits the
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necessary rotation of retinal from the cytoplasmic to extra-
cellular side that enables the retinal to accept the proton from
Asp’® during the reprotonation process (28). Their work dem-
onstrates the role native lipids play in determining photo-
cycle kinetics by possibly affecting both the pK, values of
the proton donor-acceptor groups and the hydrophobicity of
the retinal binding pocket.

In the cbR crystals studied by Rosenbusch and Landau,
as in the native membrane, the parallel trimer structure is
present and protein contacts are mediated by organized
lipids. As mentioned in the introduction, FTIR performed on
the hexagonal cbR crystals, in which the time-resolved
vibrational intensities of several marker bands associated
with the M intermediate are measured, revealed that the time
traces for the kinetics of the cbR crystals were essentially the
same as those observed for the native membrane (27). The
presence of the trimer structure of the protein units in both
the native membrane and within the cbR crystals was the
explanation given for these observations, a claim the authors
backed up by citing the work of Danshina (47) in which
monomeric bR created by solubilizing with detergent solu-
tion exhibits a longer-lived photocycle.

In contrast, the structure of the protein within the native
membrane or in the cbR crystals, the packing structure of the
bbR crystals is not one of parallel trimers but of antiparallel
monomers. As was addressed in the case of the bicelle crys-
tallization technique, this process removes nearly all the
native lipids so that from the x-ray crystal structure, only one
bound lipid per monomer remains (29).

The M rise data for the bbR crystals presented here
demonstrate an increase in the deprotonation rate (faster M
rise) relative to the native membrane. This rate increase was
also observed by Heyes and El-Sayed (28) upon exposure
of native bR to Trition detergent. In both cases there is a loss
of the trimer packing structure. However, in the case of the
native bR monomerized by Trition, the monomers are free in
solution; in the bbR crystals the monomers are arranged
within a crystals lattice, oriented in an antiparallel fashion.

One explanation for this observation may involve changes
in the pK, values of the Schiff base proton donor and the
Asp® proton acceptor in the different environments. Of
course, the environment itself would be affected by whether
the trimer structure is preserved or not and on the type of
detergent used in monomerization or delipidation of native
bR. In discussing the M rise (the deprotonation of the PSB),
a change in the pK, value of either the PSB or the Asp®
could lead to a change in the rate of the deprotonation step.
For an acid dissociation constant, one can show that the acid
dissociation constant K, is related to the rate constants of
deprotonation and reprotonation by the equation

K, = k(deprotonation) /k(reprotonation).

Thus in an environment which is more hydrophilic, the
PSB becomes more acidic and the rate of deprotonation
increases. It is likely that the trimer structure keeps the
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environment more hydrophobic, thus making the rate of
deprotonation slow. It becomes slower if the trimer structure
is reduced in size, thus becoming more effective in protecting
the hydrophobic environment of the PSB. By destroying the
trimer structure, the open structure becomes more accessible
to water and the environment becomes more hydrophilic.
This could explain the increase in the rate of the deprotonation
of the PSB upon monomerization of bR. These results
suggest that the PSB in the Lss, intermediate of bbR may
have a lower pK, in the antiparalle]l monomer structure than
in the trimer structure of native bR or in the cbR crystal,
making deprotonation of the PSB more favorable.

As mentioned before, the M rise process involves the
donation of a proton from the PSB to Asp® (48,49). In the
literature, a change in the difference in pK, between the PSB
and the Asp® makes this donation possible (50). In native
bR, the pK, value for the Schiff base has been calculated by
Druckmann et al. (51) to be 13.3 = 0.3 for the PSB in the
parent molecule, a value later confirmed by Sheves et al.
(52). The pK, value for the Asp85 is found to be 2.6 (53-55).
This PSB pK, of 13.3 and the low Asp®® pK, of 2.6 means
that in the light-adapted ground state the Schiff base is
protonated and the Asp™ is deprotonated.

In native bR, the pK, value of the L5, intermediate drops to
=2.6 for the Schiff base (56)—a decrease in the pK, value of
the PSB of nearly 11 units. This drastic pK, change reduces
the affinity of the Schiff base for the proton, making proton
donation from the Schiff base to Asp®> more favorable, and
a proton is donated from the Schiff base to Asp® in this M rise
step.

Perhaps in the bbR crystals, the loss of the parallel trimer
structure in some way affects these pK, values. It may be
the case that in the light-adapted ground state of the bbR
crystals, the pK, value for the Schiff base is below the 13.3
value of the native, making proton donation more favorable
and thus making M rise faster. On the other hand, instead of
having a lower pK, for the PSB, in the bbR crystals the pK,
of the Asp®® acceptor may be higher, making this proton
acceptor in the bbR crystals a better proton acceptor. It may
be the case that the loss of trimer structure by any means
(disruption of trimer structure by Trition or by crystallization
as antiparallel monomers) results in a decrease in the pK,
difference between the Schiff base and Asp®®, which in turn
results in faster M rise kinetics.

The ‘“‘two M states’’ model assumes that the M inter-
mediate actually consists of two M species, M| and M;. The
transition between M; and M, was optically silent in the
visible region (21,35,42—44) and results in the redirection
of the Schiff base after the deprotonation process from
the extracellular side (where Asp™ is located) to the cyto-
plasmic side (where Asp”® is located; 20,45). The above
discussion of the M rise results applies to the M, species in
this model.

As mentioned before, the M decay process involves the
transfer of a proton from the protonated Asp’® residue in the
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cytoplasmic channel to the deprotonated Schiff base (48,57)
in M,. There are a number of processes involved in this
transfer process, any one of them could be or become rate
limiting and could slow down the rate in bbR. First, a change
in the rate of the deprotonation rate of the Asp’® could result
from a change in its pK,. Second, a change in the rate of
transfer of the proton from the Asp®® to the Schiff base could
result in a slower M decay process. It has been proposed (58—
60) that the reprotonation of the Schiff base by Asp’® takes
place via a hydrogen-bonded chain of water molecules. A
change in the structure of the water hydrogen bonded
network could change the transfer rate. Third, a change in the
relative orientation of the unprotonated Schiff base in the M,
type intermediate with respect to this water chain could result
in a slower M decay process. Of course, the mechanism of
the transfer process itself could be different and involve the
diffusion of the proton from where Asp”® is to the Schiff base
in M,. Finally, the distance between Asp’® and the Schiff
base in M, in the bbR could be greater than it is in the native
and in the cbR forms. If this is the case, then the distance the
proton would have to travel from the Asp®® to the Schiff
base would be longer, which could result in a longer decay
time. It is difficult to conclude which process is rate limiting,
but it is easy to understand that small changes in the
environment could lead to a large change in the rate of this
process.
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