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Deuterium spin relaxation was used to examine the motion of
enzyme-bound water on subtilisin Carlsberg colyophilized with
inorganic salts for activation in different organic solvents. Spectral
editing was used to ensure that the relaxation times were associ-
ated with relatively mobile deuterons, which were contributed
almost entirely by D2O rather than hydrogen–deuteron exchange
on the protein. The results indicate that the timescale of motion for
residual water molecules on the biocatalyst, (�c)D2O, in hexane
decreased from 65 ns (salt-free) to 0.58 ns (98% CsF) as (kcat�KM)app

of the biocatalyst preparation increased from 0.092 s�1�M�1 (salt-
free) to 1,140 s�1�M�1 (98% CsF). A similar effect was apparent in
acetone; the timescale decreased from 24 ns (salt-free) to 2.87 ns
(98% KF), with a corresponding increase in (kcat�KM)app of 0.140
s�1�M�1 (salt-free) to 12.8 s�1�M�1 (98% KF). Although a global
correlation between water mobility and enzyme activity was not
evident, linear correlations between ln[(kcat�KM)app] and (�c)D2O

were obtained for salt-activated enzyme preparations in both
hexane and acetone. Furthermore, a direct correlation was evident
between (kcat�KM)app and the total amount of mobile water per
mass of enzyme. These results suggest that increases in enzyme-
bound water mobility mediated by the presence of salt act as a
molecular lubricant and enhance enzyme flexibility in a manner
functionally similar to temperature. Greater flexibility may permit
a larger degree of local transition-state mobility, reflected by a
more positive entropy of activation, for the salt-activated enzyme
compared with the salt-free enzyme. This increased mobility may
contribute to the dramatic increases in biocatalyst activity.

enzyme activation � organic solvents � salts � subtilisin Carlsberg

In recent years, the application of selective, nonhazardous
biocatalysts for chemical synthesis has become an increasingly

attractive alternative to traditional chemical methods. This trend
is driven in part by the exquisite chemo-, regio-, and enantio-
selectivities commonly demonstrated by enzymes. The high
demand for enantiomerically pure and selectively functionalized
molecules, especially within the pharmaceutical industry, con-
tinues to spur the expanding interest in biocatalysis. Unfortu-
nately, many compounds of interest to the pharmaceutical and
related industries exhibit poor solubility and undergo deleterious
side reactions (e.g., hydrolysis) in water; hence, they are not
amenable to enzymatic reactions in conventional media.

Nonaqueous biocatalysis, including enzymatic reactions in
nearly anhydrous organic solvents, has emerged as an alternative
approach to circumvent the limitations of aqueous-based reac-
tion systems. There are drawbacks, however, to performing
enzymatic reactions in organic solvents, most notably low bio-
catalytic activity (1–5). Much effort has been directed toward
elucidating the mechanism(s) underlying the low activity exhib-
ited by insoluble enzyme formulations in organic solvents. Poor
compatibility between the solvent and enzymatic transition state
(6, 7), reduced protein flexibility (8–12), ground-state stabili-
zation of the substrate (13, 14), water stripping (5, 15–17), and

partial denaturation of the enzyme (11, 12, 18) are among the
factors that have been identified as possible causes of reduced
enzyme activity in organic media.

Researchers have attempted to increase enzyme activity in
organic media through a variety of techniques [PEGylation (19),
ion-pairing (20), solid-state buffers (21)], one of the simplest
being the inclusion of excipients during the lyophilization process
(22–28). Of the various excipients used, including salts, sugars,
and polymers, the most promising results have been obtained
with salts. Lyophilized salt-enzyme preparations have shown
increases in activity up to 35,000-fold over the lyophilized
salt-free preparations (24). Interestingly, Bedell et al. (29)
showed conclusively that this activation effect is not attributable
to reduced diffusional limitations but is rather an intrinsic
property of the biocatalyst. Little has been confirmed about the
mechanistic underpinning(s) of salt activation; however, the
dramatic activation is believed to involve increased active-site
polarity or improved enzyme flexibility, acting alone or in
concert. In addition, a high concentration of salt in the prely-
ophilized enzyme solution may induce preferential hydration of
the enzyme (30) and promote the retention of water during the
freeze-drying process, thereby helping to preserve enzyme flex-
ibility and increasing catalytic activity.

We have used 2H NMR relaxation methods to examine the
motion of enzyme-bound water for a series of enzyme-salt
formulations in different organic solvents. These data provide
indirect evidence that salt activation is mediated by increased
water mobility. Moreover, we show that the presence of salt
alters the local mobility of the enzyme-bound water in a manner
similar to that of increasing temperature, thereby affording a
greater degree of transition-state flexibility for the salt-activated
biocatalyst over the salt-free biocatalyst.

Results and Discussion
The inclusion of inorganic salts in lyophilized enzyme prepara-
tions can dramatically increase biocatalyst activity in nonaque-
ous media, by nearly five orders of magnitude in some cases (24,
31). However, a mechanistic explanation for the salt-induced
activation has eluded investigators. In particular, the critical
importance of water on enzyme structure, function, and dynam-
ics (32–35) suggests that understanding the nature of enzyme-
associated water may go a long way toward elucidating the
mechanism of salt activation. For this reason, we have investi-
gated the dynamics of enzyme-associated water using a well-
studied model enzyme, the bacterial protease subtilisin Carls-
berg (SC).
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Fig. 1 shows that the total water content of salt-activated SC
decreased linearly with the percent NaF content. Furthermore,
the molecular dynamics of the water changed dramatically with
salt content. The qualitative differences in water mobility be-
tween salt-free [(kcat�KM)app � 0.092 s�1�M�1] and salt-activated
[98% NaF (wt�wt); (kcat�KM)app � 76.8 s�1�M�1] enzyme sam-
ples are readily apparent in the 2H NMR spectra, as evident in
Fig. 2. The salt-free sample exhibited a line width at half height
of 23,300 Hz, whereas the corresponding value for the salt-
activated sample was 55 times narrower (420 Hz). Such dramatic
line narrowing is associated with greatly increased motion of the
deuterons.

Further insights into the role of residual water in salt activation
of SC were obtained by considering the relative water content
and amount of mobile water for different salt contents. Fig. 3
shows a correlation between biocatalyst activity, as measured by
(kcat�KM)app, and the total water [% water (wt�wt)�% enzyme
(wt�wt)]. Fig. 3 also shows a similar correlation between (kcat�
KM)app and the integrated NMR intensity of relatively mobile
deuterons. These results indicate that although the total amount
of water is smaller in the more active salt preparations, the
amount of water per enzyme and the amount of mobile deuter-
ons (including enzyme-OD, enzyme-ND from hydrogen–
deuterium exchange), as determined by the integrated intensities
of the Hahn echo spectra, are larger. Deuterium spin counts of
salt-activated subtilisin based on the Hahn echo spectra and total
water contents measured by Karl–Fischer titration agreed to
within 3–5%, indicating that the mobile deuterons were associ-
ated primarily with D2O rather than hydrogen–deuteron ex-

change on the enzyme. That the amount of water present on a
per enzyme basis, as well as the mobility of this water, correlates
with biocatalyst activity suggests that the salt somehow directs or
provides water, including mobile water, to the enzyme.

The transition state of N-acetyl phenylalanine ethyl ester
(APEE) transesterification catalyzed by subtilisin Carlsberg in
organic solvents is characterized by a large dipole moment (6),
suggesting that greater transition-state stabilization and higher
activity would be achieved in more polar organic solvents.
However, a consistent correlation between transesterification
activity of subtilisins and solvent polarity has not been observed
(6, 13). Deviations from the expected trend may arise from
several effects, including ground-state stabilization of the sub-
strate (13, 14), the deleterious mechanism of ‘‘water stripping’’
(5, 15–17), and partial denaturation due to increased interaction
between the enzyme and solvent (18). The present results,
as discussed below, provide evidence for the latter two
mechanisms.

Fig. 4 shows enzyme activity and NMR relaxation data for
three solvents of differing polarity, as measured by the solvent
dielectric constant (hexane, � � 2.0; tetrahydrofuran, � � 7.8;
acetone, � � 20.8). The T2 results were derived from NMR data
such that signals from solvated D2O molecules present in the
bulk solvent due to water stripping were removed via spectral
subtraction of NMR data obtained under identical conditions
from saturated solvent control samples. Fig. 4 illustrates that the
catalytic activity of salt-activated subtilisin [98% NaF (wt�wt)]

Fig. 1. Percent water (wt�wt) retained after lyophilization as a function of
salt content of the biocatalyst.

Fig. 2. 2H NMR emanating from salt-free (broad) and salt-activated (narrow)
samples. Data were obtained with a solid-echo sequence with ��2-pulse
widths of 6 �s and a � value of 100 �s.

Fig. 3. Catalytic efficiency, (kcat�KM)app (F), of salt-activated subtilisin Carls-
berg in hexane; % water (wt�wt)�% enzyme (wt�wt) (■ ); integrated NMR
peak area normalized for number of scans and amount of sample in arbitrary
units (Œ).

Fig. 4. Catalytic efficiency, (kcat�KM)app (F), of salt-activated subtilisin Carls-
berg in hexane, THF, and acetone in comparison with T2 (■ ) of mobile
deuterons as a function of dielectric constant of solvent.

Eppler et al. PNAS � April 11, 2006 � vol. 103 � no. 15 � 5707

A
PP

LI
ED

BI
O

LO
G

IC
A

L
SC

IE
N

CE
S



clearly decreases with increasing solvent polarity, whereas the
deuteron (‘‘water’’) mobility increases. Assuming that the deu-
terium NMR data correspond to water associated with the
enzyme, this finding is consistent with previous EPR results and
molecular dynamic studies on the serine protease �-chymotryp-
sin (12), indicating that enzyme flexibility increases with in-
creasing solvent dielectric constant.

Greater enzyme flexibility in more polar organic solvents can
be explained, at least in part, by weaker electrostatic interactions
with increasing dielectric constant (8, 11, 12). However, the loss
of activity evident in Fig. 4 can also be viewed in the context of
the water-stripping model. As water is stripped from the enzyme,
locations in and on the enzyme previously inaccessible to the
solvent may become accessible, thus permitting increased sol-
vent-enzyme interactions. It is possible that these interactions
partially denature the enzyme, as exhibited by the decreased
activity, with the resulting denatured conformation exhibiting
greater flexibility in more polar solvents (10, 18). Thus, any
enzyme-bound water associated with the flexible conformation
would also appear more flexible, giving rise to the observed
trends in transverse relaxation. We conclude that the more
hydrophilic solvents may therefore deactivate the enzyme
through two mechanisms, water stripping and increased solvent-
enzyme interactions.

Although a direct trend between water mobility and bio-
catalyst activity does not appear when comparing activity data
from different solvents (e.g., Fig. 4), a compelling trend emerges
when examining mobility (as measured by T2-derived correlation
times) and activity data from a single solvent. A qualitative
inspection of these data suggests a relationship between (kcat�
KM)app and the correlation time (�c)D2O of NMR visible
deuterons. According to the Stokes–Einstein equation (36),
(�c)D2O � 1�T. We therefore plotted ln(kcat�KM)app as a function
of (�c)D2O to determine whether a linear or Arrhenius-type
dependence was exhibited. Fig. 5 reveals that a linear relation-
ship was indeed obtained. Thus, the physicochemical nature of
the salt may alter the local mobility of the enzyme in a manner
similar to that of increasing temperature, thereby yielding the
implicit free-energy relationships shown in Fig. 5, which reflect
‘‘isothermal activation energies’’ for enzyme activation. The
different slopes and y intercepts for the two solvents are likely
due to differences in solvent–protein interactions, water strip-
ping, and�or ground state stabilization.

Control experiments on 100% salt preparations in hexane
yielded strikingly different deuterium relaxation times than the
98% biocatalysts. The large difference between T2 values of the
pure-salt control samples and the 98% enzyme-salt samples
(Table 1) indicate that the trend in Fig. 5 is due to the presence
of enzyme and is not merely an intrinsic property of deuterons
associated with the salt. By using Karl–Fischer titration and
counting the exchangeable proton sites on the enzyme, it was
estimated that the ratio of D2O to enzyme deuterons (en-
zyme-ND � enzyme-OD) was �10:1, indicating that the major-
ity of observable deuterium relaxation is attributable to D2O
rather than deuterated sites on the enzyme. Thus, the large
difference in enzyme activity between salt-free [(kcat�KM)app �
0.092 s�1�M�1] and 98% CsF (wt�wt) [(kcat�KM)app � 1,140
s�1�M�1] is accompanied by the presence of a more mobile water
population. A similar lubrication phenomenon was observed
previously for SC in aqueous solution with and without organic
cosolvents wherein faster solvation-layer water dynamics accom-
panied greater enzyme activity (37). We surmise that enzyme–
salt complexes contain a more mobile water (i.e., deuteron)
population than salt-free enzymes, which facilitates a more
aqueous-like local environment and dramatically increases en-
zyme activity through increased enzyme flexibility.

The activation energy of subtilisin-catalyzed transesterifica-
tion is readily determined from transition-state theory (38), as
indicated by Eqs. 1 and 2, where co is the standard-state
concentration [generally assumed to be 1.00 M (39)]:

kcat

KM
� ��kBT

hco�exp��S*
R � exp��

�H*
RT � [1]

�S*app

R
� ln� � ln� kB

hco� � � �S*
R � , [2]

where � is the preexponential transmission coefficient and the
other parameters have their usual definitions. The mobility of
the transition state can be inferred from Eq. 2, where increased
degrees of freedom and greater entropy may correlate with
increased conformational mobility.

Furthermore, ��H* and ��S* can be defined as follows:

���H*�solvent � (�H*)98% NaF � (�H*)salt-free [3]

���S*�solvent � (�S*app)98% NaF � (�S*app)salt-free. [4]

These equations form the basis for the effects of temperature on
salt-activated biocatalyst activity in a given solvent and clarify
whether salt activation is the result of enthalpic and�or entropic
effects. Moreover, values of ��S* shed light on how the flexi-
bility of the transition state affects activity.

A series of temperature-dependent experiments were per-
formed on the salt-free preparation and a 98% NaF (wt�wt)
preparation in acetone and hexane, and the results are shown as
an Eyring plot in Fig. 6. The relative activation enthalpies of the
two biocatalyst preparations were nearly identical in both the
polar and nonpolar solvent, i.e., (��H*)hexane � (��H*)acetone �
0 kJ (Table 2). This result is consistent with the finding in ref. 6,

Fig. 5. Dependence of ln(kcat�KM)app on the correlation times of mobile
deuterons, (�c)D2O, for salt-activated subtilisin Carlsberg in hexane (E) and
acetone (F). Thelinearity of each plot reflects an Arrhenius-type dependence
assuming (�c)D2O � 1�T.

Table 1. Physicochemical and kinetic data for enzyme–salt
formulations in hexane 98% (wt�wt)

Subtilisin
formulation

kcat�Km

(s�1�M�1)
T2, �s

(98% salt)
T2, �s

(100% salt)

NaCl 30.5 525 351
NaF 76.8 855 679
CsCl 258 1,420 527
CsF 1,140 4,990 200
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which states that the enzymatic mechanism for transesterifica-
tion of APEE is highly conserved in a wide range of solvents.
Perhaps more interesting is the positive value of ��S* for both
solvents; inclusion of salt results in greater degrees of freedom
being manifested in the transition state of the salt-activated
biocatalyst. This finding supports the hypothesis that salt acti-
vation increases biocatalyst activity through increased protein
flexibility.

In summary, we have shown that enzyme activity in salt-
activated preparations of SC correlates with the transverse
relaxation data from enzyme-associated water molecules. A
quantitative analysis of the relaxation data, along with temper-
ature-dependent kinetic measurements for various salt-activated
preparations, show that the dramatic activation of the biocatalyst
preparations is associated with the presence of highly mobile
water.

Materials and Methods
Materials. Subtilisin Carlsberg (from Bacillus licheniformis),
APEE, and nonadecane were obtained from Sigma. D2O
(99.9%) was obtained from Cambridge Isotope Laboratories
(Cambridge, MA). Karl–Fischer titrant and solvent were pur-
chased from GFS Chemicals, Inc. (Powell, OH). All solvents
used were of the highest grade commercially available and were
stored over 0.3-nm molecular sieves for at least 24 h before use.

Enzyme Preparation. The enzyme was activated by lyophilization
from an aqueous phosphate buffer (KH2PO4). For enzyme
samples containing salts, the phosphate buffer concentration
(0.25 mg�ml) and enzyme concentration (0.25 mg�ml) remained
the same for all samples. The initial salt concentration was
chosen to yield the desired salt content (% wt�wt) in the
lyophilizate. The pH of all enzyme solutions was adjusted to 7.8
by using a few drops of 0.5 M KOH or 0.1 M H3PO4; in all cases,

the amount added did not significantly alter the buffer concen-
tration, ionic strength, or solution volume.

Samples were frozen according to a two-step protocol. First,
the Falcon tubes containing samples were vertically immersed in
a bath of liquid N2 until boiling subsided. The samples were then
placed in a Labconco Freeze Dry 6 freeze dryer (Fisher Scien-
tific) at �49°C and 50 �mHg (1,000 �mHg � 133 Pa) for 44 h.
Salt-free enzyme (24.75 mg�ml) solutions in phosphate buffer
(0.25 mg�ml, pH 7.8) were frozen and lyophilized in the same
manner. The lyophilized samples were immediately assayed for
activity and water content. When not in use, the samples were
stored at �20°C under N2 in the Falcon tubes. Samples used for
2H NMR were prepared with D2O.

Kinetic Assays. Catalytic efficiencies of subtilisin Carlsberg for-
mulations [(kcat�KM)app, where app designates that both kinetic
parameters of the ping–pong and bi–bi mechanism are apparent
values, as per the convention for protease-catalyzed reactions
involving competing nucleophiles (40)] were determined in
nearly anhydrous tetrahydrofuran, acetone, and hexane. Trans-
esterification of APEE with 1-propanol typically involved adding
5–10 mg of salt-enzyme powder to 5 ml of organic solvent
containing 1.5 mM nonadecane (internal standard for gas chro-
matography), 0.85 M 1-propanol, and varying concentrations of
APEE (1–20 mM). Reactions were carried out in 20-ml glass
scintillation vials and agitated at 250 rpm in a C-24 Classic
Benchtop Incubator Shaker (Neuo Brunswick Scientific) at
30°C.

Product analysis was performed by monitoring the generation
of APPE. To this end, 500-�l aliquots were removed from the
reaction vials, and each sample was centrifuged in a 1.5-ml
Eppendorf tube for 5 min at 12,000 rpm. The resultant super-
natant was then analyzed by using a gas chromatograph (model
3800; Varian) equipped with a CP-SIL8, 250-�m capillary
column (15 m in length with a 0.25-�m inner diameter), a
constant He carrier gas pressure of 15 psi (1.3 ml�min), 250°C
injection and detection temperatures, and an isothermal column
temperature of 215°C. All measurements were performed in
quadruplicate, and initial rates were determined from straight-
line fits of average values. In all cases, no measurable amount of
hydrolysis product N-Ac-L-Phe-OH was observed. Rate mea-
surements were performed over 60–180 min, during which the
rates remained constant (linear plots of concentration vs. time).
Kinetic parameters Vmax,app and KM,app were determined by
fitting initial rate data to the Michaelis–Menten equation.
Values of kcat,app were calculated by dividing Vmax,app by the
concentration of active enzyme. The active enzyme concentra-
tions for all preparations used in this study were taken from Ru
et al. (41), with the exception of 98% CsF (wt�wt), 98% KHCO3
(wt�wt), 85% NaF (wt�wt), 75% NaF (wt�wt), and 50% NaF
(wt�wt), which we determined by active-site titration as de-
scribed by Wangikar et al. (40). Samples of pure lyophilized salt
were determined to be noncatalytic.

Water Content Measurements. The water content of the lyophilized
samples was determined by Karl–Fischer titration. Before addi-
tion of the sample, the Karl–Fischer titration apparatus was
equilibrated with titrant to neutralize any water present in the
chamber. Upon equilibration, a known weight of sample was
placed in the sealed chamber and titration commenced. Water
content values were measured in triplicate.

2H NMR. Deuterium relaxation experiments were performed on a
home-built spectrometer at 9.39 T (61.4068730 MHz). In a
typical experiment, 100 mg of sample (biocatalyst) was packed
into a 5-mm (1-ml) NMR tube under N2 to avoid adsorption of
ambient H2O. Organic solvent was then added to the NMR tube,
and the sample was allowed to equilibrate for at least 1 h. The

Fig. 6. Eyring plots for two subtilisin Carslberg preparations: 98% NaF
(wt�wt) (F, hexane; �, acetone) and salt-free (F, hexane; ƒ, acetone).

Table 2. Transition-state parameters for salt-activated and
salt-free biocatalysts

Solvent Biocatalyst
�H*,

kJ�mol�1

��H*,
kJ�mol�1

��S*,
J�K�1�mol�1

Hexane 98% (wt�wt) NaF 27.6 0.0 62.2
Salt Free 27.6

Acetone 98% (wt�wt) NaF 18.7 0.8 35.7
Salt Free 17.9
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sample was then placed in an NMR probe, deuterium transverse
relaxation times were measured by using the Hahn echo pulse
sequence (42), and spectra were obtained by using a solid-echo
sequence. Both pulse sequences were performed by using a
900-pulse width of 6 �s. The spectral width was set to 300 kHz,
with 8,192 real data points. The number of scans ranged from
5,000–10,000, and the delay between experiments was 1.25 s.

Restriction of the delay time in the Hahn echo sequence to
values larger than 100 �s resulted in NMR signals from only
relatively mobile nuclei, thereby ensuring that the derived re-
laxation times are associated with mobile deuteron populations,
comprising enzyme-ND, enzyme-OD, and mobile D2O species
(42, 43). Signals from solvated D2O molecules in the bulk solvent
were removed via spectral subtraction of NMR data obtained
under identical conditions from saturated solvent control sam-
ples. To this end, the solvents were first equilibrated with
lyophilized powders for a period of 1 h, after which the equili-

brated solvent was removed by centrifugation and the NMR data
collected. The amount of D2O observed in the equilibrated bulk
solvent ranged from 5–20% of total D2O signal.

Correlation times for deuterons were calculated according to
Eq. 5 (43):

1
T2

�
1

60�1 �
	2

3 �K2�9�c �
15�c

1 � �
0�c�
2 �

6�c

1 � �2
0�c�
2�, [5]

where T2 is the transverse relaxation constant, �c is a motional
correlation time, 
o � 2�� is the angular precession frequency
with � being the NMR frequency of deuterium at 9.39 T, 	 is the
quadrupolar asymmetry parameter, and K is the quadrupole
coupling constant. For 2H NMR relaxation measurements of
bound water, 	 � 0.1 and K � 216.4 kHz (44).
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