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SecA, an essential component of the general protein secretion path-
way of bacteria, is present in Escherichia coli as soluble and
membrane-integral forms. Here we show by electron microscopy that
SecA assumes two characteristic forms in the presence of phospho-
lipid monolayers: dumbbell-shaped elongated structures and ring-like
pore structures. The ring-like pore structures with diameters of 8 nm
and holes of 2 nm are found only in the presence of anionic phos-
pholipids. These ring-like pore structures with larger 3- to 6-nm holes
(without staining) were also observed by atomic force microscopic
examination. They do not form in solution or in the presence of
uncharged phosphatidylcholine. These ring-like phospholipid-
induced pore-structures may form the core of bacterial protein-
conducting channels through bacterial membranes.

The Escherichia coli SecA, a homodimer of 102-kDa subunits in
solution, along with SecYEG and other Sec proteins (1–6) are

intrinsic components of the protein secretion machinery. SecA
binds precursor proteins, hydrolyzes ATP, and uses the energy of
hydrolysis to translocate proteins across the cytoplasmic membrane.
SecA lacks hydrophobic stretches sufficiently long to span a mem-
brane (7), but it binds to the membrane and interacts with SecYEG
and acidic phospholipids. It may integrate into membrane either by
itself or together with other Sec proteins (1, 4–6, 8–13). The
prevailing model of protein translocation depicts the SecYEG
complex as forming the essential translocation core channel
through the membrane, and SecA being a peripheral protein which
hydrolyzes ATP to insert and deinsert a 30-kDa domain into the
membrane. By cycling on and off the membrane it pushes precursor
proteins through the SecYEG channel (4, 5, 14). Several findings,
however, contest this model (15). Blobel’s group showed that
reconstituted membranes containing �1% of the normal level of
SecY are active in protein translocation, and suggested that SecY
is not the obligatory receptor for SecA and that it may not be
essential for protein translocation (16). We confirmed and ex-
tended these findings by showing that both SecE- and SecY-
deficient membranes are capable of translocating some precursor
proteins in vitro, indicating that neither SecE nor SecY is essential
for translocating all proteins (17, 18). Moreover, we and others have
shown that SecA, which is often referred to as the peripheral
subunit of preprotein translocase (4, 5), integrates into membranes
(6, 8, 13, 19, 20), a fraction of which does not cycle on and off the
membrane during translocation (13), and possibly forms an integral
part of the protein-conducting channel (6, 13, 17, 20, 21).

SecA’s structure in solution has been studied in some detail
(10, 11), and recently the three-dimensional crystals of SecA
from Bacillus subtilis were obtained for x-ray structural analysis
(22, 23). The structure of SecA within membranes, however, is
not well understood. SecA has been shown to assume two
membrane-integrated forms, one of which is membrane-specific
(21), presumably because of its deep penetration into the lipids
(9). Previously, the lipid layer technique and electron microscopy
has been used to reveal the structures of several membrane-
related soluble proteins and their interaction with membranes
(24, 25). Here we used this technique to examine structures of
E. coli SecA on phospholipid layers by electron microscopy. We

also examined these structures by atomic force microscopy
(AFM) (26, 27). We observed that SecA forms ring-like pore
structures when it interacts with E. coli anionic phospholipids.
These pores may form the central core of protein-conducting
channels.

Experimental Methods
Purification of SecA. SecA was purified as described (13) from
lysates of E. coli BL21(�DE3)�pT7-SecA (1) by stepwise elution
on a Pharmacia S-Sepharose column, followed by gel filtration
chromatography on a Sephacyl-200 column. The final prepara-
tions contained virtually pure SecA as determined by Coomassie
blue staining of samples separated by dodecyl sulfate-
polyacrylamide gel electrophoresis. SecA preparations were kept
at �86°C in small amounts in 50 mM NH4HCO3�1 mM
DTT�1% lactose or lyophilized.

Electron Microscopy. The previously described monolayer tech-
nique for studying the two-dimensional crystallization of pro-
teins (28) was performed. Briefly, 15–20 �l samples of a solution
of SecA (20–200 �g�ml) in 20 mM Tris�HCl (pH 7.3) buffer were
added to small Teflon wells (4 mm in diameter and 0.5 mm deep)
until the liquid surface bulged up. The surface was coated with
0.5–1.0 �l of E. coli phospholipids (from Avanti Polar Lipids)
solutions (�1 mg�ml) in chloroform�methanol (3:1 vol�vol)
added from a syringe. The wells were incubated in a sealed
humid atmosphere at �20°C for at least 6 h (typically, 4°C for
24 h). Then, the lipid monolayers at the air�liquid interfaces
were picked off with hydrophobic carbon coated gold grids.
After washing with several drops of incubation buffer (20 mM
Tris�HCl, pH 7.3), grids were blotted and negatively stained with
uranyl acetate solution (0.5–1% wt�vol). Samples of soluble
SecA, 5 �g�ml, were also adsorbed for 30 s on grids with a
glow-discharged carbon coat and negatively stained. The spec-
imens were examined with a Philips CM120 transmission elec-
tron microscope with an accelerating voltage of 100 kV at a
magnification of �50,000. Interesting fields were recorded on
Kodak SO-163 films.

Digitization of the Images and Single-Particle Analysis. The best
images (selected visually and by optical diffraction) were digitized
at a step size of 25 �m per pixel by an AGFA Duoscan camera
system. The numeric images were converted to SPIDER format
and processed with SPIDER image-processing software (29).

Six images containing a total of �1,000 dispersed particles
were analyzed by interactive marking and extraction. Two-
dimensionally ordered, packed particles were examined by au-
tomatic extraction: a reference by averaging small numbers of

This paper was submitted directly (Track II) to the PNAS office.

Abbreviation: AFM, atomic force microscopy.

†H.-W.W. and Y.C. contributed equally to this work.

§To whom correspondence may be addressed. E-mail: biopct@langate.gsu.edu or
suisf@mail.tsinghua.edu.cn.

www.pnas.org�cgi�doi�10.1073�pnas.0737415100 PNAS � April 1, 2003 � vol. 100 � no. 7 � 4221–4226

M
IC

RO
BI

O
LO

G
Y



dispersed particles was cross-correlated with the image contain-
ing crystal-packing particles; peaks of the cross-correlation map
were indicated, and the position of the peaks were used in the
extraction of the particles. About 1,000 particles were extracted
from one image after manually screening the automatic ex-
tracted particles.

The reference-free alignment procedure was performed on
in-plane alignment of the dispersed particles by using the
corresponding program of SPIDER. They were then masked and
classified by using the multivariance statistical analysis method
(30). In practice, the hierarchy classification algorithm was used
(31). For the particles extracted from the two-dimensionally
ordered packing, shift alignment to the reference was first
performed without angular rotation alignment. The particles
were then masked with a circle to exclude the boundary elements
and rotationally aligned by free alignment followed by the
hierarchical classification.

Average and variance maps of each particle cluster were
calculated and analyzed for the resolution and intraclass vari-
ance. For those projection images with intra p2 symmetry, the
average between the 180° rotational image and the original
image was calculated. For estimation of the resolutions of these
average maps in each cluster, the different phase residual
method was used (32) and resolutions in the range of 3.0–3.2 nm
were obtained.

AFM. All AFM slides were prepared as described by Butamante
and Revetii (33) with minor modifications. Briefly, 10 �l samples
of different mixtures in 10 mM Tris�HCl, pH 8.0, containing 50
mM KC1 and 2 mM MgC12 (TKM) were applied to freshly
cleaved mica, which were held at room temperature for 10–15
min, rinsed four times with deionized water, and dried in a
dessicator. To prepare lipid bilayers, extracted E. coli membrane

lipids or 1,2-dioleoyl-sn-glycero-3 phosphochloine (phosphati-
dylcholine) in chloroform were vacuum dried, resuspended in
TKM buffer and sonicated for 15 min in an ice bath (34). The
mixture of SecA (1.7 �g) and the bilayer (20 �g) in 10 �l TKM
buffer was vortexed for 10 s before applied to the mica. Goat
anti-rabbit IgG-gold (purchased from EY Laboratories) at a
concentration of 15 �g�ml in the same buffer as above, was used
as a reference for measuring the sizes.

AFM images were obtained with a CP-Autoprobe (Park
Scientific, Sunnyvale, CA) by using the noncontact mode in a
scan rate of 0.5 Hz and drive force of 3–8%, and analyzed by
using image processing software (SPMLAB NT version 5.01)
according to the manufacturer’s manual.

Chemicals and Reagents. E. coli phospholipids mixtures, phos-
phatidylcholine, and phosphatidylserine were purchased from
Avanti Polar Lipids. S-Sepharose and Sephacyl-200 were from
Amersham Pharmacia. All others are reagents grade, and were
purchased from commercial sources.

Results
Distinct SecA Structures On Interaction With Phospholipids. When
soluble SecA was incubated underneath lipid monolayers of E.
coli phospholipids at 4° for 24 h and examined by transmission
electron microscopy, patches of ordered lattice packed particles,
and two forms of dispersed particles (Fig. 1) were seen. The
dispersed structures were a mixture of dumbbell-shaped (Fig. 1,
arrows, 1) and ring-like shaped particles with pores (Fig. 1,
circles, 2). The patches contained mostly ring-like particles with
pores and a few horseshoe-shaped particles. The appearance of
these ring-like particles depended on the incubation time, tem-
perature and the protein concentration. They formed when the
solution of SecA was more concentrated than 20 �g�ml and was

Fig. 1. SecA structures formed in the presence of E. coli lipid monolayers. SecA (100 �g�ml) in 20 mM Tris�HCl, pH 7.3, was incubated at 4°C for 24 h with E.
coli lipid monolayers covered until picked up, and negatively stained. A patch of two-dimensional ordered-packing of ring-like particles is visible in the lower
right quadrant. Some dispersed with ring-like pores are marked by circles. Dispersed dumbbell-shaped particles are marked by arrowheads. The scale bar
represents 50 nm. (Right) Enlarged digitized images of dumbbell-shaped (1) and pored (2) particles.
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held for �6 h at a temperature �20°C. On the other hand, the
dumbbell-shaped structures could be found shortly after protein
interaction with E. coli lipid monolayer in a wide range of
subphase conditions. The time course of the appearance of
dumbbell and ring-like structures suggested that the dumbbell-
shaped structures may be intermediates in the formation of
ring-like structures. Particles of SecA in solution in the absence
of phospholipids exhibited no characteristic privileged orienta-
tion on hydrophilic carbon layered grids examined by electron
microscopy (data not shown). No ring-like structures were seen
in solution without phospholipids.

This visual evidence for SecA forming two distinct structures
on interaction with phospholipids is consistent with previous
biochemical evidence based on proteolysis analysis that two
forms of integral SecA [(SecAs and SecAm exist in E. coli
membranes (21) and in liposomes (J. You and P.C.T., unpub-
lished data)].

These particles were fairly homogeneous on negatively
charged phospholipids. No such dumbbell-shaped or ring-like
particles were observed when SecA interacts with nonnegatively
charged phospholipids, such as phosphatidylcholine (data not
shown). These results suggest that the dumbbell-shaped and
ring-like particles might be the forms that anchor SecA onto the
negatively charged phospolipid layers. Because the sum of its
complement of Glu and Asp residues exceeds the sum of its Lys
and Arg residues by 26 (7), SecA has a net negative charge in the
buffer used (pH 7.3). Thus specific local positively charged areas
on the surface of SecA probably interact with the negatively
charged phospholipids in a privileged orientation.

Dumbbell-Shaped Structures. By single-particle analysis, the dis-
persed elongated dumbbell-shaped particles were selected,
aligned, classified and averaged (29). Six clusters were classified.
These varied with respect to the relative position of the two
domains, the area and shape of the low-density gulf inside each
domain, and the size of the particles. Particles in clusters 1–3
have only a shallow gulf in both ends of the ‘‘dumbbell’’; those
in clusters 4–6 have a deep gulf or a hole within the ends of the
‘‘dumbbell’’ (Fig. 2). The average maps reveal that dumbbell-
shaped particles are composed of two main domains, arranged
in a 2-fold symmetry (Fig. 2). A 2-nm-diameter gulf with low
density can be observed between these two domains. The whole
particle is ‘‘X’’ shaped with a lobe at each of its four corners, an
architecture shown more clearly by the global variance map in
which the dark areas represent less variety of structure among all
particles (Fig. 2 A, lane A). The particles measure 13–14 nm in
their longest dimension and 8–9 nm wide, perpendicular to the
maximum axis. The contour maps indicate that there is a
high-density region in each domain located at the farthest
lobe-like end of the particle and another high-density motif
located in the middle of the whole particle extending to the other
lobe of the domain (Fig. 2B). The different depths of the gulfs
revealed by the classification of the particles would be consistent
with the heterogeneous conformations of SecA proteins. This
suggests the presence of flexible motifs within the molecules that
may play a functional role in hydrolyzing ATP and�or translo-
cating preproteins (23).

The similarity of the outlines of particles as determined by
electron microscopy and previously by small angle x-ray scatter-
ing (11) as well as three-dimensional SecA structures (23), and
the presence of a 2-fold symmetry inside the particles suggest
that the dumbbell-shaped particles on lipid layers may be dimers
of similar shapes to those modeled from monomeric SecA found
in solution by x-ray crystallography (23). The modeled dimeric
SecA in solution measured 12 nm long along the longest
dimension and 8 nm wide (23), results similar to those obtained
by electron microscopy. The dumbbell-like projection averages
and the modeled dimers derived by x-ray crystallography suggest

that the two separate domains of each polypeptide nucleotide
binding domain and preprotein cross-linking may correspond to
the lobes on the images (22, 23).

Lipid-Specific Ring-Like Pore Structures. The hexagonal ring-like
pore structures of SecA on phospholipid layers is lipid-specific
(Figs. 1 and 3). These particles exhibit distinct domains (Fig. 1,
2). The ring-like particles are more compressed than the dumb-
bell-shaped particles and most occur as a hexagonal lattice (Fig.
1). In addition to forming on E. coli lipids, these structures were
observed to form in lipid mixtures containing phosphatidylcho-
line and negatively charged phosphatidylserine or phosphatidyl-
glycerol, but not with phosphatidylcholine alone (data not
shown). These results along with the absence of ring-like struc-
tures in the solution suggest that negatively charged phospho-
lipids specifically induce formation of these characteristic ring-
like pore structures. These structures may be the lipid-specific
SecAM in membranes (21). The observation that ring-like struc-
tures were observed more often at 4°C than at room temperature
is in agreement with the instability of the SecAM at high
temperature in liposomes (J. You and P.C.T., unpublished data).
Single-particle analysis of �1,000 of these particles revealed that
the rings are quite homogeneous with an outer diameter of 8 nm
with an inner 2-nm hole (Fig. 3).

Sometimes while transferring lipid monolayers onto grids,
self-attraction of the hydrophobic side forms ridges within the
monolayers. In these regions the ring-like particles can be
observed in a side-view (Fig. 4) as rectangular, cylindrically
shaped particles of 8 nm by 5 nm with a central stain-filled

Fig. 2. Single-particle analysis of the dumbbell structures of SecA formed in
the presence of E. coli lipid monolayers. A total of 660 dumbbell-shaped
particles boxed from four films are aligned by reference-free alignments. The
first alignment gives an average map, which was used as the reference for a
second round alignment. The aligned particles were masked by a mask made
from the reference map and were applied to multivariance statistical analysis
(30). By hierarchical classification (31), the particles were classified into six
clusters, from which the average maps and variance maps were calculated in
A. The number above each average map is the cluster number; the number
below the variance map is the number of particles included in that cluster. The
global average and variance maps were also calculated as shown in lane A.
The maximum density values in variance maps are � 5% of the average. The
resolutions of average maps in each cluster were estimated to be in the range
of 3.0–3.2 nm according to the different phase residual method (32). Two-fold
symmetry applied average maps of each cluster were calculated. The average
map of each cluster was rotated 180° in plane. Then the rotated images were
averaged with the original ones. The small variances between the 180° rota-
tional maps and their original ones indicate the presence of two-fold symme-
try within each particle. The final maps were then contoured and shown in B.
The image box length represents 17.5 nm.
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tunnel. Such side-views allow the molecular sizes of the struc-
tures to be estimated from their volumes. Assuming the density
of SecA protein to be 1.33–1.35 g�ml, the ring-like structures
average 205,000 Da (ranging from 174 to 253 kDa), suggesting
that they are SecA dimers (alternatively, one monomer may
stack on the other).

AFM Images of Ring-like Pore Structures of SecA. To eliminate the
possibility that the observed pores in SecA were artifacts induced
by fixing and staining, we examined surface topology of SecA by
AFM, a technique that has been used to examine molecular
interactions (33, 35), and to study the surface structures of porin
channels (26, 27). Again we found that in the presence of E. coli
phospholipid mixtures, SecA forms ring-like pore structures with
diameters of about 8–9 nm, surrounding indented holes of 3–6
nm, the depths of which vary (Fig. 5 A–D). Such structures are
not seen in the presence of detergents such as octyl glucoside
(Fig. 5E), and they do not form in the absence of phospholipids
(Fig. 5 F and G), or in the presence of noncharged phosphati-
dylcholine (Fig. 5H). Comparisons of the images of pore struc-
tures and soluble SecA allow estimation of the depth of the
indented holes. SecA in the absence of lipids is �6.4-nm thick
(Fig. 5G); the ring-like structures are �8.4–9 nm. Substraction
suggests a minimal pore depth of �2–2.6 nm.

The ring-like pore structures observed by AFM and electron
microscopy are remarkably similar with the exception that the

inside diameter of an indented hole appears smaller by electron
microscopy. Presumably fixation and negative staining narrow
the pore. We conclude that such ring-like pore structures of
SecA are induced only in the presence of negatively charged
phospholipids.

Discussion
Pore Structures of SecA On Interaction with Anionic Phospholipids.
Although the primary structure of SecA (7) predicts it to be a
soluble protein, its association with, and integration into, mem-
branes has long been observed (1–3, 6, 8, 12, 13, 19–21).
Interaction with phospholipids increases the intrinsic ATPase
activity of soluble SecA (2, 36), presumably because of confor-
mational changes. Such induced changes allow SecA to penetrate
deeply (9) and even to traverse lipid bilayers (37, 38). This
interaction restricts the movement of both SecA and the lipid
moiety in the bilayers (39), and depends on the anionic natures
of the phospholipids (2, 9, 36, 40): both electrostatic and
hydrophobic interactions are involved in the insertion (40).

The work presented here shows that interaction with phos-
pholipids also induces E. coli SecA to undergo physical change.
Two distinct structures are observed by electron microscopy
when SecA interacts with an anionic phospholipid monolayer: a
dumbbell-shaped and a ring-like structure. The dumbbell-
shaped structures resemble soluble SecA in the absence of
anionic phospholipids, and are similar to those observed by small
angle x-ray scattering (11) as well as three-dimensional structures
of SecA in solution (10, 22, 23). However, under current
resolution (3 nm), it is not clear whether dumbbell-shaped
structure is identical to the dimeric SecA in solution. It is possible
that some subtle conformation changes happen when the protein
interacts with phospholipids. The ring-like pore structures of
SecA, however, are lipid-specific; they are observed only with
anionic phospholipids layers. The relationship of the two struc-
tures is not yet clear, but based on the time of their appearance,
the dumbbell-shaped structures may be intermediates in the
formation of the ring-like structures. Based on side-view obser-
vations, the ring-like pore structures appear to be dimeric SecA
(Fig. 4); their formation is enhanced by higher concentrations of
SecA within membrane, a condition favoring the dimer forma-
tion (41). However, further work is needed to verify it.

Almost identical ring-like pore structures of SecA but with
larger holes were observed with AFM, without staining. These
ring-like pore structures are quite homogeneous with an esti-
mated 8–9 nm diameter and an indented hole 3–6 nm wide and
2–2.6 nm deep. These structures may be related to the previously
described lipid-specific SecAM with unique domains in mem-
branes. Possibly the flexible domain (the preprotein cross-

Fig. 3. Single-particle analysis of the ring-like pore structures. About 30
dispersed hexagonally ring-like particles were boxed and averaged to give a
reference. Then 1,077 particles in the lattice packing form were extracted
automatically by a cross-correlation method and screened manually for final
processing. Shift alignment to the reference is first performed without angu-
lar rotation alignment. The particles were then masked with a circle to exclude
the boundary elements and rotationally aligned by free alignment followed
with the hierarchical classification. The variances among the particles are so
small that only the global average maps were calculated (1). The global
average map of all of the particles with only shift alignment but without
rotational alignment were also calculated ( 2). The difference between the
rotationally aligned and unaligned average images is so small that the final
projection map was calculated only from the global average map without
rotational alignment ( 3 ). The resolution of the averages were determined to
be 3.2 nm by different phase residual method (32). The image box length
represents 11.7 nm.

Fig. 4. Side views of ring-like SecA on E. coli lipid layers with ridges. Two
patches of two-dimensional ordered-packing of ring-like particles in ridges of
E. coli lipid layers formed by the attraction of the monolayers’ hydrophobic
sides are shown. The experimental conditions were the same as in Fig. 1. Side
views of the ring-like particles can be seen along the sides of the ridges. (Scale
bar � 50 nm.) The height of the particles is estimated to be 5 nm.

Fig. 5. Ring-like pore SecA structures observed by AFM. AFM images of SecA
in various conditions. (A) Ring-like pore structure of SecA in E. coli lipid
bilayers. (B and C) Zoom-in images of A. (D) Three-dimensional image of C. (E)
SecA in lipids plus 2% octyl glucoside. (F) SecA in buffer without lipids. (G)
Zoom-in images of F. (H) SecA in phosphatidylcholine. (Bars show the depth of
the images: 9.02 nm for B, 8.36 nm for C, 6.38 nm for G, and 7.94 nm for H.)
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linking domain as mentioned in ref. 23) undergoes a conforma-
tional change to insert into the membrane, triggering the
formation of a transmembrane pore in the other part of the SecA
molecule.

The pore structure of SecA is remarkably similar to those of
Bacillus SecYE (42) and eukaryotic Sec61p (43, 44). These were
proposed to be the tunnels through which polypeptides tranverse
membranes of Bacillus and eukaryotes. The SecA ring-like pore
structures (2–6 nm) observed here both by electron microscopy
and AFM, may be such transmembrane tunnels. The existence
of these pore structures raises questions about the composition
of the core of the bacterial translocation channel. Monomeric or
dimeric E. coli SecYEG complexes themself alone do not form
such large hole structures (45–47); SecA does, but only in the
presence of negatively charged lipids.

Roles of SecYEG in Protein Translocation. The prevailing model of
Sec mediated protein translocation in bacteria (4, 5) depicts the
SecYEG complex as forming the essential translocation channel,
and SecA as being a peripheral protein that cycles on and off the
membrane as it hydrolyses ATP thereby pushing precursor
peptides across the translocation channel in a step-wise process
(48, 49). The other Sec and related proteins confer specificity
and efficiency. SecYEG allows SecA to bind to the membranes
with higher affinity (50–52), and to shield it from phospholipids
(53–55). Translocation through the SecYEG channel is depicted
as being a dynamic process involving SecA cycling, coupled with
the inversion of SecG topology in the membranes (56, 57). The
SecYEG complex is also involved in proof-reading precursor
signal peptides (58, 59), and enhancing the efficiency of the role
of protonmotive force in the translocation process (60, 61). SecA
interacts directly with SecY and SecG (54, 58), but the nature of
its interaction with the SecYEG complex is not yet clear.
Manting et al. (47) suggested that SecA recruits SecYEG com-
plexes to form a tetrameric translocation channel; others pro-
vided evidence for a monomeric (62) or dimeric (46, 49, 63, 64)
channel. Regardless of the detailed mechanism, the current
prevailing model views SecYEG monomer as being too small to
form a functional channel (45–47, 64); SecA must interact with
it to enlarge the channel (4, 5, 47).

As stated in the Introduction, earlier biochemical findings
indicated that E. coli SecYEG is not essential for the translo-
cation of all proteins in vitro (16–18), that SecA plays a major
structural role in the function of the channel (6, 8, 13, 17, 20, 21),
and that the exposure of SecA to periplasmic side of the
membrane is not dependent on protein translocation (20, 51).
The observations that efficient SecA-dependent protein trans-
location occurs in SecY- and SecE deficient membranes in vitro
strongly argue that SecYEG is not essential for protein trans-
location of certain precursors at least in vitro. It should be
emphasized that this is not to say that SecYEG plays no role in

protein translocation. On the contrary, the high-affinity binding
of SecYEG to SecA makes translocation more efficient. It is
reminiscent of the roles of protonmotive force in the process: it
is not essential, but it enhances efficiency and lowers the
requirement of SecA or ATP for translocation (65, 66).

Implication of the Role of SecA Pore Structures in Protein Transloca-
tion. Previous observations that SecYEG alone forms a structure
that is too small to be a functional channel (45, 47) unless SecA
is recruited to form a supercomplex (45, 47), that protein
translocation can occur in the absence of SecYEG (6, 17, 18),
and the current observation that SecA forms a large pore
structure on interaction with phospholipids indicate that SecA
may play a more important structural role in forming a trans-
location channel than was previously realized. Although the
observations of pore structures do not prove the physiological
role of SecA, they suggest that SecA forms the central core of the
translocation channel that has been shown to be opened by signal
peptides (67, 68). The sizes of the SecA pore structures observed
here (2–6 nm) appear to be large enough to serve as a conducting
channel for 1.1-nm hydrated peptide chains (69).

It is also possible that there are two types of SecA-dependent
protein conducting channels (67, 68): one in which SecA recruits
SecYEG as high-affinity binding sites to form a supercomplex
and the other in which SecA forms a channel without SecYEG
as low-affinity binding sites (but perhaps with other membrane
proteins such as YidC). It is to be noted that there is more SecA
than SecYEG in the membranes (41, 70, 71). Recently, Or et al.
(72) reported that dimeric SecA may dissociate during translo-
cation, contradicting earlier findings that SecA is functional as
dimers (73). However, this interpretation is questioned by
Benach et al. (74) who reported that phospholipids induced
monomerization but signal peptides induced oligomerization of
SecA. Moreover, the drastic structural and conformational
change of SecA observed here could also account for the lack of
crosslinking of SecA dimers leading to the conclusion (72) that
dimeric SecA dissociates into monomers. Regardless, these
observations further complicate the current understanding of
the mechanism of Sec-dependent protein translocation. More
work is necessary to resolve the paradox.
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