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We report studies testing the importance of Watson–Crick hydro-
gen bonding, base-pair geometry, and steric effects during DNA
replication in living bacterial cells. Nonpolar DNA base shape
mimics of thymine and adenine (abbreviated F and Q, respectively)
were introduced into Escherichia coli by insertion into a phage
genome followed by transfection of the vector into bacteria.
Genetic assays showed that these two base mimics were bypassed
with moderate to high efficiency in the cells and with very high
efficiency under damage-response (SOS induction) conditions. Un-
der both sets of conditions, the T-shape mimic (F) encoded genetic
information in the bacteria as if it were thymine, directing incor-
poration of adenine opposite it with high fidelity. Similarly, the A
mimic (Q) directed incorporation of thymine opposite itself with
high fidelity. The data establish that Watson–Crick hydrogen
bonding is not necessary for high-fidelity replication of a base pair
in vivo. The results suggest that recognition of DNA base shape
alone serves as the most powerful determinant of fidelity during
transfer of genetic information in a living organism.
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I t is essential that genetic information be transferred with high
fidelity during replication. This fidelity has been historically

attributed to the specificity of Watson–Crick hydrogen bonding
in each new base pair. More recently, however, the importance
of base-pair geometry and steric effects has also been considered
(1–5). To date, experiments addressing these issues have been
performed only in vitro with purified polymerases. Significantly,
this has not been tested inside cells, where the environment is
much more complex and several polymerases and repair en-
zymes are present. Indeed, it has been shown that the mutage-
nicity and replication-blocking power of a DNA lesion in vitro
may not necessarily correlate well with intracellular experi-
ments (6).

Nonpolar nucleoside isosteres such as those in this study act
as shape mimics of the natural nucleosides (Fig. 1). For example,
the dT mimic, dif luorotoluene deoxynucleoside (dF), contains
dif luorotoluene as a replacement for the natural base thymine,
and it is extremely close in size and shape to the natural molecule
(7, 8). However, dif luorotoluene is quite nonpolar and shows no
evidence of hydrogen bonding even in low-polarity solvents (9).
Similarly, the isostere of deoxyadenosine 9-(1-aza-4-methyl-
benzimidazolyl)-1�-�-2�-deoxyriboside (dQ) (10), is also non-
polar and forms essentially no hydrogen bonds in water along its
Watson–Crick edge. Although the analog dQ is a somewhat
imperfect shape mimic for dA because of the presence of the
proton that is missing at N1 of dA, the dF analog is a near-perfect
mimic for dT. Both dF and dQ display very similar pairing
abilities in DNA in the absence of a polymerase enzyme.
Consistent with their nonpolar character, dF and dQ exhibit no
selective pairing affinity for dA and dT (respectively) over the
other natural bases when situated in a synthetic DNA duplex
(9–11). This observation supports the idea that in DNA alone (in
the absence of a replicating enzyme), Watson–Crick hydrogen
bonding is a strong determinant of pairing selectivity, and shape
differences have relatively little influence on this selectivity.

In marked contrast to this, studies with some purified DNA
polymerases have shown that such analogues can have activity
remarkably similar to their natural congeners. The analogues dF
and dQ, for example, can encode genetic information with
efficiency and fidelity approaching those of natural DNA bases
by using purified enzymes such as the Klenow fragment of
Escherichia coli DNA polymerase I or T7 DNA polymerase (5,
10, 11). This suggests that at least some enzymes are readily able
to process base pairs lacking hydrogen bonds in vitro. Impor-
tantly, however, some polymerases [such as Pol � (an X-family
enzyme) and Pol � (Y family)] appear not to process such
molecules as efficiently (M. T. Washington, S.A.H., E.T.K., L.
Prakash, and S. Prakash, unpublished data). The present studies
were therefore aimed at testing hydrogen bonding and shape
requirements in replication within the whole cellular context,
with multiple polymerases and repair mechanisms operating.

Materials and Methods
Nucleoside analogs dF and dQ were synthesized and incorpo-
rated into oligonucleotides by using phosphoramidite solid-
phase methods as described (10, 13). The oligonucleotides were
ligated into an M13mp7(L2) single-stranded viral genome by
using reported methods (14–16).

Genome construction and lesion-bypass experiments in wild-
type AB1157 E. coli were performed by using oligodeoxynucle-
otides (5�-GCGAAGACCGXAGCGTCCG-3�, X is the base
analog or the guanine control) that were ligated into a single-
stranded bacteriophage M13mp7(L2) genome as described (16).
Briefly, cells were grown in 100 ml of 2� yeast tryptone (YT)
medium to an OD600 of 0.3, after which they were pelleted,
resuspended in 50 ml of 0.1 M MgSO4, and split. To induce
bypass polymerases (the SOS response), half of the cells were
irradiated with 254-nm light at 45 Joules�m2 (UV Stratalinker
2400, Stratagene). Both the irradiated and uninduced cells were
diluted 2-fold with 2� YT, grown with agitation at 37°C for 20
min (which allowed for the expression of SOS proteins for the
UV-treated cells before genome transfection), and made chem-
ically competent and plated by using 5 ng of DNA and �108 cells
as described (16). The number of plaques formed for each lesion
relative to that of the guanine control genome is indicated as
‘‘phage survival’’ (Fig. 2), with the guanine reference averaging
�240 plaques. Mutational analysis was performed by using
the restriction endonuclease and postlabeling (REAP) assay
(15, 16).

Results and Discussion
In an effort to explore the importance of nucleobase shape and
hydrogen bonding within a cellular context, we tested a nonpolar
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analog from each of the pyrimidine and purine families of bases
[the analogs F and Q (Fig. 1)]. In the current cellular study, initial
experiments were directed to the question of translesion-bypass
efficiency, which measures the ability of the replicative poly-
merase, in addition to the SOS polymerases, to incorporate a
nucleotide encoded by the (natural or modified) base of interest.
Also necessary is that the polymerase can synthesize additional
nucleotides beyond the probe nucleotide, passing it through the
active site where additional contacts are made. Finally, bypass
efficiency also depends on the rate of addition of a nucleotide
(opposite the probe base) relative to the rate at which it is
removed by the 3� proofreading function of the enzyme (17).

We measured the bypass efficiency and mutagenic potential of
the F and Q isosteres by incorporating them into oligonucleo-
tides using phosphoramidite solid-phase synthesis (10, 13), and
the oligonucleotides then were ligated into an M13mp7(L2)
single-stranded viral genome (14–16). These genomes then were
passaged through E. coli as described (16) to score for the
biological responses to the F and Q isosteres. A feature of this
system is that there is no complementary strand opposite the

probe bases, thus ensuring that signals for replication blocking
and mutagenesis are derived solely from the initial translesion
bypass of the adducts, which is also important in that a lesion-
free strand of a DNA duplex genome may be preferentially
replicated (18). Note that in these experiments one does not
expect literal double-stranded replication of the isosteres, re-
placing (for example) dF by dF again, because the free dF
5�-triphosphate was not present in the cells. Thus, after synthesis
of a strand complementary to the phage insert, a second round
of synthesis would contain only natural nucleotides.

Translesion DNA Polymerase-Bypass Efficiency. The ability of the F
and Q isosteres to block DNA replication in vivo was addressed
by using a common phage-survival assay (19–23). Briefly, ge-
nomes were constructed either bearing or lacking a probe
isostere (lesion), and an equal amount of each genome was
transfected into E. coli. The ability of an isostere to block DNA
replication was scored as a percentage of the number of plaques
formed from the isostere-bearing genome with respect to the
genome containing an unmodified DNA insert. Presumably, if an
isostere were a strong enough block to DNA replication, a region
of the single-stranded genome that had not yet been converted
to the duplex form by DNA polymerase(s) would persist longer
than that of a lesion-free genome and thus be more susceptible
to single-stranded endonucleases within the cell. This outcome
would result in the formation of fewer phage plaques, because
the plaque forming ability of linear single-stranded genomes is
at least 5 orders of magnitude smaller than that of the analogous
single-stranded circular DNA (24). In the present study we
constructed a genome containing guanine as a control for both
the lesion-bypass and mutagenesis studies, because it is unlike
the two isosteres studied, allowing for a measure of the back-
ground of the assays used.

In E. coli that have not been induced for the SOS response to
translesion DNA replication, we find that the pyrimidine isostere
analog of thymidine, dF, was bypassed relatively efficiently (31%
with respect to a guanine control genome; Fig. 2). The isosteric
analog of deoxyadenosine, dQ was not as well bypassed (6% with

Fig. 1. (a) Structures of nucleoside shape mimics dF and dQ, which lack
Watson–Crick hydrogen-bonding ability but possess shapes very similar to dT
and dA (shown for comparison), respectively. (b) Space-filling models of
nucleobase analogs F and Q with comparison to T and A, showing shapes with
electrostatic potentials mapped on the surfaces (red, negative potential; blue,
positive).

Fig. 2. Replication-bypass efficiencies in E. coli for phage templates con-
taining the F and Q isosteres, with comparison to a chemically stable tetrahy-
drofuran abasic analog (AP) site. The solid bars show data for normal repli-
cation, and crosshatched bars show results under UV light-induced SOS
damage-response conditions from individual genomes constructed in
triplicate.
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respect to the unmodified control genome). However, this
isostere exhibited better translesion synthesis than a tetrahydro-
furan abasic site analog (lacking both steric fit as well as
hydrogen-bonding features for a DNA helix), which gave only a
1% bypass efficiency in SOS-uninduced E. coli. This chemically
stable abasic site was used as a positive control known to be a
strong block to DNA replication in vitro (25) and in vivo (22).

A portion of E. coli was treated with UV light and grown for
a brief period to express the SOS response to DNA damage
before the introduction of the lesion-containing genomes. The
bypass efficiencies of polymerases past F, Q, and the abasic site
in these SOS-induced E. coli were high and of similar magnitude
(respectively 67%, 58%, and 45% compared with the G control;
Fig. 2). The fact that the isosteres and abasic site exhibited
significant increases in lesion-bypass efficiency when compared
with non-SOS-induced E. coli implies that SOS factors were
active during translesion synthesis for each molecule (see below).

Fidelity of Information Transfer in Vivo. Next we determined the
identity of nucleotides inserted opposite base analogs F or Q by
the replicative enzymes for both uninduced and SOS-induced E.
coli. The recently developed REAP assay was used for deter-
mination of mutation frequency and for quantitative identifica-
tion of the nucleotide(s) inserted opposite a given template base
(15). Briefly, the method involves cutting a duplex form of DNA
obtained from the progeny of genomes with a type IIs restriction
endonuclease. This enzyme cleaves a fixed number of bases away
from its recognition sequence, regardless of the intervening
sequence. Consequently, the lesion to be studied is programmed
such that the lesion site becomes the 5� base after cleavage. The
newly exposed site is then dephosphorylated, radiolabeled,
size-fractionated, and ultimately digested to 5� dNMPs, which
are resolved and quantified by using TLC and PhosphorImager
(Molecular Dynamics) analysis. Thus, the base composition at
the lesion site (and hence the mutation frequency and specific-
ity) is obtained.

Analysis of the TLC chromatogram for the Q and F base
isosteres in uninduced E. coli (Fig. 3a) revealed, remarkably, that
the thymidine isostere (dF), as well as the deoxyadenosine
isostere (dQ), each directed the insertion of the ‘‘complemen-
tary’’ deoxynucleoside triphosphate with very high fidelity. The
lesion site that was dF before biological processing became dT
via the quantitative, specific incorporation of dATP during
translesion synthesis. Likewise, the site hosting the dQ analog
was converted to dA, implying high-fidelity insertion of dTTP
during translesion synthesis (Fig. 3b). Surprisingly, the average
fidelities (over three experiments) for dQ and dF were similar to
that of the natural nucleobase, guanine. Although no studies
have been carried out in vitro with DNA Pol III, this in vivo
finding correlates well with our earlier in vitro studies, which
showed that DNA Pol I Klenow fragment (exo�) efficiently
incorporates A opposite F (�25% of the efficiency of A opposite
T) with a fidelity similar to or slightly higher than the incorpo-
ration of A opposite a natural T in the template (4). Also, studies
with analog Q in the template showed that the efficiency of
dTTP insertion was significantly lower than that opposite A, but
the selectivity for dTTP (over the other three nucleotides) was
also relatively high (10).

Mutagenesis data for the isosteres in SOS-induced E. coli are
shown in Fig. 4a and graphically in Fig. 4b. As was the case for
the uninduced cells, the isosteric base analogs appeared to be
highly selective in their coding properties. dF instructed the
insertion of primarily dATP, whereas the dQ isostere directed
incorporation of dT. We do note, however, that 5% of dATP was
inserted opposite the dQ isostere for one replicate, whereas 2%
and 4% of dTTP was inserted opposite dF for two replicates.
This lowered fidelity is consistent with the high error rates
observed for eubacterial lesion-bypass polymerases (26).

We observed that although bypass efficiencies of nonpolar
analogues dQ and dF were relatively efficient compared with the
abasic control, they are significantly lower under normal repli-
cation conditions than the unmodified insert control. Analog dF
shows a bypass efficiency of 31% that of guanine, and dQ shows
a bypass efficiency of 6% that of guanine (Fig. 2). To account for
this lowered efficiency, we hypothesize that bypass of dF may
require an unfavorable minor groove interaction after the A–F
pair is synthesized, an effect observed in vitro with E. coli Pol I
Klenow fragment (27). Although this unfavorable interaction is
not likely an issue for dQ (which has a minor groove H-bond
acceptor), the added size of dQ relative to dA may cause a pause
on insertion of dT or thereafter (28). Additional experiments
with other analogs could test some of these possibilities.

Significantly, we note that with SOS induction, bypass of dF
and dQ isosteres, as well as the tetrahydrofuran abasic site
analog, becomes more efficient, and approaches that of the
unmodified control (at 67%, 58%, and 45% of dG, respectively;
Fig. 2). This result suggests that the SOS polymerases that aid in
translesion DNA synthesis were actively replicating the isosteres
in UV-irradiated E. coli. The SOS cellular response to DNA
damage is a complex system involving many polymerases and
accessory proteins, the mechanisms of which are not all well

Fig. 3. Mutagenesis data for nonpolar DNA base isosteres in E. coli under
normal (SOS-uninduced) conditions. (a) Chromatogram from the REAP assay
using genomes that were constructed in triplicate with oligonucleotides
containing G, Q, or F at the type IIs (BbsI) cleavage site. These genomes were
passaged through E. coli that were not induced for the SOS response. The
lanes designated ‘‘M’’ contain markers generated from an oligonucleotide
with a degenerate 5� end that was carried through the assay at the 32P-labeling
step. (b) Plots of mutagenesis data (from a) showing high fidelity of replica-
tion. A log10 plot was used to make visible all insertion events.
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understood at present. E. coli possesses the SOS polymerases Pol
II (synonymous with PolB and DinA), Pol IV (DinB), and Pol
V (UmuD2

� C), in addition to RecA, single-strand binding pro-
tein, and the �-sliding clamp and clamp-loading �-complex from
Pol III used during translesion synthesis. Expression of these Lex
A-regulated polymerases is increased after cellular exposure of
DNA-damaging agents such as UV light (29). Because the cells
used in the present study were proficient in all of the above
proteins, the polymerase(s) responsible for translesion bypass
past the isosteres cannot be determined at present. Pol II allows
for replication restart from damaged DNA almost immediately
(30, 31) and may at first be an attractive candidate responsible
for the SOS translesion bypass in our study; however, the cells in
the present study were harvested 20 min after UV treatment.
Cells lacking Pol II experience synthesis 50 min later, coinci-
dental with maximal expression of UmuD� (30–32). Conse-
quently, the UmuD�-dependent Pol V complex should not be

ruled out as the lesion-bypass polymerase for several reasons. In
vitro gel-fidelity assays show that Pol V may be able to bypass
some lesions dramatically better than Pol III or Pol IV (33).
Furthermore, a round of DNA replication pausing at the lesion
in the current study would leave a single-stranded region
�500-nt long between the RNA-primed origin of replication and
the lesion site; however, the optimal gap size for Pol II has been
estimated to be �100 nt (34). The issue of finding the polymerase
responsible may be moot, because it has also been shown that a
direct competition by the bypass polymerases for a lesion may
result in different mutagenic outcomes (35, 36). This may explain
the small but measurable amount of transversion mutagenesis
for independent SOS-induced isostere mutagenesis experiments.
The use of E. coli deficient in combinations of the SOS-bypass
polymerases may in the future aid in identification of the
polymerase�complex responsible for the bypass of these analogs.

Possible Influence of Proofreading and Repair on Mutational Outcome
in Vivo. There is an outside chance that our observed mutations
may not have been a result of the primary insertion event by the
DNA polymerase, because an equal insertion of all dNTPs
followed by selective DNA polymerase proofreading of three of
the pairings might conceivably result in the same mutational
outcome. However, we consider this to be unlikely, because we
have shown previously that the Vmax�Km specificity constants for
the efficiency of Klenow exonuclease proofreading of G, A, T,
or C opposite a template F are identical (37).

Also worth considering is the influence of mismatch repair
(MMR) mechanisms on this outcome. Because our cells were
proficient in MMR, there is a possibility that what we observed
as a mutation outcome may not have been from the direct
insertion of the (preferred) base by the polymerase but rather
from the selective repair of all but one (the observed) pairing by
the MMR machinery. However, we have demonstrated previ-
ously that the binding affinities of MutS (the MMR recognition
protein from E. coli) to DNA containing F opposite each of the
four natural bases were essentially the same (38), suggesting a
lack of selectivity in MMR recognition. Although these data
strongly suggest that the selectivity we observed in vivo was due
to the replicative enzymes, they do not prove so conclusively,
because there are a number of other repair pathways in the cell
(such as nucleotide excision repair, base excision repair, and
yet-undiscovered repair systems) for which we do not have
isostere repair data at present.

Origins of Fidelity in Bacterial Cells. The REAP assay results
establish that in E. coli, accurate DNA replication can occur
without Watson–Crick hydrogen bonds. This is in marked con-
trast to the pairing selectivities of these DNA base mimics alone
(in the absence of enzyme), which are virtually nil. It therefore
is clear that, in vivo, the replicative enzyme places strong
constraints on a base pair that the base otherwise would not
have. We and others have proposed that this constraint is steric
and geometric in nature (1–5).

The current data suggest that shape complementarity (3, 12)
in the active site of the replicative polymerase may be the most
important determinant of replication fidelity in vivo. During
formation of a new phosphodiester bond, the active-site pocket
for a replicative enzyme tightly surrounds the incipient base pair.
The shape of the template base being addressed determines the
shape of the complementary void that is to be filled by the
incoming nucleotide partner. This tightly defined void can reject
most incorrectly shaped nucleotides by steric clashing (2, 12).
Conversely, the lesion-bypass polymerases are more error-prone
and may function in part by providing a looser fit with the DNA
(12), which consequently may explain the measurable ‘‘F-to-A
transversion mutagenesis’’ seen in SOS-induced cells (Fig. 4)
that was not observed in the absence of the SOS response (Fig.

Fig. 4. DNA base isostere mutagenesis data in SOS-induced E. coli. (a)
Chromatogram from the REAP assay using G-, Q-, and F-containing genomes
constructed in triplicate and passaged through E. coli that were induced for
the SOS response with UV light. (b) Graphical representation of mutagenesis
data from G, Q, and F genomes passaged through E. coli that were induced for
the SOS response with UV light (from a). The log10 plot shows that the isosteres
provide for direct coding when SOS replication proteins are expressed. The
graph illustrates the near lack of ambiguous pairing of the isosteres with an
incipient dNTP during DNA replication in vivo even with low-fidelity lesion-
bypass polymerases.
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3). The F–T pair may well be the smallest mismatch that could
be made, consistent with a bypass polymerase dNTP selection
process governed by steric constraints.

This simple mechanism alone cannot explain why small nu-
cleotides (e.g., thymidine) are excluded from being paired with
other small nucleobases such as T or C. We have hypothesized
that this type of undesired mispairing is prevented also by steric
clashing, not by the bases directly but by waters of solvation on
their polar Watson–Crick pairing edges (3). This is supported
further by the observation that the small F nucleotide, which

lacks these tightly bound waters, is efficiently inserted opposite
another template F in in vitro experiments with the Klenow
fragment of E. coli Pol I (5). To test this hypothesis further it
would be of interest in future experiments to examine such
nonpolar–nonpolar pairing in vivo.
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