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ABSTRACT

We have reconstructed the group II intron from Pylaiella littoralis (PL) into a hydrolytic ribozyme, comprising domains 1–3
(D123) connected in cis plus domain 5 (D5) supplied in trans that efficiently cleaves spliced exon substrates. Using a novel gel-
based fluorescence assay and nuclear magnetic resonance (NMR) spectroscopy, we monitored the direct binding of D5 to D123,
characterized the kinetics of the spliced exon hydrolysis reaction (which is mechanistically analogous to the reverse of the
second catalytic step of splicing), and identified the binding surface of D123 on D5. This PL ribozyme acts as an RNA
endonuclease even at low monovalent (100 mM KCl) and divalent ion concentrations (1–10 mM MgCl2). This is in contrast to
other group II intron ribozyme systems that require high levels of salt, making NMR analysis problematic. D5 binds tightly to
D123 with a Kd of 650 6 250 nM, a Km of ;300 nM, and a Kcat of 0.02 min�1 under single turnover conditions. Within the
;160-kDa D123–D5 binary complex, site-specific binding to D123 leads to dramatic chemical shift perturbation of residues
localized to the tetraloop and internal bulge within D5, suggesting a structural switch model for D5-assisted splicing. This
minimal ribozyme thus recapitulates the essential features of the reverse of the second catalytic step and represents a well-
behaved system for ongoing high-resolution structural work to complement folding and catalytic functional studies.

Keywords: fluorescence gel shift assay; NMR chemical shift perturbation analysis; P. littoralis ribosomal RNA
intron; RNA structure and catalysis

INTRODUCTION

Splicing, the removal of intron RNA from coding sequen-
ces, is essential for the expression of most eukaryotic genes,
not only because accurate splicing is needed to avoid
mutations that lead to translation of aberrant mRNAs,
but also because alternative splicing is a major source for
creating protein diversity in metazoan organisms (for
recent reviews, see Black 2003; Nilsen 2003). Understand-
ing the structural basis for the molecular mechanism of
splicing is therefore of great importance in our under-
standing of biology and modern medicine (Sullenger and
Gilboa 2002; Jones et al. 2005).

At the heart of splicing in eukaryotes is the very simple
two-step transesterification reaction that is undertaken by

a huge molecular machine, the spliceosome. The spliceo-
some is composed of >100 proteins and five small nuclear
RNAs (snRNAs) (U1/U11, U2/U12, U4/U4atac, U5, and
U6/U6atac) (Burge et al. 1999; Nilsen 2003). Remarkably,
the chemical pathway by which the very complex spliceo-
some catalyzes the excision of nuclear introns is similar to
the one used by group II introns. Yet group II introns can
perform this same reaction without the help of any protein
factors (Peebles et al. 1986; van der Veen et al. 1986). It is now
well established that domains 1, 2, and 3 (D123) and do-
main 5 (D5) are essential for the optimal catalytic activity
of group II introns (Qin and Pyle 1998; Bonen and Vogel
2001). D5 can functionally replace its structural analog, the
U6/U6atac snRNA stem–loop, in spliceosomal splicing
(Shukla and Padgett 2002). Group II ribozymes share striking
structural and mechanistic similarities to the spliceosome,
which makes them an attractive model for studying the
basic biochemistry of splicing. Both D5 and U6 have been
the focus of intense structural studies because they are the
most conserved structures in each enzymatic system and
each forms an integral part of their respective catalytic
center (Zhang and Doudna 2002; Sashital et al. 2004; Sigel
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et al. 2004; Seetharaman et al. 2006).
The D5 and U6 structures solved to
date provide some insight into the
catalytic mechanism, but these struc-
tures do not fully explain the function
of three prominent and universally
conserved features of D5/U6 known to
be involved in binding and splicing,
namely, a catalytic AGC triad, a tetra-
loop, and an internal bulge. Because D5
in isolation does not necessarily reflect
the native catalytic conformation,
examining the structure of D5 in the
context of D123 and substrates (i.e.,
a tripartite system) becomes critical for
advancing our knowledge of the atomic
basis for catalysis.

Group II introns, like the spliceo-
some, use a two-step mechanism of
concerted phosphodiester bond cleav-
age–ligation reactions to splice out
introns from precursor RNAs. Both re-
action steps in the two systems contain
identical reactants and products (Fig.
1A; Konarska et al. 1985; Maschhoff
and Padgett 1993; Moore and Sharp
1993; Padgett et al. 1994). In the first
step, the 29-hydroxyl (OH) of the
branch site adenosine attacks the 59-
splice site guanosine, breaks the phos-
phodiester bond, and simultaneously
forms a 29–59 phosphodiester linkage
between this 59-terminal nucleotide of
the intron and the branch adenosine. In
the second step, the newly liberated 39-
OH of the 59-exon attacks the 39-splice
junction, breaks that phosphodiester
bond, and forms a new bond between the 59- and 39-exons.
Both steps of the splicing reaction proceed with a phosphor-
othioate in the pro-Sp but not pro-Rp configuration, and
both steps proceed with stereochemical inversion (Fig. 1A;
Padgett et al. 1994). By the principle of microscopic re-
versibility, the reverse of both reactions proceeds by pro-Rp
but not pro-Sp configuration. This fact is exploited in the
Spliced Exon Reopening (SER) reaction, which involves the
cleavage of the ligated 59- and 39-exon product (Jarrell et al.
1988; Podar et al. 1995; Gordon et al. 2004). Intriguingly, for
group II introns an alternative pathway for the first step
exists that bypasses the requirement for a branchpoint aden-
osine provided by domain 6 (branchpoint pathway), and
instead uses water or hydroxide ions (hydrolytic pathway).
This hydrolytic pathway is obligatory for certain group II
intron families that lack branchpoint structural elements
(van der Veen et al. 1987; Michel et al. 1989; Bonen and
Vogel 2001; Li-Pook-Than and Bonen 2006), and is similar

to RNAse P phosphodiester cleavage using water or hy-
droxide as the nucleophile (Smith and Pace 1993). Addi-
tionally, both the branch-point and hydrolytic pathways
occur in parallel in vivo and in vitro, and both pathways are
followed by a successful second step of splicing (Schmidt
et al. 1990; Daniels et al. 1996; Chu et al. 1998; Podar et al.
1998). Thus the hydrolytic and branching pathways likely
occur in the same catalytic pocket. Similarly, both hydro-
lytic- and branch-mediated attacks at the 59-splice site
occur with an Sp phosphorothioate preference that leads to
a successful second step of splicing (Podar et al. 1995). The
hydrolytic pathway is thus likely to reflect a central mech-
anism in group II intron self-splicing and a useful reaction
for its analysis. Research on group II intron self-splicing has
used various constructs that omit domain 6 (Podar et al.
1995, 1998). These studies have primarily involved the use
of multipartite assays that divide the intron into separate
ribozyme and substrate portions of intron aI5g derived

FIGURE 1. (A) Parallels between the splicing mechanisms of the spliceosome and group II
introns. Group II intron and mRNA precursor splicing using branch and hydrolytic pathways
are depicted, together with the diastereomeric preference (Rp or Sp) for each step of the
splicing reaction. (B) The full ‘‘six-wheel’’ domain structure of group II introns. (C) A
schematic of the tripartite model system. (D–F) Details of the secondary structures of the
components of the new tripartite model system developed to probe structure and function. (D)
D123 and D5 secondary structures. Major tertiary interactions between domains 1, 2, 3, and
5 are depicted. (E) Schematic of 3D structure of D5-PL with same color coding as the D5
secondary structure. Major elements of the tetraloop, bulge, and catalytic triad are shown. (F)
E1E2 substrate sequence. The substrate cleavage site is indicated by ‘‘X’’.
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from yeast mitochondria, which is able to undergo both the
branchpoint and hydrolytic splicing pathways (Chanfreau
and Jacquier 1994; Griffin et al. 1995; Michels and Pyle
1995; Peebles et al. 1995; Podar et al. 1995; Bar-Shalom and
Moore 2000; Gordon et al. 2000, 2004).

While this system has yielded valuable insights into the
function and architecture of a group II intron ribozyme,
it has a major drawback in that it requires very high salt
conditions (100 mM MgCl2, 500 mM (NH4)2SO4, or 0.5–
1.0 KCl) to self-splice efficiently and fold correctly (Swisher
et al. 2001; Su et al. 2003, 2005). Such high salt concen-
trations present a problem for high-resolution structural
techniques such as NMR. They introduce high dielectric
constant and electrical conductivity, which, in turn, severely
compromises the NMR probe performance and leads to
unavoidable radiofrequency-induced heating detrimental to
both the sample and the NMR probe (Kelly et al. 2002;
Stringer et al. 2005). In the past, this has limited the inves-
tigation of the structure of group II introns under functional
conditions by NMR.

In contrast to aI5g, the group II intron from the Pylaiella
littoralis (PL) mitochondria large ribosomal RNA has been
shown to retain the ability to self-splice using the branch-
point pathway under a broader range of ionic conditions
including near physiological magnesium ion concentra-
tions of 0.5–50 mM, monovalent salt concentrations of 0.1–
1 M KCl or (NH4)2SO4, and a range of temperatures of
25°–45°C (Fontaine et al. 1995, 1997; Costa et al. 1997).
However, extensive analysis in this system has only been
carried out on the lariat form of the PL ribozyme (Costa
et al. 1997, 1998, 2000; Costa and Michel 1999). The lariat
form can undergo additional reactions due to reversibility
of the transesterification reaction, further complicating the
analysis. Using the tripartite system allows us to selectively
label each component and monitor them exclusively in
a binary or ternary complex within the rest of the group II
intron context using powerful biophysical tools such as
NMR and fluorescence spectroscopy to characterize the
reverse of the second catalytic step, a chemical reaction rela-
tively unexplored even in the better-characterized aI5g system.

For all these reasons, we have developed a tripartite
system for the PL group II intron comprising structural
domains 1, 2, and 3 (D123, 493 nt), domain 5 (D5, 36 nt),
and a fragment of 59- and 39-exon sequences reflecting the
product of exon ligation (E1E2, 22 nt) (Fig. 1). Using this
tripartite system and a novel gel-based fluorescence assay,
we show that the PL ribozyme, indeed, acts as a highly spe-
cific RNA endonuclease under a wide range of salt con-
ditions. In addition, we show that D5 binds D123 with a
Kd of 300–800 nM within a binary complex. Furthermore,
structural analysis by NMR chemical shift perturbation
reveals detailed D123-binding sites within D5 that suggest
that the bulge and the tetraloop are two regions of D5 that
undergo the most significant rearrangement on binding,
with important implications for catalysis.

RESULTS

Development of a new tripartite model system
for the PL group II intron ribozyme

Previous work on group II intron ribozyme activity used
a model system derived from the yeast aI5g intron under
conditions of elevated levels of monovalent salt (0.5–1.0 M
KCl) and divalent metal ion (100 mM Mg2+) that were
inimical for optimal NMR performance: The high dielectric
and conductivity of the resulting buffer can significantly
reduce the sensitivity of the NMR experiments and/or cause
sample aggregation. To address this issue, we have recon-
structed a three-part model system derived from the brown
algae P. littoralis (PL) large mitochondrial ribosomal RNA
intron based on its ability to fold into a homogeneous
population without the requirement for high salt (Fig. 1;
Costa et al. 1997, 2000). This model system comprising
D123 and D5 as a two-piece ribozyme can cleave small
oligonucleotides containing sequences derived from the
59-exon (E1) and the 39-exon (E2) that mimic the product
of exon ligation.

Direct nonradioactive observation of D5:D123 and
E1E2:D123 complexes

We have adapted a fast and direct multicolor fluorescence-
based gel shift assay to monitor RNA–RNA biomolecular
interactions because one can use differential labeling (two
or more fluorophores) that allows orthogonal detection
and independent verification of binding affinity. Detection
is orthogonal in that signals from one labeled component
(say, in the red frequency regime) do not interfere with
signals from other labeled components (say, in the blue
frequency regime) so that we can simultaneously monitor
both catalytic and binding events within this ribozyme and
account for all RNAs and their interactions present in the
reaction mixture at a given time. Similarly, equilibrium
measurements such as fluorescence anisotropy can be made
on the same samples to validate the nonequilibrium gel-
based measurements.

For the three-piece ribozyme system, we therefore con-
structed an Alexa Fluor 647-labeled spliced exon 22-mer
substrate (A647-E1E2) comprising the last 16 nt of the
59-exon (E1) and the first 6 nt of the 39-exon (E2) (A647-
C6 linker-59-GACUGUUUAUUAAAAAdCACAGG-39; the
cleavage site is indicated by d). We also made an Alexa
Fluor 488-labeled 36-nt D5 RNA construct (A488-D5). This
fluorophore pair was chosen because, compared to alterna-
tive dyes with similar spectral properties, the conjugates
of these dyes have been shown to be brighter, more resistant
to photobleaching, and exhibit little or no absorption
abnormalities usually indicative of dye–dye interactions
(Panchuk-Voloshina et al. 1999; Berlier et al. 2003). Because
most of the work on group II introns using the yeast aI5g
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intron were carried out under high salt conditions, all the
work reported herein was similarly done under high salt
conditions (1 M KCl and 50 mM MgCl2) to enable easy
comparison to these earlier studies. The NMR titration data
were carried out under low salt conditions that still support
cleavage (100 mM KCl and 5 mM MgCl2).

D5 binds with high affinity to D123

Using these constructs, we next established how tightly D5
is capable of binding to D123 in vitro. Titrating increasing
concentrations of D123 (0–6 mM) into A488-D5 (2 mM)
resulted in a direct shift in D5 mobility, suggesting for-
mation of an A488-D5:D123 binary complex (Fig. 2A,B).
Extrapolating from the linear region of the binding iso-
therm to the point of intersection with a horizontal line
indicates saturation at a 1:1 D123:D5 ratio, with an ap-
parent equilibrium dissociation constant (Kd

app) of 300 6

100 nM. Reactions repeated with 50 nM A488-D5 yielded
similar Kd

app (data not shown). While saturation occurred at
a D123 concentration of z2 mM, there is significant free D5
in the EMSA due to dissociation of the D5–D123 complex
during the electrophoresis (see, e.g., Hoopes et al. 1992;
Gumbs et al. 2003). Given that a gel-shift assay is a non-
equilibrium measurement, we also performed equilibrium
fluorescence anisotropy experiments by adding increasing
amounts of D123 to free A488-D5 (2 mM). The average
fluorescence emission of the fluorescently labeled A488-D5
was monitored from 510 to 540 nm after exciting at 494 nm.
We observed a steady increase in A488-D5 anisotropy that

saturated at an anisotropy of z0.12. This saturation is
indicative of formation of a 1:1 A488-D5:D123 binary
complex (Fig. 2C,D; Lakowicz 1999). For an Alexa 488 dye
with a lifetime of 4.1 nsec, the ratio of the free and bound
anisotropy of z2 is consistent with an z160-kDa complex
(see Materials and Methods for calculation). Fitting of the
data from the anisotropy measurements in Figure 2C, and
D, to Equation 1 (see Materials and Methods) gave a Kd

app

of 700 6 200 nM (Fig. 2C,D), a value close to that reported
by the gel mobility shift method. This suggests that the gel
mobility shift method measures the equilibrium value.

A fluorescence analysis of group II ribozyme’s
catalytic activity

Having shown direct interaction of PL D5 with D123, we
next tested for direct biomolecular interaction of D123 with
its substrate in the presence and absence of D5 to initiate
a cleavage reaction. The ability of D123 and D5 to cleave
A647-E1E2 was monitored by incubating 25 nM A647-
E1E2 with 1 mM A488-D5 and 4 mM unlabeled D123
(Fig. 3). Cleavage of the A647-E1E2 substrate occurs (green
bands) within 2 h in 10 mM MgCl2 and 100 mM KCl (Fig.
3, lane 6) at 42°C. No cleavage was observed in the absence
of either magnesium (Fig. 3, lanes 4,11) or D5 (A488-
labeled or unlabeled) (Fig. 3, lanes 2,9). These results
suggest that PL does, indeed, function as a ribonuclease
under a broad range of salt conditions.

Single turnover kinetic parameters for
the SER reaction

Next we investigated the catalytic efficiency of this tripartite
system. To determine Kcat and Km for this PL system, we

FIGURE 2. Monitoring D5–D123 binding using fluorescence spec-
troscopy. (A) Fluorescence gel shift of D5 binding to D123 using
native PAGE analysis. The fraction of D5 bound by D123 is calculated
as [(Ii � I0)/(IB � I0)], where Ii is the measured intensity of D5 during
the titration, I0 is the intensity of D5 in the absence D123, and IB is the
intensity of D5 bound to D123. (B) Fit of data in A to binding
isotherm. (C) Representative fluorescence anisotropy scan of D5
binding to D123. (D) Fit of the fluorescence anisotropy data in C
to the binding isotherm discussed in Materials and Methods. The
reactions were made on a 2 mM A488-D5 sample.

FIGURE 3. Tripartite reaction for the reverse of second chemical step
using multicolored fluorescence-based trans-assay. The sequence of
the synthetic oligonucleotide used is A647-C6 linker–59-GACUGU
UUAUUAAAAAdCACAGG-39. The cleavage site is indicated by d.
Denaturing PAGE analysis of the exon reopening reaction is shown.
The PL ribozyme can cleave substrate under low salt conditions (cf.
lanes 3 and 6). The reactions were carried out in 10 mM MgCl2.
Tagging D5 with the fluorescent probe does not impair its catalytic
function (cf. lanes 3 and 10).
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monitored the D5 concentration-dependent cleavage of
E1E2. To date, Kcat and Km have not been determined for
the SER reaction under conditions of the reverse of the
second catalytic step for any group II intron, and no
hydrolytic pathway studies exist for the brown alga PL
intron. The D5 concentration (0.1–1.0 mM) dependent
kinetics of cleavage of 12.5 nM E1E2 substrate in the
presence of 2 mM D123 is shown in Figure 4. Complete
cleavage of the A647-E1E2 substrate occurs within 2 h.
Fitting of this cleavage data as a function of time to a single
exponential equation shows a steady increase in reaction
kinetics (Kobs) with increasing D5 concentration, with Kobs

saturating at z600 nM D5 (Fig. 4B). Under these saturating
conditions, the apparent Kobs may represent the catalytic
rate of this enzymatic reaction (Kobs = Kcat) and/or con-
formational rearrangements preceding chemistry. Fitting
the data in Figure 4B to Equation 1 (see Materials and
Methods), we obtained a Km of z300 nM for D5–D123
binding, in good agreement with the Kd we measured
directly. This gives a second-order rate constant (Kcat/Km

D5)
of 7.3 3 104 M�1 min�1.

The E1E2 cleavage rate shows log/linear
pH dependence

The initial chemistry of the SER reaction involves the
nucleophilic attack of a water molecule at the 59/39-exon

junction. If the reaction is rate-limited by chemistry, we
would expect a linear relationship between the pH of the
reaction and the log of the observed reaction rate
(Herschlag and Cech 1990). The slope of such a plot will in-
dicate the number of protons involved in the rate-limiting
step. We, therefore, investigated the effects of varying pH on
the rate of catalysis using MES (pH 5.0–6.9), MOPS (pH
6.5–7.3), and HEPES (pH 6.5–8.2) buffers as described
previously (Podar et al. 1995). No dependence on buffer
type was observed at a constant pH 6.8. A representative
time course is shown in Figure 5A. To evaluate Kobs, we
used two or three parameter fits and calculated the residuals
based on a protocol by Fushman et al. (1999). As shown in
Figure 5B, an increase in pH from 5.0 to 8.0 leads to an
overall steady increase in the reaction rate. This indicates
that we are, indeed, monitoring the pH-dependent chem-
istry or conformational change of the nucleophilic reaction.
A plot of the data shows a log/linear pH dependence on the
reaction rate with slope close to 1 (0.93) from pH 5.4 to 7.5,
consistent with a chemical rate-limiting step with abstrac-
tion of a single proton (Fig. 5C).

Mapping the D123-binding surface on fully labeled
D5 by NMR

Results from the fluorescence gel shifts and anisotropy
measurements show that D5 binds quite tightly to D123
in the presence of Mg2+. Together with D123, D5 is able
to cleave a 39-exon–59-exon substrate with a reaction
rate likely limited by chemistry. Yet, until now, no direct

FIGURE 4. Single turnover kinetics of SER reaction catalyzed by D5.
(A) Monoexponential fit of the time course for the formation of
cleaved product in the presence of excess D123 (2 mM) and increasing
concentration of D5 (0.1–1.0 mM). The fluorescent intensity in bands
S and P (see Fig. 5A) was used to calculate the fraction of cleaved
product. (B) Michaelis-Menten binding curve for data in A. Km is the
[D5] at half-maximum rate and Kcat is the maximal rate at D5
saturation. Please see Materials and Methods for details of extracting
the kinetic constants from the experimental data.

FIGURE 5. Rates of trans-splicing (in the SER reaction) as a function
of pH. (A) A time course of the SER cleavage reaction at pH 6.8. The
fluorescent intensity in bands S (substrate) and P (cleaved product)
was used to calculate the fraction of cleaved product. (B) Mono-
exponential fit of the time course for the formation of cleaved product
in the presence of excess D123 (2 mM) and increasing concentration
of D5 (0.1–1.0 mM). (C) Log pH dependence of SER reaction rate.
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structural evidence for the interaction between D5 and the
rest of the intronic domains has been given. We, therefore,
monitored the chemical shift changes of proton and carbon
sites for every nucleotide in D5 (z0.2 mM) in the presence
of increasing amounts of D123 (0–0.22 mM) using resolu-
tion-optimized NMR spectroscopy experiments (Dayie
2005). Under identical experimental conditions, any ob-
served differences in chemical shifts between unbound and
D123-bound D5-PL would indicate a change in the local
chemical environment of each nucleotide because of direct
or indirect D5–D123 interactions. These experiments
would enable us to pinpoint regions of D5 that interact
directly with D123.

To this end, we probed the differential change in the
resonances of a magnesium-bound 15N–13C-labeled D5 in
the presence of unlabeled D123 by titrating increasing
amounts of D123 (pre-folded in 5 mM Mg2+) into a 5 mM
Mg2+-bound D5 and monitored the chemical shifts of the
ribose H19–C19 and base H2–C2, H5–C5, H6–C6, and H8–
C8 resonances. D5 (36 nt) is small enough to give a high-
quality heteronuclear single quantum coherence (HSQC)
spectrum without any interfering signals from the un-
labeled D123. When D5 binds to the larger z160-kDa
D123 (493 nt), the transverse relaxation rate (1/T2) of the
bound D5 within the complex increases significantly, and
this leads to an overall broadening of all the NMR res-
onances at 25°C beyond detection (Fig. 6A,B). This is
consistent with the formation of a large-molecular-weight
D5–D123 complex (Riek et al. 2000; Wuthrich 2003;
D’Silva et al. 2005). Raising the temperature to 45°C results
in a decrease in line widths and sharpening of the D5 NMR
resonances due to the decrease in the solvent viscosity
(Fig. 6C,D). Because a stable complex forms at 45°C, all
subsequent experiments on free D5 and D5–D123 complex
were carried out at this temperature. In the ribose H19–C19
region, the titration resulted in large selective shifts of A24,
A25, and G26 in the bulge region and A16, A17, and A18 in
the tetraloop (Fig. 7A). Of note, A2 and G3 are not
responsive to D123. In the base H8–C8 region, once again
the triad A2 and G3 chemical shift resonances are not
perturbed (Fig. 7B). However, G26 in the bulge and U14,
G15, and A18 within the tetraloop are significantly shifted
and/or broadened, suggesting that they are likely involved
in the binding of D5 to D123 (Fig. 7B). Similarly in the base
H6–C6 region, the resonances of U20 and C21 in the upper
helix shift and/or broaden significantly (Fig. 7B). The most
dramatic chemical shift perturbations occur within the base
H2–C2 region. The internal bulge nucleotide A24 and the
tetraloop nucleotides A16, A17, and A18 as well as the
upper helix nucleotide A13 all undergo very large chemical
shift changes (Fig. 7C). The resonance of A25 broadens
beyond detection, whereas the lower helix nucleotides A2
and A28 remain unperturbed. We find the same trend in
the base H5–C5 region. Here the resonances of the internal
bulge C11 and U20 undergo large shifts and significant

broadening, and those of C4 and C5 in the lower helix also
undergo significant change (Fig. 7D). As a negative control,
we titrated D5 into a 42-nt tetraloop receptor from domain
1 (Supplemental Fig. 1). This construct contains both the
z–z9 and k–k9 elements. Previous work has shown that the
isolated complex of a GAAA tetraloop/tetraloop receptor
is only moderately stable with an apparent Kd value of
0.4 mM (Qin et al. 2001). Consistent with this, we see no
significant change in the chemical environment of the
tetraloop nucleotides and no line broadening (Supplemen-
tal Fig. 1). This contrasts with the dramatic perturbation in
the presence of D123 (Fig. 7B,C). This negative control also
suggests that the perturbations of D5 bulge/tetraloop reso-
nances are unlikely due to pre-melting at high temperature.

Overall, our data suggest that D5 resonances primarily
from the tetraloop and internal bulge regions undergo
the greatest chemical shift perturbation or extensive line
broadening on binding to D123. The phylogenetically con-
served A2 and G3 triad nucleotides strongly implicated in
catalysis undergo very little change in chemical shift. Our data

FIGURE 6. Effect of temperature on the formation of D5–D123
complex. (A) NMR HSQC spectral evidence for the formation of
a D5–D123 complex in the ribose region. At 25°C, addition of z0.22
mM unlabeled D123 to z0.2 mM 15N–13C-labeled D5-PL leads to
disappearance of most of the D5 resonances. (B) NMR HSQC spectral
evidence for the formation of a D5–D123 complex in the base region.
At 25°C, addition of z0.22 mM unlabeled D123 to z0.2 mM 15N–
13C-labeled D5-PL leads to disappearance of most of the D5
resonances. (C) NMR HSQC spectrum in the ribose region collected
at 45°C leads to recovery of peaks. All the experiments were done on
equimolar amounts of sample of z0.2 mM each and under identical
conditions as in A. (D) NMR HSQC spectrum in the base region
collected at 45°C leads to recovery of peaks. All the experiments were
done on equimolar amounts of sample of z0.2 mM each and under
identical conditions as in B.
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strongly implicate the D5 bulge and tetraloop regions rather
than the AGC triad functional groups in binding to D123.

DISCUSSION

Why another tripartite ribozyme system?

Until now the only group II intron extensively character-
ized biochemically for both branching and hydrolytic
reactions is aI5g from yeast mitochondria (Griffin et al.
1995; Michels and Pyle 1995; Podar et al. 1995; Bar-Shalom
and Moore 2000; Gordon et al. 2000, 2004). The discovery
that the PL group II intron (Fontaine et al. 1995, 1997;
Costa et al. 1997) retained the ability to self-splice at un-
usually low magnesium ion concentrations (0.5–10 mM)
and moderate concentrations of monovalent salts (100 mM
KCl or (NH4)2SO4) suggested that transforming the PL
group II intron into a tripartite hydrolytic ribozyme would

be valuable and desirable both as an
independent model system from a dif-
ferent group II intron ribozyme and as
a molecular probe to further our un-
derstanding of the mechanism of splic-
ing at the structural level. Extensive
footprinting and kinetic analyses have
been carried out on the lariat form of
the PL intron in debranching reactions
using 59-exons or ligated exons. These
studies showed that the reaction is
extremely fast, requiring low pH to slow
the reaction to be measurable (Costa
et al. 1997, 1998, 2000; Costa and
Michel 1999). In addition, the lariat
form can undergo additional reactions
due to reversibility of the transesterifica-
tion reaction, further complicating the
analysis. The modular nature of the
hydrolytic tripartite system circumvents
these problems and allows us to investi-
gate, comparatively, the principles of
RNA splicing, folding, and structure.

Direct binding, kinetic parameters,
and comparison to other ribozymes

Group II introns catalyze the splicing
reaction in the absence of branch for-
mation by hydrolysis of the 59-splice
junction in step 1 (Jarrell et al. 1988;
Franzen et al. 1993; Pyle and Green
1994; Peebles et al. 1995; Podar et al.
1998; Gordon and Piccirilli 2001), and
hydrolysis of the phosphodiester bond
joining two spliced exons in the SER
reaction (Jarrell et al. 1988; Podar et al.

1995; Gordon et al. 2004), thereby acting as true ribozymes.
The SER reaction, shown earlier to be mechanistically
analogous to the reverse of the second catalytic step by
hydrolysis (Podar et al. 1995), has been partially charac-
terized for aI5g but not for PL (Podar et al. 1995; Gordon
et al. 2004). Here we show, using a newly developed
fluorescence-based RNA–RNA gel shift assay, that (1) D5-
PL binds fairly tightly (300–800 nM) to D123 in the
presence of magnesium ions with an affinity similar to
that measured for aI5g (400–870 nM); (2) this tripartite
system obeys simple Michaelis-Menten kinetics with
a chemical rate-limiting step; and, importantly, (3) the
favorable salt requirements have enabled us, for the first
time, to initiate high-resolution structural work on this
class of ribozymes using NMR.

Agreement between binding constants from direct binding
and Km from single turnover kinetics can provide valuable
insight into the rate-limiting step in a reaction mechanism.

FIGURE 7. NMR spectra, at 45°C, showing the chemical shift perturbations of D5 nucleotides
on binding D123 for resonances of the (A) ribose H19–C19, (B) H6–C6 and H8–C8, (C) base
H2–C2, (D) cytosine base H5–C5, and (E) uracil base H5–C5. Arrows depict residues with
most chemical shift perturbation with increasing D123 concentration (0 and z0.22 mM),
indicative of likely binding sites. Note how A2 and G3 resonances are barely perturbed. For C
and D, we depict three titration points to indicate the direction of the perturbations ([D123]
mM: 0, black; 0.1, cyan; 0.22, magenta).
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Under single turnover conditions, D5 displayed saturation
kinetics with a Km of z300 nM (Fig. 4), suggesting that
a step following substrate binding is rate-limiting. The on
rate must therefore be fast relative to chemistry. Otherwise
slow association and fast chemistry would result in com-
plete reaction of the intermediate D123dsubstrate complex
as soon as it is formed. In that case, Kobs would not plateau,
as we observe, at the [D5] just above Kd (Fig. 4B). For
Michaelis-Menten reaction kinetics, the on and off rates for
substrate are fast relative to the rate of chemistry (Fersht
2000), and because D5 binding displays this classic square-
hyperbolic dependence, it is possible that the derived Kcat

could represent a step upstream of binding and/or the rate
of the chemical step (Kchem). Further evidence that Kcat

represents Kchem is provided by the log-linear pH de-
pendence of Kcat under single turnover conditions in the
pH range 5.4–7.5. Similar observations that Kcat is log-
linear with pH for D5-catalyzed hydrolysis of exD123 or
ligation of intron–39-exon (intron-E2) and the 59-exon
(E1) led to the hypothesis that the rate of the reaction was
limited by chemistry in the pH range of 5–7 in aI5g (Pyle
and Green 1994; Podar et al. 1998; Gordon et al. 2004). Log
linearity is not an ironclad proof of chemistry. One could
undertake an extensive study using an array of nucleoside
analogs for the 29-hydroxyl group at the cleavage site of
a SER substrate, as reported recently by Piccirilli and
colleagues (Gordon et al. 2004). This is, however, beyond
the scope of the present study and will be the focus of
future investigations. Nonetheless, collectively, these pre-
vious reports on aI5g and our data for PL are consistent
with a model in which the RNA subunits form a binary
complex that cleaves short RNA oligonucleotides that
mimic the spliced exons E1E2. In particular, the PL ribo-
zyme construct described above provides a 107-fold rate
enhancement over the uncatalyzed rate (Herschlag and
Cech 1990) for the hydrolytic cleavage of the phospho-
diester linkage at the boundary between exon 1 and exon 2,
consistent with similar rate enhancements for the hydro-
lytic cleavage at the 59-splice site (Michels and Pyle 1995).
The substantial agreement of PL’s Km to those determined
previously for two- and three-part systems for aI5g argue
that our new tripartite PL system is an attractive alternative
model especially for NMR structural characterization.
Akin to chemical footprinting studies for the analysis of
tertiary contacts between D5 and D123, NMR chemical
shift perturbation analysis potentially provides exquisite
site-specific information for D5 atomic positions that
directly contact D123 and/or respond to induced structural
changes.

Direct probing of the D123 binding surface
on D5-PL by NMR

Even though the D5–D123 complex has a high molecular
mass (z160 kDa) for NMR studies, the observed spectral

complexity is limited to only the labeled D5 segment of the
complex, and, remarkably, the 1H–13C NMR data at 45°C
are of such excellent quality that we could follow most of
the D5 resonances during the titration with unlabeled
D123. This is the largest RNA–RNA binding interaction
characterized by NMR. This is made possible by a tight
binding interaction, a well-behaved complex, new NMR
experiments designed for resolving the usually crowded
ribose H19–C19 spectral region, and the ability to work at
high temperatures. Previous RNA or RNA complexes in-
vestigated were z40 kDa or less (Lukavsky et al. 2003;
D’Souza et al. 2004; Davis et al. 2005).

z–z9 tetraloop–receptor interactions

Starting from 5 mM Mg2+-bound D5, binding of D123
prefolded in 5 mM Mg2+ leads to dramatic (>0.2 ppm) and
selective perturbation of resonances of the minor groove
H2–C2 resonances and H19–C19 resonances of A16, A17,
and A18 in the tetraloop (Figs. 7A–C, 8). These dramatic
chemical shifts observed for the minor groove H2–C2
atoms of the second, third, and fourth tetraloop nucleo-
tides as well as the surrounding nucleotides (U14 and G19)
are not only consistent with previous studies (Cate et al.
1996a,b; Pley et al. 1994; Costa and Michel 1995; Abramo-
vitz et al. 1996; Golden et al. 1998, 2005; Boudvillain et al.
2000; Juneau et al. 2001; Adams et al. 2004; Davis et al.

FIGURE 8. Combined proton (1H) and carbon (13C) chemical shift
perturbations {(Dd) = [(D1H)2 + (D13Cx)2]1/2} between free D5-PL
and D123-bound D5-PL as a function of nucleotide sequence in (A)
the ribose H19–C19 and aromatic (B) H2–C2 and H8–C8 and (C) H5–
C5 and H6–C6 regions. Nucleotides that disappear at the titration end
point (z0.22 mM D123) are not shown. The horizontal line in each
panel represents the calculated average chemical shift perturbation.
x = 0.18 and 0.24 for the base and the ribose carbons, respectively.
The 39-AGC label refers to nucleotides GUU that base-pair with the
AGC triad nucleotides in the 59-end of D5.
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2005) but also indicate they can serve as key indicators of
the tetraloop–tetraloop receptor interactions in solution.
Our observation that the minor groove H2–C2 atoms of the
second and fourth tetraloop nucleotides undergo dramatic
chemical shifts parallels those reported recently (Davis et al.
2005), only in our case, the shifts are more dramatic in the
carbon dimension than in the proton dimension.

e–e9 and C2 internal bulge and J2/3 interactions

Selective and dramatic perturbations (>0.2 ppm) also occur
for the minor groove H2–C2 and H19–C19 resonances of
A24 and A25, and the H19–C19 resonance of G26 in the
internal bulge region. These results are consistent with
previous work that has implicated bulge nucleotides 24 and
25 mostly in catalysis (Chanfreau and Jacquier 1994;
Abramovitz et al. 1996; Schmidt et al. 1996; Boudvillain
and Pyle 1998; Gordon and Piccirilli 2001) and their likely
proximity to a highly conserved nucleotide in the junction
of domains 1 and 2 (J2/3) and nucleotides flanking the e–e9
substructure (de Lencastre et al. 2005). Based on chemical
shift arguments alone, the dramatic change in chemical
environment of the base H2–C2 resonances of A24 and
A25 suggests these residues are likely forming extrahelical
stacking interactions with other intronic elements. For this
to happen, D5 would have to undergo significant confor-
mational change within the bulge. Thus, our NMR pertur-
bation analysis provides a facile handle on identifying key
tertiary RNA–RNA interactions within PL.

k–k9 and l–l9 helical stem–receptor interactions

Significantly, C4 and C11 within D5 also undergo chemical
shift perturbation in the base H5–C5 region (Figs. 7D, 8).
These nucleotides or those in close proximity to them (U9,
G10, C23) (Figs. 7, 8) are postulated to form a network of
base triple l–l9 interactions (Boudvillain et al. 2000). Our
results therefore provide the first direct structural evidence
for these previous biochemical observations.

Absence of triad A2 and G3 interactions

Finally, what is perhaps most surprising is the lack of
responsiveness of the triad nucleotides A2 and G3 to D123
binding. This result is at first puzzling given that extensive
studies have shown that nucleotides and individual atoms
along the AGC triad are critical for the chemical steps of
splicing (Chanfreau and Jacquier 1994; Boulanger et al.
1995; Peebles et al. 1995; Abramovitz et al. 1996; Konforti
et al. 1998; Boudvillain et al. 2000). More than any other
nucleotide, substitution of G3 with A, C, or U, replacement
by an Rp phosphorothioate, or modification of any of the
major groove functional groups (O6 or N7) completely
abrogated D5 activity, suggesting that G3 is the single most
important residue within the group II active site. Yet,

paradoxically, the G3 residue is unperturbed by D123 (Figs.
7, 8). Our results argue against G3 participating in D123
binding in the ground state. This may not be unexpected
for a catalytic residue.

Previous biochemical work and our present NMR
titration and fluorescence gel shift data strongly suggest that,
in the absence of substrate, D5 binds to D123 primarily
through the tetraloop–tetraloop receptor z– z9, base triple
l– l9, and k–k9 interactions without engaging the triad
G3 nucleotide.

A molecular handclasp-like interaction between D5
and D123 suggests a structural switch model

To quantitatively define residues at the binding interface,
we used all residues whose chemical shift perturbations are
greater than the average (>0.1 ppm) and/or selectively
broadened beyond detection (Figs. 7, 8) and whose base
and ribose functional groups are solvent-exposed in the free
D5 structure. The nucleotides that satisfy both criteria (C4,
G12, U14, G15, A16, A17, A18, G19, A24, A25, and G26)
are likely at the D5–D123 binding site. These residues are
defined as ‘‘active residues’’ (Dominguez et al. 2003). The
neighboring residues that are also solvent-exposed, defined
as ‘‘passive residues,’’ are G3, C5, G8, C23, and C27. We
projected the ‘‘active’’ binding site residues in the tetraloop
and lower helix onto the 3D structure of D5 (Seetharaman
et al. 2006) and the corresponding nucleotides identified
in the tetraloop receptor structural element represented
as a computer model (Fig. 9A; Costa et al. 2000). Stri-
kingly, two surfaces are revealed in both D5 and D1 that
allow each structural element to dock into the other,
reminiscent of a handshake. However, the free D5 structure
would have to undergo a conformational change to fit
snugly into the D1 binding site and/or vice versa. This
suggests the need for conformational rearrangement in D5
for catalysis.

Thus our working model is that D5 likely undergoes
a conformational change on interacting with other intronic
components. The evidence on which this is based is as
follows: (1) Ribozymes derived from PL that lacked D5
were shown to be defective in binding their 59-exon sub-
strate by z100-fold (Costa and Michel 1999). (2) In the
presence of the 59-exon and intron D1, G3 within the
catalytic triad of D5 becomes more reactive to hydroxyl
radicals, indicating likely conformational rearrangement in
the presence of substrate (Costa et al. 2000). (3) This triad
G3 participates in catalysis using normally inaccessible
major groove functional groups (N7 or O6), hinting at
a likely conformational change (Konforti et al. 1998). (4)
From NMR relaxation data, the bulge functional groups
(A24 and A25) are very dynamic, suggesting deformability
of the D5 structure on timescales that might be relevant for
catalysis (N.V. Eldho and K.T. Dayie, unpubl.). (5) From
NMR titration data, the bulge functional groups A24, A25,
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and G26 undergo substantial chemical shift perturbation
on binding D123, suggesting a stacking interaction with
other intronic elements (this study). These data collectively
point to a central hypothesis: that binding of D123 would
likely trigger a conformational change in the D5 bulge
region that may be required to correctly juxtapose different
regions of the intron to form a competent catalytic struc-
ture. We call this the structural switch model (Fig. 9B).
Although the information gathered here is not sufficient to
derive a high-resolution 3D model of D5 bound to D123,
future NMR studies will address this and other questions to
further illuminate the structural basis for group II intron
catalytic function.

MATERIALS AND METHODS

D123 (493 nt) ribozyme sample preparation

RNA samples were synthesized by in vitro transcription with T7
RNA polymerase from plasmid using established protocols
(Milligan and Uhlenbeck 1989). An N-terminal His-tag contain-
ing T7 RNA polymerase was overexpressed in Escherichia coli
BL21 (DE3) and purified on a Ni-chelating Sepharose column
(Pharmacia). An RNA containing intron domains 1–3 (D123) was
transcribed from DNAs produced by PCR amplification from the
original construct containing the complete domains 1–6 (D1 to
D6) (Costa et al. 1997). D123 was amplified using an upstream
primer containing the T7 RNA polymerase promoter sequence
and the first 19 nt from the 59-end of the D1 sequence and
downstream primers containing 19 nt of the 39-end of the intron

domain 3. The D123 DNA fragment was amplified and digested,
and the purified D123 fragment was ligated into an EcoRI- and
BamHI-linearized pUC19 vector. Positive colonies, screened on
the basis of ampicillin resistance, were checked by standard
sequencing procedures for the presence of the correct pUC19-
D123 construct. The plasmid DNA was digested with SmaI
yielding linearized DNA ready for several T7 RNA polymerase-
directed in vitro transcription reactions. The optimal transcrip-
tion conditions, found by a systematic sparse matrix variation of
Mg2+, NTP, and enzyme concentrations, were 10–15 mM total
NTP and 10–25 mM Mg2+ in a transcription buffer of 40 mM
Tris-HCl (pH 8.1), 1 mM spermidine, 5 mM dithiothreitol
(DTT), 0.01% Triton X-100, 200 mg/mL SmaI-linearized plasmid,
0.5 mg/mL inorganic pyrophosphatase, and 0.0685 mg/mL T7
polymerase per 40 mL of transcription volume (Milligan and
Uhlenbeck 1989). However, for our NMR experiments, these were
scaled up to 400–500 mL of transcription reaction. After 3 h of
incubation at 37°C, the transcription reaction was extracted with
phenol/chloroform/isoamyl alcohol (25:24:1) to remove the T7
RNA polymerase, followed by ethanol precipitation. The crude
RNA precipitate was purified using a 4% denaturing preparative
gel at 65 W in a 13 TBE using 3 mm 3 45 cm 3 35 cm gels. The
product band was detected by briefly UV-shadowing the gel, and
excised and electro-eluted in an Elutrap electro-separation system
(Schleicher and Schuell) at 200 V for a total of 5 h, with aliquots
taken every 2 h until the gel slices were clear under the UV lamp.
The purified RNA was precipitated with two to three volumes of
absolute ethanol and 0.3 M sodium acetate. The RNA pellet was
then resuspended in water and dialyzed in a Biodialyzer
(Nestgroup) with a 500 MWCO membrane (Nestgroup) for 12–
24 h each against 100 mM potassium phosphate buffer (pH 6.0),
0.5 M KCl, 10 mM EDTA, and then 1 and 0.1 mM EDTA, and
finally against two changes of ddH2O water. After dialysis, the
RNA was lyophilized. RNA concentration was then determined by
sodium hydroxide hydrolysis for 2 h at 70°C, and UV absorbance
was used to calculate the concentration based on the extinction
coefficients of the individual nucleotides. The extinction coeffi-
cient was calculated as a sum contribution of each nucleotide in
the RNA sequence.

Unlabeled D5 (36 nt) RNA sample preparation

The D5 RNA samples were synthesized by in vitro transcription
with T7 RNA polymerase as described above for D123 (Milligan
and Uhlenbeck 1989) using synthetic DNA templates (Operon
Technologies, Inc.). The DNA promoter sequence, or top strand,
has a C nucleotide at the �18 T7 promoter region (CTOP)
(Baklanov et al. 1996) and has the sequence 59-CTAATACGACT-
CACTATAG. The corresponding wild-type template strand, or
bottom strand, used for the analysis is 59-ggAACCGTGCTTGC-
GACTTTCATCGCACACGGCTCCTATAGTGAGTCGTATTAG-39.
Use of ribose C29-methoxyl modification of the 59 two nucleotides
of the template strands substantially reduced the amount of N + 1
and higher add-on transcripts (Kao et al. 1999). The optimal
transcription conditions for D5 were also found by a systematic
sparse matrix variation of Mg2+, NTP, and T7 RNAP enzyme
concentrations as described above using identical transcription buf-
fer supplemented with 80 mg/mL PEG 8000 and 300 nM each DNA
strand, and 0.0685 mg/mL T7 RNA polymerase (optimized amount)
per 40 mL of transcription volume. The resulting RNAs were

FIGURE 9. (A) Yin-Yang of the D5–D1 binding interface showing
D5 docking surface in the D1 tetraloop receptor, and the D1 tetraloop
receptor docking site on D5-PL. (B) Cartoon of a structural switch
model of the group II intron catalysis. The bulge likely undergoes
significant change on binding D123.
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gel-purified as described above for D123 RNA, except 15% urea gel
was used for the gel purification.

Labeling of D5 and E1E2 substrate (22 nt) RNAs with
Alexa 488 and 647 fluorophores

For the fluorescence studies, Alexa 488 and 647 carboxylic acid,
succinimidyl esters were purchased from Invitrogen/Molecular
Probes Inc. and the D5 and E1E2 RNAs from Dharmacon Inc.
For all fluorescence experiments, Alexa 488 or 647 were site-
specifically incorporated at the 59-end of either D5 or E1E2 RNA
via a primary amine C-6 linker. The RNAs were labeled using 10–
15 molar excess of dye to RNA in 0.1 M sodium tetraborate (pH
8.5) at room temperature for 12 h with gentle mixing. The labeled
RNA was then purified over a G-25 Sephadex gel filtration
column. D5 fractions were then pooled and ethanol-precipitated.
The resulting RNAs were gel-purified using a 15% urea gel prior
to electroelution. The pooled fractions were ethanol-precipitated
and dissolved in 500 mL of RNA MOPS buffer (40 mM MOPS
at pH 7.5, 100 mM KCl), and dialyzed extensively in buffers A
(100 mM potassium phosphate at pH 6.0, 10 mM EDTA, 0.5 M
KCl), B (100 mM potassium phosphate at pH 6.0, 1 mM EDTA,
0.1 M KCl), and C (100 mM potassium phosphate at pH 6.0,
0.1 mM EDTA, 0.1 M KCL) and several times in H2O before
lyophilizing and dissolving in MOPS storage buffer (40 mM
MOPS at pH 7.5, 100 mM KCl).

Direct measurement of D5:D123 binding by
fluorescence gel-shift experiments

The fluorescence mobility shift assay for the determination of
D5–D123 binding constant used unlabeled D123 and Alexa-488
D5 (A488-D5). Complex formation was monitored on a native
5% polyacrylamide gel (37.5:1, acrylamide:bis ratio). Various
permutations of folding and preincubations were tried for folding
each RNA component separately or together. For instance, each
RNA stock solution in storage buffer was heated to either 90°C or
55°C for 1 min or 3 min, then allowed to cool to 42°C. A 23 salt
solution (high salt: 2 M KCl, 100 mM MgCl2; low salt: 200 mM
KCl, 20 mM MgCl2) was added to each RNA (12.5 nM A647-
E1E2, 2 mM D5, and 4 mM D123) and allowed to fold for various
times (0, 5, 10, 20, 30, 60, 120 min), and the RNAs were combined
to initiate the reaction. At each specific time point, 8-mL aliquots
were taken and added to 6 mL of stop buffer (50% glycerol and
100 mM EDTA), and loaded onto an 8 M urea 15% poly-
acrylamide gel running at 23 W for 2 h. We noticed a lag in
initiation of the SER reaction with this protocol that went away
for increased times (0 min, 10 min, 20 min, 1 h, 2 h, 3 h) of
benchtop pre-folding at each MgCl2 concentration (0, 10, 50 mM)
with the optimum at 2 h in the presence of 10–50 mM MgCl2. If
only D123 was pre-folded as described above, the reaction kinetics
were indistinguishable from pre-folding all three RNAs. These
observations suggest that D123 pre-folding is the single most
important factor that affects the rate of the reaction. Thus, prior
to binding, all RNAs were heated at 90°C for 1.5 min, and cooled
on the bench top for at least 10 min in RNA MOPS storage buffer
to allow for proper folding. For the binding experiments, in-
creasing concentrations of D123 (0–6 mM) were added to 0.05 or
2 mM A488-D5, in binding buffer containing specific concen-
trations of KCl (100 mM or 1 M) and MgCl2 (0–50 mM).

Reaction mixtures were incubated for at least 2 h at 45°C prior to
running on a 10 3 10 cm 5% native gel (37.5:1 acrylamide:bis
ratio) at 200 V for 45 min. The A488-D5 complexes were then
visualized using a fluorescence scanner (Bio-Rad Molecular Imager
pro-plus Fx) equipped with 635- and 488-nm diode pumped solid-
state external lasers.

Steady-state fluorescence anisotropy
binding experiments

Steady-state equilibrium fluorescence anisotropy measurements
were performed on an L-format SLM spectrofluorimeter equipped
with a 450 W xenon arch lamp. Experiments were performed at
45°C, and slit widths were set to 4 nm overall. In the binding
experiments of D123 to A488-D5, 0.05 mM or 2.0 mM A488-D5
was titrated with increasing concentrations of D123 (0, 0.042,
0.082, 0.162, 0.33, 0.496, 0.659, 0.817, 1.7, 3.26, 4.6, 5.38,
6.13 mM) in 40 mM MOPS (pH 7.5) containing 50 mM MgCl2
and 1.0 M KCl in total final volumes of 80 mL. Samples were ex-
cited at 494 nm, and average fluorescence emission was monitored
between 510 and 540 nm. Prior to use, all RNAs were heated to
90°C in binding buffer for 1.5 min and cooled at room
temperature for a minimum of 10 min. To a first approximation,
assuming the D123–D5 complex tumbles isotropically, we can
estimate the ratio of the rotational anisotropy of the free (Rf) and
bound (Rb) D5 using Rb/Rf = {(u1 + t)/(u2 + t)}(u2/u1), where t is
the lifetime of the Alexa 488 dye (4.1 nsec), and the rotational
correlation times (u) for D5 and D123 are, respectively, u1 and u2.
u is related to the molecular weight (M), degree of hydration
(h = z0.3 g H2O/g RNA), specific volume of the RNA (n =
0.569 mL/g) (Voss and Gerstein 2005), solvent viscosity (h =
0.597 cP), temperature (45°C), and gas constant (R = 8.31 J K�1

mol�1); thus u = hM(h + n)/RT. The experimental ratio is close to
the calculated ratio of z2.

Multicolored fluorescence gel-shift of E1E2
substrate splicing

To test the activity of the D5 and D123 ribozyme, we adapted the
spliced exon reopening (SER) reaction (Jarrell et al. 1988; Podar
et al. 1995). However, instead of using radioactive 32P labeling, we
used fluorescently labeled A647-E1E2 substrate and tested the
ability of unlabeled D123 and fluorescently labeled D5 (A488-D5)
or unlabeled D5 to cleave this substrate. Here specified concen-
trations of A647-E1E2 substrate were mixed with A488-D5 or
unlabeled D5 and D123 in 40 mM MOPS binding buffer at
indicated concentrations of KCl (100 mM–1 M) and MgCl2 (0–
100 mM) in a final volume of 10 or 100 mL. Addition of either
magnesium ions or A647-E1E2 was used to initiate the cleavage
reaction, and the reaction was incubated for 2 h at 45°C. For
kinetics studies, a 100-mL reaction mixture was set up and time
points were taken at 0, 5, 15, 30, 45, 60, 75, 90, 120, 150, and
180 min. At these specific times, 8-mL aliquots of the reaction
mixture were taken and quenched with 6-mL aliquots of stop
buffer (100 mM EDTA in 10% glycerol) and placed in a dry ice
ethanol bath. Samples were later run on a 15% denaturing gel at
23 W for 1.5–2 h. Immediately following electrophoresis, the gel
was directly scanned, without any other workup, with a Bio-Rad
pro-plus FX scanner using 488- and 635-nm external lasers, along
with appropriate filter sets.
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Data analysis

The apparent dissociation constant for D5 binding to D123 was
determined assuming 1:1 bimolecular association using the
equation:

F =
n
a�

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
a2 � 4½D5�½D123�Þ

p o.
2½D5� (1)

where a ¼ ð½D5� þ ½D123� þ KdÞ.
The experimentally measured fraction bound (F) and total

concentrations of D123 ([D123]) and D5 ([D5]) are used to
extract the equilibrium dissociation constant (Kd). The fraction
bound was computed from the ratio of the volumes of the free
and the sum of the free and bound peak positions using the
Quantity One software (Bio-Rad). Global background correction
was applied using similar-sized rectangles for regions devoid of
signal. The binding between wild-type PL D123 ribozyme and
wild-type D5-PL was monitored by both FIGEMSA and equilib-
rium fluorescence anisotropy measurements. For both measure-
ments, the normalized fraction bound was calculated and fitted
using Equation 1.

Single turnover kinetics as a function of [D5]

Reactionswere carried out at 42°Cwith saturatingD123 (4mM)and
D5 (1mM), 12.5 nMA647-E1E2 in 50mMMgCl2, 40mMMOPS-K
(pH 7.5), and 1 M KCl. D5, D123, and substrate were heated
separately at 90°C for 1min and cooled to 42°C. D123 and substrate
were combined and allowed to fold in MgCl2 for 20 min at 42°C.
Reactions were initiated with addition of D5, and the reactions were
quenched with 8mL of stop solution (100mMEDTA, 50%glycerol)
added to 4-mL aliquots of the reaction mixture taken at specified
times (0, 5, 15, 30, 45, 60, 75, 90, 120, 150, and 180 min). The RNAs
were separated by denaturing PAGE (8 M urea, 15%, 19:1
acrylamide:bis), and the ratio of product and substrates at each
time point was quantitated on a Molecular Imager Pro-Fx. The
extent of the reaction was calculated from the fraction of product at
each time point. Reaction rates were then obtained by fitting the
extent of the reaction to a two- or three-parameter exponential
equation. The apparent Michaelis-Menten curve was obtained by
plotting the Kobs as a function of [D5]. The maximal rate at
saturating [D5] represents Kcat, analogous to Kchem, and the [D5]
at half-maximal rate represents KM. The [D5] concentrations used
were 0, 100, 250, 400, 500, 750, and 1000 nM. The kinetic constants
are obtained from fitting of these data to a binding isotherm
(Equation 1) as described previously (Pyle and Green 1994).

Single turnover kinetics as a function of [pH]

Reactions were carried out at 42°C and contained saturating D5
(1 mM) and D123 (4 mM each), 25.0 nM A647-E1E2, and 50 mM
MgCl2; the 40 mM buffers used were MES-K (pH 5.0–6.9),
MOPS-K (pH 6.5–7.3), and HEPES-K (pH 6.5–7.5). Trial reac-
tions were carried out in different buffers at pH 6.8 to control for
specific effects of buffers. None of the buffers used showed any
specific effects. The pH was determined at the reaction temper-
ature in the presence of reaction components except RNA. D5,
D123, and substrate were heated separately in the presence of
MgCl2 at 90°C for 1 min, cooled on the bench top to room
temperature for 1–2 h. D123 and D5 were combined in the

various buffers, and reactions were initiated with addition of
substrate. The reactions were quenched with 4 mL of stop solution
(100 mM EDTA, 50% glycerol) added to 8-mL aliquots of the
reaction mixture taken at specified times and placed on a dry-ice
bath. The RNAs were separated by denaturing PAGE, and the
ratio of product and substrates at each time point was quantitated
on a Molecular Imager Pro-Fx. RNAs were also heated to 90°C in
the absence of MgCl2 and cooled to bench top for 10 min before
combining all the RNAs, and MgCl2 was added last to initiate
reaction at 42°C. This order of addition did not influence the
derived rate constants.

D123 NMR binding studies

Following extensive dialysis in water, D5 RNA at a concentration
of 0.2 mM was lyophilized and exchanged twice in 99.99% D2O
and dissolved in NMR buffer (40 mM MOPS buffer, 100 mM KCl
at pH 6.5, 5 mM MgCl2, 99.99% D2O, trace sodium azide, and
DSS). NMR experiments were performed on fully labeled D5 in
the absence and presence of 5 mM MgCl2. Similarly, D123 was
exchanged twice in 99.99% D2O and resuspended in NMR buffer.
The optimal folding conditions found for the cleavage reaction
were also used for the NMR experiments. The D5–D123 RNA
complex was incubated for 2 h at 45°C prior to transferring to
a Shigemi NMR tube. NMR experiments were run on a four-
channel UNITYINOVA 500 spectrometer equipped with an actively
shielded Z-axis gradient triple resonance probe. Two-dimensional
1H–13C HSQC/TROSY experiments selective for C19–H19, aro-
matic C2–H2, C5–H5, C6–H8, and C8–H8 regions (Brutscher
et al. 2001; Dayie 2005) were acquired on each RNA sample.
Titrations were performed to final total D123 concentrations of
0–0.22 mM. The D5 peaks within the D123–D5 complex are
extremely broadened at 25°C with hardly any signal above the
noise level. Performing the experiments at 45°C alleviated this
problem because of decrease in line width of the resonances,
consistent with the decrease in solvent viscosity predicted by
Stokes’s Law. Therefore all the D123 titrations were done at 45°C.
To rule out nonspecific electrostatic binding and/or pre-melting at
45°C, the titration was repeated with a 42-nt tetraloop receptor
sequence derived from the PL ribozyme. For the tetraloop
receptor (59-GUGAGCCUAAAGCUUCGCCUAUGGCUAGCGA
AAGCGAAUACC-39)–D5 interaction, we used 0.1 mM D5 and
varying concentrations of the receptor (0, 0.05, 0.15 mM). Once
again, these RNAs were identically folded as described above. All
the NMR experiments described above were processed by
NMRPipe (Delaglio et al. 1995) and analyzed by SPARKY (T.D.
Goddard and D.G. Kneller, University of California, San Fran-
cisco). The combined ribose and base chemical shift perturbations
were calculated as Dd = [(DdH)

2 + (DdC � x)2]1/2, where DdH and
DdC are the chemical shift changes (for 1H and 13C, respectively)
observed in D5 on adding D123, and the scaling factor x reflects
the relative chemical shifts for both protons and carbons in each
region (x=0.42 and 0.26, respectively for the ribose and aromatic
regions) (see, e.g., Seetharaman et al. 2006).
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