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I. Introduction
Hydrated amphiphiles form various phases as a function of molecular structure, temperature,
concentration, and pressure.1–4 There appears to be a one-to-one correspondence between the
structures observed for hydrated amphiphiles and that for block copolymers.5 Amphiphiles are
characterized by having a hydrophilic headgroup attached to at least one hydrophobic tail. The
unfavorable interfacial enthalpic interaction between the hydrophobic tail(s) of the amphiphile
with the polar water molecules induces the former to aggregate with the hydrophobic tail(s) of
other amphiphiles.4 The hydrophilic headgroup therefore separates the water from the tail(s),
in much the same way that the A–B junction of a diblock AB copolymer separates the two
homopolymer blocks A and B.6 Self-organized arrays of non-covalently associated
amphiphiles may exist as self-supported lamellar/vesicular, various bicontinuous cubic, or
hexagonal/cylindrical phases. Amphiphiles are also frequently studied as supported
assemblies, e.g., monolayers at the air–water interface, LB multilayers, or self-assembled
monolayers. During the past two decades or so, the understanding of each of these
supramolecular assemblies has advanced significantly. This progress is a consequence of
fundamental and applied research in many laboratories. The advent of methods to polymerize
supramolecular assemblies—first in monolayers in the 1970s, followed by bilayer vesicles in
the early 1980s, and more recently in nonlamellar phases, i.e., cubic and hexagonal phases—
has led to the creation of new materials, the development of new methods, and a widening
perspective on the potential applications of these novel polymeric materials. These uses include
the controlled delivery of reagents and drugs, the preparation of biological membrane mimics,
the separation and purification of biomolecules, the modification of surfaces, the stabilization
of organic zeolites, and the preparation of nanometer colloids, among others.

The concept of an area-minimizing surface has been used extensively to describe the
morphologies of amphiphile/water systems.2,7 The free energy of the system is described by
the topology of the surfaces. In this analysis, a spontaneous curvature term arises purely as a
result of the fact that the dimensions of the microdomain are only a few orders of magnitude
greater than that of the constituent molecules. This means that the shape of the interface is
influenced by the interactions on a molecular level. In order for a system to achieve equilibrium,
the various terms in the free energy expression, chief of which is the mean curvature, must be
minimized. This theory has been extended to describe the effects of surface charge8 and
branched alkyl chains9 on the formation of nonlamellar assemblies. The distribution of a
mixture of lipids in nonlamellar phases has also been investigated.10

The identification of the morphology of amphiphile/water systems traditionally relies on
methods such as X-ray and neutron diffraction scattering, differential scanning calorimetry
(DSC), NMR spectroscopy (e.g., diffusion, 2H, 31P), and transmission and scanning electron
microscopy (TEM, SEM). With the exception of the various electron microscopy methods, the
characterizations are usually indirect. Though space-group identification and unit cell
dimensions are readily obtained with diffraction methods, exactly how the molecules are
organized in the unit cell for the amphiphile/water system has only been recently settled.11
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In principle, the polymerization of supramolecular assemblies of amphiphiles could be
accomplished by at least two strategies: (a) the formation of the hydrated phase from
amphiphiles containing a reactive group, followed by either linear or cross-linking
polymerization of all or a portion of the organic region of the phase, or (b) the prepolymerization
of the amphiphile in isotropic organic media, followed by solvent removal, polymer
purification, then hydration of the linear polymer to form the desired phase. This review will
emphasize the first strategy. The second approach was successfully employed for the formation
of polymerized monolayers at the air–water interface and their transfer to yield LB multilayers
but has been infrequently described as a method for the polymerization of self-supported
assemblies of amphiphiles.12,13 This review covers the reports, up to late-2000, of the
polymerization of self-supported assemblies. The review emphasizes those publications that
appeared since the extensive 1988 review by Ringsdorf et al.14 Less attention is given to the
numerous studies of reactive amphiphiles in monolayers or multilayers, except in those cases
that aid in the understanding of hydrated amphiphilic phases. The following sections review
the various methods to polymerize hydrated amphiphiles in bilayer membranes and in
nonlamellar phases. In addition, the characteristics of the resultant polymers and the polymeric
materials are described, if they are reported by the authors.

II. Polymerization of Hydrated Bilayers
The lamellar phase consists of extended bilayers of hydrated amphiphiles with periodic
smectic-like order. However, for experimental convenience most polymerization studies have
focused on lipid bilayer vesicles, also known as liposomes. A lipid vesicle is a nearly spherical
lipid bilayer shell that encloses an aqueous volume. Lipid vesicles with diameters from 25 nm
up to several hundred nanometers can be prepared by detergent dialysis of lipid/detergent
mixed micelles, ultrasonication, or extrusion of extended bilayers.15

The bilayer shell can be composed of tens of thousands of lipids with their hydrophilic
headgroups exposed to water and their hydrophobic tails aggregated in a manner to reduce
exposure to water. Although the lipids employed to form vesicles are generally double-chain
amphiphiles, ion pairs of oppositely charged single-chain amphiphiles can also be effective.
16,17 The exceptionally low water solubility of most lipids constrains them to the bilayer,
where they laterally move past one another. A key characteristic of the lamellar phase is the
rate of lateral diffusion.18 The lipid diffusion coefficient, D, is ca. 10−2 μm2 s−1, when the
sample temperature is below the main phase transition temperature, Tm, i.e., the transition from
the solid-analogous phase (Lβ) to the liquid-crystalline phase (Lα). When the temperature is
greater than Tm, then D is ca. 1 μm2 s−1. The lipid bilayer in the fast diffusion regime provides
an organized structure for polymerization reactions, which is sufficiently dynamic to permit
monomers to diffuse to the growing polymer chain end. Electron microscopy and laser light
scattering have been used to demonstrate that polymerization does not significantly alter the
shape or diameter of bilayer vesicles. However, polymerization of vesicles can dramatically
alter their properties.

Polymerizable groups have been incorporated into bilayer-forming amphiphiles by chemical
synthesis (see previous reviews).14,19–26 Subsequent formation of bilayer assemblies yields
a two-dimensional array of the polymerizable groups. The polymerizable moiety can be
positioned anywhere along the lipid tails or linked (covalently or electrostatically) to the head-
group. Polymerization of the lipid tails usually leads to abolition of the bilayer Tm, whereas
polymerization in the headgroup does not. Covalent linkage of the lipid tails inhibits the
formation of the gauche rotamers as well as the cooperativity typically observed as lipid
bilayers undergo this phase transition. In some instances, polymerizable amphiphiles clearly
mimic natural lipids, e.g., phosphatidylcholine (PC) and phosphatidylethanolamine (PE),
whereas others are more similar to synthetic surfactants, e.g., quaternary ammonium salts
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(representative examples are shown in Figure 3). Synthetic routes to polymerizable PC and
quaternary ammonium lipids were reported as early as 1980, due in part to the commercial
availability of synthetic intermediates. On the other hand, the lack of corresponding
intermediates for PE retarded the use of polymerizable PE until a general chemical synthesis
was reported in 1995.27

A variety of polymerizable groups has been successfully employed including styryl,
diacetylenyl, dienoyl, sorbyl, methacryloyl, acryloyl, and lipoyl (Figure 4). All, but the
diacetylenyl group, can be polymerized in the more fluid liquid-crystalline phase (Lα). In
contrast, diacetylenic amphiphiles are only polymerized efficiently in the solid-analogous
phase (Lβ) or in other solidlike assemblies, e.g., tubules, and the condensed phase of Langmuir
monolayers. In many instances assemblies composed of lipid diacetylenes could only be
partially polymerized due to the topotactic nature of the reaction. This contrasts with the other
reactive amphiphiles that may be converted to polymer in high yield (>90%).
Photopolymerization is especially effective for diacetylenyl, styryl, dienoyl, and sorbyl
amphiphiles, whereas thermally sensitive radical initiators are frequently used for the styryl,
dienoyl, sorbyl, acryloyl, and methacryloyl compounds. Redox initiators may also be employed
for these monomers.

A. Acryloyl and Methacryloyl Monomers
One of the first examples of polymerizable bilayer vesicles was designed by Regen and co-
workers by incorporating a methacryloyl group into an ammonium amphiphile (1).28 Small
unilamellar vesicles of 1 were formed by sonication and then polymerized by addition of AIBN.
The resulting vesicles retained sucrose and were stable in the presence of 25% ethanol. Similar
experiments were done with a mono-methacryloyl-substituted PC (2) and bismethacryloyl PC
(3).29 It was shown that the polymerization of these vesicles by direct UV irradiation increased
the stability of the liposomes. Polymerization of vesicles of 2 occurred more slowly. The same
monomers and an analogue that incorporated the methacrylate group into the headgroup,
instead of the alkyl chain, were used in a more detailed characterization of polymerized vesicle
membranes.30 Bilayer vesicles of 3 did not show a main phase transition above 5 °C. Electron
spin resonance measurements indicated that polymerization of the membrane caused a decrease
in membrane fluidity.30 Polymerization of vesicles of 3 appeared to occur with cross-linking
and had a greater effect on the membrane fluidity than polymerization of vesicles from 2. The
polymerized vesicles of 3 could not be solubilized with chloroform. This early study provided
the initial evidence that cross-linking polymerization of bilayer vesicles produced a different
material than linear polymerization of similar bilayer vesicles.

However, it should be noted that UV polymerization of monomers that absorb at short
wavelengths, such as acryloyl- and methacryloyl-substituted lipids, can result in
photodegradation of the polymers. Sackmann and co-workers observed that UV
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photopolymerization of a methacryloyl-substituted lipid produced long polymer chains at short
exposure times.31 Continued irradiation of the sample to achieve high conversion from
monomer to polymer caused a progressive decrease in the size of the poly-(methacrylate lipid).
In contrast, the use of thermal initiators produced long polymer chains without degradation of
the polymer.

A pair of methacryloylammonium lipids 4 and 5 were prepared for an early study of the effect
of linear polymerization on membrane permeability.32 The reactive group is in the hydrophilic
region of monomer 4 and in the hydrophobic region of monomer 5. The polymerizations were
initiated with either the water-soluble 2,2′-azobis(2-amidinopropane dihydrochloride) (AAPD)
or the hydrophobic AIBN, respectively. In both cases the linear polymerization occurred with
retention of the vesicle structure.

Upon polymerization, the membrane permeability of glucose decreased by a factor of 2–3. In
addition, O’Brien and co-workers showed that sizable polymers, the estimated degree of
polymerization was 500 (Mn = 3.5 × 105), could be formed by the radical chain polymerization
of bilayer vesicles.33 Regen and coworkers found that a similar lipid gave polymers of
comparable size.34 Given that the number of monomers in a vesicle is tens of thousands, it
was clear that at high conversion there were tens to hundreds of polymer chains formed in each
vesicle. Consequently, it was not surprising that linear polymerizations only moderately
reduced the permeability of the vesicle to small solutes. Major modifications in vesicle
permeability could only be accomplished by cross-linking polymerizations.32

A systematic study of the relationship between the monomer-to-initiator ratio in the vesicle
and the number-average degree of polymerization (Xn) was conducted by Sells and O’Brien.
35 The Xn was observed to vary from a few hundred to a few thousand monomers per polymer
chain, and it was inversely dependent on the AIBN concentration at constant monomer
concentration. These data were interpreted to mean that the bilayer-constrained linear polymer
chains formed from 6 were terminated by primary termination at high conversion to polymer.
35 A subsequent study of the rate of polymerization of bilayers of 6 also indicated that primary
termination dominates at high conversion to polymer, whereas at low monomer conversions
the more common bimolecular chain coupling or disproportionation are the dominant
termination processes.36 These studies indicate that the growth of the polymer chains within
the bilayer progressively limits the opportunity for two growing polymer chain ends to find
one another. A further test of the primary termination hypothesis utilized 13C-enriched initiator
to label the polymers formed during the AIBN polymerization of a mono-methacryloylPC.
37 The 13C NMR spectrum of polymer chains initiated by 13CN-AIBN showed two major
signals, which were assigned to head and tail addition to the methacryloyl monomer by
reference to the literature and model compounds. Head addition is reaction of the AIBN
fragment with the growing end of the polymer chain, i.e., primary termination.
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The effect of cross-linking was determined with mono- and disubstituted acryloyl PCs (6, 7).
38 Both monomers were readily polymerized with AIBN at 70 °C. Because of the unequal
depth of bilayer penetration of the two acryloyl groups in monomer 7, the sn-1 chain of 7 can
serve as a cross-linking agent in the two-dimensional polymerization. When the bilayer
membranes were composed of both 6 and 7, (30 ± 5)% of 7 was needed to achieve cross-linking
of the hydrated lipid bilayer. The low cross-linking efficiency in the bilayer membranes may
be a consequence of an intramolecular macrocyclization reaction of the sn-1 and sn-2 groups
in the same lipid.39 Such a macrocyclization would yield a ring within a linear polymer
backbone. Although such a reaction is statistically less favored in isotropic media, the
constrained nature of the bilayer reduces the number of conformations available to the lipid
tails, thereby enhancing the possibility of intramolecular macrocyclization.

The effect of linear and cross-linking polymerization on the lateral diffusion coefficient, D, of
unreactive lipid probes was determined by fluorescence photobleaching recovery.40
Multilamellar vesicles were prepared from 6 and/or 7 plus 0.1 mol % N-4-nitrobenzo-2-oxa-1,
3-diazole-PE (NBD-PE). Prior to polymerization, the D was 3.8 ± 0.6 μm2 s−1 at 40 °C. The
formation of linear poly-6 reduced the lateral diffusion of the NBD-PE to a greater extent as
the length of poly-6 was increased, i.e., when Xn was 400, D was 0.60 ± 0.16 μm2 s−1 and when
Xn was 1500, D was 0.23 ± 0.04 μm2 s−1. Cross-linking of the bilayers of 7 substantially
decreased the diffusion of the NBD-PE probe by more than 2 orders of magnitude. Moreover,
when the mole fraction of the disubstituted monomer 7 was greater than 0.3 in mixed bilayers
of 6 and 7, the resulting polymerized bilayers appeared to be cross-linked, judging by the sharp
decrease in D.

The effect on the rate and degree of polymerization of the change in lipid conformation and
therefore lipid lateral diffusion that occurs at the Tm was examined by Lei et al.41 An Arrhenius
plot of the log rate of polymerization vs T−1 showed a discontinuity near the Tm of the bilayer
membrane. However, the change in reaction rate was moderate. An analysis of the activation
parameters showed that the frequency factor increased when the temperature was greater than
Tm (accelerating the reaction), whereas the activation energy also increased when the
temperature exceeded the Tm (retarding the reaction). The modest increases in the rate of
reaction with temperature were matched by moderate increases in the degree of polymerization.
These studies indicate that radical chain polymerizations of acryloyl-substituted lipids, as well
as sorbyl and other similar lipids, can be usefully employed in both the rapid diffusion liquidlike
phase and at lower temperatures in the slow diffusion solid–like bilayer phase. Consequently,
the radical chain polymerization of these monomeric lipids should be useful for the formation
of polymeric films in condensed monolayers or multilayers at surfaces.

The self-organization and packing efficiency of a variety of methacryloyl monomers and
polymers was determined in monolayers and LB multilayers by Ringsdorf and co-workers.
12,13 One objective was to assess the effectiveness of forming the polymer by solution
polymerization, then using the polymer to form lamellar structures. The three-dimensional
nature of polymers makes them difficult to accommodate in two-dimensional monolayers or
bilayers. This inherent organization problem was alleviated by the inclusion of flexible spacer
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groups to decouple the motions of the lipid alkyl chains from the motions of the polymer chain.
The spacer concept has been used successfully in the synthesis of liquid-crystalline polymers.
14 The monomers were based on ammonium and succinate lipids with hydrophilic spacer
groups between the lipid and the methacrylate in the head-group (8). Different length
hydrophilic spacers were used in either the side chain or the backbone (or both) of the resulting
polymers.

The backbone spacers were formed by copolymerization of the lipid monomer with
hydroxyethyl acrylate (HEA). The incorporation of spacer groups into the side chain of the
poly(lipid) made it possible to form well-ordered stable monolayers and LB multilayers.
However, the monolayers were generally so well packed that only a solidlike phase was
observed. The individual lipids apparently had insufficient freedom of motion to exhibit any
liquidlike behavior. When the lipid monomer was copolymerized with HEA to yield polymers
with both main and side chain spacers, the polymers had sufficient flexibility to form well-
behaved monolayers that exhibit both liquid and solidlike phases. This strategy has been
successfully used to create LB films composed of several hundred layers from reactive
amphiphiles. In cases where the amphiphiles contained a chromophore, significant nonlinear
optical properties were achieved by ordering the chromophore in an organized yet
noncrystalline material.42

A study using glutamate-based acryloyl amphiphiles also emphasizes the effect of molecular
packing on the polymerization of bilayers.43 The most efficient packing and polymerization
were observed with a phenyl group in the headgroup and an ether linkage in the alkyl chain
(9). There was a difference if the bilayer was polymerized in the solidlike vs the liquid-
crystalline state. The alkyl chains obtained a certain degree of disorder during polymerization
in the solidlike state, which slowly decreased during aging. The alkyl chains of polymers
polymerized in the liquid-crystalline state did not reorder.

Lamellar phases and/or vesicles can be formed by the electrostatic association of cationic and
anionic surfactant molecules known as ion-paired amphiphiles (IPA). Each surfactant moiety
has a positive radius of curvature preferring to form micellar structures since the surface area
of the charged headgroup is significantly larger than the cross-sectional area of the acyl chain.
Kaler et al. reported the first spontaneous formation of a bilayer structure from various
combinations of cetyl trimethylammonium tosylate (CTAT) and sodium dodecyl benzene
sulfonate.16 When paired the electrostatic attraction between the oppositely charged
surfactants reduces the effective area of the headgroup and the ion pair of the new IPA adopts
a size similar to a zwitterionic PC. Monomer 10 is the single published example of a
polymerizable IPA.44 Vesicles of 10 were polymerized by direct UV irradiation as well as by
a water-soluble radical initiator, AAPD. Polymerized vesicles were stabilized to disruption by
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TX-100, NaCl, and NaI compared to the unpolymerized vesicles. Photopolymerization at 20
and 50 °C gave sizable polymers with Mn equal to 4 × 104 and 1.1 × 105, respectively. The
photopolymerizations were performed in a solidlike phase, whereas the polymerization with
AAPD was conducted above the Tm and gave a polymer with a Mn of 1.7 × 105.

Natural ionic lipids, e.g., the sodium salt of dialkyl phosphatidic acid, and synthetic ionic lipids,
e.g., dimethyl dioctadecylammonium halide and sodium dihexadecyl phosphate (NaDHP),
form bilayer vesicles with surface-associated counterions. Ion exchange of the sodium or halide
counterions for polymerizable counterions either before or after vesicle formation can be used
to form bilayer vesicles with an electrostatically associated reactive counterion.45–48 Vesicles
composed of dimethyl dioctadecylammonium methacrylate were polymerized in the Regen
laboratory by direct irradiation of the reactive counterion that was associated with the bilayer
surface charges.45,47 Following the reaction, poly(methacrylic acid) was isolated by
extraction of the cationic lipid and protonation of the polymer. If the monomeric counterion
could be cross-linked, it was possible to observe a residual polymeric structure after the lipid
was extracted. These so-called “ghost vesicles” were reported for the polymerization of
surface-associated diallylamine.49 In the case of NaDHP vesicles, it was shown that charged
polymers could be formed only on the outside, only on the inside, or on both sides of the DHP
vesicles (Figure 6).48 Passage of NaDHP vesicles (70–100 nm diameter) through a cation
exchange column containing choline methacrylate produced vesicles with this reactive
counterion only on the outside of the vesicles. However, if the ion exchange preceded vesicle
formation, all of the sodium ions were replaced by the choline methacrylate. Subsequent
passage of NaDHP vesicles through a GPC column removed the exterior choline methacrylate,
leaving vesicles with the reactive groups only on the inside of the vesicle. Photopolymerization
of the reactive counterion was most effectively accomplished with UV irradiation, because
water-soluble chemical initiators are usually charged resulting in ionic exchange with the
electrostatically bound choline methacrylate. Nevertheless, the photopolymerization was
successful. Linear polymerizations reduced the glucose permeability of the vesicles by a factor
of about 3, which is similar to the effect found when vesicles of monomer 4 were polymerized.

The parallel packing of amphiphilic chromophores (H-aggregation) in a bilayer can be detected
by the blue shift of the UV absorption maximum. The cyanobiphenyl units of monomer 11
favor an H-aggregate structure prior to polymerization.50 However, polymerization of the
methacryloyl headgroup changed the packing of the chromophores, presumably because the
motions of the polymer are tightly coupled to the lipid. It would be interesting to examine the
effect of a spacer group between the methacryloyl group and the lipid.

Monomer 6 has also been used for the modification of surfaces.51,52 Unilamellar liposomes
were prepared and then used to form a lipid film on an alkylated glass surface. This procedure
appeared to produce a monolayer with the lipid headgroup exposed to the water and the lipid
tails in contact with the alkylated surface. The lipid film was thermally polymerized with AAPD
to yield a modified surface film that was stable to transfer from water to air as well as to a shear
force of 200 dyn/cm2 for up to an hour. This procedure could also be used to modify an alkylated
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hydrogel substrate.53 Monomer 6 was also used to form a polymerized PC monolayer under
physiological benign conditions.54 Glass or a silicon wafer was coated with
octadecyltrichlorosilane (OTS). Large unilamellar vesicles formed from the monoacryloylPC
6 were allowed to fuse onto the hydrophobic surface to form a monolayer. This monolayer was
stabilized by the photoinitiated polymerization of the acrylate with visible light activation of
eosin Y and triethylamine as the initiator. The resulting film was analyzed by contact angle
measurements, X-ray photo-electron spectroscopic (ESCA) measurements, and polarized
external reflectance IR spectroscopy. The best reaction conditions for the formation of a
continuous, flat, and stable film were determined. It was shown by contact angle and desorption
measurements that the film polymerized by light is more stable than the film polymerized by
AAPD. Ross et al. successfully used sorbyl-substituted lipids to form uniform cross-linked
bilayers on solid supports.55

A methacrylate cholesterol derivative (12) formed a stable lyotropic liquid-crystalline phase.
56 Upon polymerization by free radical initiators or UV light, a phase change occurred to form
stable, polymeric microvesicles. The vesicles were even more stable if acrylamide was used
as a comonomer. Stable polymerized vesicles were also achieved with a variety of ammonium-
based acrylate cholesterol monomers.57

The reaction kinetics of acrylates in a polymer was determined in an excimer study.58 A
polyacrylate with a small amount of pyrene was spread on water under the exclusion of oxygen
with a mixture of hydrophilic and hydrophobic acrylate monomer. It was determined that the
rate of excimer formation is a power law expected for two-dimensional polymer melts and
dense polymer solutions. The determined exponent suggests that the short-range dynamics of
the monomer chains are constrained by the chains of the polymer in the mixture.

B. Dienoyl, Sorbyl, and Diene Monomers
Poly(methacrylates) are generally stiff polymers at room temperature. In contrast, poly(dienes)
are rubber-like. The elastomeric properties of these polymers are attributed to low rotational
barriers and weak intermolecular dispersion forces. In addition, they are normally easy to cross-
link, either through the use of bis-diene comonomers in the original polymerization and/or by
postpolymerization reaction of the double bond that remains after the initial polymerization.
Polymerization of dienes or dienoate esters, such as monomer 13, can proceed by either a 1,4-,
3,4-, and/or 1,2-mechanism. Consequently, it is possible that different reaction conditions will
produce different polymeric materials from the same bilayer membrane. Although recently
more authors have taken care to establish the poly(diene) structure, to our knowledge there
have not been any studies that intentionally attempted to modify the reaction in order to yield
different poly(dienes).

An early study of the polymerization of an amphiphilic dienoate 13 in LB multilayers found
that the polymerization proceeded by a 3,4-mechanism.59 A study of similar monomers (14)
in monolayers or LB multilayers found that the polymerization is dependent on the structure
of the monomers.60 UV polymerization of 14 did not take place in solution, in the melt, or in
a crystal but only in a monolayer. These results indicate that polymerization of these monomers
requires a moderate degree of order. Laschewsky and Ringsdorf showed that polymerization
of these monomers in LB multilayers occurred via 1,4-mechanism.61 A second step leads to
an insoluble polymer, probably via cross-linking of the newly formed nonconjugated double
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bond. In another study, different configurations in the LB films of these monomers (X = COOH)
led to different polymerization products, including a [2+2] cycloaddition product.62 Similar
monomers were used in a study that employed UV or γ-irradiation in the crystalline state.63
In all cases, the polymerization was shown to proceed via a 1,4-mechanism. The amide-linked
sorbate monomer reacted instead via a [2+2] cycloaddition mechanism when polymerized in
a monolayer. A collection of polymerization conditions and results at interfaces has been
published.64 A more recent study reported that the UV photopolymerization of solid-state
octadeyl sorbate in the presence of air resulted in the formation of an alternating copolymer
with a peroxide linkage between the monomers.65 On the other hand, the UV irradiation of
crystals of (E,E)-naphthylmuconic acid in the presence of air gave polymers without peroxide
linkages.66 This polymerization was found to proceed via a 1,4-mechanism. The structure of
the resulting polymer was determined by 13C NMR and X-ray diffraction.

The longer conjugation length and longer wavelength of absorption (ca. 260 nm in water) of
the dienoate monomers makes it straightforward to photopolymerize these monomers by direct
irradiation with 254 nm light from a low-pressure mercury lamp. The absorption properties of
dienoate monomers indicate a strong dependence upon acyl chain packing and media polarity.
For example, at temperatures below Tm, sorbyl-substituted PCs exhibit a hypsochromic shift
to shorter wavelengths (e.g., 242 nm) with a diminished extinction coefficient, indicating
aggregation of the terminal sorbyl groups in the solidlike phase.67 A similar observation was
reported for dienoyl-substituted PCs.68 Photopolymerization, thermal initiation, and redox
initiation can be usefully employed to polymerize bilayer membranes of diene monomers. A
comparison of these methods was reported by Tsuchida and co-workers for dienoyl-substituted
PCs69 and by O’Brien and co-workers for sorbyl-substituted PCs.70

UV photopolymerization of the bis-dienoyl-substituted PC 16 at temperatures greater than
Tm produced oligomers (Xn = 6), whereas photopolymerization at temperatures less than Tm
gave somewhat longer polymers (Xn = 18).69 Polymerization of dienoyl monomer 15 at 8 °C
with redox initiators gave polymers with a Xn of 28, whereas redox polymerization at 35 °C
produced somewhat longer polymers (Xn = 45). Similar or slightly longer polymer chains were
prepared by radical polymerization with AAPD (either photochemical or thermal
decomposition) or by ionizing irradiation. While larger polymers were obtained when the
photopolymerizations were performed at temperatures below the Tm, the opposite was
observed for the photochemical initiation with AAPD, i.e., the Xn was greater at temperatures
above the Tm. As expected the Xn varied inversely with the AAPD concentration.

The UV photopolymerization of sorbyl-substituted PC 17 at temperatures above the Tm
produced only oligomers. The rate of the photoreaction was directly proportional to the incident
light intensity in a manner consistent with photoactivated addition of sorbyl monomers.70 The
AIBN-initiated polymerization of monomer 17 and 18 at 60 °C produced linear and cross-
linked polymers, respectively. In each case, the polymers were transesterified to remove the
lipid headgroup and yield linear copolymers composed of random repeat units of methyl
sorbate and methyl carboxynonanyl sorbate, which were soluble in tetrahydrofuran and
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analyzed by size exclusion chromatography relative to PMMA standards. The 1H NMR spectra
of the transesterified polymers indicated the structures were 1,4-polymers.70 The number-
average degree of polymerization (Xn) ranged from 50 to nearly 600 and was inversely
proportional to the concentration of the initiator, [I]. These results, which suggest that chain
termination at high conversion of SorbPC to polymer is dominated by primary termination,
are similar to the behavior of acryloyl-substituted lipids in bilayers. The poly(AcrylPC)s were
four times larger than the poly(SorbPC)s at a given ratio of monomer to initiator. The difference
in reactivity is due to greater resonance stabilization of the sorbyl radical relative to the acryloyl
radical.

Sisson et al. examined the cross-linking of bilayers as a function of the mole fraction of bis-
SorbPC (18), where the reactive groups were located at the end of the lipid tails.38 The onset
of cross-linking was determined by changes in lipid lateral diffusion, bilayer vesicle stability,
and polymer solubility. These data indicated that a substantial mole fraction (0.30 ± 0.05) of
the bis-SorbPC, as in the case of AcrylPC (see section II.A), was necessary for bilayer cross-
linking. Analysis of the cross-linking and competing reactions suggested that the location of
the reactive group, i.e., reaction site, in the amphiphile and therefore within the bilayer
assembly influences the cross-linking efficiency. To assess this possibility the cross-linking of
dienoyl-substituted phospholipids, (E,E)-DenPC 16, where the reactive diene is located near
the glycerol backbone of the lipid, was compared with SorbPC. The cross-linking of (E,E)-
DenPC was found to be substantially more efficient than that of SorbPC.71 It is proposed that
this effect is partly a consequence of the relative probability of macrocyclization and cross-
linking reactions.

The visible light photosensitized polymerization of vesicles composed of either dienoyl or
sorbyl monomers (15–18) was reported in 1997.72 These polymerizations can be sensitized to
green or red light by conveniently incorporating ballasted cyanine dyes, i.e., dyes having
hydrophobic chains, into the lipid bilayer. Irradiation of the vesicles with filtered light ensured
that the light energy was absorbed by the dye rather than the polymerizable lipid. The effects
of oxygen concentration, pH, light intensity, and temperature suggested that the sensitization
reaction occurred by electron transfer from the dye to oxygen to yield superoxide anions. This
may serve as the initiating species or react further to produce hydroxyl radicals, which are
known to be effective radical chain initiators for lipid polymerizations. Furthermore, the degree
of polymerization of the isolated poly-17 was 102, a value that is consistent with chain
polymerizations. This sensitization chemistry appears to be compatible with oxygen-dependent
systems such as living tissues.

The glucose permeability of bilayer vesicles composed of the dienoyl monomer 16 was
determined before and after UV photopolymerization.32 Because the monomer has a reactive
group in each chain, the polymerization can cross-link the vesicle. The photo-cross-linking
substantially reduced the glucose permeability of the vesicles. After about 20% of the glucose
was lost from the vesicles, the remaining glucose was retained for several days, even after
treatment of the vesicle sample with the surfactant TX-100. These data complement another
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report that showed that poly-16 vesicles were impermeable to the ionized carboxyfluorescein.
14 Therefore, the bilayer permeability of charged as well as neutral compounds encapsulated
in suitably cross-linked vesicles is significantly lower, at least 2 orders of magnitude, than that
of the unpolymerized vesicles.

Selective polymerization of only one dienoyl group in monomer 16, which is in either the
sn-1 or sn-2 chain, can be accomplished by the choice of appropriate radical initiators, i.e., the
hydrophobic AIBN or the water-soluble AAPD.73,74 Thermal polymerization of large
unilamellar vesicles (LUV) of 16 with either AIBN or AAPD gave only 50–60% conversion
of monomer to polymer, with complete polymerization occurring only if both initiators were
used simultaneously.73 The polymerization of LUV of the mono-substituted dienoyl PC 15
was examined as well. In this monomer the single reactive group, which is located on the
sn-2 chain, was readily polymerized using the water-soluble AAPD at 60 °C (>Tm). On the
other hand, the hydrophobic initiator AIBN was less effective in initiating the polymerization.
Under the same reaction conditions of temperature, monomer-to-initiator ratio, and time, the
AAPD reaction gave greater than 90% conversion to polymer and AIBN produced about 10%
conversion.74 The authors postulated that the diene on the sn-1 chain is located predominantly
in the hydrophobic region of the bilayer, whereas the diene on the sn-2 chain is at the aqueous/
hydrocarbon interface. Thus, the addition of water-soluble AAPD to the LUV initiates
polymerization only at the sn-2 chain; polymerization of the sn-1 chain was accomplished using
the hydrophobic initiator AIBN. These results are consistent with earlier structural and
reactivity studies of glycero-phospholipids that indicate the two chains are positionally
inequivalent due to the preferred conformation of the lipid in bilayer assemblies.75

The polymerization of 16 with either initiator resulted in the formation of a linear polymer.
Reaction of the unpolymerized chain with the appropriate initiator or UV irradiation cross-
linked the bilayer.76 The ability to selectively polymerize the sn-2 dienoyl chain in the presence
of a dienoyl group in the sn-1 chain appears to require a well-ordered lipid bilayer. If small
unilamellar vesicles (SUV) were used, the AAPD was more effective in initiating the
polymerization of both chains. This is thought to be due to the greater lipid disorder in SUV.
Polymerization of LUV of 15 with the water-soluble AAPD was shown to be dependent upon
the phase transition of the lipid.68 When the reaction temperature was below the Tm, only 25–
28% of monomer was lost, while at higher temperature there is a 50–60% loss of monomer.
The authors postulated that at temperatures greater than the Tm, the AAPD was able to penetrate
the bilayer and initiate polymerization of the sn-2 acyl chain located on the inner LUV leaflet
as well as the outer LUV leaflet.

Reactive lipids have also been prepared with a diene group at the end of the lipid tails.77 The
polymerization by UV or gamma irradiation of vesicles composed of monomer 19 leads to
stable bilayer vesicles that were resistant to solubilization by TX-100. Electron micrographs
of freeze–fractured unpolymerized vesicles showed a typical fracture plane along the midline
of the bilayer, whereas the micrographs from polymerized multilamellar vesicles showed
concentric circles indicating the fracture occurred across the bilayer in a manner previously
reported by Roks et al. for vesicles from ω-isocyano amphiphiles.78 These data suggest the
polymerization of vesicles of 19 proceeds by cross-linking between the two leaflets of the
bilayer. The conformation of the reactive groups at the end of the alkyl chain was also found
to be important in supported thin films of 19 on ZnSe.79 The diene group can undergo a cis/
trans isomerization, which occurs through a twisted intermediate. It was suggested that this
twisted transient is a diradical that initiates spontaneous bilayer polymerization. The films
could also be polymerized by exposure to short wavelength UV light (diene λmax ~ 230 nm).
Polymerization of these thin films disrupts the crystalline packing of the lipid tails and disorders
the thin film. A comparison of the properties by infrared dichroism measurements of 19 and
the corresponding phosphatidylethanolamine (PE) found that the PE exists in a lamellar liquid-
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crystalline phase from about 5 to 45 °C and forms an inverted hexagonal (HII) phase above
this temperature when the relative humidity (RH) was greater than 90%.80 Reduction of the
RH caused a reduction in the HII phase transition temperature. A further study combining data
from X-ray and infrared measurements suggests that the terminal diene group gives rise to a
significant component of the lateral pressure which is important for the transition from lamellar
to nonlamellar phases.81 The bilayer morphology depends on the hydration of the headgroup,
which does not change during polymerization, but the compressibility of the bilayer in the
direction parallel to the membrane surface decreases significantly.

C. Diacetylenyl Monomers
The polymerization of diacetylenic amphiphiles in monolayers, LB-multilayers, bilayer
vesicles, and tubules can be readily detected by the formation of highly colored poly
(diacetylene) (PDA). This convenient characteristic made diacetylenic monomers the preferred
choice for many of the early studies of monolayer polymerizations, since it was easy to detect
evidence of polymer formation via the formation of red or blue PDA. It has proven more
difficult to determine the extent of conversion from monomer to PDA, because of the low
extinction coefficient of the monomer absorption bands. Moreover, conjugated polymers, such
as PDA, are sensitive to prolonged UV light exposure.82 The topotactic nature of the
polymerization limits effective polymerizations in monolayers to the more condensed region
of the pressure–area isotherm,83,84 in bilayers to the slow diffusion regime found in the Lβ
phase,75 or in bilayer tubules.85,86

PDAs have a polymer backbone that consists of conjugated alternating double and triple bonds,
giving an absorption maximum in the visible range. Frequently there is a color change during
polymerization or with a variation in sample temperature. This is usually ascribed to
conformational changes in the polymer backbone. One model for the explanation of the color
change predicts that the absorbance maximum is determined by the length of the overlapping
π-orbitals (effective conjugation length).87 An absorption maximum at 620 nm (blue polymer)
indicates a longer effective conjugation length than an absorption maximum at 540 nm (red
polymer).88–90 Increasing heat or decreasing pressure introduces twists and kinks into the
backbone, which disrupts conjugation.91 Theoretical calculations suggest that small rotations
around the single bonds in the polymer backbone might be enough to cause this change.92,
93 In those cases where the color change is reversible, it has been proposed that the change in
the polymer backbone is induced by changes in the side chain conformation.94,95 The color
change is irreversible if the disorder is caused by side chain entanglement, which can be locked
in by cooling. Reversible color change could also be caused by the reversibility of hydrogen
bonds.89

The importance of the diacetylenic group packing in various assemblies was shown by a
comparison of various diacetylenic fatty acid derivatives.96 The differences in color of the
resulting polymers depended on the length of the polymer as well as the packing. It was also
found that large headgroups, like carbohydrates, hinder the solid-state polymerization due to
the increased distance between the diacetylene units. If the diacetylene group is placed close
to the amphiphile headgroup, the efficiency of polymerization may be dependent on the packing
of the head-groups.96,97 In that case, packing and color change during polymerization could
also result from charge interactions between neighboring headgroups.98 Unusual switching
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and packing behavior was achieved with the hydrazide-functionalized acid.99 This
functionalized fatty acid could be UV-polymerized in dilute organic solutions, but the
amphiphilic bilayers formed in water were only polymerized when the hydrazide was
protonated. However, once formed, the PDA from these amphiphiles exhibited a reversal color
change from blue to red as the pH was cycled from acidic to basic.

Bilayer vesicles can easily be formed from hydrated diacetylenic amphiphiles by sonication
or extrusion. Sonication of diacetylenic monomer 20 produced a colorless, slightly turbid
solution.100,101 Electron microscopy indicated the presence of multilamellar vesicles with
diameters up to 400 nm. Polymerization of these vesicles by UV irradiation initially caused
the formation of a blue product that changed to red. The sample was not thermostated, therefore,
it is unclear whether the color change was due to continued irradiation or due to sample heating.
Electron microscopy showed that the vesicles remained intact. Vesicles made from monomer
21 were characterized in more detail.102 The polymerization was followed by changes in the
absorption spectra with time. Electron microscopy was used to demonstrate that the vesicle
structure remained essentially unchanged.

UV irradiation of unilamellar vesicles prepared from the diacetylenic PC 24 caused the
formation of a red product that was insoluble in organic solvents.103 The vesicles could only
be polymerized at temperatures below the Tm. The polymerization of a symmetrical
dialkylammonium lipid 22 and the dialkyl phosphate 28 were much more efficient (6500 times
greater rate of PDA formation) than the polymerization of 24.75 These data were the first to
show that the polymerization efficiency depends on the lipid structure conformation. In
addition, the polymerization of vesicles of each of the two symmetrical monomers (22 and
28) produced a blue PDA rather than the red PDA formed from monomer 24. The probable
conformation of monomer 24 in bilayers makes it difficult for the two diacetylenic chains to
be properly aligned to facilitate reaction with each other; therefore, monomers can only react
with neighboring molecules. In contrast, the symmetrical monomers 22 and 28 have their two
hydrocarbon chains properly aligned for reaction with each other.

Phospholipid vesicles were also be prepared from the diacetylenic PC 26 and its mixed chain
analogue.104–106 The intensity of red color produced upon UV polymerization depended on
three factors: preparation procedure, irradiation time and intensity, and temperature. The
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highest monomer conversion was achieved with samples that had low concentrations of the
lipid and were vigorously mixed or briefly sonicated. Maximum color was achieved after 3–5
min of irradiation at 4 °C, well below the Tm. The permeability of the vesicles decreased
considerably after UV polymerization. The reactivity of the mono-substituted lipid was greater
than the disubstituted analogue, which may be due to a change in the lipid chain packing after
the first diacetylene group reacts. On the other hand, only the polymerization of the
disubstituted analogue leads to an insoluble polymer, indicating the formation of a cross-linked
material. A cross-linked phospholipid vesicle was also formed from monomer 24, 5% of
cationic monomer 23, and 5% of monomer 29 for complexing lanthanide ions.107 By
incorporating the lanthanides into stable, polymerized liposomes, lanthanide fluorescence
could be used for more stable fluorometric protein detection and sensors. Unfortunately, the
low molar extinction coefficient of lanthanide ions did not increase by this method.

When multilamellar vesicles composed of diacetylenic PC 26 were polymerized by UV at 0 °
C, a blue suspension resulted which turned red upon heating to 50 °C.94 Upon cooling, the
color reversed to blue but only if no further photopolymerization took place. Unilamellar
vesicles of different sizes were also prepared, and it was determined that the efficiency of
photopolymerization was sensitive to the size of the liposome.108 Small unilamellar vesicles
of 24 were unreactive.

Macrocyclic diacetylene PCs of different ring sizes were prepared and shown to form vesicles
which were resistant to disruption by surfactants. The lipids were prepared with an ether linkage
to the glycerol backbone to increase the vesicle stability to highly acidic environments.109
Other polymerizable ether lipids are also stable to highly acidic or basic conditions that are
less suitable for ester lipids.110

To determine the most favorable alignment for the polymerization of the two diacetylenic
groups in a diacetylenic PC, the polymerization of monomer 27 and 30 were compared.111
Samples of 27 immediately turned blue during irradiation with UV light, whereas samples of
30 did not polymerize. Polymerized samples of 27 show significantly slower osmotic swelling
than unpolymerized samples, indicating that polymerization reduced the bilayer permeability.

The initial studies of the polymerization of diacetylenic amphiphiles in monolayers used fatty
acids. The formation of PDA was sensitive to fatty acid length, i.e., hydrophobicity, pressure,
temperature, and the presence of oxygen as well as salts, e.g., CdCl2, in the subphase. To
examine molecules that were more lipid-like, monolayers were also formed from 20, 31, and
32.100 Monomers 31 and 32 polymerized upon exposure to UV light in a nitrogen atmosphere
(with contraction in the constant pressure isotherm). Monomer 20 exhibited decomposition of
the monomers. The emergence of a red polymer correlated with a reduction in the surface area
covered by the monolayer. The polymerization of monolayers of 31 or 32 was faster than
previously observed for diacetylenic fatty acids.
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Diacetylenic monomers were also used to form LB multilayers.112 The diacetylenic fatty acid
33 was used in the study of multilayer polymerizations. As in monolayer films, initially a blue
then a red polymer were formed. Further UV radiation led to the degradation of the polymer.
Multilayers formed from diacetylenic fatty acids, phospholipids, and amphiphilic esters were
found to be stable to oxygen,113 because the oxygen-mediated radiation damage was limited
to the top layer. On the other hand, an isosbestic point was usually not found in the UV–vis
spectra of polymerized multilayers of diacetylenic acid 34,114 indicating that multiple products
were formed during the polymerization. The quantum yield of the UV photopolymerization of
34 was larger than 10, indicating that a single photon initiates a polymer chain.114

When multilayers of 34 were annealed at different temperatures before the polymerization,
different colored polymers were obtained.115 Annealing the sample at temperatures up to 50
°C resulted in a blue film, annealing from 64 to 100 °C yielded a red film, whereas annealing
from 160 to 210 °C resulted in a film with a broad absorption between 540 and 450 nm. Only
when the sample was annealed below 50 °C was the color change reversible.

Solvent casting of lipid vesicles can yield ordered multilayers.116,117 These methods were
developed by Kunitake and co-workers to form free-standing multilayer films. To assess
whether cast multilayer films were well enough ordered to permit efficient polymerization of
diacetylenic amphiphiles, multilayer films were prepared from diacetylenic monomers.118,
119 A cast film, composed of the diacetylenic glutamate lipid 35, was irradiated with UV light.
A deep blue, 10 μm thick, free-standing, flexible polymeric film resulted. The extent of
polymerization of the lipids was estimated to be 75–80% after 3 min exposure. The PDA films
exhibited a reversible thermochromic effect. Efficient PDA formation was favored by highly
polar or hydrogen-bonding monomers, which appeared to favor well-ordered lattices of the
monomers in the multilamellar assembly.

During the early study of hydrated diacetylenic PC 26, tube-like structures, as well as vesicles,
were found in the freeze–fracture electron micrographs.120 These structures, termed tubules,
were found in optical micrographs as well, thereby demonstrating the structures were not an
artifact of sample preparation.85 In some cases surface features were observed that suggested
that the tubules consisted of a rolled-up bilayer sheet, akin to the previously reported cochleate
cylinders of anionic lipids in the presence of divalent cations.121 The discovery of tubules lead
to detailed studies of their structure, formation, and applications.25,122 The yield, diameter,
and length of the tubules were found to depend on the preparation conditions. When liposomes
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made from 24 were prepared above their Tm and then cooled, the tubules obtained were
observed to vary in diameter from 0.3 to 1 μm with lengths up to hundreds of micrometers.
85,123 The thickness of the tubule walls can vary from two to tens of lipid bilayers.123 When
concentrated solutions of lipid in ethanol were injected into water, helical tubules were
obtained.86 A degree of control over the diameter and length of the helical structures was
achieved by choosing the monomer concentration, temperature, and solvent for the
precipitation. Tubules made from diacetylenic PCs, such as 24, can be photopolymerized to
various extents but not always to high conversion.124

To determine how the tubules from lipid 24 formed, rapid quench freeze–fracture electron
microscopy was employed.125 Transitional structures of liposomes partially wrapped around
nascent tubules were found suggesting that lipid bilayers from the liposomes continuously
transfer to the tubules. Circular dichroism was used to determine if the monomers in the tubules
packed in a chiral manner.126 Tubules composed of the same lipid, yet made by different
techniques, were optically active. If the tubules were made from optically pure enantiomers,
they had the opposite handedness. Therefore, it was concluded that chiral packing occurred in
a manner similar to wind up a helical ribbon of lipids. The relationship between tubule helix
handedness and phospholipid chirality could not be observed during the first seconds of tubule
formation.127 An enantiomer of 24 yielded an equal amount of left- and right-handed helices
at the beginning of tubule formation but progressively grew into multilamellar tubules with a
single handedness.

A comparison of the structures formed from monomer 24, 36, and 37 indicated that interactions
between the diacetylenes in the acyl chains are important for tubule formation.128 An acyl
chain with a diacetylene is rigid and has a tilt toward the bilayer axis, which can contribute to
the observed chirality of the tubule. The tilt can be changed by changing the electronic structure
of the diacetylene. When one oxygen was inserted β to the diacetylene (36), the resulting tubules
were more flexible than tubules formed from the parent monomer 24 and had a wide variety
of diameters. When the oxygen was replaced with sulfur in 37, thin, long, and flexible ribbons
were formed instead.

The morphology of hydrated diacetylenic aldonamides was determined by electron microscopy
by taking advantage of the electron density of the diacetylene group.129–131 The
microstructures formed from these single-chain aldonamides depended on the structure of the
aldonamide headgroup. Headgroups based on the following aldoses favored the formation of
tubules and helices: D-galactose, D -glycero-L-mannose, L-lyxose, L-mannose.131 In contrast,
sheets were formed when the headgroup was L -threose or D-glycero- D -glucose. If the alkyl
chain was changed from the 12-carbon N-dodeca-5,7-diynyl to the saturated dodecyl, then
tubule morphologies were still found for many aldonamides. The authors proposed that the
morphology is strongly affected by the hydrogen-bonding patterns of the hydrophilic head-
groups.131 Clearly, the formation of tubules was not completely dependent on the presence of
diacetylene groups in the hydrophobic tail of these compounds.131–133
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Anionic glucophospholipids were also observed to form tubules.134 Tubule formation was
attempted with lipids with different sugars as the headgroup. The glycolipids with glucose
attached at the O-6 position yielded tubules. When the position of the hydroxyl groups or the
negative charge was changed, structures such as micellar rods, scrolled bilayers, and twisted
ribbons were formed instead. The tubules were stable at higher temperatures when the
fluorinated analogues were used. The fluorinated alkyl chains also increased the curvature and
therefore decreased the diameter of the resulting tubules.

Other microstructures were formed by the polymerization of amino acid-substituted
diacetylene fatty acids 38.135 Fibers, ribbons, and helical ribbons were obtained as
microstructures. The structure was dependent on which amino acid was used as the headgroup.
Helical and curved structures were only obtained with chiral headgroups. Blue PDA was
formed upon exposure to UV light. A blue to red chromatic transition of the polymer was found
when the headgroup was ionized by changing the pH. The authors propose that the generation
of charge at the surface reduces the hydrogen-bonding interaction, which affects the extent of
electron delocalization along the conjugated PDA backbone.

The phosphonate analogue 39 of PC 24 yields fragile and deformable tubules.136 Helical
ribbonlike structures were also found. The tubules can be polymerized by exposure to ionizing
radiation, yielding a deep purple color. The conversion of tubules into helical ribbons was
found with an approximately 1:1 mixture of 39 with the nonpolymerizable 1,2-bis-(dinonanoyl)
phosphatidylcholine (DNPC).137 The originally formed tubules were 50–60 nm in diameter
and up to 100 μm long. When this phase remained at ambient temperature for more than a few
hours, a gradual transformation to a gel phase with helical ribbons occurred. The rate of
transformation was temperature and concentration dependent and did not occur below 4 °C.

It was possible to stabilize tubules by cross-linking them by including another functional group
(see section II.E) at the end of the acyl chains of the lipids (monomer 40).138 Depending on
the temperature during UV irradiation, the tubules retained their morphology during
polymerization, even though their shape became a little more irregular. The resulting tubules
were stabilized to ultrasonication, lyophilization, and redispersion.

The chirality of lipid tubules was investigated in some detail. A theory for the formation of
cylindrical tubules of chiral lipid bilayers predicts the radius and average tilt direction from a
chirality parameter q and phase transition temperature.139 This theory was tested in a circular
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dichroism study.126 The effect of solvent on the chirality of the tubules was investigated with
tubules from monomer 24 and was found to be consistent with the theory.140 Circular
dichroism and electron microscopy showed that single bilayer tubules were prepared from a
methanol/water mixture, whereas multilayer tubules were formed from other alcohols. When
the concentration of lipid was increased, tubules formed in methanol/water tended to form
multilayer structures.141 When ethanol or other alcohol was added to the solvent mixture, the
tubules were narrower with thicker walls and less chirality. When the diacetylene group in the
lipid is placed further away from the headgroup, with an even number of the methylene groups
between the ester and the diacetylene, the order in the lipid packing was increased.

Tubules have also been formed from a lipid with biotin attached to the headgroup. The biotin
was sufficiently effective in binding the protein streptavidin that 2-D crystals were formed.
142 The crystal structure could be readily solved because the cylindrical nature of the tubule
simultaneously presented the protein in several orientations relative to the probe beam. Lipid
tubules have also been used to template the deposition of metals on the exterior surface of the
tubule.143,144 Zerovalent palladium deposited on tubules prepared from 41 was used as a
catalyst for electroless plating of nickel onto the tubules.144 A similar lipid (42) was used for
the electroless deposition of either gold, nickel, or copper.145 Metallized tubules could be
oriented in a magnetic field.145,146 Lipid–iron oxide composites of different structures and
compositions were formed from a variety of galactocerebroside derivatives.147 Tubules, disks,
and fibers were formed from the lipids and used as templates for iron plating under varying
reaction conditions. Tubules made from 24 were treated with the anionic polymer poly(styrene-
sulfonate), followed by the cationic polymer poly-(ethyleneimine) and the adsorption of
anionic silica spheres.148 This resulted in the formation of caps for the tubules. When a small
amount of 41 was mixed into 24, a helical band of silica spheres showed the position of the
negatively charged lipid in the tubule. This is the first time the composition and structure of
the lipids in a mixture could be imaged directly.

D. Other Monomers
Regen and co-workers demonstrated that vesicles could be polymerized by oxidation of thiol-
containing lipids, such as the bis-thiol PC (43), to yield disulfide bonds between lipids. This
monomer yields linear polymers with an estimated Xn of 25. Vesicles composed of 43 or other
thiol PCs could be oxidatively polymerized and then reductively depolymerized multiple times.
149,150 These studies demonstrated an effective strategy for the reversible polymerization–
depolymerization of lipid vesicles. It appears that this method could be utilized in other lipid
assemblies. The polymerized vesicles exhibited a greater colloidal stability and were more
resistant to disruption by added surfactants than the unpolymerized vesicles. In addition, the
lateral diffusion of an nonpolymerizable fluorescent lipid probe was retarded about an order
of magnitude after the polymerization of vesicles of 43.

Subsequently, the same research group introduced lipoyl-substituted PCs (44, 45). The bis-
lipoyl PC 45 can be polymerized by the addition of catalytic amounts of dithiothreitol (DTT)
or other reducing agents to yield cross-linked polymeric vesicles which were stable to
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surfactants.151 The DTT appears to initiate the polymerization by production of an initial
population of lipid thiol groups, which can react with the disulfide group in the lipoyl PC via
thiol–disulfide exchange. After freeze-drying the polymerized vesicles to remove the water,
the recovered poly-45 was insoluble in chloroform or chloroform/methanol. The permeability
of vesicles before and after polymerization was determined for varying mixtures of mono-
lipoyl PC 44 and bis-lipoyl PC 45.152 The cross-linking polymerization of bis-lipoylPC
vesicles reduced their permeability to sucrose by a factor of 50. As the mole fraction of 44 was
increased the cross-linking density in the bilayer was expected to decrease with a corresponding
decrease of the effect of polymerization on the bilayer permeability. In fact, at an initial ratio
of 44 to 45 of 4 to 1, vesicle polymerization did not substantially alter the bilayer permeability.
This suggests that insufficient bis-lipoyl PC was present to effectively cross-link the bilayer
vesicle.

Liposomes composed of bis-lipoyl PC 45 and a few mole percent of a mono- or bis-thiolPC
can be polymerized by simply increasing the pH of the aqueous suspension to pH 8.4.153 The
pH change increases the nucleophilicity of the thiol group, which initiates the ring opening
polymerization of bis-lipoyl PC 45. These mild polymerization conditions are obviously very
attractive for the formation of lipid assemblies that contain sensitive components. Moreover,
the authors showed that the polymerization could be slowed and essentially stopped by
decreasing the sample pH. This feature permits the formation of liposomes with a continuum
of polymeric and monomeric lipid content.

Engberts and co-workers designed a phospholipid 46 with a β-nitrostyryl group attached to the
phosphate.154 Upon exposure to UV light the styryl lipids react to form oligomers.
Interestingly, after vesicle formation the exterior β-nitrostyryl group can be hydrolyzed at high
pH as long as the vesicles are at a temperature below the Tm. Under these conditions the rate
of lipid flip-flop was too slow to compete with the hydrolysis reaction. Therefore, the vesicles
of 46 could be prepared, hydrolyzed at the exterior surface, and then oligomerized
preferentially at the inner leaflet of the vesicle. These novel polymerized vesicles provide a
new tool to examine the characteristics of vesicle reactions, such as vesicle fusion.155

Fendler, Tundo, and co-workers described the synthesis and polymerization of vinyl- and
styryl-substituted lipids. Amphiphiles were prepared with vinyl (47, 48) or styryl (49, 50)
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groups in either the hydrophobic tail or the more hydrophilic head-group.156,157 These
amphiphiles were generally based on a quaternary ammonium structure. Vesicles were
prepared by ultrasonication, and either thermal initiators or direct irradiation with UV light
was used to polymerize the vesicles. The authors demonstrated that the polymerized vesicles
exhibited enhanced colloidal stability. A comprehensive study of the kinetics of the
photopolymerization of vesicles composed of the styryl monomers showed that the
polymerization process was faster in the organized media of the bilayer than when the
monomers were in isotropic solution.158 Moreover, the rate of photopolymerization was
independent of vesicle concentration, thereby conclusively demonstrating that the polymer
chain growth was limited to individual vesicles. Analysis of the polymerization data indicated
that the lifetime of the styryl radical during the vesicle polymerization was 17 ms, the rate
constant for propagation was 103 s−1, and the quantum efficiency of free radical formation was
0.1.158 The kinetic data also indicated that the average kinetic chain length of the polymers
was 20. A subsequent study of the hydrolyzable styryl monomer 51 found that the Xn varied
from 10 to 40 depending on the vesicle composition.159

Styryl lipid monomer 52 can be polymerized with an amphiphilic photoinitiator 53 with
exposure to UV light. The authors claim the formation of very high molecular weight linear
polymers.160 The observed polymer size was attenuated by the introduction of chain transfer
agents. Given the reported size of the polymers and the number of monomers at the exterior
surface of the vesicle, as well as a similar number on the interior surface of the vesicle, it would
appear that almost all of the monomers at these sites in each vesicle react to form the observed
polymer. This remarkable observation suggests that electrostatically associated monomers
more readily diffuse to the growing polymer chain than covalently linked reactive groups.

Mueller and O’Brien Page 21

Chem Rev. Author manuscript; available in PMC 2006 October 5.

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript



The mono- and bifunctional styryl monomers 54 and 55 were used to study the formation of
vesicle–polymer colloids.161 First, vesicles of 54 were formed and polymerized with the
photoinitiator 2,2-di-methoxy-2-phenylacetophenone (DMPA) using a 351 nm laser, which
resulted in complete monomer conversion. The liposomes were not stable to surfactant lysis.
Liposomes with only 55 could not be formed, but the polymerization of liposomes with a
composition of 54:55 = 2:1 yielded liposomes that were stable toward surfactant lysis. The
polymerization of styrene or divinylbenzene (DVB) in a bilayer membrane of 54 was
investigated. This covalently linked the polymer within the vesicle matrix and prevented the
typical phase separation between polymer and vesicle matrix. However, when the cross-linking
polymerization of styrene and DVB in 54 was attempted, the resulting vesicles were strongly
deformed and wrinkled. When the vesicles were cross-linked with DVB after they were
prepolymerized with styrene, the desired thickened, stable vesicle–polymer colloid was
formed.

E. Heterobifunctional Monomers
Heterobifunctional monomers have two different reactive moieties with distinct reactivities.
This difference may be reflected in the rate and degree of polymerization as well as the type
of initiators that can be usefully employed. The distinct location of each reactive group within
the assembly inhibits copolymerization between the groups even if they have similar
reactivities. A heterobifunctional single chain amphiphile that contained a diacetylene and an
acetylene group was reported by Nezu and Lando.162 LB techniques yielded multilayers of
the heterobifunctional fatty acid. The fatty acid could be polymerized in the condensed phase
by γ-ray irradiation to yield polydiacetylene; however, the isolated acetylene did not
polymerize under these conditions. Singh et al. reported the synthesis of a heterobifunctional
phospholipid (40) with a diacetylene and either a vinyl or methacryloyl in each lipid tail.138
The polymerization of these heterobifunctional phospholipids was performed in the Lβphase
by first UV then γ-ray irradiation in a sequential fashion. The nature, degree of polymerization,
and extent of polymerization of each individual group was not reported.

It is interesting to consider the polymerization characteristics of an amphiphilic monomer with
two reactive groups in a single chain. The behavior of such monomers might shed light on the
competitive pathways for polymer chain growth for reactive groups located in different regions
of organized assemblies. This intriguing prospect of selective polymerization of reactive
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groups was explored with the novel heterobifunctional lipid 1-palmitoyl-2-(2,4,-12,14-
tetraenehexadecanoyl)PC (56), which contains a dienoyl group conjugated with the ester
carbonyl of the fatty acid chain and a 1,3-diene located near the acyl chain terminus of the
same chain.163,164

Because the two diene groups are located in regions of different polarity, it was possible to
perform either simultaneous, selective, or sequential polymerizations. The selective
polymerization of either group was used in tandem for sequential polymerization. Two possible
modes of reaction were distinguished for vesicles of 56 by surfactant treatment of the
polymerized vesicles.164 If the reaction path of the second group to react is uncorrelated with
the reaction path of the first group, then cross-linking should occur. However, if the second
reaction occurs preferentially with an adjoining group in a repeat unit of the polymer formed
in the first reaction, then a ladder-like polymer is possible. Sequential polymerization of bilayer
vesicles of 56 was performed by either (1) selective photopolymerization of the dienoyl,
followed by redox polymerization of the diene, or (2) selective AIBN polymerization of the
diene group, followed by redox polymerization of the dienoyl. Persulfate production of
hydroxyl radicals was used for simultaneous polymerization. Each of the three modes of
polymerization gave polymerized vesicles that were disrupted by Triton X-100, thereby
indicating a lack of cross-linking. These results show that both groups preferentially react with
the same neighbor lipid. An alternative interpretation, that their reactions occur in
nonoverlapping domains of the bilayer, was excluded by the observed high conversion to
polymer.

The ladder-like polymers formed by polymerization of bilayers of lipid 56 are distinctive
because of the relatively long aliphatic link between the two polymer chains. These results
suggest that properly designed amphiphilic monomers could be used to prepare novel polymer
architectures, such as copolymers where the two components are essentially parallel blocks,
e.g., lipid 56 yields two poly(1,4-diene)s. In a similar manner it should be possible to form
parallel blocks of different polymers. The preferred ladder-like mode of polymerization of
monomer 56 is attributed at least in part to the relatively short spacer link between two reactive
moieties, i.e., six methylenes. At some separation distance, the congruence of the preferred
reactivity of the two groups will diminish to the point that the polymerization of both groups
will be uncorrelated, resulting in the formation of cross-linked polymers instead of ladder-like
polymers.

Liu et al. synthesized two sets of heterobifunctional PCs with variable length spacer groups
(7, 9, or 11 atoms in length) between a dienoyl group and either a sorbyl or acryloyl group
(57, 58).165 Liposomes were prepared from each lipid and polymerized via radicals generated
from a redox pair. The resulting polymerized liposomes were stable to the addition at least 12
equiv of the surfactant, Triton X 100, which is more than sufficient to solubilize an un-cross-
linked liposome. On the other hand, photopolymerization of these lipids did not yield un-cross-
linked liposomes. These data indicate that lipids of this general design can be employed to
cross-link lipid assemblies of various types, including lamellar and nonlamellar phases as well
as bilayers on solid supports. This is a consequence of the uncorrelated reaction pathways of
the two reactive groups per lipid. The fact that a spacer length of only seven atoms between
the reactive groups in these lipids is sufficient to favor decorrelation of the growth of the two
polymer chains, whereas a spacer of six atoms in 1-palmitoyl-2-(2,4,-12,14-
tetraenehexadecanoyl) PC (56) results in correlated polymer chain growth, suggests that the
flexibility of the ester linkage aids in decoupling the polymer chain growth of the poly(dienoyl)
and either the poly(sorbyl) or poly(acryloyl). Further study is necessary to provide clearer
insight into the nature of polymer chain growth at two ends of heterobifunctional monomers.
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F. Polymerization and Domain Formation
Epifluorescence microscopy is frequently employed to characterize lipid domains in
phospholipid monolayers. The smallest domains observed by fluorescence are at least a few
micrometers in diameter. The introduction of AFM and complementary microscopies now
permits the observation of submicrometer domains in suitable multilayer samples. The sizes
and shapes are dependent on the lipid composition, temperature, pressure, as well as
electrostatic interactions. The domain shapes exhibit smooth boundary lines or fractal
structures. The early reviews by Möhwald166 of phospholipid monolayer domains at the air–
water interface and by McConnell167 of structures and transitions in these monolayers are
valuable entry points for this literature.

The best understood bilayer lipid systems at equilibrium are those composed of two
phospholipids. Both phosphatidylcholine (PC)–PC systems168 and PC–
phosphatidylethanolamine (PE) systems169 have been reviewed. Binary lipid systems where
the lipid chain lengths vary by less than four carbons in length exhibit nearly ideal mixing.
Increased differences in chain lengths lead to immiscibility of the two lipids in the solid phase.
When the lipids differ significantly in their Tm, the phase diagrams are complicated due to the
immiscibility of the lipids in the solid phase region. The lipid chain substitution pattern, i.e.,
unsaturation, methyl branches, ester or ether groups, and rigid entities such as diacetylenes,
will also influence the lipid phase behavior. However, only the effects of unsaturation have
been systematically studied to date. Binary systems of neutral and charged lipids tend to exhibit
ideal behavior due to the electrostatic repulsion between the charged lipids.

The most complete insights into the behavior of mixtures of nonpolymerizable lipids have
come from the phase diagrams of these systems. Phase diagrams of lipid mixtures have
provided important reference points for the polymerizable lipid systems, even though few
phase diagrams have been reported for polymerizable lipid mixtures. Despite this deficiency
the polymerization studies have revealed several important phenomena. Armitage et al.
reviewed the literature describing domain formation of mixtures of polymerizable and
nonpolymerizable lipids.170 Two circumstances are well established: the phase separation of
a reactive monomeric lipid and a nonreactive lipid before or after lipid polymerization.

1. Polymerization of Preexisiting Domains—The formation of lipid domains in binary
mixtures of a polymerizable lipid and a nonpolymerizable lipid is well established for
diacetylenic lipids. The rigid diacetylenic unit facilitates the formation of enriched domains in
the condensed phase of monolayers or the solid-analogous phase of bilayers. Since diacetylenes
polymerize most readily in solidlike states, most studies have focused on conditions that favor
domain formation. Phase separation was not observed when ionic diacetylenic lipids were
mixed with zwitterionic PC.171,172

Ringsdorf and co-workers were the first to describe the polymerization of phase-separated
monolayers composed of a diacetylenic PC and a nonpolymerizable lipid, distearoyl PE
(DSPE).173 Phase separation was also investigated in bilayer systems.171,172 Evidence for
phase separation was obtained in calorimetric studies and substantiated by the
photopolymerization characteristics of the lipid mixtures. A zwitterionic diacetylenic PC, e.g.,
24, phase separated from nonpolymerizable PC co-lipids at temperatures below their Tm.
However, at temperatures greater than the Tm, the reactive diacetylenic PC and non-
polymerizable PC were more miscible. The cationic diacetylenic lipid 21 appeared to be
miscible with nonpolymerizable PCs. Collaborative studies between Sackmann and Ringsdorf
employed electron microscopy to visualize phase separation of polymerizable and
nonpolymerizable lipids in giant vesicles.174 Mixed vesicles composed of a diacetylenic PC
and DPPC were used. At 20 °C and below 50 mol % of the diacetylenic PC, the micrographs
revealed domain formation. When the diacetylenic PC was present in greater than 50 mol %,

Mueller and O’Brien Page 24

Chem Rev. Author manuscript; available in PMC 2006 October 5.

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript



phase separation was not observed in the micrographs; however, the presence of domains too
small to detect by the technique cannot be excluded.

The behavior of mixed monolayers or bilayers of dienoyl-substituted lipids and other
amphiphiles has also been extensively investigated. Because the dienoyl lipids do not contain
a rigid group in the middle of the hydrophobic chains, they tend to be miscible with other lipids
over a wide range of temperatures and compositions. To decrease the lipid miscibility of certain
dienoyl amphiphiles, Ringsdorf and coworkers utilized the well-known insolubility of
hydrocarbons and fluorocarbons.175 Thus, two amphiphiles were prepared, one with
hydrocarbon chains and the other with fluorocarbon chains, to reduce their ability to mix with
one another in the bilayer. It was necessary to demonstrate that the lipids form a mixed lipid
bilayer rather than independent structures. Elbert et al. used freeze–fracture electron
microscopy to demonstrate that a molar mixture of 95% DMPC and 5% of a fluorinated
amphiphile formed phase-separated mixed bilayers.175 Electron microscopy and vesicle
permeability studies were used to clearly demonstrate the existence of hydrocarbon- and
fluorocarbon-rich domains within the bilayers. In one study the polymerizable lipid was a
hydrocarbon-based zwitterionic dienoyl lipid 59, which was combined with a
nonpolymerizable fluorocarbon lipid 60.14 The dienoyl lipid domains were then
photopolymerized in a manner that should result in cross-linking of the hydrocarbon lipids.
Following the polymerization the double-chain disulfide derived from oxidized cysteine was
selectively reduced by the addition of dithiothreitol (DTT). This reduction of the disulfide bond
produced a single chain thiol, which dissolves in water leaving permeability paths in the
polymerized bilayer wall. A similar set of experiments was preformed with a partially
fluorinated polymerizable muconyl lipid 61 and a hydrocarbon-based cystine 62.14 After the
fluorinated domains were photopolymerized, the vesicles were combined with DTT to reduce
the disulfide linkage in 62 and initiate the release of encapsulated eosin.

The reductive cleavage of cystine amphiphiles illustrates the potential utility of phase-separated
bilayers for the stimulated release of encapsulated reagents. Ringsdorf coined the phrase
“uncorking the liposome (vesicle)” to graphically describe the process.176 A partially
polymerized vesicle with labile domains is uncorked by a chemical or physical process to yield
multiple holes in the otherwise stabilized polymeric bilayer. Electron micrographs of such
“uncorked liposomes” were obtained by scanning electron microscopy and are reported in the
1988 review by Ringsdorf et al.14 The great interest in the ability to selectively release
encapsulated reagents from vesicles has led to the design of other methods to trigger the opening
of labile domains in an otherwise stabilized vesicle. These include hydrolytic (enzyme
mediated), photochemical, and redox processes. Most of the reported examples of these
methods involve polymerization-induced domain formation.

2. Polymerization-Induced Domain Formation—Thze polymerization of reactive lipids
in two- or multicomponent membranes can cause the separation of the polymerized lipid and
the co-lipid(s) into enriched domains. Several factors may be important for the phase separation
process including the nature and size of the polymer chains, the relative location of the polymer
chains within the bilayer, and the composition of both the lipid hydrophilic headgroup (charged
or neutral) and the lipid hydrophobic tails. Most of these variables have not been systematically
characterized. Therefore, the studies to date are grouped into those that examined (1) bilayers
composed of two neutral lipids (neutral–neutral) and (2) bilayers composed of a charged lipid
and a neutral lipid (charged–neutral).

Bilayers of Neutral Lipids: Tsuchida and coworkers reported the polymerization behavior of
lipid membranes composed of the bis-DenPC 16 and dipalmitoylPC (DPPC).177,178 The
similarity of chain length of the fatty acid chains, 18 carbons and 16 carbons, respectively,
favors the formation of a mixed lipid phase. Vesicles of 16/DPPC (1:1) were prepared by
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ultrasonication, and both dienoyl groups were polymerized by exposure to UV light. Evidence
for polymerization enhancement of phase separation was obtained by freeze–fracture electron
microscopy of the polymerized vesicles, which revealed domains of the Pb′(ripple) phase of
DPPC and patches of smooth surfaces. The latter were assigned to domains of poly-16. Similar
micrographic images were obtained whether the polymerization was performed on a partially
phase-separated sample at room temperature or a homogeneous lipid sample at 50 °C,
indicating that a cross-linking polymerization of a neutral lipid can cause its phase separation
from another neutral lipid.

The formation of domains in two-component vesicles was effectively demonstrated by electron
microscopy of partially solubilized vesicles. Ohno et al. coined the term “skeletonized”
vesicles, i.e., porous vesicles, for the resulting supramolecular structure.179 Skeletonized
vesicles were prepared from mixtures of 16 and DPPC, where the mole fraction of DPPC varied
from 5 to 25 mol %. Takeoka et al. analyzed the release of entrapped water-soluble molecules
in order to assess the size of the pores formed in the vesicle bilayer.180 They determined the
ease of release of dextrans of various molecular weights and radius of gyration from the
skeletonized vesicles. Vesicles of a particular composition were polymerized, and the
nonpolymerized domains were dissolved with sodium dodecyl sulfate. If the entrapped dextran
was not released, then the largest pore sizes were too small to permit facile release of the marker.
Larger dextrans were released from vesicles having greater mole fractions of DPPC. The
authors estimated the diameter of the largest pores to be 3 or 4 nm, when the mole fraction of
DPPC was 0.10 or 0.20, respectively. Polymerization in the Lα phase appeared to yield smaller
lipid domains than when the polymerization was performed at lower temperatures where the
two lipids were partially phase separated prior to polymerization.

Tyminski et al. found that a 1:1 molar mixture of a neutral phospholipid, e.g., DOPC, and the
neutral bis-DenPC (16) formed stable homogeneous bilayer vesicles prior to polymerization.
181,182 Following photopolymerization the lipid vesicles were titrated with the trans-
membrane protein bovine rhodopsin in octyl glucoside micelles in a manner that maintained
the octyl glucoside concentration below the surfactant critical micelle concentration. The
resultant bilayer vesicles were purified on a sucrose gradient by ultracentrifugation to yield a
major lipid/rhodopsin band with a lipid-to-rhodopsin ratio of 100. Almost all of the rhodopsin
was successfully inserted into the vesicles of poly-16 and DOPC. A control experiment showed
that rhodopsin could not be inserted into vesicles composed of only poly-16. Rhodopsin
incorporation into the poly-16/DOPC bilayer vesicles appeared to occur preferentially at
enriched domains of the DOPC. A large fraction of the rhodopsin inserted into these vesicles
was both photochemically and enzymatically functional. Moreover, the poly-PC lipid surface
was shown to be biocompatible even after polymerization of 16.

After the initial studies demonstrated that mixed lipid bilayers could be separated into domains
of poly-PC and unreactive PC domains, O’Brien and coworkers reasoned that the
polymerization of vesicles composed in part of polymorphic unreactive lipids could
immediately destabilize the bilayer vesicle.183,184 This premise was based on the
accumulated evidence that lipids such as dioleoylPE (DOPE) can form a variety of hydrated
lipid morphologies. Processes that form enriched domains of PE in bilayers result in
destabilization of the bilayer (lamellar) structure with the formation of precursors to
nonlamellar phases. The effect of photopolymerization on bilayer stability was experimentally
examined with vesicles composed of the photosensitive bis-SorbPC 18 in combination with
either DOPE or DOPC.

Vesicles composed of 18/DOPC containing the water-soluble fluorescent marker calcein were
stable throughout the photopolymerization of 18, even though nearly 85% of 18 was
polymerized. In contrast, the photolysis of vesicles of 18/DOPE caused the release of the
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calcein. Only oligolamellar or multilamellar 18/DOPE vesicles were efficiently
photodestabilized at the vesicle concentration employed. Bilayer contact of PE-rich domains
of separate vesicles is a prerequisite for bilayer destabilization.185,186 Bilayer contact within
a vesicle (intravesicular) is possible between lamellae, if the vesicle consists of more than one
bilayer. Bilayers of randomly distributed PE/PC lipids are repelled from neighboring bilayers
by strong hydration forces.187 Processes which promote phase separation and cause the
enrichment of domains of the poorly hydrated PE decrease the repulsive forces in these regions
and facilitate bilayer contact. Contact between apposing bilayers enriched in PE in
oligolamellar vesicles can lead to the formation of interlamellar attachment(s) (ILA). It has
been proposed that an ILA is a hourglass-shaped bilayer attachment between two of the original
lamellae that effectively fuses these bilayers.188 Under appropriate circumstances ILAs can
proceed to form long-lived arrays which take on the characteristics of an inverted cubic
phase. 31P NMR was successfully used to demonstrate the progressive formation of an isotropic
NMR signal and the decrease of the lamellar signal.189 This signal was associated with the
formation of lipid structures with isotropic symmetry, such as ILAs and inverted cubic phases.
X-ray diffraction data confirmed that the NMR signal was due to the formation of an inverted
cubic phase.189 The development of an ILA(s) that connects the bilayers of an oligolamellar
vesicle provides an aqueous pathway for the leakage of water-soluble encapsulated reagents.
ILAs have been proposed as critical intermediates in the fusion of bilayer vesicles with one
another as well as precursors to the formation of nonlamellar phases, e.g., inverted cubic
structures. The bilayer reorganization suggests that the photopolymerization of 18/DOPE large
unilamellar vesicles (LUV) could usefully initiate vesicle-vesicle fusion.

The fusion of vesicles requires bilayer contact, followed by lipid reorganization in a manner
that allows the mixing of the vesicle encapsulated aqueous contents in addition to a mixing of
the lipids from each of the vesicles. Both the rate and extent of vesicle fusion are a function of
several factors including temperature, lipid composition, and pH. Bennett and O’Brien
demonstrated that the photopolymerization of 18 in 18/DOPE LUV significantly reduced the
critical fusion temperature, i.e., the temperature threshold for the onset of rapid fusion.190
They utilized fluorescent probes to study the interaction of photolyzed LUV of 18/DOPE with
either photo-lyzed or dark (unpolymerized) 18/DOPE LUV. Both lipid mixing and aqueous
contents mixing between the donor and target LUV was enhanced by the photoactivated
polymerization of 18. Fusion of vesicles has been described by a mass action kinetic model in
which the first step is aggregation of two stable vesicles to form a dimer and the second step
is the actual fusion process which produces the fusion product.191 The kinetics of the overall
fusion process depends on the rates of both aggregation and the fusion event. Polymerization
of 18/DOPE bilayer vesicles is proposed to induce fusion by facilitating both aggregation and
subsequent fusion. Polymerization induces lipid phase separation with consequent decreased
hydration of PE-rich domains and decreased intrinsic radius of curvature (R0)7 of the lipids
composing the PE-rich domains. Since the domains of monomeric lipids contain only small
fractions of PC, the hydration of these surfaces is diminished. The decreased R0 of the PE
domains is a consequence of both the increased ratio of DOPE to monomeric-PC and the
decreased membrane hydration. Attractive hydrophobic forces promote adhesion of the
membranes at these sites. After adhesion, formation of fusion intermediates is facilitated by
the decreased R0 of the lipids composing the apposed membrane leaflets.188

Bilayers of Neutral and Ionic Lipids: Cross-linking polymerizations of homogeneous
mixtures of polymerizable and nonpolymerizable lipids can produce lipid domains when both
lipids are neutral or even if one of the lipids is charged. Gaub et al. showed that the
polymerization of a 1:1 molar mixture of 16 and DMPC in the fluid phase caused the formation
of a DMPC-rich phase and polymeric lipid domains.192 These experiments showed that the
polymerization of charged lipids could occur despite the electrostatic repulsion of the
monomers of 16.
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Armitage et al. demonstrated that polymerization of neutral lipids could serve to concentrate
nonreactive charged colipids into domains.193 The high lateral mobility of lipid monomers
permits their diffusion to the growing polymer chain ends even if the bilayers are composed
in large part of nonreactive lipids. The polymerization-induced formation of enriched domains
of ionic lipids was demonstrated by interactions of molecules at the bilayer surface that are
electrostatically associated with the nonpolymerizable ionic lipids. Vesicles composed of a
neutral polymerizable PC, bis-AcrylPC 7, and the nonreactive anionic 1,2-dioleoyl
phosphatidic acid (DOPA), which can bind cationic dyes to the bilayer surface, were
polymerized to different extents. The efficiency of electronic energy transfer between a pair
of donor and acceptor dyes was used to probe the effect of polymerization on the average
distance of separation between the dyes. Calculation of the energy transfer efficiency revealed
that the quantum efficiency was 0.09 for the unpolymerized vesicles whereas it increased to
0.71 for the completely polymerized vesicles. The increased efficiency of energy transfer at
the vesicle surface was a direct reflection of the increased local concentration, i.e., domain
formation, of the bilayer anionic binding sites.

III. Polymerization of Nonlamellar Phases
The initial goal of the research on lipid nonlamellar phases, including the various bicontinuous
cubic (QII) phases and the inverted hexagonal (HII) phase, was to demonstrate a general
polymerization strategy for the stabilization of these three-dimensional lyotropic liquid
crystals. Their potential utility depends in part on the stabilization of these phases in order to
expand their rather limited useful temperature and concentration ranges. Generally the HII
phase is found at higher temperatures and lower water content than the Lα phase and the QII
phases occur at intermediate temperatures and concentrations. Srisiri et al. compared the
polymerization of a reactive lipid 63 in the Lα phase and the HII phase.194 The number-average
degree of polymerization of linear polymers obtained from the same lipid in these two phases
depended strongly on the initiation chemistry but was insensitive to the lipid phase. Thus, the
degree of polymerization for the chain reaction initiated by the redox couple, sodium persulfate
and sodium bisulfite, was 250 ± 30 for the lamellar phase and 293 ± 40 for the HII phase. The
rates of polymerization were similar as well. The rate constants for propagation and termination
are likely to depend on the rate of diffusion of monomeric lipid to the growing radical chain
end. Since the lipids in both the Lα and the HII phases diffuse rapidly, i.e., diffusion coefficients
of 1 μm2 s−1 or more,195 it appears reasonable that the polymerization processes in the two
phases would yield similar results. Consequently, many of the lessons learned from the
extensive polymerization studies of the Lα phase can be applied to the higher temperature
nonlamellar phases. Thus, for example, diacetylenic lipids that only polymerize in the slow
diffusion regime do not appear to be suitable for polymerization of nonlamellar phases.

The design of suitable polymerizable lipids was crucial to the success of the research. It is
desirable to be able to perform the polymerizations at a variety of temperatures as dictated by
the phase behavior of the lipid, thereby limiting the use of thermal initiation chemistries and
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favoring photo and redox initiation. Consequently, reactive groups, such as diene, styrene, and
acryloyl, have received the most attention to date. Unlike lamellar phase polymerizations, the
location of the reactive group in the lipid and the assembly requires careful consideration. The
placement of the group on either or both the lipid tail(s) near the lipid backbone, i.e., the glycerol
unit in the case of phospholipids, appeared to be the most promising because covalent linkage
of lipids near the backbone should have less effect on the important forces that act at the
headgroup and tails of the lipids. Furthermore, the use of a diene group conjugated with the
acyl chain carbonyl does not interfere with the biocompatibility of the lipid–water interface.
These factors were used in the initial design of suitable lipids for the successful polymerization
of nonlamellar phases.196 The selection of lipid structures also included consideration of the
spontaneous radius of curvature, R0, of the designed lipid by reference to nonpolymerizable
lipids reported in the biophysical literature.2,7 These data were used to predict the
mesomorphic behavior of lipids or lipid mixtures. Lipids with small absolute R0 values require
less thermal energy to undergo Lα/HII transitions, whereas those with large absolute R0 values
form stable Lα phases even at high temperatures. Hydrated lipids with intermediate absolute
R0 values are likely to form QII phases at moderate temperatures. Unsaturated or chain-
substituted PE lipids are well-known for their small R0 values, whereas compounds with
intermediate values include certain PC/PE mixtures, N-methylatedPEs, monoacylglycerols
(MAG), among others.1

A. Bicontinuous Cubic Phases
The stabilization of cubic phases, which are bicontinuous with respect to the polar (aqueous)
and nonpolar (lipid) regions, is especially interesting because these phases are organic
analogues of zeolites. Mathematical descriptions of the minimal surfaces of the three
bicontinuous cubic morphologies found in amphiphile/water systems were reported by
Benedicto and O’Brien.5 Inspection of the minimal surfaces (Figure 17) and the
complementary three-dimensional labyrinth nets (Figure 18) reveals the interpenetrating nature
of the two distinct water channels. The three phases represented in the figures are termed double
diamond (D), gyroid (G), and primitive (P), which correspond to the Pn3m, Ia3d, and Im3m
space groups, respectively. Successful polymerization of the lipid domains in these mesophases
should yield materials with interpenetrating water channels whose surfaces might be
functionalized with chemical or biological labels or reagents in a suitable manner for
diagnostics, separations, and conversions. The size of the aqueous channels, which is a function
of the lipid composition and the phase, can range from ca. 4 to 20 nm in diameter, large enough
to accommodate certain water-soluble macromolecules. It is known that Schoen’s normalized
surface-to-volume ratio increases from P to D to G.197 That means that the Ia3d needs the
least amount of water, that the Pn3m requires more water, and the Im3m requires the most
water.

Lee et al. described the polymerization of a pre-formed QII phase as well as HII phase in
1995.196 Theyused a pair of lipids, a mono-DenPE (63) and a bis-DenPC (64) in a 3:1 molar
ratio, to achieve an intermediate average R0 value for the mixture. It was already known that
certain mixtures of the PE and PC form the D phase.1,198 Both X-ray diffraction and 31P NMR
spectroscopy were used to partially characterize the phase behavior of the hydrated lipid
mixture. The sample remained lamellar until 55 °C and transformed into a cubic phase upon
thermal cycling between 50 and 60 °C. When the sample was cooled below 55 °C, the lamellar
phase was reformed. The observed basis vector length of 12.2 nm for a sample (300 mg lipid/
mL) incubated at 60 °C for 12 h was consistent with the Pn3m space group. The 31P NMR
spectrum of a similar sample at temperatures below 55 °C exhibited a line shape consistent
with the Lα phase, but after incubation at 60–65 °C the sample spectrum was simply a narrow
(2 ppm fwhm) isotropic peak as expected for a QII phase. Polymerization studies of this QII
phase were performed at low lipid concentration (25 mg lipid/mL), i.e., excess water. Several
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samples were incubated at 60 °C for 6 h or more with potassium persulfate and sodium bisulfite.
The loss of monomer was determined by absorption spectroscopy. Following the
polymerization the water was removed by freeze-drying, then the polymerized sample
solubility was tested in organic solvents. When the conversion to polymer in the sample was
greater than 80%, the freeze-dried polymer was insoluble in several organic solvents, including
hexafluoroisopropanol (HFIP). This evidence for sample cross-linking is consistent with the
observations that 12.5 mol % of a bis-DenPC, in a mixture of mono-DenPC and bis-DenPC,
is sufficient to cross-link the lamellar phase.71 The hydrated cross-linked samples remained
in the QII phase even after they were cooled below the original phase transition temperature at
55 °C. Polymerized samples were stable during storage near 0 °C for prolonged periods. This
confirms the original hypothesis that cross-linking of nonlamellar phases would broaden the
temperature range of the mesophase. To gain further information about the new materials, both
cryo and negative staining TEM were used to examine the morphology of the QII phase before
and after polymerization.196 Cryo-TEM showed that the hydrated lipid mixture at room
temperature consisted of multilamellar and unilamellar liposomes, whereas the morphology
completely changed to a cubic lattice after incubation at 60 °C. The polymerized QII phase was
stained with osmium tetroxide, embedded, and microtomed to yield thin 90 nm sections. The
microscopy images showed polydomain structures with repetitive regions ascribed to aqueous
channels with a diameter of 6 ± 1 nm. The rapid diffusion of the stain through the cubic phase
sample was readily observed, indicating the water channels of the polymerized QII phase were
readily accessible to compounds added at the periphery of the sample.

QII phases are also formed from monoacylglycerols (MAG) alone or in combination with
diacylglycerols (DAG).1,199–201 A method to synthesize both a polymerizable dienoyl MAG
and a DAG was developed to prepare for studies of QII phase polymerization.202 More
recently, Srisiri et al. showed that when polymerizable MAG 65 was combined with the
corresponding DAG 66 in a 9:1 molar ratio, an optically clear QII phase was formed at room
temperature.203 Investigation of the phase behavior using cross-polarized light, 2H NMR
spectroscopy, and X-ray diffraction found a well-defined cubic phase existed from no more
than 5–45 °C. The X-ray diffraction pattern corresponded to a QII phase with Ia3d symmetry
and a unit cell size of 13 nm at 25 °C. Polymerization of the reactive amphiphiles increased
the stability of the assembly with retention of the QII phase. In this case the lipids were hydrated
at 5 °C with deoxygenated aqueous hydrogen peroxide to form the QII phase, which was then
incubated at 45 °C for 2 days to polymerize the hydrated lipids giving an optically clear product.
The loss of monomers was greater than 90%. A sample of polymerized QII phase was freeze-
dried and then dissolved in common organic solvents, demonstrating that the polymer was not
cross-linked. The molar ratio of the bis-substituted dienoyl DAG 66 to the MAG 65 was
insufficient to cross-link the mesophase. The number-average degree of polymerization was
200 ± 20. The isotropic nature of the linearly polymerized QII phase was observed up to at least
70 °C, whereas the unpolymerized QII phase was only stable to 45–50 °C.

This QII phase has been shown by NMR diffusion measurements to consist of bicontinuous
lipid and water regions.204 Pulsed field gradient NMR spectroscopy was used to determine
the water diffusion coefficient prior to polymerization of the dienoyl MAG 65 and dienoyl
DAG 66 mixture. It was 1.0 ± 0.4 × 10−10 m2/s, an order of magnitude smaller than the diffusion
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of pure water (2 × 10−9 m2/s).203 This reduction in water diffusion was attributed to the non-
Newtonian flow of water molecules in the interpenetrating network of water channels in the
QII phase because of the interaction of the water molecules with the hydrophilic lipid
headgroups. The diffusion of water inside the QII phase formed from monoolein is similarly
retarded.199 The diffusion coefficient of water molecules after polymerization of the QII phase
was 1.2 ± 0.2 × 10−10 m2/s, which is essentially the same as before the polymerization. These
data indicate that polymerization of the lipid domains of QII phases composed of dienoyl-
substituted lipids does not significantly perturb the water channels. This suggests that the water
channels in appropriately polymerized QII phases could be elaborated to provide specific
binding sites for water-soluble macromolecules. The reports of Lee at al.196 and Srisiri et al.
203 introduced a successful general strategy for the stabilization of bicontinuous cubic phases.
The ability to form stable organic zeolites with aqueous pore sizes that are an order of
magnitude larger than those observed with inorganic zeolites should also provide opportunities
for the creation of new composite materials.

B. Inverted Hexagonal Phase
The most commonly studied nonlamellar lipid phase is the HII phase, which is composed of
aqueous columns encased in a monolayer of lipid and arranged in a hexagonal pattern (Figure
20).3 The polar head-groups are well-ordered at the water interface, whereas the lipid tails are
highly disordered to fill the volume between the columns of water. Two complimentary
strategies have been employed to polymerize the lipid domains of the HII phase. In one, the
reactive groups were incorporated into the tails of the amphiphiles,205,206 whereas in the other
the reactive groups were placed adjacent to the backbone of the amphiphile,196,207 as
discussed earlier for the QII phase. The approach introduced by Gin and co-workers results in
partial or complete cross-linking of the amphiphiles in the HII phase and yields an ordered
polymer matrix.208 The alternative strategy (described below), reported by O’Brien and co-
workers, polymerizes the individual unit cells of the HII phase in a manner that permits their
subsequent separation.207

A polymerizable monomer 67 was prepared by substitution of the three hydroxyl groups on
gallic acid with hydrophobic chains terminated with acryl-oyl groups. Hydration of the ionized
acid produced a lyotropic mesophase, which was identified as a hexagonal phase by low-angle
X-ray diffraction.205,209 The size of the unit cell was sensitive to the nature of the metal ion.
When the metal ion was Na(I), Ni-(II), Co(II), or Cd(II) the d100 was 35.0 ± 0.7 Å, whereas it
was 30.5 ± 0.4 Å for metal ions Eu(III) and Ce(III).209 The unit cell size of the HII phase
formed from a monomer with divalent cations was independent of the metal ion size. However,
the stronger lanthanide–carboxylate interactions appear to decrease the size of the monomer
headgroup in a manner that permits closer packing of the hydrated amphiphiles. The observed
reduction in unit cell sizes correlated with the IR characteristics of the materials. HII phases
composed of monomer 67 with these counterions, water, and the photoinitiator, 2-hydroxy-2-
methylpropiophenone, in a ratio of 85/10/5 (w/w/w) were cross-linked by overnight irradiation
of the sample under nitrogen. The reaction was followed by changes in the acrylate IR bands,
although the percent conversion to polymer was not reported. The polymers containing Ni(II),
Co(II), and Ce(III) were paramagnetic, and the susceptibilities were determined. The Eu(III)
polymer luminesced at 593 and 615 nm when excited at 370 nm. The observation of Eu(III)
emission indicates the Eu(III) ions, which are presumed to be in the HII phase channels, have
few if any water molecules in their primary coordination sphere.209
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A nanocomposite of a polymerized HII phase with poly(p-phenylenevinylene) (PPV) in the
channels was prepared by cross-linking polymerization of a mixture of monomer 67, the
photoinitiator 2-hydroxy-2-methylpropiophenone, and a water solution of a PPV precursor in
a 8/1/1 ratio (w/w/w).205 The polymeric film was 100 μm thick. Low-angle X-ray diffraction
data of the thin film was consistent with a hexagonal phase both before and after the
photopolymerization. The unit cell dimensions of the polymeric material were slightly smaller
than those of the unpolymerized sample. The PPV precursor, poly(p-
xylylenedimethylsulfonium chloride), was dissolved in the aqueous domains of the HII phase.
Partial conversion of the precursor to PPV occurred during the photopolymerization, whereas
a more complete conversion was achieved by heating the nanocomposite film at 220 °C for 4
h. The sample fluorescence increased with the heating time in a manner consistent with the
generation of PPV. The PPV fluorescence of the nanocomposite, which contained no more
than 0.04 wt % PPV, was greater per unit volume than that of pure PPV. These data indicate
that the PPV chains in the HII phase channels were considerably more fluorescent than bulk
PPV. Because the emission from conjugated polymers is known to be enhanced when the
polymer interchain separation distance is increased by solubilization, copolymerization, or
composite formation,210 it is likely that the enhanced fluorescence of the PPV in the ordered
nanocomposites is due to the isolation of the polymer chains in the nanocomposite channels.

Gin and co-workers demonstrated that polymer–inorganic nanocomposites can be formed by
condensation of tetraethyl orthosilicate (TEOS) in the aqueous channels of the polymerized
HII phase.206 The hexagonal phase was formed from a sodium p-styryloctadecanoate 68
monomer, the cross-linker divinylbenzene (5–10 wt %), a photoinitiator (2 wt %), and 2–20
wt % water. A similar hexagonal phase could be formed in the presence of TEOS and its
photoinitiator, diphenyliodonium chloride. A thin film of the sample was polymerized by
exposure to 365 nm light. Evidence of monomer loss was obtained from the decrease in the
styryl absorbance at 254 nm. Solid-state 29Si MAS NMR provided evidence for TEOS
condensation in the cross-linked polymer film, thereby demonstrating that the cross-linking of
the amphiphilic styrene and the sol–gel precursor can proceed at the same time in the respective
hydrophobic and hydrophilic domains of the HII phase. Another inorganic–organic composite
was prepared by reaction of the HII phase of the Cd(II) salt of monomer 68 with hydrogen
sulfide gas to produce CdS particles in the nanochannels of the HII phase.211 The same
amphiphilic monomer was used to create nanoporous polymeric films for heterogeneous
catalysis.212 Because the aqueous pores of the resultant HII phase are lined with closely packed
carboxylate groups, it is likely that the basicity of the carboxylate is increased. This possibility
was confirmed through an examination of the base-catalyzed Knovenagel condensation of ethyl
cyanoacetate with benzalde-hyde. The reaction proceeded more rapidly in the inverted
hexagonal phase than in an otherwise equivalent lamellar phase. Moreover, mesoporous
materials such as NaY and MCM-41 did not show any significant catalytic activity under the
same conditions.

A new type of monomer, based on gallic acid, was recently reported to form the HII phase at
room temperature. Hoag and Gin developed a synthetic route toα,ω -bromodienes, which were
used to alkylate the three hydroxy groups on methyl gallate.213 After hydrolysis of the ester
group, the resulting trisubstituted gallic acid salt 69 was used in photopolymerization
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experiments to cross-link the HII phase. Lipids with terminal diene groups have previously
been used to polymerize lamellar phases.77,79

The biophysical literature indicates that PE lipids with unsaturated or branched acyl chains are
good candidates for formation of the HII phase.214 This information was used to design
dienoyl-substituted PE for the preparation of HII phases. Among the various polymerizable PE
lipids prepared to date, the mono-DenPE 63 and bis-DenPE 70 are noteworthy. The transition
temperature (TH) for the lamellar HII phase for hydrated mono-DenPE 63 was 55 °C.
Consequently, it was especially useful for the comparative study of polymerizations in the
lamellar and HII phase described earlier.194 In contrast, the TH of hydrated bis-DenPE 70 was
below 0 °C.207 The HII phase of this hydrated PE persisted to a least 80 °C. Therefore, this
bis-substituted PE was a good candidate for cross-linking polymerization around and along the
water columns of the HII phase at a variety of temperatures. A particularly interesting
characteristic of the HII phase is the decrease in the unit cell dimension of the hexagonal lattice
as the sample temperature is increased. Reduction in the radius of the water channel accounts
for most of the change in this lattice vector.215 It appeared that a successful polymerization
strategy of the lipid domains could lock-in the column diameter rendering the unit cell of the
HII phase insensitive to subsequent changes in temperature. The HII phase of bis-DenPE 70 in
water (1/1 w/w) showed a typical reduction in unit cell size over the temperature range
examined (near 0–80 °C). Polymerization to high conversion was accomplished with redox
initiators, e.g., potassium persulfate/sodium bisulfite or hydrogen peroxide.
Photopolymerization was not used because the sample optical density was too great for uniform
exposure and polymerization of the sample. Characterization of the polymerized material by
X-ray diffraction and 31P NMR indicated that it remained in a hexagonal phase with a unit cell
diameter of 7 nm. As predicted, temperature cycling (over at least 40° range) of the polymerized
HII phase did not alter the dimensions of the unit cell.207 Similar observations were reported
for a HII phase sample composed of a mixture of polymerizable PE and PC.196 These data
indicate that the dimensions of the unit cell could be varied by choice of temperature and then
locked-in to prepare cross-linked tubes of selected diameters. The polymerization of the HII
phase composed of 70 proceeded by cross-linking of the individual tubes, because the
polymerized sample could be dispersed in volatile organic solvents then spread as a monolayer
of the polymerized unit cells, i.e., tubes of poly(lipid) each surrounding a water core.207 Light
scattering of a dispersed sample indicated that some of the objects were ca. 200 nm in length,
i.e., an aspect ratio of 28 for a individual tubes with a unit cell diameter of 7 nm.

The polymerization of suitably designed lipids in both the HII and QII phases has proven to be
an effective means to enhance the stability of these lyotropic liquid crystals. The research since
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the initial publication in 1995 provides an initial understanding of the polymerization process
as well as initial insights into the possible utility of these new materials. Reasonable rates and
degrees of polymerization can be achieved under suitable conditions. The stabilized QII phases
offer large water channels that appear to be able to accommodate water-soluble
macromolecules. There is also considerable interest in the prospect of using QII phases as
biocompatible encapsulating and controlled release media. The smaller water columns of the
HII phase have already been shown to be suitable for catalytic sites as well as the creation of
elongated nanocomposites composed of minerals or polymers. Continued progress in these
research areas will require interdisciplinary contributions of biological, polymer, and surface
sciences.

IV. Outlook
It should be clear from this review that the polymerization of lamellar and nonlamellar phases
has attracted the interest of many research groups over the past two decades. Their combined
efforts have introduced a wide range of chemistries to be able to prepare the monomeric
amphiphiles and to successfully use these new compounds to polymerize pre-formed
ensembles of molecules. In addition, the increased understanding of the polymerization process
in the confined space of monolayers, bilayers, etc., now makes it possible to control these
reactions to prepare new materials in a reproducible manner. The materials properties are, of
course, sensitive to the extent of cross-linking. Fortunately, recent studies have revealed some
of the requirements for cross-linking in lamellar and nonlamellar phases. Obviously more
remains to be learned. However, it is already possible to prepare molecular objects such as
spheres and rods by the cross-linking of bilayer vesicles and the unit cell of the inverted
hexagonal phase, respectively. Moreover, the cross-linking of thin bilayer films of reactive
phosphatidylcholines yields uniform, biocompatible, robust films that offer interesting
possibilities for surface modification.55

We conclude this review by briefly discussing a couple of the potential uses of polymerized
lamellar or nonlamellar phases. These include materials for diagnostics and sensors, the
controlled delivery of drugs or other reagents, the modification of surfaces, and the preparation
of nanocomposites, among others. The critical contribution of the polymer varies widely with
the application. In some cases a polymerized diacetylenic bilayer serves as a colorimetric
sensor, whereas in other instances the initiation of the polymerization process can be used to
trigger the release of encapsulated agents from vesicles.

A. Polydiacetylene Colorimetric Sensors
The deep blue or red color associated with polydiacetylenes has long attracted interest because
of the potential for using the shift from blue to red to detect specific changes in the vicinity of
the polymer. Early examples correlated increased temperature with this colorimetric change.
112,118,216

Glycolipids in cell membranes mediate cell recognition, antigenicity histocompatibility, and
protein affinity. Biological recognition could be mimicked in polymerized vesicles by
incorporating a diacetylenic lipid bearing a carbohydrate, e.g., glucose, headgroup into vesicles
composed of other diacetylenic lipids.217 After polymerization, the red PDA vesicles were
agglutinated by the addition of a solution of concanavalin A (Con A) to the suspension of
vesicles. The red precipitate was then redispersed by addition of an aliquot of a solution of α-
methyl mannopyranoside, which has a higher affinity for Con A than glucopyranoside.

Direct colorimetric detection of the recognition of a ligand by a membrane-associated receptor
was described by Charych et al.218 The color of a supported monolayer of PDA containing a
small percent of lipid-linked silaic acid was found to change, in a dose-dependent manner,
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from blue to red upon binding the viral lectin, hemoglutinin.219 The color change is proposed
to occur due to a reduction on the effective conjugation length of the PDA, once the
macromolecule binds to the polymeric film surface. Other macromolecular assemblies, such
as toxins, and macromolecules, such as enzymes, can be detected colorimetrically by
appropriately designed PDA vesicles.220–223 A review that describes the choice of
diacetylenic lipids for the formation of these chromic PDA vesicles has appeared.96 These
assays have been successful with macromolecular analytes at high concentration. A particularly
interesting extension of the PDA colorimetric strategy to the detection of small compounds
relies on the coupling of an enzyme to the PDA assembly. The enzyme hexokinase was
synthetically coupled to a PDA film.224 Hexokinase undergoes a conformational change upon
glucose binding at the active site. The resultant change in enzyme structure perturbs the PDA
film leading to a measurable color change. The specific nature of the interaction was shown
by the absence of a color change when other sugars were used. Recently, it was reported that
millimolar concentrations of cations could be detected by the PDA color change associated
with vesicles composed of a PDA, a co-lipid, and a selective ionophore.225 The second issue,
the inherent sensitivity of colorimetric methods are limited to relatively high concentrations
of analyte, appears to be more challenging. However, an interesting approach to expanding the
concentration range of PDA-based sensors could take advantage of the difference in
fluorescence of the blue and red forms of PDA.226

B. Polymerized Liposomes for Drug Delivery
Vesicles composed of phospholipids, i.e., liposomes, have been extensively investigated as
vehicles for the protection and delivery of therapeutic agents in the blood stream. The
pharmacokinetics of drugs is significantly enhanced by encapsulation and delivery from
liposomes. Both polymerized liposomes and polymerizable liposomes have been examined for
drug delivery. In the former instance, polymerized liposomes offer significantly improved in
vivo and in vitro stability. Appropriate design of polymerized liposomes can modulate the
permeability of drugs. Linear polymerization of liposomes causes a moderate decrease in
permeability, whereas substantial reductions in permeability can be achieved by cross-linking
of liposomes.32 The observed effect of bilayer cross-linking on permeability depends on the
cross-link density and the size of the encapsulated permeant.

The potential biomedical utility of any polymerized liposome preparation will depend on its
toxicity. Regen and Juliano collaborated in a series of investigations to determine the toxicity
of liposomes prepared from bis-methacryloylPC (3).29 Polymerized liposomes of 3 in plasma
caused very little platelet aggregation.227 The uptake of both polymerized and unpolymerized
liposomes of 3 were examined in mouse peritoneal macrophages in tissue culture.228 A
radioactive lipophilic marker incorporated into the liposomes was metabolized at a similar rate
regardless of whether the liposomes were polymerized or not. The polymerized liposomes were
not toxic to the macrophages, whereas unpolymerized liposomes of 3 were toxic to the cells.
When polymerized liposomes of similar composition were administered intravenously to mice,
the authors observed no signs of acute toxicity after 3 weeks.229 These studies indicate that
polymerized liposomes from methacryloyl lipids are well tolerated by cells and mice whereas
the monomeric 3 is not. The reasons for toxicity of the monomeric lipid are not clear. More
recently, a tissue culture study of the HeLa cell uptake of liposomes composed of DOPE and
the photopolymerizable lipid, bis-SorbPC (18), did not find evidence of toxicity by the
unpolymerized liposomes.230 Moreover, cross-linked liposomes prepared from 17 did not
diminish the viability of mucosal cells in culture.231 The studies to date demonstrate that each
polymerizable lipid or polymerized liposome composition will need to be examined for toxicity
and that at least some of these reactive lipids can be considered for biomedical purposes.
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The triggered release of water-soluble encapsulated agents from liposomes has been
successfully demonstrated by the application of radiation or other forms of energy to
polymerize appropriately designed liposomes. The concept was advanced by Ringsdorf as the
“uncorking of liposomes”,176 as discussed in section II.F.1. O’Brien and co-workers have
shown that the photopolymerization of a subset of lipids that compose conventional183,184,
190 as well as sterically stabilized liposomes232,233 can trigger the release of water-soluble
fluorescent markers (see section II.F.2 for discussion of the composition and polymerization
of the liposomes). Sterically stabilized liposomes are liposomes with surface-attached poly
(ethylene glycol) groups. The PEG groups of these liposomes diminish their uptake from the
bloodstream by the reticuloendothelial system. Quite recent studies have shown that
encapsulated therapeutic agents, e.g., doxoru-bicin, can be released from sterically stabilized
liposomes by clinically relevant doses of radiant energy. These observations are especially
encouraging because of the capability of sterically stabilized liposomes to accumulate at tumor
sites.234–237 The increased permeability of the vasculature at these sites allows sterically
stabilized liposomes to escape the capillaries to reach the tumor interstitial space. However,
once the sterically stabilized liposomes are at the tumor site, the PEG groups can interfere with
rapid release of the encapsulated reagents. Consequently, it continues to be important to find
methods for the triggered release of reagents from PEG–liposomes.

Another approach to drug delivery is the attachment of the drug to the bilayer wall of a
polymerized liposome. Stable liposomes were formed by polymerizing a tocopherol-
containing lipid analogue via a methacrylate function. The liposomes were formed by
ultrasonication and polymerized by radical polymerization. The vesicles were stable for
months. The tocopherol liposomes effectively functioned as an antioxidant.238

C. Nanocomposites
The ordered structure of monolayers, bilayer vesicles, tubules, and the inverted hexagonal
phase has stimulated considerable interest in the formation of mineralized or metallized
composites. Much of this research was reviewed by Fendler.239 Here, we highlight those
studies that have utilized polymerizable amphiphiles. Over a decade ago, it was already known
that metal particles could be formed at the surface of bilayer vesicles by electroless
deposition240 and that the interior of vesicles could be employed to precipitate minerals.
241–243 Fendler and co-workers used polymerized vesicles with entrapped cadmiun sulfide
to photochemically generate hydrogen.242 Markowitz et al. used membrane-bound palladium
in the interior of polydiacetylenic vesicles to catalyze the formation of gold or cobalt
nanoparticles.244 The methods were similar to those used earlier for the electroless deposition
of metals on tubules.144 The use polymerized bilayer vesicles for metal particle formation was
proposed to be superior to conventional vesicles for two reasons. First, the polymerized vesicles
provided a relatively stable environment for the formation and protection of the nanoparticles
in a manner that inhibits agglomeration. Second, the PDA formation in the bilayer caused a
sufficient increase in the membrane permeability of cations and anions to facilitate efficient
growth of the particles.

Earlier it was noted that tubules formed from diacteylenic lipids or other amphiphiles could
serve as templates for the growth of metals along their external and internal surface.143,245
The water channel of the inverted hexagonal phase offers somewhat similar sites for the
formation of elongated metal or mineral deposits. The initial realization of these
possibilities206,211 presages ample opportunities for the formation of rodlike materials for
various applications.

V. Abbreviations
AAPD 2,2′-azobis(2-amidinopropane dihydrochloride)
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AcrylPC acroyl-substituted PC

AFM atomic force microscopy

AIBN 2,2′-azobis(isobutyronitrile)

CON A Concanavalin A

CTAT cetyl trimethylammonium tosylate

D double diamond

DAG diacylglycerol

DenPC dienoyl-substituted PC

DMPC dimyristoyl PC

DNPC 1,2-bis(dinonanoyl)PC

DOPA dioleoyl phosphatidic acid

DOPC dioleoyl PC

DOPE dioleoyl PE

DPPC dipalmitoyl PC

DSPE distearoyl PE

DTT dithiothreitol

DVB divinylbenzene

ESCA X-ray photoelectron spectroscopy

G gyroid

GPC gel permeation chromatography

HII inverted hexagonal

HEA hydroxyethyl acrylate

HFIP hexafluoroisopropanol

ILA interlamellar attachments

IPA ion-paired amphiphile

LB Langmuir–Blodgett

LUV large unilamellar vesicle

MAG monoacylglycerol

MAS magic angle spinning
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MCM41 commercially available silicon zeolite

NaDHP sodium dihexadecyl phosphate

NBD-PE N-4-nitrobenzo-2-oxa-1,3-diazole-PE

OTS octadecyltrichlorosilane

P primitive

PC phosphatidylcholine

PDA poly(diacetylene)

PE phosphatidylethanolamine

PMMA poly(methyl methacrylate)

PPV poly(p-phenylenevinylene)

QII bicontinuous cubic

SEM scanning electron microscopy

SorbPC sorbyl-substituted PC

SUV small unilamellar vesicle

TAPP tetra(trimethylammonium phenyl)porphyrin

TEM transmission electron microscopy

TEOS tetraethyl orthosilicate

TX-100 Triton X-100
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Figure 1.
Representations of lamellar and nonlamellar phases of hydrated amphiphiles. (Left to right)
The phase changes from lamellar to a bicontinuous cubic (QII) phase and to the inverted
hexagonal (HII) phase, as the spontaneous curvature of the hydrated amphiphile increases, and
the water content of the sample decreases. The approximate repeat distances are shown for
each phase.
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Figure 2.
Schematic of the transformation of a solidlike bilayer, where the lipid tails are in the all-trans
extended confomation, to the liquid-crystalline phase, where gauche conformers are abundant
in the lipid tails. The intervening ripple phase is found in some pure lipid systems.

Mueller and O’Brien Page 46

Chem Rev. Author manuscript; available in PMC 2006 October 5.

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript



Figure 3.
Substitution patterns for the polymerization of hydrated reactive amphiphiles that feature
polymerization of the lipid tails at (A) the chain terminus and (B) near the lipid backbone or
polymerization of reactive groups (C) covalently or (D) electrostatically associated with the
hydrophilic headgroup.
(Reprinted with permission from ref 170. Copyright 1996 Springer-Verlag.)
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Figure 4.
Examples of polymerizable groups which have been incorporated into polymerizable
amphiphiles.
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Figure 5.
Representation of reactive lipids that incorporate a hydrophilic spacer group between the lipid
headgroup and the reactive group (X), where (A) a homopolymer of the lipid is formed and
(B) the lipid is copolymerized with a hydrophilic comonomer (Y), such as
hydroxyethylacrylate (ref 13).
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Figure 6.
Strategies for the association of polymers with the surface of bilayer vesicles: (A) adsorption
of a polymer to the lipid headgroups, (B) anchoring a polymer to the bilayer through
hydrophobic groups associated with the polymer, and (C) polymerization of monomers that
are electrostatically associated with the bilayer surface.
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Figure 7.
Schematic representation of the linear or cross-linked lipid polymers formed by polymerization
(Pzn) of either monosubstituted or bissubstituted lipids, respectively.

Mueller and O’Brien Page 51

Chem Rev. Author manuscript; available in PMC 2006 October 5.

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript



Figure 8.
Effect of surfactant (TX-100) on the particle size of LUV before and after polymerization of
mono-SorbPC (17) and bis-SorbPC (18). The un-cross-linked LUV were converted to mixed
micelles with 4 equiv of TX-100 per lipid (ref 38).
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Figure 9.
Photochemical conversion of diacetylene to poly-(diacetylene).
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Figure 10.
TEM of unstained hydrated N-dodeca-5,7-diyne galactonamide assembly that shows the
winding of a bilayer helix and tubule (ref 131).
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Figure 11.
Stategy for separate polymerization of the inner and outer leaflets of a bilayer by taking
advantage of the difference in chemical and photochemical reactions of monomer 46.
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Figure 12.
Schematic representation of the polymers formed from dependent (ladder-like) and
independent (cross-linked) polymerization (Pzn) paths of two reactive groups tethered via an
aliphatic sn-2 chain.
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Figure 13.
Effect of surfactant on the stability of LUV before and after polymerization of monomer 57
(n = 9). The redox-polymerized LUV were stable to more than 12 equiv of TX-100 per lipid,
whereas photopolymerization of the single dienoyl group did not increase the stability beyond
that of the unpolymerized LUV (ref 165).

Mueller and O’Brien Page 57

Chem Rev. Author manuscript; available in PMC 2006 October 5.

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript



Figure 14.
Uncorking of a phase-separated vesicle.
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Figure 15.
Electon microscopy of freeze–fracture replicas of rhodopsin-poly-16/DOPC membranes in
30% glycerol–water frozen from room temperature. The particles on the fracture faces are
morphological manifestations of the protein embedded in the bilayer.
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Figure 16.
Schematic representation of the polymerization-induced phase separation of DOPE and
poly-18 leading to the fusion of bilayer vesicles through contact of the enriched DOPE domains.
Bilayer contact is postulated to occur through a stalk intermediate which then transforms into
an interlamellar attachment (ILA) (aka fusion pore).
(Reprinted with permission from ref 170. Copyright 1996 Springer-Verlag.)
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Figure 17.
Mathematically generated minimal surfaces that represent the three bicontinuous cubic
morphologies associated with hydrated lipids. These surfaces correspond to the lipid portion
of the respective phases (space groups from left to right, Pn 3̄m, Ia 3̄d, and Im 3̄m) (ref 5).
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Figure 18.
Representation of the three-dimensional networks that are complementary to the surfaces
shown in Figure 17. These labyrinths correspond to the water portion of the respective phases
obtained from hydrated lipids.

Mueller and O’Brien Page 62

Chem Rev. Author manuscript; available in PMC 2006 October 5.

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript



Figure 19.
Cryo-transmission electron microscopy of a polymerized QII phase prepared from a 3:1 M
mixture of monomers 63 and 64. The particle on the left is approximately 3 micrometers across.
The image of the cubic lattice on the right is a 10-fold enlargement (ref 196). The dark border
images are due to the lacy carbon grid.
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Figure 20.
Schematic representation of the HII phase. Note the disordered tails of the lipids and the
headgroups surrounding a water channel. Two strategies have been used to polymerize the
HII phase. The polymerization of monomer 67 cross-links the phase and yields a mesoporous
solid (ref 205). The polymerization of monomer 70 cross- links the individual unit cells of the
HII phase (ref 207).
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