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Two fungal chloroperoxidases (CPOs), the heme enzyme from Caldariomyces fumago and the vanadium
enzyme from Curvularia inaequalis, chlorinated 1-(4-ethoxy-3-methoxyphenyl)-2-(2-methoxyphenoxy)-1,3-dihy-
droxypropane, a dimeric model compound that represents the major nonphenolic structure in lignin. Both
enzymes also cleaved this dimer to give 1-chloro-4-ethoxy-3-methoxybenzene and 1,2-dichloro-4-ethoxy-5-
methoxybenzene, and they depolymerized a synthetic guaiacyl lignin. Since fungal CPOs occur in soils and the
fungi that produce them are common inhabitants of plant debris, CPOs may have roles in the natural
production of high-molecular-weight chloroaromatics and in lignin breakdown.

Natural organochlorine compounds are widely distributed in
the environment, but the processes that generate them are not
completely understood. It is clear that many natural organo-
chlorines are microbial secondary metabolites, whereas others
are generated abiotically (22), but little attention has been
given to the possibility that biological chlorinations of lignin,
the most abundant terrestrial aromatic substance, may produce
chloroaromatic compounds. If microbial mechanisms exist to
oxidize Cl™ in plant material, the resulting electrophilic chlo-
rine species are likely to react with the electron-rich aromatic
rings of lignin (4). This chemistry could explain, in part, why
field samples of soil, litter, and decayed wood have all been
shown to contain high-molecular-weight chloroaromatics (5,
14).

Certain plant-pathogenic ascomycetes that are cosmopolitan
inhabitants of plant debris provide a possible route for ClI™
oxidation in the vicinity of lignin (6, 8, 20). These fungi pro-
duce extracellular chloroperoxidases (CPOs), heme- or vana-
dium-containing enzymes that oxidize Cl~ to hypochlorous
acid (HOCI) or a similarly reactive chlorine electrophile (18,
21). CPOs chlorinate a variety of aromatic substrates (2, 15, 19,
23), but their reactivity with lignin is unknown. We report here
that the major structures in lignin are not only chlorinated but
also cleaved by the heme CPO of Caldariomyces fumago and
the vanadium CPO of Curvularia inaequalis.

Chlorination and cleavage of a lignin model dimer. Com-
pound I, threo-1-(4-ethoxy-3-methoxy-ring-[**C]phenyl)-2-(2-
methoxyphenoxy)-1,3-dihydroxypropane (1.0 mCi/mmol), a
model of the major nonphenolic arylglycerol-B-aryl ether
structure in lignin (Fig. 1A), was prepared as described previ-
ously (9, 12). The model was treated with either commercially
available Caldariomyces fumago heme CPO (Sigma) or par-
tially purified Curvularia inaequalis vanadium CPO. The latter
enzyme was obtained by DEAE-Sephacel chromatography of
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the extracellular medium from Curvularia inaequalis cultures
(ATCC 10713) as described earlier (17). The reaction mixtures
(1.0 ml) contained compound I (3.4 X 10° dpm, 160 uM), KCl
(20 mM), and buffer (25 mM). The buffers were potassium
phosphate, pH 3.0, for heme CPO reactions and sodium ace-
tate, pH 4.0, for vanadium CPO reactions. Enzyme was added
(35 monochlorodimedone units of heme CPO or 1 monochlo-
rodimedone unit of vanadium CPO) (6), followed by H,O, (1.7
mM), and the reaction mixtures were stirred overnight at am-
bient temperature.

The completed reaction mixtures were stirred for 1 h with 0.25
ml of acetonitrile, and portions (0.50 ml) were analyzed by re-
versed-phase high-performance liquid chromatography (HPLC)
on a Luna 5-pm-pore-size C,g column (Phenomenex). The col-
umn was eluted at 1.0 ml/min and ambient temperature with a
linear gradient of acetonitrile ranging from 25 to 50% in water
over 60 min. Fractions (0.5 ml) were collected and assayed for '*C
by scintillation counting. The results showed that the CPOs gen-
erated numerous products from model I when H,O, and CI™
were both present. No reaction occurred when either H,O, or
Cl™ was omitted. Typical data for the vanadium CPO are shown
in Fig. 2 and Table 1. Experiments with heme CPO or HOCI gave
the same products (data not shown).

The fractionated products from a scaled-up reaction were ex-
tracted, acetylated, and analyzed by gas chromatography-electron
impact mass spectrometry. The results showed that most of the
products (I to VI) were uncleaved, chlorinated derivatives of
model I (Fig. 1; Table 1). However, two of the minor products,
VII and VIII, resulted from C_-aryl cleavage of model I. HPLC
and gas chromatography analyses showed that these products
cochromatographed with standards of 1-chloro-4-ethoxy-3-me-
thoxybenzene and 1,2-dichloro-4-ethoxy-5-methoxybenzene, re-
spectively. Mass spectra of the products and standards confirmed
these identifications (Table 1). Product VII probably resulted
from attack by an electrophilic chlorine species at C-1 of the A
ring in model I, followed by elimination of the model’s aliphatic
side chain (4). Product VIII presumably resulted from reactions
between chlorine electrophiles and products (e.g., IT or VII) that
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m/z: 281, 279, 277

FIG. 1. (A) Structures of model I and of chlorinated products pro-
duced from it by CPO. A standard of compound VII was prepared by
treating 4-chloroguaiacol (Aldrich) with ethyl iodide. 'H nuclear mag-
netic resonance: 1.36 (t),J = 7.0 Hz; 3.83 (s); 4.02 (q),/ = 7.0 Hz; 6.86
(dd),J = 8.4 Hz, 2.2 Hz; 6.91 (d), J = 8.4 Hz; 6.95 (d),J/ = 22 Hz. A
standard of compound VIII was prepared by treating compound VII
with one equivalent of Cl,. 'H nuclear magnetic resonance: 1.39 (t), J
= 7.0 Hz; 3.86 (s); 4.08 (q),J = 7.0 Hz; 7.08 (s); 7.10 (s). (B) Diagnostic
ions from the fragmentation of diacetylated compounds I to VI in the
mass spectrometer. The distribution and number of chlorine substitu-
ents in each molecule were calculated from the relative frequencies of
3Cl- and *’Cl-containing ions (13). See Table 1 for the mass spectra.

already carried one chlorine on the A ring. These results sug-
gested that CPOs might cleave lignin when they chlorinate it.
Depolymerization of synthetic lignins. A high-molecular-
weight synthetic B-'*C-labeled guaiacyl lignin (0.01 mCi/mmol
of phenylpropane substructures) and a permethylated (non-
phenolic) preparation of the same lignin were prepared as
described previously (7, 10) and treated with CPOs. The reac-
tion mixtures (final volume, 40.0 ml; magnetically stirred at
ambient temperature) contained [**C]lignin (2.6 X 10* dpm;
30 uM in phenylpropane substructures), Tween 20 (0.25%),
KCI (20 mM), and buffer (25 mM) as described above. The
reactions were run by pumping in separate solutions of H,O,
(final concentration, 0.6 mM) and CPO (300 U for heme CPO
and 20 U for vanadium CPO) over an 8-h period.
N,N-Dimethylformamide (DMF; 10 ml) was added to the
completed reaction mixtures, which were then concentrated to
less than 5 ml by rotary vacuum evaporation and clarified by
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FIG. 2. HPLC radiochromatogram of products obtained from the
treatment of model I with vanadium CPO. See Fig. 1A for the struc-
tures of compounds I to VIII.

centrifugation to give DMF-soluble [**C]lignin samples in a 75
to 95% yield. The samples were subjected to gel permeation
chromatography (GPC) on a 1.8- by 33-cm column of
Sephacryl S-100 in DMF that contained 0.1 M LiCl, and frac-
tions (2.0 ml) were collected for quantitation of '*C by scintil-
lation counting.

The GPC column was calibrated with polystyrene standards
that spanned the molecular weight range of 500 to 35,000 and also
with two lignin model compounds: a tetramer with a molecular
weight of 1,062 (compound 197 in the U.S. Dairy Forage Re-
search Center NMR Database of Lignin and Cell Wall Model
Compounds [http://www.dfrc.ars.usda.gov/software.html]) and a
monomer with a molecular weight of 166 (3,4-dimethoxybenzal-
dehyde). An iterative least-squares procedure was used to deter-
mine the relationship between the elution volume and the mo-
lecular weight for the standards. The weight-average molecular
weight (M,,) and number-average molecular weight (,,) for each
lignin sample were then calculated by using the standard formulas
(24).

The heme CPO had no discernible effect on the lignin in
control reaction mixtures that contained CI~ without H,O,,
whereas it polymerized the lignin in reaction mixtures that
contained H,O, without CI™ (Fig. 3A). This result reflects the
fact that heme CPO in the absence of Cl~ exhibits a general
peroxidase activity (3), which is expected to catalyze coupling
reactions between phenolic structures in lignin. By contrast,
depolymerization was the predominant fate of the lignin in
heme CPO-catalyzed reaction mixtures that contained both
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TABLE 1. Products generated in the reaction of model I with vanadium CPO
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Compound Yield (%)" Mass spectrum (m/z, relative intensity)®
I“ 2.6 432 (M, 8), 209 (14), 181 (100)
1I¢ 9.0 468 (M* + 2, 4), 466 (M*, 11), 217, (20), 215 (65), 209 (56), 43 (100)
1 1.5 468 (M* +2, 3), 466 (M™, 8), 245 (2), 243 (6), 181 (100)
v 23.4 504 (M* + 4, 1), 502 (M* +2, 5), 500, (M*, 7), 245 (9), 243 (33), 217 (27), 215 (86), 43 (100)
Ve 25.1 504 (M* + 4, 1), 502 (M™ +2, 4), 500 (M™*, 6), 245 (9), 243 (37), 217, (23), 215 (72), 43 (100)
VI“ 6.1 538 (M* + 4,2),536 (M* +2, 5), 534, (M*, 5), 281 (2), 279 (9), 277 (13), 217 (28), 215 (85), 43
(100)*
VII 2.9 188 (M™ + 2, 37), 186 (M*, 100), 160, (20), 158 (56), 145 (20), 143 (53), 117 (16), 115 (33)
VIII 1.2 224 (M* +4, 10), 222 (M* +2, 56), 220 (M ™, 88), 196 (9), 194 (54), 192 (84), 181 (12), 179 (60), 177

(100), 153 (5), 151 (25), 149 (40)

“ Diacetylated derivatives.

b Percentage of total '*C in HPLC radiochromatogram (Fig. 2).
¢ Diagnostic ions only.

4M* + 6 ion not detected.
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FIG. 3. GPC radiochromatograms showing the molecular weight
distributions of synthetic lignins treated with heme CPO. (A) Results
for phenolic lignin. Dashed line, reaction without H,O, (M,, = 8,329;
M, = 3,673); dotted line, reaction without ClI~ (M,, = 11,838; M, =
4,441); solid line, complete reaction (M,, = 7,662; M, = 1,190). (B) Re-
sults for nonphenolic lignin. Dashed line, reaction without H,O, (M,
= 9,321; M, = 4,316); solid line, complete reaction (M,, = 8,437, M
= 1,700). Elution positions for the tetrameric and monomeric lignin
model compound standards are indicated.

H,O, and CI". Since Cl" is the preferred reductant for CPO,
its ability to reverse the enzyme’s polymerizing activity suggests
that an oxidized chlorine species was the ligninolytic agent in
this experiment. Reactions conducted with vanadium CPO or
HOCI showed that they also depolymerized lignin (data not
shown).

The heme CPO also cleaved synthetic lignin in which the
phenolic structures had been blocked as methyl ethers (Fig.
3B). This result is significant because the chlorine electrophiles
generated by CPOs are expected to be less reactive with aryl
ethers, which comprise most of the linkages in lignin, than they
are with phenols, which are minor structures in the polymer
(4). That is, heme CPO can act as a functional, if inefficient,
analogue of lignin peroxidase (7). Our supplies of vanadium
CPO and permethylated lignin were too small to assess their
reactivity together.

Conclusion. Our results show that fungal CPOs are potential
chlorinators of lignin in plant debris and soil and may thus
account for some of the high-molecular-weight organochlorine
residues that occur naturally. Because they are ligninolytic,
CPOs may also contribute to the slow breakdown of lignin in
soils. CPO activity (1) and H,O, (11, 16) both occur in soils,
and Cl™ is of course ubiquitous in this environment. CPO-
catalyzed ligninolysis provides an interesting biological parallel
to the well-known industrial use of chlorine for wood pulp
delignification (4).
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