
 

Clin Exp Immunol 2003; 

 

134

 

:270–278 doi:10.1046/j.1365-2249.2003.02295.x

 

270

 

© 2003 Blackwell Publishing Ltd

 

Blackwell Science, Ltd

 

Oxford, UK

 

CEIClinical and Experimental Immunology

 

1365-2249Blackwell Publishing Ltd, 2003

 

134
270278
Original Article

A. Huang 
et al.
Correlation of TGF-

 

b

 

1 with DCs and colonic Langerhans cell infiltration

 

Correspondence: Professor Timothy G. Allen-Mersh, Department of
Surgery, Faculty of Medicine, Imperial College School of Science, Tech-
nology and Medicine, Chelsea and Westminster Hospital, 369 Fulham
Road, London SW10 9NH, UK.

E-mail: t.allenmersh@imperial.ac.uk

 

Increased serum transforming growth factor-

  

bbbb

 

1 in human colorectal cancer 
correlates with reduced circulating dendritic cells and increased colonic 

Langerhans cell infiltration

 

A. HUANG, J. W. GILMOUR*, N. IMAMI*, P. AMJADI*, D. C. HENDERSON* & T. G. ALLEN-MERSH

 

 Departments of Surgery 
and 

 

*

 

Immunology, Faculty of Medicine, Imperial College School of Science, Technology and Medicine, Chelsea and Westminster Hospital, 
London, UK

(Accepted for publication 26 August 2003)

 

SUMMARY

 

Cancer-related cytokines may interfere with the differentiation and migration of dendritic cells (DCs)
and with the associated up-regulation of co-stimulatory molecules 

 

in vitro

 

. We determined whether
cytokines affected the distribution and activation of DCs in patients with colorectal cancer by measuring
the levels of serum cytokines [transforming growth factor (TGF)-

 

b

 

1 and vascular endothelial growth
factor (VEGF)], DC numbers and phenotype from peripheral blood and mesenteric lymph nodes drain-
ing the cancer, and the infiltration of DCs into colorectal cancer. A significant increase in the serum level
of TGF-

 

b

 

1 correlated with a significant reduction in the level of circulating DCs in cancer patients that
was associated with an increased infiltration of Langerhans cells into colorectal mucosa. The prevalence
but not intensity of co-stimulatory molecule expression in circulating and mesenteric lymph node DCs
was reduced in patients with colorectal cancer compared to patients with inflammatory bowel condi-
tions. There was no correlation between co-stimulatory molecule expression and serum TGF-

 

b

 

1. Thus
the circulating DC depletion in colorectal cancer could be explained by a TGF-

 

b

 

1-related DC redistri-
bution from the circulation into the colorectal cancer and adjacent mucosa where DC levels were
increased. There was an impairment of DC activation within colorectal cancer that was not related to
serum level of cytokines.
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INTRODUCTION

 

Dendritic cells (DCs) capture antigens in the periphery, and then
process and present them subsequently for recognition during T
helper cell activation within secondary lymphoid organs [1].
Cytotoxic T cells are then recruited to lyse the antigen source [2].
DCs bearing epitopes of the tumour-associated glycoprotein
(TAG-72) and colon-associated antigen have been identified in
mesenteric lymph nodes draining colorectal cancer [3,4], and
increased DC infiltration into the primary tumour is associated
with improved colorectal cancer survival [5]. Although only one
mature DC is required to stimulate 100–3000 T cells 

 

in vitro

 

 [6],
effective 

 

in vivo

 

 antigen-presentation requires a larger quantity

of mature DCs [7]. Both decrease in DC number and impaired
up-regulation of CD40, CD80 and CD86 co-stimulatory mole-
cules may inhibit the DC/T cell interaction, resulting in an atten-
uated T cell response [8] with tumour escape from immunological
control [9].

DCs derive from CD34 positive bone marrow progenitor cells
[10] and reduced circulating DCs have been reported in malig-
nancies of the gastrointestinal tract [11], head and neck, breast and
lung [12]. 

 

In vitro

 

 studies suggest that the cytokines transforming
growth factor (TGF)-

 

b

 

1 [13,14] and vascular endothelial growth
factor (VEGF) [15,16] inhibit DC differentiation and maturation,
and up-regulation of CD40, CD80 and CD86 co-stimulatory
molecules, and also that TGF-

 

b

 

1 polarizes DC progenitor cell dif-
ferentiation towards immature Langerhans cells [17,18]. Thus
tumour-associated release of these cytokines [19,20] might impair
T cell function in colorectal cancer by reducing DC activity.

In the present study in patients with colorectal cancer, we
examined the relationship between serum level of TGF-

 

b

 

1 and
VEGF with levels of circulating and infiltrating DCs, and also
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expression of the DC co-stimulatory molecules CD40, CD80 and
CD86.

 

PATIENTS AND METHODS

 

Patients

 

One hundred and ninety-four patients were studied (colorectal
cancer, 106 patients; large bowel inflammatory conditions, 27; and
‘no-cancer’ controls, 61).

 

Colorectal cancer.

 

Patients with histologically proven adeno-
carcinoma of the colon or rectum who had not undergone che-
motherapy treatment and who did not have active infections at
the time of analysis were included. Blood and tissue samples were
collected from patients undergoing primary tumour resection.
Blood samples were also collected from patients who had under-
gone colorectal cancer resection more than 3 months and less
than 24 months previously but had liver metastases on hepatic
computerized tomographic scan (CT) together with a rising
serum carcinoembryonic antigen level.

Seventy-one patients had primary colorectal cancer (M : F,
41 : 30; mean age, 70 years, interquartile range [iqr] 63–77; pri-
mary tumour stage Dukes’ A, 10 tumours; B, 24; C, 19; stage
unknown, four). Synchronous metastases were identified in 14 of
these patients. In addition, 35 patients who had previously under-
gone primary colorectal cancer resection and had been diagnosed
with liver metastases (M : F, 24 : 11; mean age, 58 years, iqr 55–64;
median liver metastasis volume 158·9 ml, iqr 54·4–511·5), were
also studied.

 

Large bowel inflammatory conditions.

 

Blood and mesenteric
lymph node samples were collected from patients undergoing sur-
gical excision of diverticulitis, ulcerative colitis or Crohn’s disease
who were not receiving immunosuppressant therapy.

Causes of large bowel inflammation in the 27 patients (M : F,
17 : 10; mean age, 55 years, iqr 36–70) were: diverticulitis 10
patients; Crohn’s disease, 11; ulcerative colitis, 6.

 

Controls.

 

Blood was collected from healthy individuals with
no history of cancer, undergoing intermediate surgical procedures
such as herniorrhaphy or haemorrhoidectomy. Colorectal mucosa
was collected from a smaller subset of these ‘no-cancer’ control
subjects undergoing reversal of colostomy procedures or muco-
sectomy for rectal prolapse. Control subjects were followed-up
for a mean of 2 years to determine whether colorectal cancer
developed in this follow-up period.

The sex and age distribution of the 61 ‘no cancer’ control
patients was: M : F, 31 : 30; mean age, 65 years, iqr 59–76.

 

Specimen sampling
Blood.

 

Fifteen ml of peripheral venous blood was taken pre-
operatively and at 6–8 weeks after operation. All preoperative
blood samples were taken in the morning, after overnight fasting
and before any therapeutic intervention including blood transfu-
sion had been initiated. For measurement of circulating DC and
leucocyte levels, 5 ml of blood was collected into an EDTA tube.
For cytokine measurements, the remaining 10 ml of blood was
then collected into a serum separator tube and allowed to clot for
at least 2 h before centrifugation for 20 min at 1000 

 

g

 

. The serum
was then removed and stored at 

 

£-

 

20

 

∞

 

C until use.

 

Mesenteric lymph node.

 

Mesenteric lymph node samples
were collected from the excised colonic or rectal specimen imme-
diately after resection and transported in cold (4

 

∞

 

C) Hanks’s bal-
anced salt solution (HBSS) (Sigma, Poole, UK). After removal of

surrounding fat, half of the lymph node was disaggregated man-
ually through a 50-

 

m

 

m mesh filter (Becton Dickinson, Oxford,
UK). No enzymatic digestion was performed to avoid the loss of
cell surface co-stimulatory molecules. The resulting cellular sus-
pension was layered onto Histopaque®-1077 (Sigma, Poole, UK)
and centrifuged for 20 min (1000 

 

g

 

) at room temperature. Mono-
nuclear cells were collected from the interface and washed twice
in phosphate buffered saline (PBS). Cellular viability was
assessed by trypan blue (0·4%, Sigma, Poole, UK) exclusion, and
was greater than 90% in all cases. Cellular density was adjusted to
2–3 million cells/ml before staining for flow cytometric analysis.
The remaining half of the lymph node was snap-frozen in liquid
nitrogen and stored at 

 

-

 

70

 

∞

 

C until use.

 

Colorectal carcinoma and adjacent mucosa, and control col-
orectal mucosa.

 

At the time of lymph node harvesting, 5 mm

 

3

 

samples from the intraluminal surface of the colorectal cancer,
and from macroscopically normal colorectal mucosa situated at
10–15 cm away from the tumour edge, were removed. Normal col-
orectal mucosa from ‘no-cancer’ control subjects undergoing
reversal of colostomy or mucosectomy for rectal prolapse was
also collected. All samples were snap-frozen in liquid nitrogen
and stored at 

 

-

 

70

 

∞

 

C until use.

 

Dendritic cell assessment
Blood samples.

 

Whole blood (100 

 

m

 

l) was stained directly
with FITC-conjugated antibodies (‘lineage cocktail 1’; 10 

 

m

 

l) reac-
tive against CD3 (clone SK7), CD14 (clone M

 

f

 

P9), CD16 (clone
3G8), CD19 (clone SJ25CI), CD20 (clone L27) and CD56 (clone
NCAM16·2) [21] and PerCP-conjugated anti-HLA-DR antibod-
ies (clone L243, 10 

 

m

 

l) per tube. PE-conjugated anti-CD86 anti-
bodies [clone 2331 (FUN-1), 10 

 

m

 

l] or the isotype-matched
antibody to control for non-specific binding were added to each
tube. All antibodies were obtained from Becton Dickinson,
Oxford, UK.

Circulating DC population (lineage 1

 

–

 

/HLA-DR

 

+

 

 events) and
CD86

 

+

 

 DCs were identified and analysed by an observer (PA)
blinded to the clinical details using flow cytometry as described
previously [22].

 

Mesenteric lymph node samples.

 

100 

 

m

 

l of mononuclear cel-
lular suspensions obtained from lymph node disaggregation were
stained in the same way as for whole blood, except that lysis of
erythrocytes was not required because the latter had been
removed during gradient centrifugation. In addition to staining
with lineage cocktail 1–FITC (10 

 

m

 

l) and HLA-DR-PerCP (10 

 

m

 

l)
antibodies, cells were also stained with CD86 [clone 2331 (FUN-
1), 10 

 

m

 

l], CD80 (clone BB1, 10 

 

m

 

l) or CD40 (clone 5C3, 20 

 

m

 

l)
PE-conjugated antibodies. All the latter antibodies and isotype
controls were obtained from BD PharMingen, Oxford, UK. Anal-
yses of the DC population and the expression of co-stimulatory
molecules were performed as above.

 

Blood leucocyte count measurement

 

Absolute numbers of lymphocytes, monocytes and neutrophils
were measured, in the same EDTA-blood sample used for DC
measurement, by an automated flow cytometric cell analyser
(Coulter

 

®

 

STKS and Coulter

 

®

 

GEN·S

 

TM

 

 systems, Beckman
Coulter, High Wycombe, UK). The lymphocyte, monocyte and
neutrophil populations were differentiated according to cellular
volume, conductivity and laser light scatter, and the absolute
count of each cellular population was measured with reference to
a standard sample.
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Serum TGF-

 

b

 

1 and VEGF measurement

 

Serum cytokines were measured using the quantitative sandwich
ELISA technique according to the manufacturer’s instructions
(Quantikine

 

®

 

; R&D systems, Abingdon, UK). Before assay,
serum for TGF-

 

b

 

1 measurement was activated (according to the
manufacturer’s instructions) with 2·5 N acetic acid/10 

 

M

 

 urea and
neutralized with 2·7 N sodium hydroxide/1 

 

M

 

 HEPES, to release
the active cytokine from the latent complex. The intra-assay varia-
tion was 3·7–7·3% and the interassay reproducibility was 9·8–
12·8%. The minimum detectable TGF-

 

b

 

1 level was 7 pg/ml. The
VEGF immunoassay detected the VEGF

 

165

 

 isoform, and the min-
imum detectable VEGF level was 9 pg/ml.

 

Immunohistochemical staining and quantification

 

Frozen tissues were mounted onto embedding medium, and 4–
6 

 

m

 

m tissue sections were then cut by cryostat. After air-drying
overnight and fixation in absolute acetone, the slides were
stored at 

 

-

 

20

 

∞

 

C until immunohistochemical staining. Endoge-
nous peroxidase activity was quenched for 1 h at room tempera-
ture with 70% methanol containing 0·3% hydrogen peroxide
and non-specific binding was blocked for 1 h at room tempera-
ture with rabbit serum [10% solution in Tris-buffered saline
(TBS)]. Staining for 60 min at room temperature was performed
with murine primary monoclonal antibodies recognizing the fol-
lowing molecules: CD1a (clone O10, IgG

 

1

 

; neat; Serotec,
Oxford, UK), Langerin (clone DCGM4, IgG

 

1

 

; 1/40 dilution;
Immunotech, High Wycombe, UK) and DC-LAMP (clone
104.G4, IgG

 

1

 

; 1/10 dilution; Immunotech, High Wycombe, UK).
Langerhans cells express specifically CD1a (Fig. 1) [23] and Lan-
gerin (CD207, Fig. 1) [24,25], whereas mature DCs express DC-
LAMP (CD208, Fig. 1) [26]. For negative control sections, the
primary antibody was replaced with non-immune mouse serum.
Normal skin, which is abundant in Langerhans and dendritic
cells, was used for positive control sections. Secondary staining
with the rabbit antimouse horseradish peroxidase-conjugated
antibody (IgG; 1/50 dilution; Serotec, Oxford, UK) was per-
formed for 60 min at room temperature. Freshly prepared 0·1%
(w/v) 3,3

 

¢

 

-diaminobenzidine tetrahydrochloride (Fast DAB,
Sigma, Poole, UK) solution containing 5 

 

m

 

l of 30% hydrogen
peroxide was used as a chromogen substrate, and was applied to
slides at room temperature for 10 min. Counterstaining with
Mayer’s haematoxylin (Sigma, Poole, UK) was performed for
30 s.

Positively stained cells were identified as an intensely brown
end-product, using light microscopy (Vickers Instruments, Lon-
don, UK) at a magnification of 400 (

 

¥

 

10 ocular lens, 

 

¥

 

40 objective
lens) surveying an area of 0·196 mm

 

2

 

 per high-power field (hpf).
Twenty high-power fields were counted per section to reduce
sampling error and the density of positively stained cells within
each -power field was scored independently by two observers
(AH and NI), who were unaware of clinical details. However,
infiltrating cells were distributed heterogeneously with some
fields containing many stained cells, whereas others contained
none. To account for this heterogeneity, the average density of
positively stained cells in the 20 hpf was scored as: 0 (0 cells/hpf),
1 (1–5 cells/hpf), 2 (6–10 cells/hpf) and 3 (more than 10 cells/hpf).
There was a 

 

>

 

90% concordance in scoring between the two
observers.

 

Liver metastasis volume

 

In liver metastasis patients, liver metastasis volume was measured
within 3 weeks of blood sampling, by single-contrast enhanced
liver CT scan [27]. In brief, the area of liver metastasis was mea-
sured on each CT slice using a Kontron Elektronik KS100 Version
2·0 image analyser (Kontron Elektronik GmbH, Germany), and
the volume for each slice was then calculated by multiplying the
area by the CT slice thickness. The volumes for all slices were then
summed to obtain a total liver metastasis volume for each patient,
as described previously [28].

 

Statistical analysis

 

When comparing differences in circulating DC levels, a pilot
study of 40 patients suggested a mean DC level of 0·44% for
control patients and 0·34% for cancer patients. A power calcu-
lation indicated that a sample size of 70 in each group would
have a 90% power of detecting a 0·1% mean DC level differ-
ence, assuming a common standard deviation of 0·2 and using
a two group 

 

t

 

-test with 0·05 two-sided significance level. Inter-
group differences were analysed by Mann–Whitney 

 

U

 

-test,
and correlation was measured using Spearman’s correlation
coefficient test. Pre- and postoperative levels were compared
using the Wilcoxon’s signed rank test. Assessment for linear
trend in the relation between circulating DCs or serum cytok-
ine, and CD1a

 

+

 

 and Langerin

 

+

 

 cells was by 

 

ANOVA

 

 linear con-
trast test [29]. 

 

P

 

-values of 

 

<

 

0·05 were considered statistically
significant.

 

Fig. 1.

 

 Langerhans cells express CD1a and Langerin, whereas mature DCs express DC-LAMP.

CD1a+ cells in
colorectal cancer

(x560)

Langerin+ cells in
normal colorectal mucosa

(x560)

DC-LAMP+ cells in
mesenteric lymph node

(x560)
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Ethical approval and consent

 

The study was approved by the Chelsea and Westminster Hospital
Ethics Committee, and all patients gave informed consent before
participation.

 

RESULTS

 

Circulating dendritic cell levels

 

Circulating DC levels were significantly lower in colorectal cancer
patients than in ‘no-cancer’ control subjects or patients with
inflammatory bowel conditions (Table 1). Circulating DC levels
increased significantly by 6–8 weeks from primary tumour resec-
tion to reach similar levels to those found in ‘no-cancer’ controls,
in patients undergoing complete colorectal cancer resection but
not in patients known to have residual colorectal cancer (Fig. 2).
There was no significant difference (Mann–Whitney 

 

U

 

-test, 

 

P

 

 

 

=

 

0·84) in circulating DC levels between colorectal cancer patients
with a primary tumour but without liver metastases (

 

n

 

 

 

=

 

 53,
median 0·25%, iqr 0·20–0·38), and those with liver metastases in

whom the primary tumour had been excised (

 

n

 

 

 

=

 

 7, median
0·25%, iqr 0·24–0·33). There was a significant lymphopenia and no
significant change in the absolute numbers of monocytes or neu-
trophils in cancer patients compared with control subjects
(Table 1).

 

Dendritic cells within the primary tumour, adjacent colorectal 
mucosa and locally draining lymph nodes in colorectal cancer

 

Langerhans cellular density within the primary tumour and adja-
cent colorectal mucosa was significantly higher than in colorectal
mucosa from ‘no-cancer’ controls (Table 2). Mature DC-LAMP

 

+

 

cellular infiltration within the primary tumour was significantly
higher than in adjacent colorectal mucosa, and in colorectal
mucosa from ‘no-cancer’ controls (Table 2).

Very few Langerhans cells were found within the lymph nodes
draining primary colorectal cancer [CD1a

 

+

 

 cells: 

 

n

 

 

 

=

 

 41, median
density 0 (iqr 0); Langerin

 

+

 

 cells: 

 

n

 

 

 

=

 

 41, median density 0 (iqr 0)],
but greater numbers of mature DC-LAMP

 

+

 

 cells were identified
[

 

n

 

 

 

=

 

 41, median density 2 (iqr 1–3)]. There was no difference

 

Table 1.

 

Circulating dendritic cells (DCs) in colorectal cancer patients, ‘no-cancer’ control subjects and patients with inflammatory bowel conditions

Patients with
colorectal cancer

(

 

n

 

 

 

= 

 

78)
(group a)

‘No-cancer’
control subjects

(

 

n

 

 

 

= 

 

61)
(group b)

Patients with
inflammatory

bowel conditions
(

 

n

 

 

 

= 

 

27)
(group c)

Intergroup differences:
Mann–Whitney 

 

U

 

-test (

 

P

 

-value)

a 

 

versus

 

 b a 

 

versus c b versus c

Circulating DCs (%) 0·25 (0·21–0·38) 0·41 (0·33–0·51) 0·36 (0·24–0·59) 0·0001 0·01 0·30
Monocytes (¥109/l) 0·5 (0·4–0·7) 0·5 (0·4–0·6) 0·7 (0·5–0·8) 0·52 0·005 0·0004
Lymphocytes (¥109/l) 1·3 (0·9–1·6) 1·8 (1·5–2·5) 1·3 (0·9–2·7) 0·0001 0·09 0·06
Neutrophils (¥109/l) 4·5 (3·6–5·9) 3·7 (3·2–5·1) 6·1 (4·9–9·3) 0·08 0·004 0·0002
CD86+ DCs prevalence (%) 37 (25–46) 39 (22–48) 57 (34–68) 0·85 0·0008 0·001
CD86+ DCs immunofluorescence

(mean fluorescence intensity)
192·4 (146·0–282·0) 173·1 (137·1–219·8) 173·8 (140·4–347·2) 0·06 0·85 0·23

Circulating DCs[lineage 1 negative (CD3¯, CD14¯, CD16¯, CD19¯, CD20¯, CD56¯) and HLA-DR positive cells] in peripheral venous blood were
identified by flow cytometry, and expressed as a percentage of circulating leucocytes. Absolute numbers of lymphocytes, monocytes and neutrophils were
measured, in the same blood sample used for DC measurement, by an automated flow cytometric cell analyser with reference to a standard sample. CD86
positive DCs (prevalence and intensity of immunofluorescence) were defined from the DC population using the appropriate isotype control. All values
shown are medians and interquartile ranges, and all analyses were performed using the Mann–Whitney U-test. P <0·05 was considered significant.

Fig. 2. The level of circulating DCs increased at 6–8 weeks after primary tumour resection in colorectal patients without residual disease
(Wilcoxon’s signed rank test, n = 31, P = 0·0002) compared with those with residual disease (n = 10, P = 0·41) and with ‘no-cancer’ controls
(n = 41, P = 0·94). Pre = preoperatively; Post = 6–8 weeks postoperatively; bars represent median and interquartile range. *Wilcoxon’s signed
rank test.
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between the number of mature DC-LAMP+ cells within lymph
nodes with metastases and those without (Mann–Whitney U-
test >0·5). CD1a+, Langerin+ and DC-LAMP+ cellular densities
within the primary colorectal cancer did not correlate (ANOVA

test for linear contrast, P >  0·05) with their densities within adja-
cent colorectal mucosa or the locally draining lymph node.

There was a significant inverse relationship (ANOVA test for
linear contrast, P < 0·0001) between circulating DC levels and
Langerhans (CD1a+ and Langerin+) cellular densities within col-

orectal mucosa adjacent to colorectal cancer (Fig. 3), but not
within the cancer itself (CD1a+ cells: P = 0·94, Langerin+ cells: P =
0·15, n = 43 patients). There was no association between circulat-
ing DC level and DC-LAMP+ cellular density in the cancer
(P = 0·85, n = 43 patients), in adjacent colorectal mucosa
(P = 0·49, n = 44 patients) or in locally draining lymph nodes
(P = 0·36, n = 41 patients).

Serum TGF-b1
Serum TGF-b1 levels were increased significantly (Mann–Whit-
ney U-test, P <0·0001) in colorectal cancer patients (n = 64,
median 30·05 ng/ml, iqr 24·29–36·98) compared with controls
(n = 33, median 6·92 ng/ml, iqr 0–16·29). Increased serum TGF-
b1 correlated significantly with reduced circulating DCs in col-
orectal cancer patients, but not in ‘no-cancer’ control subjects
(Fig. 4).

Liver metastasis patients had significantly higher (Mann–
Whitney U-test, P = 0·001) serum TGF-b1 levels (n = 40, median
33·34 ng/ml, iqr 25·30–38·13) than colorectal cancer patients with-
out detectable metastases (n = 24, median 24·67 ng/ml, iqr 16·91–
33·03), and there was a significant correlation between colorectal
liver metastasis volume and serum TGF-b1 (Spearman test, n = 32
patients, r = 0·36, P = 0·04, 95% CI = 0·02–0·63).

Increased serum TGF-b1 was associated significantly with the
appearance of CD1a+ (Mann–Whitney U-test, P = 0·003, n = 21
patients) and Langerin+ (Mann–Whitney U-test, P = 0·0006, n = 21
patients) cells within colorectal mucosa adjacent to colorectal
cancer, but not with increased CD1a+ or Langerin+ cell density
(ANOVA test for linear contrast, CD1a+ cells, P = 0·29; Langerin+

cells, P = 0·07).
Serum TGF-b1 levels did not correlate significantly with

CD1a+, Langerin+ and DC-LAMP+ cell identification (n = 21
patients) or density (n = 21 patients) within the primary colorectal
cancer. Serum TGF-b1 level also did not correlate with DC-
LAMP+ cell identification (n = 21 patients) or density (n = 21
patients) within mesenteric lymph nodes draining colorectal
cancer.

Serum VEGF
Serum VEGF levels were increased significantly (Mann–Whitney
U-test, P = 0·03) in colorectal cancer patients (n = 35, median

Table 2. Infiltration of Langerhans (CD1a+ and Langerin+) cells and mature (DC-LAMP+) dendritic cells in colorectal cancer, adjacent non-cancerous 
colorectal mucosa and normal colorectal mucosa from ‘no-cancer’ control subjects

Patients with
colorectal cancer

(group a)

Adjacent non- 
cancerous mucosa

from colorectal
cancer patients

(group b)

Normal colorectal
mucosa from

‘no-cancer’ controls
(group c)

Intergroup differences:
Mann–Whitney U-test (P-value) 

a versus b a versus c b versus c

Number of patients 43 44 8
CD1a+ cells score 1 (1–3) 1 (0–2) 0 (0–1)  0·27 0·003 0·03
Langerin+ cells score 2 (1–3) 1 (0–2) 0 (0)  0·14 0·0002 0·005
DC-LAMP+ cells score 2 (1–3) 0 (0) 0 (0–0·5) < 0·0001 0·0001 1

Langerhans cells and DCs in frozen tissue sections were identified by indirect single immunoperoxidase staining using primary antibodies recognizing
CD1a, Langerin and DC-LAMP. The overall density of infiltration of stained cells in the sections was scored as: 0 (0 cell/high-power field), 1 (1–5 cells/
high-power field), 2 (6–10 cells/high-power field) and 3 (>10 cells/high-power field). All values shown are medians and interquartile ranges, and all analyses
were performed using the Mann–Whitney U-test. P < 0·05 was considered significant.

Fig. 3. There was a correlation between reduced circulating dendritic cells
and an increased density of Langerhans cell infiltration (0 = 0 cells/high-
power field, 1 = 1–5 cells/high-power field, 2 = 6–10 cells/high-power field
and 3 = more than 10 cells/high-power field) of CD1a+ (ANOVA test for
linear contrast, P <0·0001, n = 44) and Langerin+ (P < 0·0001, n = 44) within
the non-cancerous mucosa adjacent to colorectal cancer. One explanation
for this is that a cancer-related increase in local levels of TGF-b1 resulted
in DC redistribution from the circulation into the peri-tumoural tissues.
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388·08 pg/ml, iqr 181·98–662·37) compared with controls (n = 34,
median 205·13 pg/ml, iqr 104·39–469·78). No significant correlation
was found between serum VEGF and circulating DCs in colorectal
cancer  patients  (Spearman’s  test,  n  =  35,  r  =  -0·13, P =  0·47,
95%  CI = -0·44–0·21)  or  in  control  subjects  (n = 34, r = -0·30,
P = 0·09, 95% CI = -0·58–0·05). Similarly, the serum level of VEGF
did not correlate with CD1a+, Langerin+ and DC-LAMP+ cellular
identification or density within the primary colorectal cancer, adja-
cent colorectal mucosa or mesenteric lymph nodes.

Dendritic cell co-stimulatory molecule expression, and
serum cytokines
The prevalence and immunofluorescent intensity of CD86+ circu-
lating DCs were not significantly different between colorectal
cancer patients and ‘no-cancer’ control subjects. Circulating
CD86+ DCs were identified significantly more frequently in
patients with bowel inflammation than in colorectal cancer or
control patients (Table 1).

The prevalence of CD40+, CD80+ or CD86+ DCs within local
lymph nodes draining primary colorectal cancer was significantly
lower than within nodes draining inflammatory bowel conditions
(Table 3). However, CD40+, CD80+ and CD86+ DC immunofluo-
rescent intensities were significantly higher in nodes draining col-
orectal cancer than inflammation (Table 3).

There  was  no  significant  correlation  (Spearman’s  test,
P > 0·05) between the prevalence and immunofluorescent inten-
sities of circulating or lymph node CD40+, CD80+ and CD86+ DCs,
and the serum level of TGF-b1 and VEGF from patients with col-
orectal cancer.

DISCUSSION

Circulating DC levels in the presence of colorectal cancer were
reduced to about 60% of control levels, as reported in patients

with other solid malignancies [11,30], and complete colorectal
cancer removal restored circulating DC levels to the normal
range. As one mature DC stimulates 100–3000 T cells [6], this
reduction could impair in vivo antigen-presentation [7]. Although
control subjects were not investigated to exclude occult cancer,
the younger mean age and 2-year cancer-free follow-up suggested
that control patients were unlikely to have harboured an occult
cancer at the time of phlebotomy.

Circulating DC depletion was observed both in primary col-
orectal cancer patients without liver metastases and also in
patients with colorectal liver metastases in whom the primary
tumour had been excised. This suggested that the circulating DC
depletion was independent of the site of the colorectal cancer.
Although measuring the frequency of DCs as a percentage of all
leucocytes may underestimate the true level, the absence of a sig-
nificant increase in monocytes and neutrophils and the lymphope-
nia in cancer patients compared with control subjects was more
consistent with an absolute rather than a relative circulating DC
reduction. This circulating DC reduction was associated with an
increase in Langerhans (CD1a+ and Langerin+) cells within
mucosa adjacent to the primary colorectal cancer. Although there
is no direct evidence that infiltrating Langerhans cells are derived
from circulating DCs, the high level of MHC class II expression in
both [23] and their capacity for maturation suggest that they are
both immature DCs.

As reported reviously, serum TGF-b1 [19,20] and VEGF
[31,32] levels were increased significantly in colorectal cancer
patients. The correlation of serum TGF-b1 levels with liver
metastasis volume in the present study and the reported associa-
tion between plasma TGF-b1 level and tumour mRNA expression
[20] are consistent with the tumour being a source of TGF-b1.
TGF-b1 suppresses mature DC differentiation in murine marrow
culture [14] and prevents Langerhans cell maturation [13]. In the
present study, increased serum TGF-b1 but not VEGF levels

Table 3. Expression of co-stimulatory molecules in dendritic cells (DCs) from mesenteric lymph nodes in colorectal cancer patients, ‘no-cancer’ control 
subjects and patients with inflammatory bowel conditions

Patients with
colorectal cancer

(group a)

‘No-cancer’
control subjects

(group b)

Patients with
inflammatory

bowel conditions
(group c)

Intergroup differences:
Mann–Whitney U-test (P-value) 

a versus b a versus c b versus c

Number of patients 33 3 12
CD40+ DCs prevalence (%) 6·0 7·1 22·0 0·84 0·0001 0·02

(4·0–10·0) (4·1–9·5) (16·0–25·0)
CD40+ DCs immunofluorescence 274·0 342·2 140·9 0·47 0·007 0·10

(mean fluorescence intensity) (191·3–339·1) (220·4–350·3) (94·8–236·0)
CD80+ DCs prevalence (%) 3·0 1·4 13·7 0·06 0·0001 0·009

(2·0–4·5) (0–1·6) (7·5–21·0)
CD80+ DCs immunofluorescence 165·7 183·9 83·4 0·75 0·004 0·77

(mean fluorescence intensity) (130·6–215·6) (0–185·5) (53·9–148·9)
CD86+ DCs prevalence (%) 15·5 4·0 40·0 0·05 0·0001 0·009

(10·0–21·0) (4·0–12·0) (34·5–54·0)
CD86+ DCs immunofluorescence 255·0 241·8 153·5 0·74 0·04 0·15

(mean fluorescence intensity) (190·2–342·0) (207·9–421·7) (142·6–278·1)

DCs[lineage 1 negative (CD3¯, CD14¯, CD16¯, CD19¯, CD20¯, CD56¯) and HLA-DR positive cells] in mononuclear lymph node suspensions were
identified by flow cytometry, and the prevalence and intensity of immunofluorescence of CD40, CD80, CD86 positive DCs were defined from the DC
population using the appropriate isotype control. All values shown are medians and interquartile ranges, and all analyses were performed using the Mann–
Whitney U-test. P < 0·05 was considered significant.
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correlated with reduced circulating DC levels in colorectal cancer
patients and not in healthy controls.

TGF-b1 also promotes in vitro Langerhans cell differentiation
[18,33,34] from CD34-positive progenitors by preventing precur-
sor cell apoptosis [35]. In the present study, there was an increase
in Langerhans and mature DCs in both primary colorectal cancer
and adjacent mucosa, compared with colorectal mucosa from ‘no-
cancer’ control patients. Increased serum TGF-b1 was associated
with the appearance of Langerhans cells in mucosa adjacent to
colorectal cancer. One explanation for these findings is that a can-
cer-related increase in local levels of TGF-b1 resulted in DC
redistribution from the circulation into the tumour and adjacent
mucosa. Measurements of local TGF-b1 levels would be required
to demonstrate this association. Other cancer-related effects on
mucosa adjacent to colorectal cancer, for example in mucin struc-
ture [36], have been identified previously. Studies of the influence
of distance from the primary tumour on mucosal Langerhans cell
density and of colorectal mucosal Langerhans cell density in col-
orectal liver metastasis patients in whom the primary tumour has
been resected would help to determine whether this was a local
tumour-related effect on adjacent mucosa. The findings were con-
sistent with a TGF-b1-induced DC redistribution from the circu-
lation into the primary colorectal cancer and adjacent mucosa, by
polarization of DC progenitor cells towards differentiating into
immature Langerhans cells [17,18]. Further examination of the
relationship between serum TGF-b1 and CD1a+/Langerin+

cellular infiltration in skin specimens from colorectal cancer
patients would determine whether this was a tumour-specific
phenomenon.

It has been reported that serum TGF-b1 levels in a heteroge-
neous group of cancer patients did not correlate with the number
of immature DCs derived from culture of peripheral blood mono-
nuclear cells from the same patients [12]. However, serum TGF-
b1 was not elevated in most of the advanced cancer patients in this
study, in contrast to the present study where 85% of colorectal
cancer patients had elevated serum TGF-b1 levels - with a
greater than fourfold increase in mean TGF-b1 level - compared
with control patients. Thus the effect of TGF-b1 on DCs may be
observed at elevated levels only, accounting for the lack of rela-
tionship between serum TGF-b1 level and circulating DCs in ‘no-
cancer’ control subjects.

It has also been suggested that increased serum VEGF is asso-
ciated with an increase in culture-derived immature DCs [12].
Because stress from culture may activate DCs directly [37], anal-
ysis of unmanipulated DCs - as in the present study - may be
more representative of the in vivo DC population. Increased
serum VEGF levels have also been associated with reduced cir-
culating DCs in patients with various solid malignancies [38].
However, the mean serum VEGF level in these patients was more
than fivefold higher [38] than in the healthy control patients in the
present and other studies [31,32]. Consistent with the present
study, previous studies [38] have not demonstrated an association
between serum VEGF and circulating DCs at the serum VEGF
levels (less than double those of healthy controls) that have been
reported [31,32] in association with advanced colorectal cancer.

Clot formation during blood sampling induces platelet and
neutrophil activation resulting in the non-uniform release of
VEGF [39]. As platelets and neutrophils contain high VEGF lev-
els, it has been suggested that tissue VEGF levels are more accu-
rately reflected by plasma than serum levels [40]. Thus the
absence of a correlation between serum VEGF and circulating

DCs in the present study may not exclude a relationship between
circulating VEGF and circulating DCs. However, nonuniform
VEGF release is reduced [41] by allowing whole blood samples to
clot for between 2 and 6 h before serum is collected, as performed
in the present study. In addition, preoperative serum VEGF has
been shown to be a stronger predictor of colorectal cancer sur-
vival than plasma VEGF [42], suggesting some relationship
between serum levels and tumour behaviour. Studies of plasma
VEGF levels are required to determine whether the lack of asso-
ciation between circulating DCs and serum VEGF indicates that
circulating DC levels are independent of circulating VEGF.

The prevalences of DCs expressing CD40, CD80 and CD86
within the blood and lymph nodes of colorectal cancer patients
were similar to ‘no-cancer’ control patients, and lower than those
in patients with inflammatory bowel conditions. A limitation of
this study is that it was possible to obtain only three ‘no-cancer’
control lymph nodes for examination. Truly noncancerous and
non-inflammatory mesenteric lymph nodes may be impossible to
obtain in large numbers from healthy volunteers. A further limi-
tation is that there may be differences within the heterogeneous
group of inflammatory colonic conditions that we included within
the ‘inflammatory’ group within this study. A larger, separate
study would be required to further evaluate this for different vari-
eties of inflammation.

Nevertheless, the apparent failure of DC up-regulation in can-
cer patients appeared to be incomplete, since immunofluorescent
intensity was higher in blood and lymph node DCs from patients
with colorectal cancer than patients with colonic inflammation.
This could explain the previous contradictory findings where DCs
expressing co-stimulatory molecules were identified in human
colorectal cancer [43], while an earlier study did not identify up-
regulated DCs [44]. The difference may be explained by a lower
prevalence rather than absence of activated DCs in colorectal
cancer. Although an increased presence of DC-LAMP+ cells was
present within the tumour tissue, DC-LAMP expression is asso-
ciated with antigenic uptake by DCs and not necessarily the acti-
vation of co-stimulatory molecules [26].

It has been suggested that in vitro TGF-b1 [13,45] and VEGF
[15,46] interfere with co-stimulatory molecule up-regulation. We
did not find a correlation between serum level of these cytokines
and levels of CD40+, CD80+ or CD86+ DCs in blood or mesenteric
lymph nodes. Although serum cytokine levels may not reflect
accurately their activity in the tumour microenvironment [47], the
present findings are consistent with factors other than serum level
of cytokines influencing in vivo expression of DC co-stimulatory
molecules. Although DCs penetrate the gut epithelium to sample
luminal antigens [48], failure of cancer antigens to reach DCs is
unlikely to be a factor because DCs bearing such antigens are
present in the draining lymph nodes [3,4]. Tumour-related inhibi-
tion of DC co-stimulatory molecule up-regulation may be due to
the lack of appropriate activation signals [49].

Thus the circulating DC depletion in colorectal cancer could
be explained by a TGF-b1-related DC redistribution from the cir-
culation into the colorectal cancer and adjacent mucosa where
DC levels are consequently increased. There appeared to be an
impairment of DC activation within colorectal cancer that was not
related to serum levels of TGF-b1 or VEGF. One explanation
could be that continuous antigen delivery by DCs draining from
the tumour to lymph nodes resulted in peripheral T cell tolerance
[50], with attenuation of DC/T cell interaction and T cell
dysfunction [8].
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