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ABSTRACT Supported lipid bilayers are widely used as model systems due to their robustness. Due to the solid support, the
properties of supported lipid bilayers are different from those of freestanding bilayers. In this article, we examine whether different
surface treatments affect the properties of supported lipid bilayers. It will be shown that depending on the treatment method, the
diffusion of the lipids can be adjusted approximately threefold without altering the composition. Additionally, as the bilayer-support
interaction decreases, it becomes easier to form coexisting liquid-ordered and liquid-disordered domains. The physical/chemical
alterations that result from the different treatment methods will be discussed.

INTRODUCTION

Supported lipid bilayers are useful model systems for

investigating membrane mediated processes, as they maintain

the basic structural and dynamic properties of free bilayers

(1). They can be formed by vesicle fusion or by the Langmuir-

Blodgett (LB)/Langmuir-Schäfer (LS) technique. In either

case, an ;0.5- to 1.5-nm-thick water layer is trapped between

the bilayer and the support (2–6). The lipids are held close to

the surface via hydration, electrostatic, steric, and van der

Waals forces (7). The coupling of the bilayer to the solid

support affects the membrane properties; the lipids diffuse

approximately fivefold more slowly (8) and domains do not

easily form (9). In this article, it will be shown that the

coupling can be tuned by altering the treatment of the solid

support, independent of lipid composition.

Supported lipid bilayers form on a variety of different

surfaces, including oxidized gold (10), polymers (11), self-

assembled monolayers (12), titanium dioxide (13), oxidized

poly(dimethylsiloxane) (PDMS) (14,15), and solid silica

surfaces, including mica (16), quartz (2,17), and glass (18).

Glass surfaces tend to be the substrate of choice, especially

for microscopy. A variety of different treatment methods are

used on the glass substrates before bilayers are formed.

Typically the substrates are first soaked in a detergent solu-

tion to remove silica dust and any organic material, then the

substrates are more aggressively treated using a variety of

different techniques, including baking (2,19) and chemical

etching (e.g., piranha etching) (20). These treatments will

affect the physical/chemical properties of the substrate and,

consequently, the bilayer-support coupling.

To determine how sensitive the bilayer-support interac-

tion is to treatment method, we examined: 1), the diffusion

of lipids in bilayers on differently treated supports; and 2),

the effect that treatment method has on the ability to form

coexisting liquid-ordered (lo) and liquid-disordered (ld) do-

mains. Over the range of surface treatments examined, the

lipid diffusion, of the same composition, could be modulated

approximately threefold. From the diffusion coefficient, the

frictional coefficients were determined for each treatment

method. On the surface that gave rise to the fastest diffusion

and lowest frictional coefficient, it was possible to form

coexisting lo/ld domains. To our knowledge, this is the first

time large circular lo domains have been observed on lipid

bilayers on glass supports made via vesicle fusion. As will

be discussed, by paying attention to how the support is

treated it is possible to significantly ameliorate the effect of

the support.

EXPERIMENTAL SECTION

Materials

1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), 1,2-dipalmitoyl-sn-glycero-

3-phosphocholine (DPPC), cholesterol, and 1-palmitoyl-2-[6-[(7-nitro-2-1,3-

benzoxadiazol-4-yl)amino]hexanoyl]-sn-glycero-3-phosphocholine (NBD-PC)

were purchased from Avanti Polar Lipids (Alabaster, AL). N-(Texas Red

sulfonyl)-1,2-dihexadecanoyl-sn-glycero-3-phosphoethanolamine(TR-

DHPE) and CoverWell perfusion chamber gaskets were purchased from

Invitrogen-Molecular Probes (Eugene, OR). Glass slides, 22 3 30 #1.5 were

purchased from Fisher Scientific (Waltham, MA). ICN 7X detergent was

purchased from ICN (Costa Mesa, CA).

Vesicle preparation

Appropriate mixtures of lipids in chloroform were dried under N2(g) and

placed under vacuum for 1 h. Large unilamellar vesicles (LUVs) were

formed by reconstituting the lipid film in 18 MV-cm water and extruding

through a polycarbonate membrane with 50-nm pores a minimum of 21

times. The resulting LUVs were centrifuged at 14,000 rpm for 5 min

(MiniSpin Plus, Eppendorf, Melville, NY).

Substrate preparation

Solid glass supports were detergent cleaned by washing in a dilute solution

of ICN 7X detergent for at least 10 min, rinsed excessively in 18 MV-cm
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water, and dried under a stream of N2(g) before any additional surface

treatment. Annealed glass slides were baked at 450�C for 4 h; the slides were

used within 1 h. Piranha-etched glass slides were treated for varying times

(5, 20, 40, and 60 min) in a solution of 4:1 (v/v) concentrated sulfuric acid

(H2SO4) and 30% hydrogen peroxide (H2O2), rinsed excessively in 18 MV-

cm water, and dried under a stream of N2(g); the slides were used within a

few minutes after treatment.

Supported lipid bilayers

Bilayers were formed by vesicle fusion on glass surfaces (18,19). Samples

were sandwiched using a coverslip, placed on a homebuilt Delrin sample

holder, and kept fully hydrated, using 18 MV-cm water, during analysis.

Bilayers were imaged using a Nikon TE2000-U fluorescence microscope

equipped with a 403 or 1003 oil immersion objective, NBD filter sets

(Chroma Technology, Bellows Falls, VT) and a Cascade 650 CCD camera

(Photometrics, Roper Scientific, Trenton, NJ).

Fluorescence recovery after
photobleaching (FRAP)

The FRAP measurements are discussed in detail elsewhere (21). Briefly,

a Nikon TE2000-U fluorescence microscope equipped with a 403 oil

immersion objective, an NBD filter set (Chroma Technology), and a silicon

avalanche photodiode. A single photon counting module (SPCM-AQR-16-

FC, PerkinElmer, Vaudreuil, Quebec) was used to focus, collect, and count

the emitted fluorescence. A 25-mW Argon ion laser (488 nm, Melles Griot,

Carlsbad, CA) was used to both bleach and monitor the lipid bilayer. The

bilayers were bleached to background levels (bleach spot radius was 10.6

mm) in 1 s. To reduce further photobleaching of the fluorophore during the

recovery period, the laser intensity was reduced 100,000-fold using a 53

(focal transmission of 1 3 105) neutral density filter (NE50B, Thorlabs,

Newton, NJ). A LabVIEW program was used to acquire the counts from the

avalanche photodiode, control the filter wheel, and trigger the shutter

(Uniblitz, Rochester, NY). The fitting of FRAP data to obtain a diffusion

coefficient has been discussed in detail elsewhere (22,23). All experiments

were conducted at 22�C and the percent fluorescent recovery measured for

all experiments was $95%.

X-ray photoelectron spectroscopy (XPS)

XPS data were obtained by a Kratos Ultra DLD spectrometer (Manchester,

UK) using monochromatic Al K alpha radiation (1486.58 eV). The narrow-

region spectra were collected at fixed analyzer pass energy of 20 eV, re-

spectively. A commercial Kratos charge neutralizer was used to achieve a

resolution of 1.0–1.2 eV.

Atomic force microscopy (AFM)

AFM measurements were carried out on a Veeco/Di Multimode AFM in

tapping mode using oxide sharpened silicon tips (Micromash/NSC15)

having a nominal tip radius of ,10 nm and a typical resonance frequency of

300–340 KHz. All measurements were done under ambient conditions. The

root mean-square (RMS) of height deviations of the individual samples was

determined using the provided analysis software (RMS ¼ O (+Z2
i =N) ,

where Zi are the z- or height values of the respective pixels and N the overall

number of pixels). Since the tip radius is in the range of 10 nm, convolution

effects have to be considered when interpreting the absolute RMS values of a

single image scan. Since we systematically apply the same tip convolution

error to each measurement, the comparison of the various samples is

reasonable, and the observed trend in RMS change is legitimate.

RESULTS

Effect of surface treatment on diffusion

The choice of solid support treatment has not been well artic-

ulated and seems to have more to do with group history and

ease of use. Herein it will be shown that the surface treatment

has a large effect on lipid fluidity, altering diffusion by ap-

proximately threefold. Diffusion coefficients were determined

using FRAP. Pioneered by Axelrod et al. (22) and reassessed

by Soumpasis (23), methods for calculating the diffusion

coefficients of recovering fluorescent molecules into a cir-

cular bleached region have been well developed. The re-

covery data is fit to the solution of the differential equation

for lateral transport of a molecule undergoing Brownian

motion, using the method of Soumpasis (23):

f ðtÞ ¼ eð�2tD=tÞ½Ioð2tD=tÞ1 I1ð2tD=tÞ�; (1)

where tD is the characteristic diffusion time and I0 and I1 are

modified Bessel functions. The diffusion coefficient can then

be determined from tD using:

D ¼ w
2

4tD

; (2)

where w is the radius of the circular bleach beam and the

fluorescence recovery is assumed to be complete.

A significant problem in acquiring FRAP data is elimi-

nating unwanted photobleaching while monitoring the fluo-

rescence. To resolve this issue, the laser power used for

monitoring is attenuated to 250 nW, a 100,000-fold decrease

compared to the 25-mW bleach laser power. Fig. 1 shows a

FIGURE 1 Typical FRAP recovery data for a DOPC supported lipid

bilayer containing 0.5 mol % NBD-PC with a least-squares fit to Eq. 1.

Residuals for the fit to Eq. 1 are at the top of the graph.
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typical FRAP recovery curve for a DOPC bilayer with 0.5

mol % NBD-PC, along with a least-squares fit to Eq. 1. In the

upper part of Fig. 1 is a plot of the fit residuals. Prebleach

data points (time ,0) are averaged and used to normalize the

recovery data and determine the overall percent recovery. All

FRAP data reported have recoveries $95%. Multiple (min-

imum of four) FRAP experiments are run on a single lipid

bilayer in the same location, and then repeated on a mini-

mum of four different samples. Diffusion values from a

single lipid bilayer are averaged and then weighted-averaged

with the results of their replicates. This repeated interroga-

tion provides diffusion coefficients containing anywhere

from 8 to 16 individual FRAP measurements, with some

measurements being rejected based on x2 values from the

fitted function (21).

The effect that several different treatment methods have

on the diffusion coefficient of DOPC bilayers, labeled with

0.5 mol % NBD-PC, can be seen in Fig. 2. In all cases, the

slides were placed in warm dilute ICN 7X detergent for 10

min and then rinsed extensively. Further treatment consisted

of baking at 450�C for 4 h or piranha etching (4:1 (v/v)

concentrated sulfuric acid and 30% hydrogen peroxide) for

varying amounts of time. Over the range of treatment

methods an approximately threefold change in the diffusion

coefficient is observed, with lipids on the baked slides mov-

ing the slowest and those on the 5-min-etched slides moving

the fastest.

Effect of surface treatment on domain formation

Domains form easily in giant unilamellar vesicles. They are

observed to move and, in the case of liquid-ordered domains,

merge with one another (24,25). In contrast, domains form

much less readily in bilayers on solid supports (9,26,27) and

the thermal history of the sample matters; to form gel phase

domains on mica, the bilayer needs to be heated above the

phase transition temperature (Tm) and cooled slowly back

down (26,27). Given that treatment method affects the dif-

fusion, we wanted to examine whether it has a concomitant

effect on the ability to form lo domains.

Bilayers containing DOPC/DPPC/cholesterol/TR-DHPE

mixtures that are known to form lo domains at room tem-

perature (25) were formed on both etched and baked slides.

Domains visible by epifluorescence microscopy were ob-

served more frequently in bilayers on etched slides (;67%)

than in bilayers on baked slides (;50%). In most cases,

domains were only visible if the samples were heated above

the Tm and cooled back down to room temperature; only a

small percentage of cases (;5%) showed observable do-

mains on the etched slides without heating. The statistics on

domain formation were obtained from a minimum of 35

individual samples. In general, our ability to form domains

on the 5-min-etched slides was only slightly better than on

the slides etched for longer times, so to increase the sample

size, the etched samples were clustered together. Fig. 3

shows a bilayer consisting of 2:1 DOPC/DPPC with 15 mol

% cholesterol, 0.1 mol % TR-DHPE mixture, on a piranha-

etched glass slide, after being heated at 60�C for 1 h. The

lo regions are dark in appearance due to the preferential

FIGURE 2 Diffusion coefficients of DOPC supported lipid bilayers,

containing 0.5 mol % NBD-PC on solid glass supports, plotted as a function

of piranha-etched surface treatment time (open squares). Plotted at t ¼ 0 are

the diffusion coefficients of supported lipid bilayers on baked slides (open
triangle) and on detergent-only slides (open circle).

FIGURE 3 Epifluorescence image of a supported lipid bilayer containing

2:1 DOPC/DPPC with 15 mol % cholesterol and 0.1 mol % TR-DHPE on

a piranha-etched glass slide, after heating at 60�C for 1 h. The image is

35 mm 3 35 mm and was acquired at room temperature.
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separation of the TR-DHPE into the ld regions (25). Closer

analysis of the lo regions shows that not all of the TR-DHPE

has depleted out. To confirm that the domains were lo, as

opposed to defects or gel-phase domains, they were photo-

bleached, and a fast recovery was observed. Unlike in giant

unilamellar vesicles, the domains observed on solid supports

were not mobile.

Effect of surface treatment on chemical/physical
properties of the surface

Both baking and piranha etching further clean the substrate

surface, removing dirt/dust and organic material. Baking at

450�C disrupts the hydrogen-bonded surface silanol net-

work, resulting in an increase in isolated silanol groups sur-

rounded by siloxanes (28). Though the surface still remains

hydrophilic after baking, the decrease in the number of

surface silanols causes an overall reduction in surface hydro-

philicity. Piranha etch, on the other hand, is a strong oxidizer

and will hydroxylate the surface by increasing silanol groups

and Si-O� species on the glass support, making the surface

more hydrophilic.

It is obvious, when working with the different slides, that

the etched slides are more hydrophilic. However, it is not

possible to quantitatively determine the difference, as all of

the treatment methods render the surfaces too hydrophilic for

contact-angle measurements. With XPS, it is possible to ex-

amine the oxidation state of the silicon atoms at and near the

surface. The Si(2p) peak is shown in Fig. 4 for baked, 5-min-

etched, and 20-min-etched slides; the lower the binding

energy, the lower the oxidation state of the silicon (29). The

baked slide is shifted to lower binding energies than either of

the etched slides, in agreement with the statement that baking

reduces the surface silanol groups. The O(1s) peak has also

been examined, and again the etched slides are similar and

differ from the baked slide; however, interpretation is com-

plicated due to the advantageous carbon.

To examine whether etching induced significant rough-

ening of the surfaces, AFM was used. Fig. 5 shows AFM

images and line scans from five different samples; a baked

slide and four slides that have been piranha-etched for vary-

ing amounts of time. The topography of the baked and

5-min-etched slides appears to be fairly similar, whereas a

noticeable roughening can be observed as the etch time is in-

creased. As it is difficult to gauge the differences in rough-

ness strictly from the AFM images and line scans, Table

1 gives the RMS values determined over a 1 mm 3 1 mm

area of the slides (these values come from two independent

measurements). The RMS values confirm the observation

that surface roughness increases with longer etch times, with

the largest topographical difference between the baked slides

and the 40- or 60-min-etched slides. There was no statistical

difference between the RMS values of detergent-cleaned, but

otherwise untreated, slides and the baked slides. Though

there is a measurable difference in surface topography with

etching, the roughening of the support surface is not sig-

nificant enough to disrupt supported lipid bilayer formation,

and the bilayer should have no problem contouring to the

surface (30–32). That the drop in diffusion between the 5-min

and 60-min-etched slides is an artifact due to the increased

surface area can be discounted, as the change in area is

miniscule.

FIGURE 4 X-ray photoelectron spectra of the Si(2p) region. Three treat-

ment methods were examined: baked, 5-min etched, and 20-min etched.

FIGURE 5 AFM line scans and corresponding images of a baked slide

and slides etched for 5, 20, 40, and 60 min. Note: the height scale has been

emphasized to help visualize the small change in surface undulations.
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DISCUSSION

When working with supported lipid bilayers, it is important

that their properties mimic the properties of freestanding

bilayers as closely as possible. The results presented here

show that, to this end, the choice of treatment method is

nontrivial. As an aside, we note that these results may have

another practical implication. There are instances where the

question of the effect of fluidity on biological processes

arises. This question is difficult to address experimentally,

since to alter the diffusion it is necessary to alter the com-

position. The results presented in this article provide a

method to change lipid diffusion without altering the com-

position. Consequently, they may prove to be invaluable for

examining a variety of biological processes.

In the strong coupling limit, diffusion can be related to the

frictional coefficient, bs (33), as follows:

D ¼ kBT

pbsa
2

p

; (3)

where ap is the van der Waals radius of the diffusant (34). For

each treatment method, the frictional coefficient is given,

along with the diffusion coefficient, in Table 2. It is assumed

that ap remains constant; to check that this is the case, we

examined the initial counts in the FRAP experiments. If ap

changes, then the number of labeled lipids within a specific

region will vary. As a result, the initial counts in the FRAP

experiments would be sensitive to this intensity difference.

There is some error in our ability to measure the NBD-PC

when mixed with the DOPC; consequently, each vesicle

sample does not contain exactly 0.5 mol % NBD-PC. Within

this error (615%), the initial counts did not vary from one

treatment method to another, allowing us to conclude that ap

remains constant. The frictional coefficient was observed to

vary from 6 3 107 to 1.8 3 108 dyne s/cm3. In comparison,

the frictional coefficient was observed to vary from 1 3 106

to 6.8 3 109 dyne s/cm3 when polymer supports were used

(34). By exposing the surface to 4:1 (v/v) concentrated

sulfuric acid and 30% hydrogen peroxide for 5 min, it is

possible to reduce the frictional coupling to levels close to

that which can be achieved with polymer supports.

The frictional coefficient can be related to the viscosity of

the water layer:

bs ¼
hw

h
; (4)

where h is the thickness of the water layer (33). On glass, it is

impossible to determine the water-layer thickness. Never-

theless, three possibilities can be contemplated: 1), Assum-

ing a thickness of 1 nm, the viscosity is found to vary from

5.7 Poise on the 5-min-etched slides to 18 poise on the baked

slides; these values are ;1000-fold greater than the viscosity

of bulk water (0.01 poise). 2), If the viscosity is instead fixed,

at 10 poise, then the height varies from 1.7 nm on the 5-min-

etched sides to 0.5 nm on the baked slides; very close to the

reported distance of the bilayer from the surface, 0.5–1.5 nm

(2–6). 3), The height varies, but in a manner opposite to that

in the previous case (the bilayers are closer on the etched

slides than on the baked slides); in this case, the viscosity of

the water layer is less on the baked slides than on the etched

slides (baked, 9.1 poise, assuming 1.7 nm; etched, 9.7 poise,

assuming 0.5 nm).

Previous work examining confined water layers shows

that the viscosity of the water layer is greater when the layer

is trapped between two hydrophilic surfaces than when it is

trapped between a hydrophilic surface and a hydrophobic

surface (35). Simulations show that at short separation, the

number of hydrogen-bond contacts to the surface is greater in

the case of the water confined between the two hydrophilic

surfaces (35). These results indicate that the viscosity of the

water layer trapped between the bilayer and the slide should

be greater when the slides are etched than when they are

baked. This suggests that the third possibility above might be

representative of the effect that treatment has on the water

viscosity. Work is ongoing to explore the structure of the

water layer further. Regardless of the molecular-level details,

the basic observations in this article are of great importance

to anyone working with supported lipid bilayers.

CONCLUSION

The effects that several different treatment methods have on

supported bilayer properties were examined. Over the range

of treatments—baking, detergent-only, and piranha etching—

the lipid diffusion was observed to change approximately

TABLE 1 Surface roughness of glass after various treatments

Treatment RMS (nm) % Increase from flat surface

Detergent-only 0.13 0.4

Baked 0.13 0.4

5-min etch 0.15 0.6

20-min etch 0.22 1.8

40-min etch 0.27 2.4

60-min etch 0.26 2.5

RMS values indicate roughness. Percent increase in surface area is indi-

cated in final column. RMS values were obtained from a 1 mm 3 1 mm area,

as described in the Experimental section.

TABLE 2 Diffusion and frictional coefficient after

various treatments

Treatment Diffusion (mm2/s) Frictional coefficient (dyn s/cm3)

Detergent-only 7.1 6 0.1 7.9 3 107

Baked 3.1 6 0.1 1.8 3 108

5 min etch 9.8 6 0.1 5.7 3 107

20 min etch 7.9 6 0.1 7.1 3 107

40 min etch 7.9 6 0.1 7.1 3 107

60 min etch 8.5 6 0.1 6.6 3 107

To calculate the frictional coefficient, a temperature of 23�C and a particle

radius of 4.8 Å were assumed for DOPC (36).
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threefold. This change in diffusion coefficient was indepen-

dent of composition, as the lipid mixture was held constant.

The fastest diffusion was observed on the surfaces that were

etched for 5 min. These surfaces also gave the lowest fric-

tional coefficient. It was also observed that the surfaces that

gave rise to the fastest diffusion also gave rise to the greatest

probability of observing liquid-ordered domains.
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