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ABSTRACT The muscle intracellular (IC) free glucose
concentration and the rate of muscle glycogen synthesis were
measured by using in vivo 13C and 31P NMR spectroscopy in
normal volunteers under hyperinsulinemic ('300 pM) clamp
conditions at the following three plasma glucose levels: eu-
glycemia ('6 mM), mild ('10 mM), and high ('16 mM)
hyperglycemia. In keeping with biopsy studies, muscle IC free
glucose concentration at euglycemia (20.03 6 0.03 mmolykg
of muscle, mean 6 SEM, n 5 10) was not statistically different
from zero. A small but statistically significant amount of IC
free glucose was observed during mild and high hyperglyce-
mia: 0.15 6 0.08 (n 5 5) and 0.43 6 0.20 mmolykg of muscle
(n 5 5), respectively. Muscle glycogen synthesis rate, in mmol
per kg of muscle per min, was 111 6 11 at euglycemia (n 5 10),
263 6 29 during mild hyperglycemia (n 5 5), and 338 6 42
during high hyperglycemia (n 5 5), these three rates being
significantly different from each other. As previous in vitro
and in vivo studies, these rates suggest a Km (concentration at
which unidirectional glucose transport reaches half-maximal
rate) of the muscle glucose transport system in the 15–25 mM
range under hyperinsulinemic conditions. The low concentra-
tions of muscle IC free glucose observed under hyperinsu-
linemic conditions were interpreted, with this estimate and in
the framework of metabolic control theory, as glucose trans-
port being the predominant step controlling muscle glucose
f lux not only at euglycemia but also during hyperglycemia.

Insulin accelerates transmembrane glucose transport in insu-
lin-sensitive tissues, mainly by recruiting GLUT-4 glucose
transporters from an intracellular pool (1). Because skeletal
muscle has been shown to be the principal site of insulin
resistance, transmembrane glucose transport has been pro-
posed as a potential step for causing skeletal muscle insulin
resistance (2, 3). It is noteworthy that the mechanism of insulin
signaling leading to GLUT-4 recruitment is complex (4), and
a defect in any component of this pathway could interfere with
glucose transport and insulin sensitivity. The involvement of
glucose transport in insulin resistance would be strongly
supported if one could determine whether the transport step
controls muscle glucose metabolism in all physiological con-
ditions in healthy subjects. In that case, any reduction in the
transmembrane glucose transport capacity would be indeed
expected to reduce the overall glucose flux. Although trans-
membrane transport is generally accepted as the dominant
step controlling muscle glucose metabolism at euglycemia and
physiological insulinemia (5, 6), some step beyond transport
might become predominant during hyperglycemic hyperinsu-
linemia.

Metabolic control theory provides a systematic framework
for evaluating quantitatively the control exerted on the flux by

an enzymatic step in a pathway (7, 8). In vivo NMR data
suggest that the dominant step controlling muscle glucose flux
during hyperglycemic hyperinsulinemia in the physiological
range is located at the glucose transporter or at the hexokinase
step (9). Recent advances in NMR spectroscopy have allowed
noninvasive measurements of glucose in human muscle (10,
11). Assessment of intracellular (IC) free glucose would allow
discrimination between the roles played by the above-
mentioned steps, because the absence of IC free glucose would
be a direct evidence of glucose transport being the major
flux-controlling step for muscle glucose disposal. We report
herein the quantitation of IC free glucose concentration in
human muscle by using 13C and 31P NMR spectroscopy. Three
different plasma glucose levels were explored during hyper-
insulinemic clamps to provide a quantitative estimate of the
contribution of glucose transport to the control of muscle
glucose flux in normal subjects.

METHODS

Subjects. Seventeen lean healthy men, aged 19–28 years,
with fasting plasma glucose ,6 mM and normal glycosylated
hemoglobin participated in the protocol. The protocol was
approved by the Human Investigation Committee of Kremlin–
Bicêtre School of Medicine, and all participants gave written
consent after explanation of the purpose, nature, and potential
risks of the study. Four experimental groups matched for
weight, body mass index, glycosylated hemoglobin, and age
were studied. Three subjects participated in two different
groups. The characteristics of the groups are summarized in
Table 1.

Experimental Protocol. The experimental protocol con-
sisted of two glucose clamps; the first at a glucose level of '10
mM (groups I and II) or '16 mM (groups III and IV) lasted
2 h and was followed by a euglycemic clamp lasting 1 h,
performed in all groups. Because acquiring 31P and 13C NMR
data simultaneously was not technically feasible on our spec-
trometer, we performed these measurements separately in
different groups. Thus groups I and III were examined by 13C
NMR spectroscopy and groups II and IV were examined by 31P
NMR spectroscopy (see Table 1). Studies were started at the
hour of 0730 after 11–13 h of fasting. A Teflon catheter was
inserted into a vein of each forearm for blood drawing and
glucoseyhormone infusion. After a 15-min basal sampling
period, an infusion of somatostatin (Modustatine, Sanofi,
Gentilly; 0.1 mg per min per kg of body weight) was initiated
at time 210 min and continued throughout the study to inhibit
endogenous insulin secretion. At time 0 min, a primed con-
tinuous infusion of insulin (Actrapid, Novo-Nordisk, Copen-
hagen) was started (6 pmol per min per kg of body weight) and
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plasma glucose was raised to the hyperglycemic goal (either
'10 or '16 mM) by a rapid infusion of 1.11 M glucose. For
groups I and III only, 4 g of [1-13C]glucose (Isotec) was also
infused during the initial bolus. The hyperglycemic plateau was
maintained by means of a variable rate intravenous infusion of
1.11 M glucose (unlabeled for groups II and IV, 15% and 10%
[1-13C]glucose for groups I and III, respectively). Plasma
glucose concentration was determined at 5-min intervals from
arterialized blood and the glucose infusion rate was automat-
ically adjusted by a microcomputer by using algorithms as
described (12). At 120 min, the glucose infusion was inter-
rupted, and plasma glucose concentration was allowed to
decrease to '6 mM. The glucose clamp was then resumed for
1 h at euglycemia (unlabeled glucose for groups II and IV, 34%
[1-13C]glucose for groups I and III). The change in the 13C
enrichment of the glucose infusate in groups I and III was
designed to limit the variation in signal-to-noise ratio of the
glucose 13C NMR C1 resonances throughout the study. Arte-
rialized blood samples were taken every 15 min for measure-
ment of plasma insulin and glucose 13C enrichment (groups I
and III only).

NMR Spectroscopy. During the measurements, the subjects
remained supine within an NMR spectrometer (Bruker; 72-cm
free bore, 3 T). For subjects in groups I and III, the right leg
was placed inside a 14-cm diameter linear bird-cage tuned to
the 13C frequency and centered on the largest calf diameter.
The length of the 13C volume coil was 14 cm; it was surrounded
by a slightly larger linear birdcage tuned to the 1H frequency.
All 13C NMR spectra were recorded with full nuclear Over-
hauser enhancement but without 1H decoupling. The pulse
sequences and the absolute quantitation method used for
muscle glucose concentration measurements have been de-
scribed in detail (11). Shortly, the [1-13C]glucose signal was
collected by using a spin-echo sequence with TE 5 15 ms to
reduce the large glycogen signal, overlapping the glucose signal
at the end of the hyperglycemic period (see Fig. 2). This signal
was quantitated by comparison to a calibration glucose phan-
tom with the appropriate corrections for partial saturation, T2
attenuation, probe loading, and sensitive volume geometry.
For glycogen synthesis rate measurements, additional pulse-
acquire spectra with TR 5 400 ms were acquired. The incre-
ment in [1-13C]glycogen concentration was determined from
the signal obtained by difference of two successive spectra.
This signal was quantitated by comparison to a calibration
glycogen phantom by using the same corrections that were
used for probe loading and sensitive volume geometry.

For subjects in groups II and IV, 31P NMR spectra were
obtained with a 5-cm diameter surface coil placed under the
calf, by using a pulse-acquire sequence with TR 5 2.4 s. Full
nuclear Overhauser enhancement and decoupling were ob-
tained using a larger 1H coil. The flip angle was adjusted to
maximize the phosphocreatine signal. Concentrations of glu-

cose 6-phosphate (G6P) were calculated from the data as
described (2, 13) by using the b-ATP resonance as an internal
concentration standard assumed to represent a concentration
of 5.5 mmolykg of muscle (14).

Analytical Procedures. Plasma glucose concentration was
measured by the glucose oxidase method (Beckman) and
plasma insulin by radioimmunoassay (Pharmacia). Hematocrit
was determined by conductivity (Nova). Plasma glucose 13C
enrichment was determined by high-resolution 1H NMR after
deproteinization, lyophilization, and redissolution in 2H2O.

Calculations. 13C NMR data were derived from groups I and
III, and 31P NMR data were derived from groups II and IV.
To calculate the IC free glucose concentration in the three
glycemic conditions, group I was assumed to behave identically
to group II and group III was assumed to behave identically to
group IV. The NMR-determined [1-13C]glucose concentra-
tion was converted to the total concentration of IC and
extracellular (EC) glucose plus G6P by using the plasma
glucose 13C enrichment measured simultaneously. The total
free glucose concentration (EC 1 IC) was thus derived by
subtracting the G6P concentration, measured independently
by 31P NMR, from the 13C NMR result. EC glucose muscle
content was calculated from the plasma glucose concentration
by assuming that resting muscle contains 70 ml of EC water per
kg of wet tissue (15). Glycogen synthesis rates were calculated
from the increment in [1-13C]glycogen concentration and the
plasma glucose 13C enrichment determined over the same time
period (16).

Data Analysis. Data are expressed as the mean 6 SEM.
Blood variables, muscle G6P and glucose concentrations, and
muscle glycogen synthesis rate are given as the average of the
last 45 min of the hyperglycemic or euglycemic period. Results
were analyzed by one-way or two-way ANOVA, with or
without repeated measurements, where appropriate. Signifi-
cance was set at P , 0.05. When needed, honestly significant
difference Tukey multiple comparison of means was per-
formed.

RESULTS

Table 2 shows plasma glucose and insulin values and the
hematocrits during the clamps. Stable and comparable plasma
insulin levels ('300 pM) were obtained in all four groups
during the studies (difference between groups, F 5 1.92 and
P 5 0.166; difference between plasma glucose levels, F 5 0.00,
P 5 0.993). Plasma glucose levels were not significantly
different in the 13C and 31P groups that were studied at a mild
hyperglycemic plateau (groups I and II, P 5 0.552 at eugly-
cemia and P 5 1.000 during hyperglycemia) nor in the 13C and
31P groups that were studied at the high hyperglycemic plateau
(groups III and IV, P 5 0.349 at euglycemia and P 5 0.251
during hyperglycemia). The hematocrits were stable through-
out the experiments (difference between groups, F 5 0.49, P 5
0.504; difference between plasma glucose levels, F 5 2.78, P 5
0.134).

Fig. 1 shows 31P NMR spectra obtained from a subject
during the hyperglycemic and euglycemic periods. In the
difference spectrum, the increase in G6P and inorganic phos-
phate and the decrease in phosphocreatine could be clearly
seen. On average, the G6P concentration assessed by 31P NMR
were significantly higher during the hyperglycemic clamp, as
compared with the euglycemic period (F 5 90.66, P , 0.001):
200 6 15 vs. 149 6 11 mmolykg of muscle in group II and 233 6
16 vs. 157 6 19 mmolykg of muscle in group IV. Fig. 2 shows
13C NMR spectra obtained from a subject at the end of the
hyperglycemic period, using the pulse-acquire sequence and
the short spin-echo sequence. Due to the significant attenua-
tion of the glycogen signal at TE 5 15 ms, the glucose signal
could be clearly observed in spite of the large glycogen
accumulation.

Table 1. Characteristics of the experimental groups

Group

I II III IV

n 5 5 5 5
Age, years 24 6 1 23 6 1 22 6 1 22 6 1
Weight, kg 67 6 2 70 6 2 67 6 2 69 6 3
BMI, kgym2 22.2 6 0.6 23.3 6 0.7 22.1 6 0.9 21.7 6 1.3
HbA1c, %* 4.8 6 0.2 5.2 6 0.2 5.0 6 0.2 5.2 6 0.2
Fasting glucose, mM 4.8 6 0.2 5.8 6 0.3 5.4 6 0.2 5.2 6 0.2
Fasting insulin, pM 27 6 4 40 6 4 39 6 3 33 6 3
Hyperglycemic goal, mM 10 10 16 16
NMR spectroscopy 13C 31P 13C 31P

Results are expressed as the mean 6 SEM. BMI, body mass index;
HbA1c, glycosylated hemoglobin.
*Normal range in our laboratory is 4.8–6.4%.
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The muscle content in G6P, EC glucose, and IC free glucose
is depicted in Fig. 3 for the three glycemic conditions studied:
euglycemia and mild and high hyperglycemia. For each glyce-
mia, total muscle glucose (IC 1 EC) plus G6P concentration
was obtained through the 13C NMR measurements (groups I
and III), muscle G6P concentration was determined by 31P
NMR (groups II and IV), and muscle EC glucose concentra-
tion was estimated from plasma glucose levels. Muscle IC free
glucose concentration was computed by subtracting the last
two components (G6P and EC glucose) from the first one (IC
1 EC glucose plus G6P). Because the experimental errors are
largely dominated by the 13C NMR measurements, the vari-
ability in muscle IC free glucose is numerically very close to
that in total muscle glucose plus G6P. For the euglycemic
condition, data from groups I and III, on one hand, and groups
II and IV, on the other hand, were pooled. No IC free glucose
was detected at euglycemia. The negative value plotted in Fig.
3 simply reflects that the total concentration in muscle glucose
plus G6P, as detected by 13C NMR, was on average slightly
lower than the concentration anticipated from an EC water
fraction of 7%. The concentration in muscle glucose plus G6P
increased significantly from euglycemia to hyperglycemia (F 5
127.07, P , 0.001) and was higher during high hyperglycemia
as compared with mild hyperglycemia (interaction between
group and glycemic level, F 5 14.42 and P 5 0.005). This
variation was partly due to the contribution from EC glucose.

More interestingly, a statistically significant accumulation of
IC free glucose was detected in both hyperglycemic conditions
as compared with euglycemia (F 5 11.50, P 5 0.009). When a
linear regression was used on individual data, muscle IC free
glucose concentration appeared positively correlated to the
glycemia (r 5 0.66 and P 5 0.001).

As shown in Fig. 4, muscle glycogen synthesis rate was highly
correlated to the glucose infusion rate, indicating that the
variability in the glycogen synthesis rates was mainly related to
the variability among subjects rather than to experimental
errors. Glycogen synthesis rate, in mmol per kg of muscle per
min, was 111 6 11 at euglycemia, 263 6 29 during mild
hyperglycemia, and 338 6 42 during high hyperglycemia.
Individual data are presented in Fig. 5. As compared with
euglycemia, glycogen synthesis rate was significantly increased
in both hyperglycemic conditions (F 5 83.54 and P , 0.001).
Glycogen synthesis rate at the high hyperglycemic plateau was
also significantly higher than at the mild hyperglycemic plateau
(interaction between group and glycemic level, F 5 5.96 and
P 5 0.040). When a linear regression was used on individual
data, muscle glycogen synthesis rate appeared positively cor-
related to glycemia (r 5 0.84 and P , 0.001).

DISCUSSION

Previous human studies have shown that muscle IC glucose
content at euglycemia remains beneath the sensitivity limit of

FIG. 1. 31P NMR spectra of the human muscle obtained during the
euglycemic (top trace) and hyperglycemic (middle trace) clamps for a
subject in group IV. In the difference spectrum (bottom trace,
hyperglycemia minus euglycemia), an increase in G6P and inorganic
phosphate (Pi) and a decrease in phosphocreatine (PCr) are observed.
In the spectrum obtained at euglycemia, the G6P concentration was
determined by integrating from 7.43 to 7.13 ppm and multiplying the
area by 2 (2, 13). The G6P resonance intensity in the difference
spectrum corresponds to a concentration difference of 88 mmolykg of
muscle.

FIG. 2. 13C NMR spectra (110- to 85-ppm region) of the human
muscle obtained during the second hour of a hyperglycemic hyperin-
sulinemic clamp for a subject in group III. Upper curve, pulse-acquire
spectrum with TR 5 400 ms (3,000 scans); lower curve, spin-echo
spectrum with TE 5 15 ms and TR 5 1.2 s (1,000 scans). The dramatic
reduction of the glycogen signal facilitates glucose signal quantitation.

Table 2. Average blood variables during the hyperglycemic and euglycemic clamps for groups I–V

Clamp

Group

I II III IV

Plasma glucose, mM Hyperglycemia 9.8 6 0.1 9.8 6 0.1 16.4 6 0.2 17.8 6 1.0
Euglycemia 5.5 6 0.1 5.7 6 0.1 5.8 6 0.1 6.1 6 0.2

Plasma insulin, pM Hyperglycemia 318 6 15 274 6 6 301 6 15 292 6 24
Euglycemia 308 6 15 265 6 17 323 6 14 289 6 25

Hematocrit, % Hyperglycemia 41.5 6 0.2 41.5 6 0.2 41.4 6 1.3 40.9 6 1.4
Euglycemia 41.5 6 0.6 41.2 6 0.6 42.2 6 1.3 42.3 6 1.5
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the muscle biopsy technique (6, 17–19), even in the presence
of high physiological plasma insulin. Our results obtained by in
vivo NMR spectroscopy are consistent with this well-
established feature, interpreted as transmembrane glucose
transport being the dominant step controlling muscle glucose
metabolism at euglycemia. Biopsy as well as in vivo NMR
studies (10, 20) performed in hyperglycemic conditions with
basal insulin have demonstrated a moderate accumulation of
IC free glucose in human muscle, suggesting that some step
beyond transport might participate to the control of glucose
flux in this nonphysiological situation. The present study
examined two hyperinsulinemic ('300 pM) hyperglycemic
conditions: a mild hyperglycemic plateau (glycemia '10 mM)

and a high hyperglycemic plateau (glycemia '16 mM). In both
conditions, a low but statistically significant amount of IC free
glucose could be detected. Because of the low content in IC
free glucose, the correction of the 13C NMR muscle glucose
signal for the G6P contribution appeared to be critical. How-
ever, in quantitative agreement with previous in vivo NMR
studies (21), our 31P NMR data demonstrate a moderate
increase in G6P between euglycemia and hyperglycemia under
hyperinsulinemic conditions. By using the formalism of met-
abolic control analysis (7, 9), the limited rise in muscle G6P
concentration with glycemia can be interpreted as reflecting a
high elasticity coefficient of glycogen synthase with respect to
G6P, because the proportionality coefficient between glycogen
synthesis rate and plasma glucose level is equal or higher than
unity. This feature supports the recently addressed concept of
maintenance of G6P homeostasis (22). Another possible error
inducing an artifactual appearance of muscle IC free glucose
could be the increase of the EC volume, induced by the
hyperglycemia. The stability of the hematocrit during the
experiments indicates that no detectable water shift from the
IC to the EC space occurred.

Under the assumption that resting muscle contains 700 ml
of IC water per kg of wet tissue (15), the IC free glucose
concentrations determined during '10 mM and '16 mM
hyperglycemia can be converted into EC-to-IC glucose gradi-
ents of 46:1 and 26:1, respectively. These large gradients
suggest that transmembrane transport remains the dominant
flux-controlling step in both hyperglycemic hyperinsulinemic
conditions. However, a quantitative estimate of the contribu-
tion of glucose transport to the control of muscle glucose flux
can be obtained using a symmetric Michaelis–Menten kinetic
model in the framework of metabolic control theory (see
Appendix). This simple kinetic model was chosen because
glucose carrier molecular mechanism is not sufficiently char-
acterized to definitely support a more sophisticated descrip-
tion. However, using a kinetic model accounting for product
inhibition (7) would provide quantitative estimates very similar
to those presented below. As shown in Appendix, the control
coefficient of the transport step (CT) can be expressed as the
ratio of the variation of the net glucose flux between two
different glycemias to the variation of the inward glucose flux.
Because EC and IC muscle glucose concentrations are avail-
able at three glycemias, CT can be calculated for the mild
hyperglycemic range (6–10 mM) and the high hyperglycemic

FIG. 3. Total muscle glucose (IC 1 EC) plus G6P concentration
during hyperinsulinemia at three glycemic levels. G6P, EC glucose,
and IC glucose contributions are represented by stippled, hatched, and
open bars, respectively. The error bars are given for IC glucose and are
numerically very close to the error bars for total glucose plus G6P.

FIG. 4. Muscle glycogen synthesis rate as a function of glucose
infusion rate for the experiments in groups I and III. The dashed line
is the linear best fit of the data (r 5 0.92 and P , 0.001).

FIG. 5. Muscle glycogen synthesis rate as a function of plasma
glucose level for the experiments in groups I and III.
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range (10–16 mM) by replacing the differential variations of
EC and IC glucose concentrations, in Eq. 8 of Appendix, by the
finite variations observed experimentally. This calculation also
requires an estimate of the Km (concentration at which uni-
directional glucose transport reaches half-maximal rate) for
the muscle glucose transport system under hyperinsulinemic
conditions. Using a single value of Km for the whole glycemic
range appears valid because insulinemia was comparable in the
different glycemic conditions studied and because short-term
hyperglycemia is not expected to modulate glucose transport
activity. Recent in vitro studies on the GLUT-4 transporter
(23–25), as well as whole body and forearm glucose uptakes
measured in hyperinsulinemic conditions (26), have provided
consistent Km values in the 20 mM range. A Km of 17 mM can
be estimated from the present IC and EC glucose data with Eq.
5 of Appendix to describe glucose transport kinetics and taking
the observed glycogen synthesis rates as an approximation for
muscle glucose uptake during hyperglycemic hyperinsulinemia
(16). This Km value is also consistent with the glycogen
synthesis rate observed at euglycemia, if in this hyperinsuline-
mic condition, glycogen synthesis represents 50–60% of mus-
cle glucose uptake (21, 27, 28). Thus, for the mild hypergly-
cemic range, the calculated CT value falls between 0.89 6 0.08
and 0.91 6 0.06 for estimates of Km ranging from 15 to 25 mM.
In other words, whatever the value of Km, the present data
demonstrate that about 90% of the glucose flux control is
exerted by the transmembrane transport in mild hyperinsu-
linemic hyperglycemic conditions. Similarly, in the high hy-
perglycemic range, the calculated CT falls between 0.80 6 0.16
and 0.86 6 0.11 for estimates of Km ranging from 15 to 25 mM.
In this situation, where the glycemia approaches Km, a less
accurate estimate of CT is obtained, but transmembrane
glucose transport still appears as the dominant flux-controlling
step.

Our finding that transmembrane glucose transport almost
entirely exerts the control of glucose flux in human skeletal
muscle, not only at euglycemia but also in hyperglycemic
hyperinsulinemic conditions, is in keeping with several studies
on laboratory animals (5, 29). By using glycogen synthesis rates
and G6P concentrations measured in humans by in vivo NMR,
Shulman et al. (9) have reached conclusions consistent with
our conclusions, but the distinction between the glucose
transporter and the hexokinase step was not possible in the
absence of muscle IC free glucose data. Thus, the in vivo NMR
measurement of IC free glucose appears as a promising
alternate to the biopsy technique for specifically studying
glucose transport in healthy subjects and in insulin-resistant
patients. However, although in vivo NMR spectroscopy and
needle biopsy provide consistent data, as shown at euglycemia
in this study, a common critique to both techniques is that the
IC volume of distribution for glucose could be smaller than the
IC water space. As a consequence, the IC glucose concentra-
tions estimated by these methods would be underestimated. In
a recent study based on a new three-tracer technique, Sacco-
mani et al. (30) used a sophisticated multicompartment kinetic
model to estimate muscle glucose transmembrane transport
and phosphorylation, as well as EC and IC glucose distribution
volumes and concentrations, in the forearm of healthy subjects.
During physiological hyperinsulinemia, the estimated ICyEC
ratio of glucose distribution volumes was only 6.2, as compared
with 10 for water (15). Hence, the IC glucose concentration
evaluated at euglycemia was 0.69 6 0.15 mmolyliter of glucose
distribution volume. This discrepancy illustrates that the esti-
mation of the true distribution volumes of glucose is critical for
the calculation of local glucose concentrations, whatever the
method used. Although more experimental evidence about
muscle IC compartmentation will be necessary to decide
whether the assumptions generally accepted in biopsy studies
need to be revised, it was interesting to reexamine the present
data by using the IC glucose distribution volume estimated

under hyperinsulinemic conditions in (30). By doing so, we
found that the IC glucose concentrations increased by a factor
of 1.6 so that the EC-to-IC gradients decreased to 29:1 and 16:1
during mild and high hyperglycemia, respectively. As a con-
sequence, the calculated values of CT were slightly decreased
(0.82 6 0.07 to 0.86 6 0.06 during mild hyperglycemia, and
0.68 6 0.16 to 0.78 6 0.11 during high hyperglycemia, for
estimates of Km ranging from 15 to 25 mM, respectively), but
glucose transport still appears as the predominant f lux-
controlling step for muscle glucose metabolism, especially in
the mild hyperglycemic range. The fact that CT remains close
to 1 for a large range of assumed values of the IC glucose
distribution volume, as well as of Km, reflects the very small
increase in IC free glucose as compared with the increment in
EC glucose concentration. Indeed, as evidenced in Eq. 8 of
Appendix, the difference of CT from unity is directly propor-
tional to the ratio of the increase in IC free glucose to the
increase in EC glucose.

The ratio of the glucose phosphorylation flux to the inward
transmembrane glucose flux (FmetyFin), measured by a tracer
technique, has been proposed by different groups (29, 30) to
evaluate the role of glucose transport as a control step of
muscle glucose metabolism. Although this ratio does not
rigorously correspond to the control coefficient of glucose
transport, a value close to unity is indicative of glucose
transport being the dominant flux-controlling step. From the
results in ref. 30, based on the washout curves of tracers in
venous blood, FmetyFin can be estimated to 0.36 6 0.19 in the
basal state and to 0.67 6 0.17 during euglycemic hyperinsu-
linemia. These results are in contradiction to the widely held
opinion that glucose transport is the flux-controlling step of
muscle glucose metabolism at euglycemia. However, this dis-
crepancy is not a general feature of tracer approaches. Another
tracer study in the euglycemic anesthetized rat (29) has re-
ported values of FmetyFin much closer to unity: 0.96 6 0.05 and
0.78 6 0.15 in the basal state, 0.90 6 0.02 and 0.94 6 0.01
during euglycemic hyperinsulinemia, for red and white muscle,
respectively. It is noteworthy that these results were obtained
by in situ freeze-clamping of the muscle and that, in spite of
anesthesia, measured muscle glucose uptakes were higher than
those observed in human muscle in ref. 30. It seems beyond the
scope of this paper to compare the validity of the tracer models
proposed by Saccomani et al. (30) and by Furler et al. (29). The
difficulty to quantitate metabolic f luxes through indirect mea-
surements, such as those described in ref. 30, is illustrated by
the large discrepancy between the values of Fmet and of the
forearm glucose uptake (obtained by arterio-venous differ-
ence) in the basal state: 8.4 6 2.2 versus 3.3 6 1.2 mmol per
kg of muscle per min. However, this limitation could be
circumvented by measuring fractional changes in Fin and Fmet
in response to a small change in glycemia. This approach would
reduce the bias due to possible systematic errors in tracer
modeling and would provide results directly interpretable in
the rigorous framework of metabolic control theory.

CONCLUSION

We have demonstrated that in vivo NMR permits direct
quantitation of muscle glucose in humans. Under the same
assumptions used in biopsy studies, IC free glucose concen-
tration can be calculated from NMR-determined muscle glu-
cose content. The very low concentrations of IC free glucose
observed during hyperinsulinemia at different glycemic levels
can be interpreted as glucose transport being the predominant
step controlling muscle glucose flux for a wide range of
physiological conditions in healthy subjects. Similar investiga-
tions in subjects with variable degrees of insulin sensitivity are
needed to assess the implication of glucose transport in the
pathophysiology of muscle insulin resistance.
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APPENDIX

In the framework of metabolic control analysis (7, 8), the
control coefficient of glucose transport is defined as the
fractional change in the pathway flux F for a fractional change
in the concentration of the transporter T

CT 5 ~­FyF!y~­TyT!, [1]

where the partial derivatives indicate that all other enzyme
activities are held constant. A flux control coefficient of unity
would indicate that glucose uptake is proportional to the
activity of the transporter. Because this activity cannot be
modulated independently in vivo, another experimental eval-
uation of CT must be used. Kacser and Burns (7) have
demonstrated that CT can be calculated as

CT 5 RG0
y«G0

, [2]

where RG0
is defined as the response coefficient of the flux to

EC glucose (concentration G0)

RG0
5 ~­FyF!y~­G0yG0!, [3]

and «G0
is defined as the elasticity coefficient of the glucose

transporter to EC glucose.

«G0
5 ~­VyV!y~­G0yG0!. [4]

In Eq. 4, ­VyV is the fractional change in the transporter
velocity under in vivo conditions for an isolated variation of G0.
On the other hand, in Eq. 3, ­FyF is the fractional change in
the in vivo glucose flux, taking into account the possible
variation of IC free glucose concentration (Gi). When a
symmetric Michaelis–Menten kinetics are assumed, F (or V)
can be written as

F 5 Tmax@G0y~G0 1 Km! 2 ~Giy~Gi 1 Km!#, [5]

where Tmax is the maximum unidirectional glucose transport
rate. Substituting Eq. 5 into Eqs. 3 and 4 gives

RG0
5 G0 Tmax Km @­G0y~G0 1 Km!2

2 ­Giy~Gi 1 Km!2#y~­G0 F! [6]

and

«G0
5 G0 Tmax Kmy@V~G0 1 Km!2#. [7]

If F 5 V, Eq. 2 can be reexpressed as

CT 5 1 2 ~­Giy­G0!@~G0 1 Km!y~Gi 1 Km!#2. [8]

Thus, CT can be experimentally evaluated from Gi measure-
ments at two different values of G0, provided an estimate of Km
is known. An expression identical to Eq. 8 is obtained more
intuitively by defining CT(G0) as the ratio of the change in the

pathway flux F to the change of the inward flux Fin in response
to a change in G0

CT(G0) 5 ­Fy­Fin. [9]
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