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ABSTRACT Synaptic vesicles (SVs) are small neuronal organelles that store neurotransmitters and release them by exocytosis
into the synaptic cleft for signal transmission between nerve cells. They consist of a highly curved membrane composed of different
lipids containing several proteins with specific functions. A family of abundant extrinsic SV proteins, the synapsins, interact with SV
proteins and phospholipids and play an important role in the regulation of SV trafficking and stability. We investigated the
interactions of one these proteins with the SV membrane using atomic force microscope and dynamic light scattering. We
examined SVs isolated from rat forebrain both under native conditions and after depletion of endogenous synapsin I. We used the
atomic force microscope in two modes: imaging mode for characterizing the shape and size of SVs, and force-volume mode for
characterizing their stiffness. Synapsin-depleted SVs were larger in size and showed a higher tendency to aggregate than native
vesicles, although their stiffness was not significantly different. Because synapsins are believed to cross-link SV to each other and
to the actin cytoskeleton, we also measured the SV aggregation kinetics induced by synapsin I by dynamic light scattering and
atomic force microscopy and found that the addition of synapsin I promotes a rapid aggregation of SVs. The data indicate that
synapsin directly affects SV stability and aggregation state and support the physiological role of synapsins in the assembly and
regulation of SV pools within nerve terminals.

INTRODUCTION

From the beginning of the 1990s, the atomic force microscope

(AFM) (1) was successfully used for the characterization of

biological and soft samples (2–4), in addition to its classical

applications on hard surfaces (5,6). It allows the morpholog-

ical and mechanical study of biological specimens under

physiological conditions with a resolution that ranges from

tens of micrometers to below tens of nanometers (7–12). This

makes it a powerful tool to investigate cells or subcellular

structures that are not easily resolved with a light microscope

and would be denatured by the use of an electron microscope

due to sample preparation procedures (13,14). Moreover, by

operating the AFM in force-volume (FV) mode, information

on the mechanical properties of natural or artificial, flat or

otherwise shaped samples can be obtained (15–20).

Dynamic light scattering (DLS) allows one to measure size

distributions of particles of any shape in the submicrometer

range without further calibration or extended knowledge of

the dispersive phase, except its viscosity.

These two tools seem therefore to be suitable for the

investigation of small synaptic vesicles (SVs), spherical

organelles located at the nerve terminals that store and release

neurotransmitters and participate in synaptic transmission

between neurons (for reviews, see (21,22)). Two types of SVs

exist in neurons: i), small SVs, characterized by a surprisingly

homogeneous size of ;50 nm in diameter, store and release

small neurotrasmitter molecules (classical neurotransmitters

including glutamate, GABA, or acetylcholine) accounting for

the vast majority of SVs and present in virtually all nerve

terminals; and ii), large dense-core vesicles (LDCV), charac-

terized by a larger and variable size of 100–300 nm in diam-

eter, store and release neuropeptides(23).

A number of AFM studies addressing certain aspects of

SVs have been published in the last few years. Parpura et al.

imaged SVs purified from rat brain and sea-snail, having diam-

eters ranging from 50 to 150 nm, on a polylysine-coated

glass slide in contact mode, and found that the shape of the

vesicles changed with the ionic strength of the buffer so-

lution (24). This was also shown by Garcia et al., who imaged

vesicles of the electric organ of the torpedo fish, having

diameters ranging from 90 to 130 nm, in tapping mode (25).

Laney et al. analyzed similar vesicles by acquiring force

curves in FV mode in different buffer solutions, and found

that Young’s modulus increased upon addition of calcium to

the buffer (26). Other works dealt with the influence of

acetaldehyde on synaptosomes (27), or monitored binding

events between nerve terminal structures and proteins bound

to the tip of an AFM cantilever (28,29).

In nerve terminals, SVs are organized in distinct func-

tional pools, namely a large reserve pool (RP) in which SVs

are restrained by the actin-based cytoskeleton, an active

recycling pool, and a quantitatively smaller readily releas-

able pool (RRP) in which SVs are free to approach the active

zone at the presynaptic membrane and eventually fuse with it

upon stimulation(2,30). A prominent role in the regulation of

this process is played by the synapsins, a family of abundant
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SV-associated phosphoproteins (31–33). The vertebrate

synapsin family comprises at least three genes (synapsins

I, II, and III), and alternative splicing gives rise in neurons to

at least five distinct protein isoforms (synapsins Ia, Ib, IIa,

IIb, and IIIa) that share large parts of their primary structure.

Synapsins bind to SVs and actin, and are both necessary and

sufficient for the reversible attachment of SVs to actin

filaments. Synapsins bind to both the phosholipid and pro-

tein components of the SV membrane (34–36). The binding

to phospholipids involves both electrostatic and hydrophobic

interactions with the surface and the core of the bilayer,

respectively, and this interaction is accompanied by the for-

mation and stabilization of extended phospholipid bilayers

(35,37). In addition synapsin exhibits a high surface activity

and a noticeable tendency to self-associate forming homo-

and heterodimers (38,39).

These in vitro observations, together with an array of in

vivo studies, have led to a model in which the synapsins

tether SVs to each other and/or to cytoskeletal components in

the presynaptic nerve terminal, thereby regulating the avail-

ability of SVs for exocytosis. Several studies showed that the

impairment of synapsin function, either by antibody or pep-

tide injection into nerve cells (40–44) or by creating synapsin

knockout mice (45–47), reduced the number of SVs at the

synaptic cleft, and, as a consequence, altered synaptic trans-

mission particularly during periods of sustained high fre-

quency activity of the presynaptic neuron (48). The ability of

synapsin to cluster phospholipid vesicles and to stabilize

phospholipid bilayers by inhibiting the transition from the

stable lamellar phase to the inverted hexagonal phase induced

by temperature or calcium suggests the possibility that these

effects may be apparent also with the more complex SV

membrane and that they could confer additional mechanical

stability to the SV membrane, as shown by AFM studies on

clathrin for cellular vesicles (20), or on S-layer proteins for the

membrane of bacterial cells (49).

In this work we wanted to compare the morphology, the

mechanical properties, the aggregation state, and the aggre-

gation kinetics of authentic SVs purified from rat forebrain in

the presence and absence of endogenous synapsin. To this

end, we used native untreated synaptic vesicles (USVs)

saturated with endogenous synapsin I and synapsin-depleted

SVs (SSVs) from which ;90% of the endogenous synapsin

was dissociated by mild dilution/ionic strength treatment

(50). The second type of vesicles was used to mimic native

vesicles of synapsin I knockout mice. We used the AFM in

imaging mode for characterizing morphology and size of

single and clustered SVs deposited onto a polylysine-coated

mica surface, and in FV mode for characterizing the SV

stiffness. We established a method to probe SVs in a non-

destructive way, using a low loading force and deforming

SVs only elastically, so that they remained intact after being

compressed by the AFM tip. We further used DLS for

characterizing SV size and aggregation kinetics in bulk

solution. According to previous results obtained by fluoro-

metric binding assays in pure phospholipid liposomes, the

addition of synapsin causes the vesicles to aggregate within

some seconds (51). We wanted to investigate if this effect

also occurs with native SVs in a bulk solution.

MATERIALS AND METHODS

All chemicals were purchased from Carl Roth GmbH (Darmstadt,

Germany), or from Sigma-Aldrich GmbH (Seelze, Germany) and were of

reagent grade or better.

Purification of synaptic vesicles

Synaptic vesicles were obtained from rats by homogenization of the isolated

forebrains and finally purified through the step of controlled-pore glass

(CPG) chromatography (50). After elution, purified SVs were centrifuged

for 2 h at 175,000 3 g and resuspended at a protein concentration of 1–2 mg/

ml in 0.3 M glycine, 5 mM HEPES, 0.02% sodium azide, pH 7.4 (glycine

buffer). Endogenous synapsin I was quantitatively removed from SVs by

diluting them immediately after elution from the column with an equal

volume of 0.4 M NaCl. After 2 h of incubation on ice, SVs were centrifuged

for 2 h at 175,000 3 g and resuspended in glycine buffer as described above.

The extent of association of synapsins with SVs after this procedure was

assessed by SDS polyacrylamide gel electrophoresis and immunoblotting, as

previously described (34,36).

Sample preparation

Freshly cleaved mica sheets (Plano GmbH, Wetzlar, Germany) were coated

with poly-D-lysine (0.1 mg/ml, Sigma Aldrich), dried, and then glued with

superglue (UHU GmbH, Bühl, Germany) on specimen steel disks (Ted

Pella, Redding, CA). Afterwards, 50 ml of a suspension containing SVs at a

protein concentration of 4 mg/ml in glycine buffer were pipetted on such

a disk, and the sample was incubated for 1 h on ice. The sample was

thoroughly rinsed with glycine buffer to wash off the unspecifically ad-

sorbed SVs and inserted into the AFM liquid cell for the measurements.

Instrumentation

Images and force curves were acquired with a Multimode AFM with a

Nanoscope IIIa Controller (Veeco Instruments, Santa Barbara, CA) and the

corresponding liquid cell. Measurements were performed using silicon

nitride cantilevers with a very low nominal spring constant of 0.006 N/m

(Bio-Lever, Olympus, Tokyo, Japan). The true spring constants were

determined by the thermal noise method (52,53). The radii of curvature of

the tips were determined by scanning electron microscopy (SEM) before the

experiments, and ranged from 10 to 25 nm. AFM images were acquired in

contact mode at constant load, by adjusting the force to ;1 nN. FV maps

consisted of two-dimensional arrays of 32 3 32 or 16 3 16 force curves

acquired in the FV mode, for which we used ‘‘relative triggering’’ and set

the maximum force to ;0.4 nN, corresponding to a maximum cantilever

deflection of ;60 nm. A Zetasizer 3000HS (Malvern Instruments, Malvern,

UK) was used for all DLS measurements. The experiments were performed

at 25�C, at a constant angle of 90�, and with a laser wavelength of 633 nm.

The volume of the sample was 200 ml and the concentration of SV proteins

was ;75 mg/ml.

METHODS

In AFM imaging the tip of a cantilever is scanned line-by-line over a defined

area of the sample in the fashion of a two-dimensional array. The tip tracks
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the topography and thus the height of the sample surface, and this infor-

mation is stored for each point of the array.

The FV mode is a method where the tip of the cantilever scans the sample

as in AFM imaging, and additionally acquires a force curve at each point of

the two-dimensional array. The topographic information, i.e., the height of

SVs, is recorded as the displacement of the piezo-scanner needed to attain a

certain cantilever deflection. Comparison of the topography with the force

curves allows matching the surface features to the mechanical properties of

the sample.

In DLS the diffusion velocity (Brownian motion) of the particles is

optically measured. Then, via the diffusion coefficient the effective hy-

drodynamic radius is calculated according to the Stokes-Einstein relation

(54,55).

RESULTS AND DISCUSSION

Shape and size determination of native and
synapsin-depleted SVs by DLS and AFM

After a highly specific purification procedure, which ex-

cludes the copurification of other cellular organelles and

proteins (50,56), USVs were diluted in a solution containing

150 mM NaCl. Protein staining and immunostaining with

antisynapsin antibodies revealed that, over 90% of synapsin I

is removed from the SV membrane and is released into the

solution by this procedure (Fig. 1).

DLS measurements on the two types of vesicles showed

that USVs have diameters ranging from 25 to 45 nm in

solution. The distribution curve has a tail extending to diam-

eters above 50 nm, which might indicate that a small number

of SVs are larger, or that two or more SVs are clustered and

form aggregates (Fig. 2). On the contrary, SSVs appear to be

larger with diameters ranging from 40 to 70 nm in solution.

The tail of the distribution curve extends up to 200 nm, also

indicating the presence of either bigger SVs, assemblies of

several smaller SVs, or both.

As a substrate for the AFM measurements, we used

polylysine-coated mica sheets, onto which SVs adsorbed.

USVs and SSVs bound mostly electrostatically to the poly-

lysine layer because of their negative surface charge (Fig. 3),

and the binding was so strong that SVs could not be dis-

placed by the scanning AFM tip, neither during imaging nor

during force-curve acquisition. The use of soft cantilevers

allowed us a nondestructive imaging of SVs at small forces

in contact mode. When evaluating SV morphology from

AFM measurements, one has to be aware that the structures

in an image are convoluted with the radii of the tips (24). The

vertical dimension corresponds to the true height, whereas

a rule of thumb states that the lateral dimensions are aug-

mented by around twice the tip radius, if tip and structures

FIGURE 1 (a) Schematics of the two types of SVs

investigated. (Left) Native synaptic vesicles (USV) coated

with synapsin I (blue). (Right) Synaptic vesicles depleted

of endogenous synapsin I (SSV) by dilution in physiolog-

ical salt solution (150 mM NaCl). (b) Protein pattern of

USV and SSV preparations. (Left) Aliquots of USV and

SSV purified from rat forebrain through the step of

controlled pore-glass chromatography (10 mg protein)

were separated by SDS-polyacrylamide gel electrophoresis

(9% acrylamide in the resolving gel) and stained with

Coomassie brilliant blue. Arrows point to the synapsin Ia/

Ib doublet (Syn, 80–86 kDa) that is lost in SSV and to the

integral SV protein synaptophysin (Syp, 38 kDa) that is

preserved in SSV. (Right) Immunoblot analysis of the

same SV preparations using antibodies specific for all

synapsin isoforms (Syn Ia/Ib, Syn IIa, and Syn IIb; upper

panel) and for synaptophysin (Syp, lower panel).
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are of comparable size. This is true in our case, where radii of

tips and vesicles are of the same order of magnitude. In Fig. 4

we show and compare two representative images of 2 3 2

mm size acquired on USVs (Fig. 4 a) and SSVs (Fig. 4 b),

along with two representative profiles. The two images were

acquired with the same tip. We fitted circles to the SV

profiles (red lines in the plot), and found results similar to

those obtained with the DLS measurements and, in addition,

we verified that SVs kept their hemispherical shape when

adsorbed on the hard surface. We fitted the radii of curvature

of several SVs from several images, and obtained RUSV ¼
55 6 15 nm and RSSV ¼ 81 6 15 nm. Taking into account

that the tip radius was 22.5 nm and subtracting twice this

value from the SV’s radius, we obtained values only slightly

larger than by DLS. Moreover, SSVs were nearly twice the

size of USVs.

A further observation was that USVs uniformly covered

the polylysine-coated mica surface, whereas we could not

see a similar uniform coverage with SSVs. Although both

types of SVs were dispensed from a solution having similar

concentration, only a smaller number of SSVs adsorbed onto

the surface. In theory, the basic synapsin should neutralize

the net negative charge of SV phospholipids and therefore

weaken the interaction with polylysine, whereas here the

opposite was observed. Moreover, USVs showed a lower

tendency to cluster as compared to SSVs, although aggre-

gates could be formed. One possible explanation for the

reduced adsorption might be a different surface adsorption

kinetics between smaller and disperse vesicles (USV) and

larger vesicle aggregates (SSV). However, when adsorbed,

USVs kept their hemispherical shape, as can be observed

inside the circle in Fig. 4 a. Conversely, SSVs formed larger

aggregates in which it was difficult to discern the single

vesicles inside the clusters, because they were more easily

moved and deformed by contact with the AFM tip during

scanning, especially at the border of aggregates (see arrows
in Fig. 4 c). This suggests that the presence of synapsin I,

although it partially neutralizes the surface charge of the

vesicles, may stabilize the surface and help to prevent mas-

sive aggregation, as was also observed for phospholipid

bilayers on mica (37,57).

Stiffness measurements with the AFM in FV mode

The AFM in FV mode allows one to obtain information on

the mechanical properties of samples by acquiring a two-

dimensional array of deflection curves over a defined region,

thus ‘‘mapping’’ the stiffness in that area of the sample. We

calculated the stiffness (of substrate and vesicles) from the

acquired deflection curves in the limit of small sample defor-

mations. Along the contact line, i.e., the part of the deflection

curve where tip and sample are in contact, the sample defor-

mation D is given by the following (17)

D ¼ Z � d; (1)

where Z is the piezo-displacement and d is the cantilever de-

flection. If D is small, we can write

kcd ¼
kcks

kc 1 ks

Z ¼ keffZ; (2)

where kc and ks are the cantilever and sample elastic con-

stants. This simple relation shows that the slope of the ap-

proach deflection curve is an indicator of the stiffness of the

sample. If the sample is much stiffer than the cantilever, i.e.,

ks� kc, the deflection curve will probe mainly the stiffness

of the cantilever, i.e., keff ffi kc. If the sample is much more

compliant than the cantilever, i.e., ks � kc, the slope of the

approach contact line is determined primarily by the stiffness

of the sample, i.e., keffffi ks. In the following, we calculate the

stiffness as the ratio

S ¼ keff=kc; (3)

FIGURE 2 Size distributions of SVs in solution as measured by dynamic

light scattering (DLS).

FIGURE 3 Negatively charged mica is coated with positively charged

poly-D-lysine to bind the negatively charged SVs to the surface.
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between Z and d. Therefore, S is dimensionless and 0 , S , 1.

An example of two typical deflection curves, acquired on

the polylysine-coated mica substrate and at the center of a

native vesicle, is presented in Fig. 5. The mica substrate

cannot be indented by the tip, the slope of the curve is

maximum, and we take it as our reference for stiffness S¼ 1.

The soft vesicle, on the other hand, is easily indented by the

tip, the slope of the curve is smaller, and thus its stiffness is

S , 1.

When the force needed to pierce the polylysine layer is

trespassed, the tip jumps into direct ‘‘hard contact’’ with the

mica, and from that point on the curve is linear. This allows

us to clearly distinguish between the ‘‘before-contact’’ and

the ‘‘after-contact’’ parts of the curve. Conversely, the slope

of the curve on the vesicle is smoothly increasing, with no

jump marking the point of contact. This makes it hard to

distinguish between the ‘‘before-contact’’ and the ‘‘after-

contact’’ part.

Synaptic vesicles before and after the
force-volume scan

By using one of the softest available cantilever types, we

could record images in contact mode without displacing or

destroying the organelles. We started to acquire large images

and then zoomed in stepwise, until we could take a FV map

of only a few SVs or even a single SV. After acquisition of

the force curves, we rescanned the sample in imaging mode

to verify that the SVs were not displaced or destroyed by the

tip. This control was of primary importance for our purpose

of indenting SVs only in the limit of small deformations, or

more precisely in the elastic regime. We could thus exclude

that the sample was deformed plastically, or permanently.

This implies that the stiffness we measured was directly

related to the Young’s modulus of the synaptic vesicles. In

Fig. 6 a, a representative image of SVs acquired before the

FV scan is shown. SVs had a height of ;45 nm and were

spherical, as we verified by fitting their profiles with circular

segments. After zooming in on two adjacent SVs, we acquired a

FV map of 32 3 32 force curves over an area of 400 3 400 nm,

the topography map of which is shown in Fig. 6 b. After the

force scan, which required ;30 min, we acquired a second

image of the two SVs (Fig. 6 c) and compared the two pro-

files by superposing them in one graph (Fig. 6 d). They

matched quite accurately, especially the width, whereas the

height slightly decreased. We also determined the radius of

curvature of one SV before and after the FV scan (Fig. 6 e),

and it did not change significantly: RI¼ 57 nm, RII¼ 61 nm.

According to these observations, we could conclude that the

FIGURE 4 Representative AFM height images (above)

and profiles (below), acquired in contact mode with a scan

size of 2 3 2 mm. (a) USV, with three representative fitted

radii: RI¼ 57 nm, RII¼ 59 nm, RIII¼ 54 nm. (b) SSV, with

fitted radii of: RI ¼ 78 nm, RII ¼ 84 nm. (c) Cluster of

SSV’s, image scan size is 1 3 1 mm, white arrows show

deformation due to aggregation and scanning.

FIGURE 5 Two typical cantilever-deflection versus piezo-position

curves, acquired on the polylysine-coated mica substrate (dashed line) and

at the center of a SV (solid line). Both curves were triggered to a deflection

of ;60 nm, corresponding to a maximum load of ;0.4 nN, and are part of a

32 3 32 FV map.
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measurement was nondestructive to the vesicles, that the tip

did not displace them, that they recovered their shape after

the indentations, keeping a stable morphology for a prolonged

period of time.

Stiffness data analysis

The results, representative for almost all FV maps acquired

on both SV types, are displayed in Fig. 7. The force curves

were triggered to ;60 nm, which corresponded to a maxi-

mum load of ;0.4 nN. Three curves, acquired at selected

positions, are shown in Fig. 7 a: the slope of the curves taken

on the SVs is smaller than that of the curve taken on the

polylysine-coated mica, which means that also the stiffness,

and thus Young’s modulus, is smaller. Moreover, the two

curves obtained on USVs and SSVs were very similar, sug-

gesting a similar stiffness. This conclusion was confirmed by

the evaluation of whole FV maps instead of single curves.

The histograms in Fig. 7 b show the stiffness distribution

according to two 16 3 16 FV maps, one acquired on USVs,

and the second on SSVs: both histograms have a peak around

S ¼ 1, which is the stiffness of mica, and peaks at S ¼ 0.265

and S ¼ 0.290 for USVs and SSVs, respectively. The FV

map corresponding to the USVs was from one vesicle and

was acquired over an area of 300 nm2. The SV-free area was

larger than the area covered by the SV, therefore the peak

around 1 is higher than the peak around 0.265. The FV map

corresponding to SSVs was acquired over an area of 200

nm2, also on one vesicle. The SV-free area was smaller than

the area covered by the SV, therefore the peak around 1 is

smaller than the peak around 0.290. Although the experi-

ments were repeated several times, the difference in stiffness

between the two types of SVs was always smaller than the

experimental error intrinsic to our measurements. Moreover,

we did not observe a dependence between the measured

stiffness and the size of the SVs. Delorme et al. (58) found

that smaller vesicles showed a higher measured stiffness as

compared to larger vesicles. These authors used artificial

vesicles with radii ranging from ;60 to ;150 nm, while the

radii of the two types of native vesicles we used were not that

different: ;20 nm for the USVs and ;30 nm for the SSVs.

In summary, the above presented results indicate that

depleting native SVs from their synapsin coating i), caused

them to expand in size, ii), reduced the electrostatic repulsion

among vesicles and favored the formation of clusters, but iii),

FIGURE 6 Series of AFM images showing: (a) contact

mode AFM height image of USV before the FV scan; (b)

height image acquired during the FV scan, with a resolu-

tion of 32 3 32 data points; (c) contact mode AFM height

image after the FV scan; (d) matching of the two profiles

(dashed white lines) from panels a and c; (e) circular fits

(solid red lines) to the two profiles: RI¼ 57 nm, RII¼ 61 nm.

FIGURE 7 (a) Approach force curves acquired at three

different places, on polylysine-coated mica (n), at the

center of a USV (s), and at the center of a SSV (n). (b)

Histogram of the stiffness values for both SV types and for

mica.
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did not affect their stiffness, at least not in a measure that

we could detect by our technique. Thus, whereas the size ex-

pansion can be attributable, at least partly, to lipid packing

defects that may follow the stripping of synapsin, under

physiological conditions the net positive charge of synapsin I

seems to convey a stabilizing surface charge to the SVs, rather

than stabilizing them mechanically, and to prevent nonspe-

cific aggregation and random fusion events.

We can calculate the Young’s modulus for the two types

of SVs, according to a shell theory model presented by

Delorme et al. (58):

E ¼
kSVR

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
3ð1� v

2Þ
q

4d
2 ; (4)

where kSV is the stiffness of the vesicle, calculated by

multiplying its dimensionless stiffness S with the spring

constant kc of the cantilever, R is the radius of curvature of

the vesicle, d is the thickness, and v is the Poisson’s ratio of

the vesicle membrane. Assuming realistic parameter values

(kSV ¼ 0.2 pN/nm, R ¼ 25 nm, d ¼ 5 nm, and v ¼ 0.5), an

estimation of the Young’s modulus of E ¼ 75 kPa is ob-

tained, which is indeed close to values presented in literature

(26).

Synapsin I is a surface-active molecule that forms mono-

molecular layers on top of solid-supported phospholipid

bilayers, thereby mechanically stabilizing them and making

them less prone to be pierced by an AFM tip (37,57). This

led to the assumption that synapsin I might also reinforce the

membrane of SVs, particularly since other proteins are

known either to form a stabilizing cage around vesicles, like,

e.g., clathrin (20), or to crystallize on their surface, like, e.g.,

the bacterial S-layer proteins (49). On the other hand, we

found that both types of vesicles we investigated presented a

similar stiffness. This might indicate that synapsin I is neither

forming a closed crystalline layer on the vesicles, nor that the

molecules interact in a reinforcing manner with each other.

In fact, according to estimations from crystal structure (39)

one synapsin I molecule covers an area of ;18 nm2. Al-

though synapsin binding studies suggested that an SV can

allocate at saturation up to 30 molecules of synapsin at the

cytoplasmic interface (1,56), recent studies suggested that

8–9 synapsin molecules may be associated with an average

SV (22). Even assuming the higher estimate, synapsin mole-

cules will cover only ;20% of the surface of a USV with a

diameter of 30 nm, too little for us to measure its effect,

whereas in the case of Pera et al. and Murray et al. (37,57)

synapsin I covered almost entirely the phospholipid bilayer.

Influence of synapsin I on vesicles in bulk solution
by DLS and AFM

Next we wanted to verify the influence of synapsin I on the

aggregation of native SVs, and determine the kinetics of this

process and its selectivity to this specific protein. To this end

we performed DLS measurements, under standard condi-

tions and at room temperature, on pure SVs suspensions, on

suspensions with added purified synapsin I (size 80 kDa),

and on suspensions with added bovine serum albumine

(BSA). We used the latter protein as a control protein of

comparable size (67 kDa), that should not trigger the

aggregation. Solution containing USVs (200 ml), at a protein

concentration of 40 mg/ml, was placed in the sample holder

and let equilibrate for 10 min before measurement. After the

first measurement, we slowly added 8 mg of either synapsin I

or BSA to the suspension by a pipette, to prevent severe

perturbations in the liquid that would then disturb the light

scattering measurement. We then let the solution equilibrate

for a time between 2 and 5 min before starting the second

measurement. Before the addition of the proteins, the SVs

were clearly monodisperse, with a diameter of ;50 nm (Fig.

8 a). Upon addition of synapsin I, the SVs began to cluster,

and eventually formed aggregates bigger than 1 mm after

;20 min. At intermediate times, multiple peaks were visible.

After 10 min two peaks at 500 and 1500 nm of similar height

were present, whereas at 15 min the former peak became

smaller and the latter became larger. The addition of the

same amount of BSA did not cause any clustering, as we

expected, and the SVs remained monodispersed and of the

FIGURE 8 DLS data of USVs before and after the addition of either

synapsin I or BSA. (a) Synapsin I, SVs are monodisperse with a diameter of

50 nm under basal conditions, and aggregate to clusters .1 mm upon the

addition of synapsin I. (b) BSA, vesicles remain monodisperse and do not

aggregate over time.
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same size (Fig. 8 b). The aggregation was thus triggered by a

specific interaction between synapsin I and SVs.

Immediately after the DLS measurements, we pipetted 50

ml of each of the two vesicle suspensions on polylysine-

coated mica substrates, let them incubate for 30 min, and

then acquired images in contact mode AFM. In the case of

SVs with added synapsin I, a close-packed layer of aggre-

gates of SVs covered large areas of the polylysine-coated

mica (Fig. 9 a). The cross section of the aggregates shows

a height of ;30 nm and a width of several hundreds of

nanometers. On the contrary, the images acquired on SVs

with added BSA showed mostly single dispersed vesicles

(Fig. 9 b). These images were acquired with a tip with a

smaller radius of curvature (;10 nm), therefore also the radii

of the SVs appear smaller than those shown in Fig. 4. The

evaluation of several SVs yielded radii of curvature ranging

from 30 to 80 nm. The larger variance of the measured sizes

was probably due to the longer time that passed before im-

aging, and to the previous treatment of this batch of vesicles.

Both AFM images provide similar data as obtained with DLS.

This combination of methods proves interesting for further

interaction studies between SVs and proteins, because it al-

lows one to monitor processes taking place in bulk solution,

and afterwards the direct imaging of the structures formed.

The results further indicate that synapsin I is responsible

for the aggregation of SVs. The fact that USVs that carry

synapsin I on their membrane did not show a strong tendency

to cluster may be attributable to the electrostatic repulsion

among SVs, which is capable of stabilizing them, and to the

nearly total absence of synapsin I free in solution by virtue of

its very high binding affinity (34,35,56). When the exoge-

nous synapsin I is added to the suspension, the additional

synapsin molecules, owing to their multiple SV binding sites

(34,35,59) and a high potential to form dimers through the

highly conserved central domain C (39,60) bind to each

other and to the SVs, promoting SV clustering. The control

experiment with the addition of BSA showed in fact that the

clustering process resulted from a specific interaction be-

tween synapsin I and SVs.

CONCLUSIONS

Synapsins are a family of SV-associated phosphoproteins

implicated in the regulation of neurotransmitter release and

synapse formation. Synapsins bind to SV and actin and are

both necessary and sufficient for the reversible attachment of

SVs to actin filaments. These observations have led to a

model in which the synapsins tether SVs to each other and/or

to cytoskeletal components in the presynaptic nerve termi-

nal, thereby regulating the availability of SVs for exocytosis.

In this work we compared the morphology, the mechanical

properties, the aggregation state, and the aggregation kinetics

of two types of SVs: we used native synaptic vesicles (USVs)

associated with endogenous synapsin I, and vesicles that

were depleted of their synapsin surface layer (SSVs).

We used the AFM in imaging mode for characterizing the

morphology and the size of single and clustered SVs ad-

sorbed on a polylysine-coated mica surface, and in FV mode

for characterizing their stiffness. We established a method to

probe SVs in a nondestructive way, using low loading forces

and deforming SVs only elastically, so that they remained

intact after being compressed by the AFM tip. We further

FIGURE 9 AFM topography images of the samples

previously analyzed by DLS. (a) Closed SVs layer, or large

aggregates, due to the addition of synapsin I to the USV

suspension. (b) Control experiment with BSA and single,

monodisperse SVs. The radius of curvature of the SV in

the inset (red circular arc) is R ¼ 30.2 nm.
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used DLS for characterizing the size and the aggregation state

of USV and SSV, and for monitoring the aggregation kinet-

ics of USV in bulk solution after the addition of synapsin I.

We found that USV have a spherical shape with diameters

ranging from 25 to 45 nm, and they are highly monodisperse.

SSV have larger diameters, ranging from 40 to 70 nm, and

they have a broader size distribution. Moreover, the stiffness

of both types of SVs is similar, at least in the range of

our experimental accessibility, and their Young’s modulus

is ;75 kPa. Although synapsin I has been reported to inhibit

the transition of pure phospholipid membranes from the

lamellar to the inverted hexagonal phase induced by tem-

perature or Ca21 (61), our observations suggest that synapsin

I does not stabilize mechanically the SV membrane such as

the membrane proteins of bacteria do by building a crystal

layer that protects the cell (49).

Synapsin I, bearing a net positive charge with a pI over 10,

seems to convey a stabilizing surface charge to the SVs

suspended under physiological pH conditions. This property

could prevent nonspecific aggregation and random fusion

events of SVs in vivo and, at the same time, control the

clustering process. The removal of synapsin I abolished this

stabilizing effect and, as a result, SSVs had an increased

tendency to cluster. Thus, the clear-cut decrease in the number

of SVs observed in nerve terminals of synapsin knockout

mice (45–47,62,63) may depend rather on the loss of the

synapsin stabilizing effect, than on the poor mechanical

properties of the SV membrane.
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