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Optical imaging and analysis of single molecules continue to unfold as powerful ways to study the individual behavior of biological
systems, unobscured by ensemble averaging. Current expansion of interest in this field is great, as evidenced by new meetings, jour-
nal special issues, and the large number of new investigators. Selected recent advances in biomolecular analysis are described, and
two new research directions are summarized: superresolution imaging using single-molecule fluorescence and trapping of single mol-
ecules in solution by direct suppression of Brownian motion.
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O
ptical fluorescence imaging
and analysis of single mole-
cules continues to unfold as a
powerful way to study the indi-

vidual behavior of biological systems, un-
obscured by ensemble averaging. It has
become abundantly clear that the ability
to measure the distribution of behaviors,
as opposed to only the average behavior,
provides insight in cases where static or
dynamic heterogeneity is present, such as
in a complex system. For biomolecules in
particular, a variety of cellular operations
occur as individual enzymes work, one by
one, on various tasks, and understanding
how these individual nanomachines oper-
ate is an appealing and exciting challenge.

The early single-molecule optical stud-
ies in solids at low temperatures (1, 2),
followed by extensions to room tempera-
ture in the mid-1990s (3–6), laid the
groundwork for the broad range of biolog-
ical studies occurring since the year 2000
(7–9). [Optical trapping methods, in which
a dielectric bead is trapped in a laser
tweezers device, yield exquisite precision
in position and force measurements when
a single biomolecule can be tethered to a
large bead; work in these areas has been
separately reviewed (10–12).] Because the
basic methods of single-molecule fluores-
cence microscopy and spectroscopy are
now well known (13–15) and relatively
easy to apply with modern microscopes,
lasers, and detectors (16), a wealth of new
investigators have recently entered the
field. Applications to the study of single
proteins, DNA, RNA, and enzymes, both
inside and outside of cells are numerous
and increasing, as illustrated by the wide
selection of papers in this special issue.
Collections of review articles have also
appeared in Annual Review of Physical
Chemistry in 2004 (124–127) and in the
journals Accounts of Chemical Research
(128) and ChemPhysChem in 2005 (129),
spanning both biological and nonbiologi-
cal studies of polymers and materials. One
way to illustrate the rapid growth can be
generated by a search of the PubMed da-
tabase for all papers with the words ‘‘sin-

gle molecule’’ in the title. Although this is
only an approximate and very simple
measure, the number of such papers per
year, plotted in Fig. 1, shows that the field
appears to be in an exponential growth
phase with a doubling time of 2.2 years.

Further attesting to the interest and
progress in single-molecule studies, in the
past few years, several comprehensive
symposia at major international meetings
have occurred. For example, the Telluride
workshop ‘‘Single-Molecule Measure-
ments: Theory and Experiment’’ began in
2005, a critical development, because fur-
ther progress in extracting the maximum
amount of information from single-
molecule data depends not only on exper-
imental techniques but also on theoretical
models and statistical methods for extract-
ing unbiased information (17). From an-
other point of view, the wealth of new
information available as one molecule is
observed to fluctuate on a complex en-
ergy landscape has in fact stimulated new
theoretical approaches too numerous to
review here. More broadly, a new Gordon
Research Conference on Single Molecule
Approaches to Biology was established at
Colby–Sawyer College (New London,
NH) in the summer of 2006, with bian-
nual meetings planned into the future.
Focused symposia at annual meetings of
the American Chemical Society (fall 2006
and 2007); biannual single-molecule bio-
physics meetings in Aspen, CO; and an-
nual meetings in Berlin (Germany) on
single-molecule detection have all oc-
curred. These meetings span the areas of
enzymatic fluctuations (18), diffusion
analysis (19), protein/RNA folding (20,
21), DNA processing (22), DNA sequenc-
ing (23), cellular entry (24), and many
other biological problems where single-
molecule measurements can provide new
information.

A more specific example of one type of
measurement of current interest may be
drawn from current work by Taekjip Ha
and coworkers on DNA processing en-
zymes (25, 26). By placing both donor and
acceptor fluorophores at precise locations

on the molecule of interest, information
on distance (and angle) changes between
the two fluorophores can be extracted as
a function of time through Förster reso-
nant energy transfer (FRET), by now a
well known method (14). In Fig. 2A, the
basic setup is illustrated, where a single-
stranded DNA segment is anchored to a
surface, with an acceptor label (red) at
the end. The Escherichia coli Rep enzyme
with the donor label (green) binds to the
distal end of the DNA with a low FRET
signal and then slides along the DNA seg-
ment until it reaches the acceptor. Inter-
estingly, each time this happens, the Rep
enzyme quickly slides back to the end of
the DNA, and the process repeats, as
shown in the time traces of Fig. 2 B
(22°C) and C (37°C). The back-and-forth
repetitive shuttling process may be in-
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Fig. 1. Numbers of papers indexed in the PubMed
database with ‘‘single molecule’’ in the title (image
courtesy of Taekjip Ha); exponential growth with
doubling time of 2.2 years.

12596–12602 � PNAS � July 31, 2007 � vol. 104 � no. 31 www.pnas.org�cgi�doi�10.1073�pnas.0610081104



volved in the restarting of a stalled repli-
cation fork.

Although the FRET method continues
to provide useful insight about spontane-
ous and active conformational changes,
advanced versions of FRET have also
been developed (i) where alternating exci-
tation of the donor and the acceptor sepa-
rately allows cases of absent acceptors to
be removed from the analysis (27, 28); or
(ii) where, by careful statistical analysis,
precise measurement errors can be ex-
tracted (29). The single-molecule FRET
method continues to be a powerful tool
used by many investigators (30–33).

Another area of current interest in-
volves further extensions of single-
molecule studies to the interior of living
cells. Although tracking of moving single
molecules on the plasma membrane or
moving in the cytoplasm began some
years ago (34–36), many new investigators
are stepping up to the additional chal-
lenge of imaging in the higher background
of the cell (37–40). Naturally, autofluores-
cent proteins (41–43) are a powerful way
to achieve genetically directed labeling
and thus to follow intracellular events at
the single-molecule level (44–49). A con-
tinuing challenge is to identify additional
classes of small-molecule labels for im-
proved brightness and readout capability
at the single-copy level (50–52). In recent
work, the detection of emission from
freshly translated GFP or from the activ-
ity of an enzyme acting on fluorogenic
substrates was used to probe gene expres-
sion events (53, 54).

In the remainder of this paper, recent
work in two selected areas will be de-
scribed in slightly more detail. First,
methods to simultaneously localize the
positions of multiple single fluorophores
by precisely determining their individual
positions are now yielding impressive
gains in resolution for optical microscopy,
far beyond the diffraction limit. Second,
new techniques to suppress Brownian
motion have been devised that allow ex-
tended study of single molecules in solu-

tion, without attachment to surfaces or
entrapment in vesicles or in the pores of
gels.

Superresolution Imaging
One continuing driving force in single-
molecule fluorescence studies is the study
of biomolecules, in vitro and in vivo (55).
As is well known, biological fluorescence
microscopy depends upon a variety of
labeling techniques to light up different
structures in cells, but the price often paid
for using visible light is the relatively poor
spatial resolution compared with x-ray or
electron microscopy. The basic problem is
that in conventional microscopes, funda-
mental diffraction effects limit the resolu-
tion to a dimension of roughly the optical
wavelength � divided by two times the
N.A. of the imaging system, �/(2�N.A.).
Because the largest values of N.A. for
state-of-the-art highly corrected micro-
scope objectives are in the range of �1.3–
1.6, the spatial resolution of optical imag-
ing has been limited to �180 nm for
visible light of 500-nm wavelength.

In fact, the light from single fluorescent
molecular labels �1–2 nm in size provides
a way around this problem, that is, a way
to provide ‘‘superresolution,’’ or resolution
far better than the diffraction limit. How
can single molecules help? The sketch in
Fig. 3A illustrates the typical imaging
problem at room temperature: the single
molecule is far smaller than the focused
laser spot, yet if only one molecule is
pumped, information related to one indi-
vidual molecule and its local ‘‘nanoenvi-
ronment’’ can be extracted by detecting
the photons from that molecule alone
(56). In terms of spatial resolution, how-
ever, when the laser beam is scanned, the
observed ‘‘peak’’ from the single-
nanoscale source of light maps out the
point-spread function (PSF) of the micro-
scope, because the molecule is a
nanoscale light absorber, far smaller than
the size of the PSF. More specifically, the
molecule absorbs light with a probability
proportional to the square of the dot

product between the local optical electric
field and the molecule’s transition dipole
moment. This point was realized at the
very beginning of work in this field, where
the fluorescence excitation signal from
one molecule was used to map out the
size of the focused pumping laser beam
(57). Fig. 3B shows this PSF for emission
from a single molecule of the bacterial
actin protein MreB [Fig. 3B (the white
mountain, labeled by fusion to a yellow
fluorescent protein) in a bacterial cell (the
red crescent shape)] (48). It is this moun-
tain-like image from a single molecular
emitter that forms the basis for current
superresolution efforts based on single-
molecule microscopy. To keep the PSFs
from different molecules from overlap-
ping, very low concentrations of the
emitting molecule are usually required,
although the early low-temperature work
in the field used spectral selection to iden-
tify the different individual molecules in
the same laser focal volume (1, 2).

Recently, several researchers have be-
gun to take advantage of the nanoscale
size of single-molecule emitters more di-
rectly. Simply by measuring the shape of
the PSF, the position of its center can be
determined much more accurately than its
width. This idea, digitizing the PSF, a
form of simple deconvolution, has been
known for many years, but deconvolution
without knowledge of the PSF can gener-
ate spurious features in the presence of
noise. The knowledge that a single small
object is emitting means that a very good
estimate of the PSF can be extracted al-
most trivially just by recording the shape
of the detected images. Put another way,
the knowledge that only one tiny
nanoscale emitter is present allows the
experimenter to interpret the center of
the PSF as a measurement of the location
of the emitter. This idea was applied early
on to single-nanoscale fluorescent beads
with many emitters (58) and then to low-
temperature single-molecule images (59,
60), where both spatial information and
the secondary variable, laser wavelength,
were used to separate molecules.

Importantly, the accuracy with which a
single molecule can be located by digitiz-
ing the PSF depends fundamentally upon
the Poisson process of photon detection,
so the most important variable is the total
number of photons detected above back-
ground, with a weaker dependence on the
size of the detector pixels (61, 62).
Clearly, then, emitters with the largest
numbers of emitted photons before photo-
bleaching are preferable. A detailed statis-
tical analysis of the measurement process
based on Fisher information has been
completed (63, 64). Digitization of the
PSF for single Cy3 fluorescently labeled
myosin molecules was used to extract
position information down to a few nano-

Fig. 2. Explorations of the sliding behavior of Rep on a single-stranded DNA segment attached to a
surface. (A) Schematic of the labeling arrangement for FRET measurements. Traces (B, 22°C; C, 37°C) of
donor (green) and acceptor (red) fluorescence signals for a single Rep molecule are shown. [Reproduced
with permission from ref. 25 (Copyright 2005, MacMillian Publishers, Ltd.).]
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meters by Yildiz et al. (65), and a new
acronym was proposed [fluorescence im-
aging with 1-nm accuracy (FIONA)].
Digitization of the PSF for individual
semiconductor quantum dot emitters has
allowed observation of time-dependent
nanometer-sized steps produced by mo-
tors in cells by Nan et al. (66). In fact, the
single MreB protein shown in Fig. 3B is
part of an unlabeled filament of MreB
molecules and, over time, the molecule
moves linearly through the filament by a
treadmilling process (48). By fitting the
sequence of PSFs to Gaussian profiles, an
image of the shape of the filament can be
obtained with 30-nm resolution.

A variation on the digitization of the
PSF for one single molecule occurs when
a variable, such as excitation color or
wavelength, allows different molecules in
the same volume to be separately local-
ized. If this can be done, there is no need
to reduce the concentration of single
molecules to levels so low that only one
molecule is present in the pumped laser
volume. This idea was central to the early
low-temperature fluorescence excitation
work of the early 1990s, where hundreds
of molecules in the same volume were

separated by excitation wavelength, and
was generalized to other variables at room
temperature in 1995 (67). By separately
imaging two fluorophores (Cy3 and Cy5)
attached to two different calmodulin mol-
ecules that bind to the ‘‘legs’’ of the same
single molecule of myosin V, distance
measurements accurate to �10 nm were
achieved, and another acronym was
generated (68, 69) [single-molecule high-
resolution colocalization (SHREC) of
fluorescent probes].

However, there is still a problem for
imaging of complex structures in cells: it is
not easily possible to label with more than
just a few colors at room temperature, so
to use the techniques described thus far,
one must keep the concentration of the
labeled biomolecules at a very low value,
so that the PSF functions from individual
emitters do not overlap in the images.
One way to do this is to use the naturally
occurring photobleaching; eventually all
molecules will bleach except one. Adding
further to the exploding menagerie of ac-
ronyms, this basic idea was demonstrated
by Gordon et al. (70) for Cy3 labels on
DNA [single-molecule high-resolution im-
aging with photobleaching (SHRImP)]

and by Qu et al. (71) using Cy3-labeled
PNA probes on DNA [nanometer local-
ized multiple single (NALMS) molecule
fluorescence microscopy]. Lidke et al. (72)
showed that superresolution beyond the
diffraction limit can also be achieved with
the blinking of fluorescent semiconductor
quantum dots.

To obtain more control over the pro-
cess of digitization of the PSF for densely
spaced single-molecule fluorophores in
cells, researchers have begun to use pho-
toinduced spectral changes of fusions to
autofluorescent proteins such as GFP and
its relatives. Indeed, reversible photo-
switching of the emission of certain GFP
mutants was reported in the first single-
molecule observations of this amazingly
useful cellular label in 1997 (73). In the
years since, much progress has been made
in the development of improved photoac-
tivatable (turn-on of emission by
excitation at a control wavelength) and
photoswitchable fluorescent proteins with
colorful names such as Kaede (74), PA-
GFP (75), and DRONPA (76). Several of
these cellular labels are used in the
method of Betzig et al. (77) termed pho-
toactivated localization microscopy
(PALM), where light-induced photoacti-
vation of GFP mutant fusions is used to
randomly turn on only a few single mole-
cules at a time in fixed cell sections or
fixed cells. In this tour de force experi-
ment, individual PSFs were recorded in
detail to find their positions to �20 nm,
then were photobleached so that others
could be turned on, and so on until
many thousands of PSF positions were
determined. After 2–12 h of imaging, a
high-resolution image was extracted that
correlated well with a transmission elec-
tron microscopy image. Essentially simul-
taneously, Hess et al. (78) published a
nearly identical approach with a very simi-
lar acronym, termed fluorescence PALM
(F-PALM), which also utilizes a photoac-
tivatable GFP with PSF localization to
obtain superresolution. Fig. 3C shows an
example image of PA-GFP molecules on
a glass coverslip, where the green region
represents the blurred-out image from
conventional evanescent-wave fluores-
cence imaging, and the yellow dots repre-
sent the determination of the positions of
individual single-molecule emitters. It is
this impressive improvement of resolution
that is causing obvious excitement in su-
perresolution at the present time.

In another approach, Rust et al. (79)
have used controlled photoswitching of a
single photoswitchable fluorophore for
superresolution demonstrations [stochastic
optical reconstruction microscopy
(STORM)]. This method uses a Cy3-Cy5
emitter pair in close proximity that show a
novel property: restoration of Cy5’s photo-
bleached emission can be achieved by

BA

DC

Fig. 3. Overview of superresolution imaging. (A) Schematic of a tightly focused laser beam (blue) of
diffraction-limited diameter of �200 nm irradiating a cell. One molecule is in the focal volume, which
emits fluorescence (red). (B) Wide-field fluorescence image of a bacterial cell (red) containing a single
protein fusion between the bacterial actin MreB and EYFP (mountain). Acquisition time, 100 ms. (Scale bar,
0.5 �m.) (C) Fluorescence PALM image of PA-GFP molecules on a glass substrate, with green regions
showing the approximate blur region of diffraction-limited imaging and yellow dots showing the actual
detected positions of the single molecules. [Reproduced with permission from ref. 78 (Copyright 2006,
Biophysical Society).] (D) Confocal (Left) and STED (Right) images of a neurofilament in a human
neuroblastoma cell labeled by immunofluorescence. [Reproduced with permission from ref. 88 (Copyright
2006, National Academy of Sciences).]
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brief pumping of the Cy3 molecule. In this
way, the emission from a single Cy5 on
DNA or an antibody is turned on and off,
again and again, to measure its position
multiple times. After many such determi-
nations, localization accuracy can ap-
proach �20-nm resolution, and labeled
antibodies (labeled with �1 Cy3, ��1
Cy5) were used to localize RecA proteins
bound to DNA. The controllability of a
reversible photoswitch based on these
good single-molecule emitters is appeal-
ing, but because these molecules cannot
be genetically encoded in cells like
autofluorescent proteins, other methods
of implanting properly formed Cy3-Cy5
pairs in cells need to be developed.

Recently, an alternative approach has
been reported by Sharonov et al. (80)
based on accumulated binding of diffus-
ible probes, which are quenched in solu-
tion yet dequench in close proximity of
the surface of the object to be imaged
[points accumulation for imaging in
nanoscale topography (PAINT)]. The
method relies on the photophysical behav-
ior of molecules with a twisted intermo-
lecular charge transfer state such as Nile
red (81). PAINT has the advantages that
the object to be imaged need not be la-
beled, and many individual fluorophores
are used for the imaging, thus relaxing the
requirement on the total number of pho-
tons detected from each single molecule.
The feasibility of this approach in the re-
stricted cytoplasm needs to be explored.

In contrast to the previous approaches,
it is important to note that there are also
promising superresolution imaging meth-
ods (82) that do not specifically require
single emitters, random photobleaching/
blinking events, or photoswitching to be
sure that only one emitter is present in a
diffraction-limited volume. The basic idea
proposed by Hell et al. (83) involves using
optical saturation of the emission to pro-
vide a nonlinear response, which directly
alters the shape of the PSF itself. This
approach has been termed RESOLFT
(reversible saturable optical fluorescence
transitions) (84), because reversible photo-
switching into dark states may be re-
garded as a type of optical saturation that
produces a nonlinear dependence upon
the local pumping intensity, at much lower
power levels. The key point here is that
these methods make the PSF itself much
smaller, a step that can improve in princi-
ple any superresolution method based on
confocal scanning [such as the 4Pi method
(85) or even single-molecule imaging] at
the cost of somewhat higher complexity.

A powerful but sophisticated imple-
mentation of these ideas developed in
the laboratory of S. Hell (86) has been
termed stimulated emission depletion
(STED) microscopy (86). In STED,
pulsed excitation of the absorbing mole-

cules with a focused diffraction-limited
excitation laser pulse places them in the
electronically excited manifold as usual,
and the molecules quickly relax to the
lowest excited singlet state. However,
before the molecules can emit, a second
depleting laser pulse at a longer wave-
length with a ring- or donut-shaped fo-
cal spot profile excites the sample. This
pulse causes depletion of the excited
state by stimulated emission, that is, the
molecules not in the very center of the
originally pumped region are forced
down to the ground-state manifold. The
stimulated photons from the molecule
are at the same wavelength as the de-
pleting beam and are attenuated by fil-
tering. Thus, the only region of the sam-
ple that is allowed to emit in the range
not blocked by filters is the much
smaller central portion that was not irra-
diated by the depleting pulse. This
method has recently yielded resolution
far below the diffraction limit for both
GFP-based labeling (87) and other
forms of fluorescent labeling; Fig. 3D
shows confocal and STED images of a
neurofilament in a human neuroblas-
toma labeled by immunofluorescence
(88). In principle, STED can operate
with any nonlinear response of the sam-
ple.

In a different approach that also effec-
tively suppresses the size of the PSF,
Gustafsson (89) has proposed and demon-
strated a wide-field superresolution
technique that also relies upon nonlinear
response but features structured illumina-
tion (90) with a large number of differ-
ently oriented standing-wave intensity
patterns from two interfering laser beams.
The nonlinearity changes the physical re-
sponse to the sinusoidal illumination into
a function with many higher spatial fre-
quencies that ultimately alias back into the
acceptance angle of the collection lens.
With a complex computerized deconvolu-
tion, a superresolution image is obtained.

All of these tantalizing new approaches
to superresolution in biological imaging
have advantages and disadvantages, and
which method will achieve widespread use
and useful time resolution for observing
nanoscale cellular dynamics still has yet to
be determined. Better single-molecule
emitters with photoactivation and/or pho-
toswitching for cellular labeling would
certainly help, because most superresolu-
tion methods have accuracy limitations
arising from the finite number of photons
available from a single molecule before
photobleaching (with the exception of
PAINT). Some of the key questions to be
addressed are: How much dynamical in-
formation can be obtained in the super-
resolution limit? How can one deal with
the randomness of molecules that blink on
and off? and so on. For the former ques-

tion, the highest-resolution method
(PALM) has required long acquisition
times on fixed cells, so extension to the
observation of cellular dynamics will likely
require tradeoffs. For the latter question,
it may be that the STED method has a
controllability advantage, because it uses
high laser intensities to achieve stimulated
emission. Considering the STORM
method, where the on/off switching is
somewhat more controlled than other
photoswitchable molecules (yet still a
Poisson process), one can regard each
emission time of the molecule as a new
position measurement, so that over time a
large number of determinations are made
of the position of the molecule. Each of
these determinations is performed with
fewer photons than if switching did not
occur, thus each has larger mean-squared
error. However, taken as a whole, the
many position determinations of the same
molecule under photoswitching conditions
should be equivalent to one long acquisi-
tion of all of the photons, as long as the
molecule does not move, and central-limit
statistics applies. The situation is roughly
analogous to trying to measure a photon
emission stream in time, where one can
use small time constants and many deter-
minations or one long time constant. As is
well known, if there is any chance of dy-
namical changes (either unwanted motion
or drifts), one would prefer the short time
acquisitions, because then dynamical ef-
fects (such as motion of the emitters) can
be extracted, either directly or by various
forms of correlation analysis. Such consid-
erations will be an important topic of
future work, along with many new appli-
cations of superresolution imaging using
the methods already demonstrated.

Trapping of Single Molecules in Solution
In single-molecule studies, one would
like to observe each molecule for as
long a time as possible to extract maxi-
mal information from the molecule, a
requirement that is relatively easy to
achieve for solid samples (91), but that
is quite challenging for small biomol-
ecules in their native aqueous environ-
ment. Brownian motion is severe in
solution at room temperature: a single
10-nm object in water diffuses through a
diffraction-limited laser spot �0.3 �m in
diameter in �1 ms. To address this, in-
vestigators have previously used a vari-
ety of strategies, such as immobilization
on a transparent glass surface (92, 93)
or encapsulation within the water-filled
pores of a gel (5, 94, 95). Although
these approaches can be useful, interac-
tions with the glass surface or the
gel-forming material can perturb the
behavior of the biomolecules of interest.
Another approach has been to try to
enclose the biomolecules of interest in a
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vesicle (96), a promising approach espe-
cially for membrane-bound molecules,
but bringing ligands or nucleotides in
and out of the vesicle can be challenging
in some cases. In the fluorescence
correlation spectroscopy method (97),
diffusion of a single biomolecule in solu-
tion brings it into the tiny 100-fl volume
of a focused laser beam, but only for a
time on the order of 1 ms. Analysis of
the correlation function resulting from
many single-molecule passages has been
successfully used to tease out internal
dynamics of fluorescent biomolecules
(98–100).

One may ask, why not use an optical
trap, such as the highly successful laser-
tweezer trap, first proposed in the mid-
1980s by Ashkin et al. (101)? Indeed, in
the ensuing decades, this approach has led
to major strides in biophysical understand-
ing resulting from extremely precise bio-
physical force and subnanometer position
measurements (10, 11, 102). However, it is
worth remembering that the object actu-
ally trapped in a laser-tweezer system is a
large dielectric bead, such as a poly(sty-
rene) or glass sphere �1 �m in diameter.
The biomolecule of interest is always at-
tached to the sphere by various types of
tethering/attachment chemistry. In fact,
laser tweezers cannot trap a single small
biomolecule directly, for the following
reason. The gradient optical forces in a
tweezers system are proportional to the
polarizability � of the trapped object,
which scales as the volume d3 (with d the
diameter). Thus, if 10 mW of focused la-
ser power is used trapping a 1-�m-size
object, trapping a 100-nm object of a simi-
lar material would require 10 W of laser
power, and trapping a 10-nm object would
require 10 kW of laser power. The polar-
izability of a single small protein molecule
is simply too small.

Feedback control, widely used to re-
duce stochastic fluctuations, provides a
potential solution to these difficulties,
which profits from the high processing
speed of modern computers and image
processing software (103). Recent theoret-
ical proposals have discussed using feed-
back to track the Brownian motion of
individual fluorescent molecules in solu-
tion (104–106). For nanoscale objects,
electrokinetic (electrophoretic and elec-
troosmotic) forces are far stronger than
magnetic (107), dielectrophoretic (108), or
optical forces and are thus most suitable.
Recently, a new trap was proposed and
demonstrated by A. E. Cohen and
W.E.M., the anti-Brownian electrokinetic
trap (ABEL trap), which scales quite fa-
vorably for trapping very small objects in
solution (109). In the ABEL trap, a de-
crease in the diameter of a particle by a
factor of k requires an increase in the
speed of the ABEL trap by only a factor

of k to maintain the same trapping
strength, so extremely small objects can be
trapped. The ABEL trap uses low-
frequency electric fields and real-time
feedback control to manipulate and trap
individual nanoscale objects in solution at
ambient temperature. Referring to Fig. 4
(A, side-view section showing only two of
four electrodes; B, top view of the mi-
crofluidic cell), the ABEL trap works by
(i) monitoring the Brownian motion of
the particle by directly measuring the
particle’s position with standard single-
molecule fluorescence imaging microscopy
and then (ii) applying a feedback voltage
to the solution, so that the resulting elec-
trokinetic drift (which may be either elec-
trophoretic or electroosmotic in character)
cancels the Brownian motion within the
bandwidth of the feedback system. The
particle is confined in the z direction by a
thin channel on the order of 500 nm in
thickness, and the microfluidic cell may be
fabricated out of poly(dimethyl siloxane)
(110), glass (111), or quartz (112) (shown
in Fig. 4B). The control fields are applied
in the x-y plane by four macroscopic elec-
trodes placed in deep channels extending
away from the trapping region in all four
x-y directions.

The initial implementations of the
ABEL trap used software-based feedback
and electron-multiplying CCD imaging
technology, in which the update time
could be made as small as 4.5 ms (113).
In this configuration, the ABEL trap was

used to trap a variety of small objects in
solution, ranging from 20-nm fluorescent
spheres to single fluorescently labeled to-
bacco mosaic virus (TMV) particles (113).
To trap smaller objects such as single cop-
ies of B-phycoerythrin, fluorescently
labeled GroEL protein molecules, or fluo-
rescent semiconductor nanocrystals, su-
crose or glycerol was added to the solu-
tion to reduce the diffusion coefficient of
the particle (113). Fig. 4C lower right
shows the x-y trajectory of single TMV
particles, and one can see that a small
residual motion of the particle naturally
occurs. This may be understood by think-
ing about the trapping algorithm in a little
more detail: an image of the trapped ob-
ject taken at a particular moment is used
to calculate the required electrokinetic
drift force and direction that would move
the center of mass back to the center of
the trap. It takes a certain amount of time
(�3.3 ms) to acquire the image and more
time to perform the feedback calculation.
The applied force certainly moves the ob-
ject in the required direction, but the ran-
dom Brownian forces acting continuously
on the particle will always prevent it from
being exactly at the center of the trap
when the next image acquisition is com-
plete. Rather than being a nuisance, inter-
estingly, this jiggling of the particle in the
trap contains useful information (114). A
record of the actual positions of the parti-
cle and the applied electric fields at each
update time can be used to remove the

Fig. 4. Trapping single molecules in solution with the ABEL trap. (A) Schematic side view of the ABEL trap
showing that the microfluidic cell sits above the oil-immersion objective of an inverted fluorescence
microscope. Confinement in the z direction along the axis of the microscope is produced by the thin gap
between the upper transparent structure and a flat coverslip. Four electrodes are placed in the solution
far away from the central trapping region. (B) Top view of the microfluidic cell, showing the trapping
region �10 � 10 �m in size in the center. Four deep milled channels extend out in the �/� x and �/� y
directions. The four sharply pointed raised regions serve to define the thickness of the trap in the z
direction normal to the page. (C) Measured (lower right) and pseudofree (center) trajectories of 13
trapped particles of TMV. [Reproduced with permission from ref. 113 (Copyright 2006, National Academy
of Sciences).] (D) Position probability distribution of a single fluorescently labeled molecule of the
chaperonin, GroEL, trapped in buffer. The standard deviation is shown.
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effects of the trapping and calculate a
pseudofree trajectory, which is statistically
similar to the trajectory the particle would
have followed had it not been trapped
(shown for the TMV particles in the main
part of Fig. 4C) (113). Under various as-
sumptions, the pseudofree trajectory can
be used in principle to extract information
about both the mobility and the diffusion
coefficient of the trapped particle, and
development of a fully general decomposi-
tion algorithm is a topic of current re-
search (112).

To go faster, and therefore to trap sin-
gle molecules without the need to artifi-
cially increase the solution viscosity, a
hardware version of the ABEL trap has
been constructed by using rotation of the
laser focus (104). This method allows up-
date times as small as �25 �s, and Fig.
4D shows the displacement histogram of a
single fluorescently labeled molecule of
GroEL trapped in buffer (112).

Tracking and trapping nanoscale objects
is a fascinating new direction showing po-
tential for improvements along many lines.
Single molecules of DNA can be trapped
without the need for attachment to a
bead, and their shape fluctuations may

be analyzed in detail to extract informa-
tion about DNA dynamics as shown on
p. 12622 of this issue of PNAS (130), as
well as information about DNA mechani-
cal properties (131). The ABEL trap prin-
ciple can be extended to three dimensions
by adding more electrodes and by sensing
z displacements by a defocusing algorithm
similar to that used in CD players. Track-
ing can also be accomplished by moving
the stage itself in three dimensions, but
this approach can be limited in its speed
by the requirement to move a massive
stage to follow the nanoscale object. As
mentioned above, rotation of the laser
focus is a method for producing position
information at a very high speed (104),
and this scheme has been demonstrated in
a 3D geometry by using two-photon exci-
tation of fluorescence (115) and for small
nanoparticles in two dimensions showing
shot-noise-limited localization (116). Go-
ing beyond fluorescence, 3D tracking has
recently been achieved by detecting scat-
tered light from a 250-nm gold colloid by
using a 3D defocus detection scheme and
stage motion (117, 118).

Outlook
The recent progress in single-molecule
imaging and microscopy has been im-

pressive from both the methodological
and the applications perspectives. At the
same time, there has been a welcome
increase in contributions from the theo-
retical community to the analysis and
interpretation of single-molecule data
(17, 119–123). With many new investiga-
tors continuing to enter the field, the
applications of single-molecule fluores-
cence imaging methods should continue
to expand. It is an exciting time for
study of single biomolecules willing to
tell us how each individual behaves, as a
window into the true nature of complex
nanoscale systems.
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Schweinberger E, Steigmiller S, Reuter R, Fele-
kyan S, Kudryavtsev V, Seidel CAM, et al. (2004)
Nat Struct Mol Biol 11:135.

32. Kozuka J, Yokota H, Arai Y, Ishii Y, Yanagida T
(2006) Nat Chem Biol 2:83–86.

33. Kapanidis AN, Margeat E, Ho SO, Kortkhonjia E,
Weiss S, Ebright RH (2006) Science 314:1144–
1147.

34. Sako Y, Minoghchi S, Yanagida T (2000) Nat Cell
Biol 2:168–172.

35. Kues T, Peters R, Kubitscheck U (2001) Biophys J
80:2954–2967.

36. Harms GS, Cognet L, Lommerse PHM, Blab GA,
Kahr H, Gamsjaeger R, Spaink HP, Soldatov NM,
Romanin C, Schmidt T (2001) Biophys J 81:2639–
2646.

37. Moerner WE (2003) Trends Anal Chem 22:544–
548.

38. Konopka MC, Weisshaar JC (2004) J Phys Chem A
108:9814–9826.

39. Ichinose J, Sako S (2004) Trends Anal Chem
23:587–594.

40. Xie XS, Yu J, Yang WY (2006) Science 312:228–
230.

41. Zhang J, Campbell RE, Ting AY, Tsien RY (2002)
Nat Rev 3:906–918.

42. Giepmans BNG, Adams SR, Ellisman MH, Tsien
RY (2006) Science 312:217–224.

43. Remington SJ (2006) Curr Opin Struct Biol 16:714–
721.

44. Femino AM, Fay FS, Fogarty K, Singer RH (1998)
Science 280:585–590.

45. Harms GS, Cognet L, Lommerse PHM, Blab GA,
Schmidt T (2001) Biophys J 80:2396–2408.

46. Moerner WE (2002) J Chem Phys 117:10925–
10937.

47. Deich J, Judd EM, McAdams HH, Moerner WE
(2004) Proc Natl Acad Sci USA 101:15921–15926.

48. Kim SY, Gitai Z, Kinkhabwala A, Shapiro L,
Moerner WE (2006) Proc Natl Acad Sci USA
103:10929–10934.

49. Courty S, Luccardini C, Bellaiche Y, Cappello G,
Dahan M (2006) Nano Lett 6:1491–1495.

50. Chen I, Ting A (2005) Curr Opin Biotechnol 16:35.
51. Willets KA, Nishimura SY, Schuck PJ, Twieg RJ,

Moerner WE (2005) Acc Chem Res 38:549–556.
52. Nishimura SY, Lord SJ, Klein LO, Willets KA, He

M, Lu ZK, Twieg RJ, Moerner WE (2006) J Phys
Chem B 110:8151–8157.

53. Cai L, Friedman N, Xie XS (2006) Nature 440:358–
362.

54. Yu J, Xiao J, Ren X, Lao K, Xie XS (2006) Science
311:1600–1603.

55. Weiss S (1999) Science 283:1676–1683.
56. Moerner WE (1994) Science 265:46–53.
57. Ambrose WP, Basché T, Moerner WE (1991)
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