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Naphthalene biodegradation was investigated in microcosms containing sediment and water collected from
three ecosystems which varied in past exposure to anthropogenic and petrogenic chemicals. Mineralization
half-lives for naphthalene in microcosms ranged from 2.4 weeks in sediment chronically exposed to petroleum
hydrocarbons to 4.4 weeks in sediment from a pristine environment. Microbiological analysis of sediments
indicated that hydrocarbon-utilizing microbial populations also varied among ecosystems and were 5 to 12
times greater in sediment after chronic petrogenic chemical exposure than in sediment from an uncontaminated
ecosystem. Sediment from an ecosystem exposed to agricultural chemicals had a mineralization half-life of 3.2
weeks for naphthalene and showed about a 30-fold increase in heterotrophic bacterial populations in
comparison to uncontaminated sediments, but only a 2- to 3-fold increase in hydrocarbon-degrading bacteria.
Analysis of organic solvent-extractable residues from the microcosms by high-pressure liquid chromatography
detected polar metabolites which accounted for 1 to 3% of the total radioactivity. Purification of these residues
by thin-layer chromatography and further analysis by gas chromatography-mass spectrometry indicated that
cis-1,2-dihydroxy-1,2-dihydronaphthalene, 1-naphthel, salicylic acid, and catechol were metabolites of naph-
thalene. These results provide useful estimates for the rates of naphthalene mineralization in different natural
ecosystems and on the degradative pathway for microbial metabolism of naphthalene in freshwater and

estuarine environments.

Polycyclic aromatic hydrocarbons (PAHs) are compounds
of environmental and human health concern since some
PAHs have been shown to be toxic, mutagenic, or carcino-
genic (30, 39, 40). Human exposure to PAHs may occur from
emissions during the incomplete combustion of fossil fuels or
due to accidental discharge into aquatic and terrestrial
environments during the transport, use, and disposal of
petroleum products (30, 35, 40, 41). Naphthalene, a dicyclic
aromatic hydrocarbon, and its methylated derivatives are
considered some of the most acutely toxic compounds in the
water-soluble fraction of petroleum (1). Exposure to naph-
thalene has caused a decrease in hemoglobin concentration
and inhibited oxygen consumption in various experimental
organisms (15, 46).

The microbial metabolism of naphthalene has been studied
extensively, and the rate, metabolic pathway, enzymatic
reactions, and genetic regulations of naphthalene catabolism
have been well documented (4-13, 16-18, 20, 31, 32, 34, 38,
47). However, there are few reports showing the rate and
metabolism of naphthalene in experimental systems de-
signed to model natural ecosystems (3, 26, 27, 36, 41). The
degradation of chemicals in the environment can be affected
by several factors which may differ among ecosystems, such
as organic and inorganic nutrient levels, temperature, pH,
previous chemical exposure, microbial adaptations, and
oxygen tension (2, 22, 33, 45). In addition, many species of
bacteria, cyanobacteria, filamentous fungi, and yeasts coex-
ist in natural ecosystems and may act independently or in
concert to metabolize aromatic hydrocarbons (5, 19, 20).
The purpose of this investigation was to determine the rates
of mineralization, the metabolic pathway, and the initial
oxidation reactions for naphthalene catabolism in micro-
cosms containing sediment and water collected from three
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well-characterized ecosystems which differed in past expo-
sure to petrogenic and anthropogenic chemicals.

MATERIALS AND METHODS

Chemicals. Naphthalene and phenanthrene were pur-
chased from Aldrich Chemical Co., Milwaukee, Wis.
(1,4,5,8-“Clnaphthalene with a specific activity of 5.10
mCi/mmol was purchased from Amersham Corp., Arlington
Heights, Ill. cis-1,2-Dihydroxy-1,2-dihydronaphthalene (cis-
naphthalene dihydrodiol) and trans-1,2,-dihydroxy-1,2-dihy-
dronaphthalene (trans-naphthalene dihydrodiol) were ob-
tained from David T. Gibson, University of Texas at Austin.
Catechol, hexadecane, 1-naphthol, and salicylic acid were
purchased from Chemical Service, Media, Pa. Solvents for
high-pressure liquid chromatography (HPLC) and thin-layer
chromatography (TLC) were purchased from Burdick and
Jackson Laboratories, Muskegon, Mich. Solvents and chem-
ical standards used in this study were of the highest purity
available.

Design of naphthalene biodegradation studies. Biodegrada-
tion of naphthalene was monitored in a flowthrough micro-
cosm test system which enabled monitoring of naphthalene
mineralization (complete degradation to CO,) and extraction
and recovery of both volatile and nonvolatile metabolites as
well as undegraded naphthalene (23, 29). Microcosms con-
sisted of 0.5-liter glass minitanks (Foxboro/Analabs, North
Haven, Conn.) containing 20 g of homogenized moist sedi-
ment and 180 ml of water collected from three different
ecosystems which varied in their watershed development,
nutrient levels, and history of previous exposure to chemical
contaminants. The pH and sediment organic carbon concen-
trations for these ecosystems are as follows: DeGray Reser-
voir, a man-made impoundment in southwestern Arkansas,
pH 7.2, 3.2%; Lake Chicot, a natural oxbow lake in south-
eastern Arkansas, pH 7.6, 6.6%; and Redfish Bay, a natural
estuary near Port Aransas, Tex., pH 7.8, 3.5%. Microcosms
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were exposed to 0.92 nCi (118 pg) of naphthalene for 8
weeks while being continuously purged with compressed air.
The microcosms were mixed twice weekly, and the gaseous
effluent from each microcosm was directed through a vola-
tile-organic-trapping column containing 7 cm of poly-
urethane foam and 500 mg of Tenax GC (Alltech Associates
Inc.), and a *CO,-trapping column containing 50 ml of
monoethanolamine-ethylene glycol (3:7, vol/vol). The effi-
ciency of polyurethane foam and Tenax GC for trapping
volatile organics has been described previously (37, 48).
Volatile-organic-trapping columns were replaced after 2, 4,
and 8 weeks, and the *CO,-trapping columns were rejuve-
nated after 4 weeks by adding 8 ml of fresh trapping solution.
In addition, the gaseous effluent from some microcosms was
directed through secondary volatile-organic- and #CO,-
trapping columns to ensure that the primary columns did not
become saturated with naphthalene or volatile naphthalene
metabolites. Naphthalene mineralization was monitored
weekly by placing duplicate 1-ml portions of the #CO,-
trapping solution into scintillation vials containing 15 ml of
Fluoralloy-methanol (1:1, vol/vol) scintillation cocktail
(Beckman Instrument Co., Fullerton, Calif.). Radioactivity
was measured with a liquid scintillation counter (model 6881,
Mark III; T.M. Analytic, Elk Grove Village, Ill.), and all
values were corrected for trapping efficiency, quench, and
background. Sterile microcosm controls were achieved by
autoclaving for 30 min and adding 1 g of mercuric chloride.
Batch experiments were conducted to isolate sufficient quan-
tities of naphthalene metabolites for structure elucidation. In
these experiments, five replicate microcosms were exposed
t0 0.92 u.Ci (118 pg) and 2 mg of naphthalene for 1 week, and
then the supernatants were pooled and extracted as de-
scribed below.

Linear and nonlinear regression analyses were used to
model naphthalene mineralization in microcosms from each
ecosystem. The highest correlation coefficients (0.94 to 0.98)
were obtained with a nonlinear Kinetics model (C. M.
Metzler and D. L. Weiner, NONLIN84 Users Guide, Sta-
tistical Consultants, Inc., Lexington, Ky., 1984) designed to
model experiments with bolus chemical input, no lag phase,
and exponential chemical degradation rates. All mineraliza-
tion values were corrected for naphthalene losses due to
volatility, adsorption onto sediment, or permanent incorpo-
ration into sediment microorganisms. These statistical anal-
yses enabled the calculation of mineralization half-lives for
naphthalene in microcosms from each ecosystem.

Extraction and chemical analysis procedures. Volatile C-
residues in the polyurethane foam were measured by placing
l-cm slices into scintillation vials containing 15 ml of
Scintisol (Isolab Inc., Akron, Ohio), and radioactivity was
measured as described above. The volatile 1*C-residues were
identified in some microcosms by extracting the poly-
urethane foam with 5 ml of ethyl ether and direct chemical
analysis by capillary column gas chromatography-mass
spectrometry (GC-MS). Radiolabeled organic residues ad-
sorbed to the Tenax GC and to sediments were combusted to
14CQO, in a Packard model B306 Tricarb sample oxidizer
(Packard Instrument Co., Downers Grove, Ill.) and counted
by liquid scintillation spectrometry.

Direct counting of a 1-ml portion of the microcosm super-
natant in a scintillation vial containing 12 ml of Scintisol
indicated that most of the “C-residues remaining after 1
week were in the aqueous phase. Therefore, supernatants
from the metabolite enrichment experiments (five micro-
cosms) were pooled after 1 week and extracted with 3 equal
volumes of ethyl acetate. The supernatants were acidified to
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pH 4.0 with a known volume of 0.5 N HCI to enhance the
recovery of possible acidic metabolites and reextracted with
3 equal volumes of ethyl acetate. The extracts were pooled,
dried with anhydrous Na,SOy4, and evaporated in vacuo at
35°C to 10 ml, transferred to calibrated glass vials, and
evaporated to 500 pl under a gentle stream of dry argon.

Ethyl acetate-extractable residues were separated and
purified by TLC and HPLC. All TLC analyses were per-
formed with 500-uM Silica Gel GF plates (Analtech, New-
ark, Del.), and separation was achieved with either hexane-
benzene (1:1, vol/vol), chloroform-acetone (8:2, vol/vol), or
hexane-acetone-acetic acid (80:20:1, vol/vol/vol) solvent
systems. Autoradiograms to locate !*C-metabolites were
produced by exposing XAR-2 X-ray film (Eastman Kodak
Co., Rochester, N.Y.) to TLC plates of [*Clnaphthalene
extracts for 4 weeks. Radioactive spots containing naphtha-
lene metabolites and undegraded naphthalene were scraped
from TLC plates, and the compounds were eluted with
acetone-methanol (1:1, vol/vol) and further analyzed by
capillary column GC-MS. All HPLC analyses were per-
formed with two model 100A pumps (Beckman Instruments)
and a Hitachi model 100-40 variable-wavelength absorbance
detector adjusted to 254 nm. A 5-pm C,g Ultrasphere ODS
column (4.6 mm by 25 cm; Altex Scientific, Berkeley, Calif.)
was used, and separation was achieved with a methanol-
water linear gradient (50 to 100%, vol/vol; 30 min) at a flow
rate of 1 ml/min. Quantitative analysis of [**C]naphthalene
extracts by HPLC was determined by collecting the effluent
0.5-ml fractions into scintillation vials containing 10 ml of
Scintisol, and radioactivity was determined as described
above.

Naphthalene metabolites were analyzed after TLC clean-
up with a GC-MS system (model 4023; Finnigan Instru-
ments, San Jose, Calif.) equipped with a quadrupole mass
filter and a DBS capillary column (0.25 mm [inside diameter]
by 30 m; J & W Scientific, Rancho Cordova, Calif.). Metab-
olites were derivatized by methylation with diazomethane
(43) or acetylation with acetic anhydride and pyridine (28).
Analyses were performed in the electron impact mode with
an electron energy of 70 eV. Samples were injected into the
GC at 60°C, held isothermally for 2 min, and programmed to
rise to 225°C at 10°C/min.

Enumeration of microorganisms. Sediments from each
ecosystem were diluted with phosphate buffer (0.05 M; pH
7.8) prior to each experiment, and the number of total
heterotrophic, aliphatic hydrocarbon-degrading, and PAH-
degrading microorganisms was determined by a miniaturized
most-probable-number (MPN) method (23) or by standard
plating techniques. For the MPN analyses, each sediment
was serially diluted, and 50-pl inocula were added to eight
replicate wells containing 100 pl of culture medium.
Heterotrophic microorganisms were cultured on casein-
peptone-starch (CPS) medium (14), and aliphatic hydrocar-
bon-degrading microorganisms were grown on a 2% agar
mixture of minimal basal salts (MBS) medium (44) after the
sterile addition of 10 ul of hexadecane to each well. PAh-
degrading microorganisms were cultured on standard petri
dishes containing a 2% agar mixture of MBS medium after
the surfaces were coated lightly with an acetone spray of
dilute phenanthrene and dried overnight at 35°C to volatilize
the acetone. Naphthalene was not used as the PAH substrate
due to its volatility. Growth of heterotrophic and hydrocar-
bon-degrading microorganisms was determined by visual
detection of colonies or turbidity, and final populations were
determined by direct counting from petri dishes or were
computed from a standard eight-tube MPH table (42). Sterile
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phosphate buffer and sediment samples were plated on CPS
and MBS agar, respectively, to test for contamination of
plates and buffer and for microbial growth on MBS agar in
the absence of added nutrients. The sediment in the 107!
dilution of each sediment was dried and weighed, and final
microbial population values were expressed as 10* microor-
ganisms per g of dry sediment.

RESULTS

Description of ecosystems used for naphthalene degradation
studies. The ecosystems selected for this study varied in
their previous exposure to petrogenic and anthropogenic
chemicals. Redfish Bay, Tex., is an estuarine ecosystem
which is known to be chronically exposed primarily to
petroleum hydrocarbons. In contrast, Lake Chicot, Ark.,
receives no known exposure to petrogenic chemicals, but is
chronically exposed to pesticide, herbicide, and fertilizer
runoff from a watershed which is 90% heavily farmed.
DeGray Reservoir, Ark., was selected as a pristine,
uncontaminated ecosystem since it has excellent water qual-
ity, 70% of its watershed is undeveloped, and it receives no
significant agricultural, urban, or industrial contamination. A
description and a detailed comparison of the limnological
and physical characteristics of these ecosystems has been
presented previously (23, 24). Since the degradation of
chemicals in the environment is determined by autochthon-
ous microorganisms, we used microcosms containing sedi-
ment and water from each of these ecosystems to determine
how the rate, extent, and metabolic pathway of naphthalene
degradation varied among different natural ecosystems.

Naphthalene mineralization in microcosms from various
ecosystems. Naphthalene was readily degraded to CO, by the
natural microbiota in all the sediment-water microcosms
with no apparent lag phase (Fig. 1). However, the rate of
mineralization differed according to the source of the envi-
ronmental sample. For example, over three times more
naphthalene mineralization was observed after 1 week in
microcosms from Redfish Bay than in the other two ecosys-
tems. Naphthalene mineralization was higher throughout the
experiment in microcosms from Redfish Bay, followed by
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FIG. 1. Mineralization of naphthalene in microcosms from
Redfish Bay (@), Lake Chicot (M), and DeGray Reservoir (A).
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TABLE 1. Heterotrophic and hydrocarbon-degrading microbial
populations in sediment from each ecosystem

Population (10* organisms/g [dry wt]
of sediment)

Organism type

DeGray Lake Redfish
Reservoir Chicot Bay
Heterotrophic 5.0 163.0 6.3
Hydrocarbon degrading
Hexadecane 1.1 2.4 5.4
Phenanthrene 0.1 0.3 1.2

Lake Chicot and DeGray Reservoir, in that order. Statistical
modeling of these data by nonlinear regression analysis
calculated the following rate and half-lives for naphthalene
mineralization: Redfish Bay, 2.9% day~!, 2.4 weeks; Lake
Chicot, 2.2% day !, 3.2 weeks; and DeGray Reservoir, 1.7%
day™!, 4.4 weeks. These rates of naphthalene metabolism
and calculated half-lives are consistent with the known
histories of previous chemical exposure for these ecosys-
tems and suggest that chronic exposure to petrogenic chem-
icals and, to a lesser extent, agricultural chemicals can cause
enhanced degradation rates for aromatic hydrocarbons.

The cumulative mineralization of naphthalene appeared to
reach a plateau after about 60 to 70% mineralization in all the
microcosms. This resulted from depletion of naphthalene in
the microcosms, since analysis of the volatile-organic-
trapping columns indicated that 12 to 15% of the naphthalene
was lost by volatilization during the first 2 weeks of incuba-
tion. Combustion of the “C-residues contained in the sedi-
ments to #CO, indicated that 5 to 8% of “C-residues
remained in the sediments after 8 weeks of exposure to
naphthalene. These residues were probably either adsorbed
onto sediments and thus biologically unavailable or perma-
nently incorporated into microorganisms. GC-MS analysis
of extracts from the volatile-organic-trapping columns de-
tected the presence of naphthalene. No volatile metabolites
were found. In addition, we did not detect volatile residues
in the secondary volatile-organic-trapping columns, which
indicated that the primary trapping columns did not become
saturated with residues during the time course of the exper-
iments. These results indicate the importance of using vola-
tile-organic-trapping columns in degradation studies with
volatile chemicals to ensure that *CO,-trapping solutions do
not contain undegraded or partially degraded chemical resi-
dues which could cause overestimation of mineralization.
We detected no abiotic degradation of naphthalene in static,
sterile microcosms from each ecosystem.

Heterotrophic and hydrocarbon-utilizing sediment micro-
organisms. Since differences in the rates of naphthalene
mineralization were observed among the ecosystems, we
enumerated sediment populations of heterotrophic and hy-
drocarbon-utilizing microorganisms to determine whether
these rate differences resulted from higher total microbial
populations or from selective increases in hydrocarbon-
degrading microorganisms (Table 1). Sediment from Lake
Chicot had a heterotrophic microbial population which was
about 25 times higher than sediments from DeGray Reser-
voir or Redfish Bay. However, the differences in the popu-
lation of hydrocarbon-degrading microorganisms were re-
lated to the different rates of naphthalene mineralization
among the ecosystems. For example, the number of micro-
organisms in Redfish Bay sediment which were capable of
growing solely on hexadecane was only 15% lower than the
total observed heterotrophic population. The hexadecane-
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FIG. 2. HPLC elution profiles showing UV absorbance and
radioactivity of organic-extractable naphthalene residues in micro-
cosms from Redfish Bay, Tex., after 1 week in a sterile control (A)
and after 1 week of degradation (B).

degrading microbial population in sediments from DeGray
Reservoir and Lake Chicot was overall lower than that
in Redfish Bay sediment and represented a much smaller
fraction of the indigenous heterotrophic microbial
population. Similar differences among the ecosystems were
observed for phenanthrene-degrading microorganisms, al-
though  aromatic  hydrocarbon-degrading  microbial
populations were overall much smaller than aliphatic hydro-
carbon-degrading populations. These results indicate that
chronic exposure to petrogenic chemicals may not increase
the total number of heterotrophic microorganisms, but does
selectively increase hydrocarbon-degrading microbial popu-
lations, resulting in enhanced mineralization rates for naph-
thalene.

Naphthalene degradation products. The combined radioac-
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tivity of *C-intermediates detected in microcosms exposed
to [**Clnaphthalene for 1 week accounted for about 1 to 3%
of the total radioactivity. Most of the [!*C]naphthalene in the
microcosms was either completely mineralized to *CO, or
remained as undegraded naphthalene. In experiments to
enrich for naphthalene metabolites, extracts of pooled su-
pernatants from five replicate microcosms which were incu-
bated with naphthalene for 1 week were analyzed by HPLC
and compared with extracts of sterilized controls. Figure 2
shows the UV and radioactivity HPLC elution profile for
sterilized and pooled 7-day extracts from Redfish Bay mi-
crocosms. The extract from the sterile control (Fig. 2A)
showed a single radioactive chromatographic peak with a
retention time of 28.5 min, which was identical to that of
authentic naphthalene. However, the extract from the
Redfish Bay microcosms (Fig. 2B) showed, in addition to a
peak which corresponded to undegraded naphthalene, radio-
active peaks at 4.5 and 6.0 min, which corresponded to the
elution times for the suspected naphthalene metabolites
catechol and naphthalene dihydrodiol, respectively.

Since the elution of the detected metabolites from the
reverse-phase HPLC column indicated that they were polar
intermediates, we used preparative TLC (prep-TLC) with a
benzene-hexane solvent system to isolate the polar metabo-
lites from undegraded naphthalene and other nonradioac-
tive, nonpolar biogenic chemicals. Authentic standards of
catechol, salicylic acid, and naphthalene dihydrodiol re-
mained near the origin of the prep-TLC plate in this chro-
matographic system. When we applied the [**C]naphthalene
extract in an identical manner, the radioactivity remained at
the origin. When a second solvent system consisting of
hexane-acetone-acetic acid was used, the *C-residues which
we scraped and extracted from the origin of the first prep-
TLC plate migrated similarly to authentic naphthalene
dihydrodiol, catechol, salicylic acid, and 1-naphthol, which
had R; values of 0.18, 0.25, 0.31, and 0.52, respectively.
These “C-residues were then scraped, extracted, deriva-
tized, and individually analyzed by GC-MS.

Figure 3 shows the mass spectrum of a ['*C]naphthalene
metabolite which had an Ry of 0.18 and capillary column
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FIG. 3. Mass spectrum of a diacetylated derivative of naphtha-
lene dihydrodiol (structurc shown inset) extracted from Redfish Bay
microcosms which had a capillary column GC-MS retention time of
14.68 min.
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GC-MS retention time of 14.68 min. This diacetylated me-
tabolite had a molecular ion (M*) at m/z 246 and fragment
ions at m/z 186 [M — 60]" and at m/z 144 [M — 102]*. These
fragments probably resulted from an acetic acid loss fol-
lowed by a ketene loss. The MS fragmentation pattern and
GC retention time indicated that this metabolite was naph-
thalene dihydrodiol. Since cis- and trans-naphthalene
dihydrodiol are produced as the initial oxidation product of
naphthalene by bacteria and fungi, respectively (4, 6, 10, 11),
we used capillary column GC-MS and TLC to elucidate the
configuration of the metabolite isolated from the Redfish Bay
microcosms. Separation of diacetylated derivatives of cis-
and trans-naphthalene dihydrodiol standards was achieved
on capillary column GC-MS (Fig. 4A), with the trans-isomer
eluting 7 s later than the cis-isomer (14.80 min). MS frag-
mentation patterns were similar between the diacetylated
cis- and trans-isomers, with the exception that trans-
naphthalene dihydrodiol showed a much weaker M* at m/z
246 than cis-naphthalene dihydrodiol. Identical capillary
GC-MS analyses showed that derivatized naphthalene
dihydrodiol extracted from Redfish Bay microcosms (Fig.
4B) had the same retention time as the derivatized cis-isomer
and produced a strong M* ion at m/z 246. The cis-
configuration of naphthalene dihydrodiol was further con-
firmed by coinjection with standards onto capillary column
GC-MS: coinjection with the cis-isomer standard produced a
single enhanced peak; coinjection with the trans-isomer
standard produced two separate peaks, each with an M* at
m/z 246 (data not shown). Furthermore, TLC separation of
underivatized cis- and trans-naphthalene dihydrodiol stan-
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FIG. 4. Capillary column GC-MS traces of diacetylated deriva-
tives of authentic naphthalene dihydrodiol standards and TLC-
purified naphthalene dihydrodiol metabolites. (A) cis- and trans-
naphthalene dihydrodiol standards; (B) cis-naphthalene dihydrodiol
extracted from Redfish Bay microcosms; (C) cis-naphthalene
dihydrodiol extracted from Lake Chicot microcosms.
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FIG. 5. Mass spectrum of an acetylated and methylated deriva-
tive (structure shown inset) of salicylic acid extracted from Redfish
Bay microcosms, purified by prep-TLC and analyzed by GC-MS
(10.15-min reiention time).

dards was achieved by repeated development of a prep-TLC
plate in the chloroform-acetone solvent system. Prep-TLC
analysis of underivatized metabolite showed that after re-
peated development, the naphthalene dihydrodiol from
Redfish Bay microcosms chromatographed similarly to the
cis-isomer standard. These results indicate that cis-
naphthalene dihydrodiol was formed from naphthalene in
Redfish Bay microcosms as a minor metabolite and that the
trans-isomer was not detected.

Derivatization experiments with authentic salicylic acid
showed that diazomethane (43) efficiently methylated the
carboxylic acid moiety and that acetic anhydride and
pyridine (28) efficiently acetylated the aromatic hydroxyl
moiety. It is noteworthy that in methanol, the acetyl on the
aromatic ring was completely displaced within 12 h by a
methyl substituent to produce dimethylated salicylic acid.
However, since acetylated salicylic acid extracts in acetone
were stable, acetone was used as the solvent in all analyses
for salicylic acid. Figure S shows the mass spectrum of a
methylated and acetylated *C-metabolite which had a cap-
illary column GC-MS retention time (10.15 min) and TLC
migration (Ry of 0.31, underivatized) identical to those of
authentic salicylic acid. This derivatized metabolite had an
M™ at m/z 194, fragmentation ions at m/z 163 [M — 31]* and
miz 152 [M - 42]*, and a base peak at m/z 120. The
fragmentation ions may be the result of molecular losses of
CH;0 and ketene and combined losses of ketene and meth-
anol. The capillary column GC-MS retention time and MS
fragmentation pattern indicated that this metabolite was an
acetylated and methylated salicylic acid and not diacetylated
catechol, which also produces an M™* at m/z 194, but has a
capillary column GC-MS retention time of 9.58 min and a
different MS fragmentation pattern.

Figure 6 shows the mass spectrum of a “*C-metabolite
extracted from Redfish Bay microcosms which after acetyla-
tion eluted from capillary column GC-MS at 9.58 min. This
metabolite had an M* at m/z 194, a fragmentation ion at m/z
152 [M — 42]*, and a base peak at m/z 110 [M — 84]%.
Notably, the absence of a fragmentation ion at m/z 163 and
the presence of a base peak at m/z 110 indicate that this
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FIG. 6. Mass spectrum of a diacetylated derivative (structure
shown inset) of catechol extracted from Redfish Bay microcosms,
purified by prep-TLC and analyzed by GC-MS (9.58-min retention
time).

metabolite is diacetylated catechol and not acetylated and
methylated salicylic acid. Catechol is known to be an imme-
diate precursor to ring cleavage of aromatic hydrocarbons by
microorganisms (5, 20).

The mass spectrum of a derivatized metabolite (R, of 0.52)
which migrated similarly to 1-naphthol on prep-TLC is
shown in Fig. 7. This metabolite had a capillary column
GC-MS retention time (12.36 min) and an M* ion (m/z 186)
which were identical to those of authentic acetylated 1-
naphthol. We observed fragmentation ions at m/z 144 [M —
421" and at m/z 115 [M — 71]%, identical to authentic
1-naphthol. These fragments probably resulted from a
COCH; loss followed by a COH loss.

Similar chemical analyses on organic extracts from Lake
Chicot microcosms detected the presence of the cis-isomer
of naphthalene dihydrodiol (Fig. 4C) and catechol as metab-
olites (data not shown). However, 1-naphthol and salicylic
acid were not detected in extracts from Lake Chicot micro-
cosms.

DISCUSSION

Differences in the physical, chemical, and microbial char-
acteristics of ecosystems can affect the disposition and
persistence of chemicals in the environment. Consideration
of these differences as well as the complexity of natural
ecosystems and the physical and chemical properties of
toxicants have led to the use of multicomponent microcosms
as laboratory models to predict the toxic effects and degra-
dation of chemicals in the environment (21). This investiga-
tion provides a comparison of the metabolic pathway and
mineralization rates of naphthalene by natural microorga-
nisms in microcosms containing sediment and water from
pristine, contaminated, freshwater, and estuarine environ-
ments.

The absence of significant lag phases for naphthalene
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mineralization in microcosms from the various ecosystems
indicates that naphthalene was readily degraded by indige-
nous microorganisms. Our results indicate that the rate of
naphthalene mineralization in these microcosms was deter-
mined primarily by the presence of elevated hydrocarbon-
degrading microbial populations and may not be directly
related to elevated populations of heterotrophic bacteria or
sediment organic carbon content. The half-life and mineral-
ization rate that we calculated for naphthalene in Redfish
Bay microcosms (2.4 weeks or about 17 days, 2.9% day ™)
compares favorably with previously reported rates of naph-
thalene mineralization in sediments and water from estuarine
and marine ecosystems. For example, Hambrick et al. (22)
reported that 50% of the naphthalene added to continuously
mixed suspensions of sediment and water from an estuarine
site near an oil field in Louisiana was mineralized after about
15 to 20 days at 30°C. In a recent study, Bauer and Capone
(3) reported a 1- to 3-day lag phase for naphthalene miner-
alization in intertidal marine sediment, followed by a maxi-
mum mineralization rate of 1 to 4% per day, resulting in 32%
of the naphthalene being mineralized after 21 days at 25°C.
Very rapid mineralization rates for naphthalene have been
reported for some sediments which are chronically exposed
to very high concentrations of degradable hydrocarbons. For
example, Herbes and Schwall (27) reported a turnover time
of 7.1 h for naphthalene in sediments from a small, heavily
petroleum-contaminated stream which flowed through an
oil-holding facility in Tennessee. In another study, Herbes
(26) reported a 13-h turnover time for naphthalene in sedi-
ments exposed to coal-coking wastewater discharge. In the
present study, the mineralization rates that we report for
naphthalene in microcosms are representative of naphtha-
lene degradation in larger aquatic ecosystems which are
chronically exposed to the more diluted concentrations of
hydrocarbons that normally occur downstream from point
sources of petroleum contamination.

The approximate twofold increase in the mineralization
half-life of naphthalene we observed in microcosms from
DeGray Reservoir suggests that naphthalene will persist
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FIG. 7. Mass spectrum of an acetylated derivative of naphthol
(structure shown inset) extracted from Redfish Bay microcosms,
purified by prep-TLC and analyzed by GC-MS (12.36-min retention
time).
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longer and perhaps have greater toxicity in pristine freshwa-
ter ecosystems which are not microbially adapted to the
presence of petroleum hydrocarbons. The half-lives calcu-
lated for naphthalene mineralization in this study provide
useful estimates for the rates of microbial degradation of
naphthalene in different ecosystems and also indicate the
significance of microbial adaptations which occur as a result
of chronic exposure to low levels of petroleum hydrocarbons
and, to a lesser extent, agricultural chemicals. Since the
environmental toxicity of chemicals is determined by both
the concentration and duration of their exposure to environ-
mental organisms, similar differences in the mineralization
half-lives of high-molecular-weight, recalcitrant, and poten-
tially carcinogenic PAHs would also have a significant effect
on their persistence and toxicity in the environment. Fur-
thermore, this study indicates that selective microbial adap-
tations from chronic exposure to petroleum hydrocarbons
result in disproportionate increases in hydrocarbon-
degrading microbial populations, but may not increase total
heterotrophic microbial populations in the sediments. The
physiological, enzymatic, and genetic characteristics of
these adapted microbial populations warrant further investi-
gation.

The first step in naphthalene degradation is the incorpora-
tion of molecular oxygen into the benzenoid nucleus, with
the subsequent formation of a dihydrodiol (5, 20). Detection
of the cis-isomer of naphthalene dihydrodiol and not the
trans-isomer as an initial oxidation product in this study
indicates that procaryotic pathways for naphthalene metab-
olism predominated in the microcosms. It is well known that
pure cultures of bacteria oxidize naphthalene via dioxy-
genase enzymes to produce a cis-naphthalene dihydrodiol (4,
17, 31, 32, 47) which can be further degraded to salicylic
acid, catechol, and ring cleavage products (16, 34). Since we
isolated cis-naphthalene dihydrodiol and its ring cleavage
products from our environmental samples, these results
represent the first example of the existence of this pathway
for naphthalene metabolism in sediments from freshwater
and estuarine ecosystems.

1-Naphthol was identified as a minor compound in Redfish
Bay microcosms. 1-Naphthol has been reported as a fungal
metabolite of naphthalene in which an unstable naphthalene-
1,2-oxide undergoes rearrangement via the NIH shift to form
1- and 2-naphthol (6, 7, 10, 11, 13). In addition, 1-naphthol
has also been reported as a metabolite of naphthalene in
cyanobacteria and a Bacillus sp. (8, 12, 38). It is unclear in
this study whether the minor amount of 1-naphthol identified
in microcosms from Redfish Bay occurred from nonen-
zymatic dehydration of cis-naphthalene dihydrodiol or from
an oxidative pathway.

The ubiquitous distribution of filamentous fungi, yeasts,
and algae and their capacity to metabolize aromatic hydro-
carbons (5, 20) suggest that they may play an important role
in the degradation of PAHs in the environment. In contrast
to procaryotes, fungi do not utilize naphthalene as a sole
source of carbon and energy, but do utilize monooxygenase
enzymes to produce epoxides which may be converted to
trans-dihydrodiols by epoxide hydrolase enzymes (6). Fungi
may either eliminate polar transformation products directly
as phenols or further metabolize them with conjugative
enzymes to produce sulfate, glucoside, or glucuronide con-
jugates (9). Since we did not detect any trans-naphthalene
dihydrodiol or conjugates of naphthalene metabolites in this
study, the data indicate that bacteria play a predominant role
in naphthalene catabolism in the ecosystems described in
this report. However, aquatic fungi and algae as well as
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bacteria may play an important role in the environmental
metabolism of naphthalene in open waters.
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