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ABSTRACT The risk of rapid pest adaptation to an insec-
ticide is highly dependent on the initial frequency of resistance
alleles in field populations. Because we have lacked empirical
estimates of these frequencies, population–genetic models of
resistance evolution have relied on a wide range of theoretical
estimates. The recent commercialization of genetically engi-
neered cotton that constitutively produces an insecticidal protein
derived from the biocontrol agent, Bacillus thuringiensis (Bt) has
raised concern that we lack data needed to quantify the risk of
insect pests such as Heliothis virescens rapidly adapting to this
ecologically valuable class of toxins. By individually mating over
2,000 male H. virescens moths collected in four states to females
of a Bt toxin-resistant laboratory strain, and screening F1 and F2
offspring for tolerance of the toxic protein, we were able to
directly estimate the field frequency of alleles for resistance as
1.53 1023. This high initial frequency underscores the need for
caution in deploying transgenic cotton to control insect pests.
Our single-pair mating technique greatly increases the efficiency
of detecting recessive resistance alleles. Because alleles that
decrease target site sensitivity to Bt toxins and other insecticides
are often recessive, this technique could be useful in estimating
resistance allele frequencies in other insects exposed to trans-
genic insecticidal crops or conventional insecticides.

Insect resistance to pesticides is a major problem in modern
agriculture. Over 500 arthropod species are resistant to at least
one pesticide (1), and some major insect pests have evolved
resistance to new insecticides within 1–3 years (2, 3). In 1996,
genetically engineered cotton that produces an insecticidal
protein originally found in the biocontrol agent, Bacillus
thuringiensis (Bt), was planted on 1.8million acres of farm land.
Because this toxin is produced by the plants from seedling
stage to harvest, there will be intense selection for resistant
pest genotypes as the acreage planted to this transgenic cotton
increases (4, 5). Concern over the risk of pest resistance to
insecticidal cotton led the U.S. Environmental Protection
Agency to offer only conditional registration for the marketing
of varieties producing Bt toxin (6).
During the past 20 years, a number of population–genetic

models have been used to gain insight into the process of
resistance evolution, and to assess the risk of rapid pest adapta-
tion in a given situation (7–11). Recently, these models have been
modified to examine approaches for deploying insecticidal crops
in ways that could delay pest adaptation (12–15). The utility of
these models has been limited by the lack of accurate empirical

data needed for setting genetic and ecological model parameters
(16). One parameter, the initial frequency of resistance-
conferring alleles, has never been systematically assessed before
the widespread use of an insecticide (17, 18). Instead, genetic
models have assumed initial allelic frequencies from 1022 to 1026

based on theoretical assumptions about the balance between
mutation and selection (17). Because the rate at which resistance
develops is tightly linked to initial allelic frequency (7–15), the
ability to determine the risk of rapid resistance development
could be substantially improved if empirical estimates of this
parameter were available.
Here we present a direct estimate of the frequency of alleles in

Heliothis virescens that confer resistance to the specific Bt toxin,
CryIA(c), that is produced by commercial, transgenic cotton
varieties. Because our estimate is based on insects collected prior
to the first commercial planting of transgenic cotton it represents
the initial conditions in the system. In theMidsouth region of the
United States where most of this genetically engineered cotton
will be grown, the major pest targeted for control by the Bt toxin
isH. virescens. This lepidopteran species has evolved resistance to
almost all registered conventional insecticides (19), so farmers
have a strong incentive to use engineered plants that produce the
Bt toxin.
Laboratory selection experiments have already shown that

H. virescens can become resistant to CryIA(c) and other
Bt-derived toxins. Two laboratory strains developed moderate
levels of resistance (20, 21) and one strain, YHD2, selected in
our laboratory, developed a very high level of resistance to
CryIA(c) and related CryI toxins (22). The toxin concentra-
tion needed to kill 50% (LC50) of the larvae from the YHD2
strain was.2,000 times higher than the LC50 for susceptibleH.
virescens larvae (22), and recent experiments have shown that
this strain can survive on cotton that produces Bt toxin (F.G.,
L. Carter, and L. Seltmann, unpublished data). Genetic crosses
demonstrated that a major portion of the resistance in the
YHD2 strain is encoded by a single gene (or a set of linked
genes) with mostly recessive inheritance (22). Recent work
using genetic markers indicates that this major resistance gene
(BTR4) is located on H. virescens linkage group 9, and there is
some evidence that YHD2 contains a minor resistance gene on
linkage group 11 (23). Biochemical analyses indicate that
resistance in the YHD2 strain is due to decreased toxin binding
to the membrane of larval midgut cells which is the toxin’s site
of action (24). Similar decreases in Bt toxin binding have also
been found in Bt-resistant strains of other lepidopteran species
(25, 26). In all cases where Bt resistance is associated with
decreased toxin binding, inheritance is partially or completely
recessive (22, 25, 26).The publication costs of this article were defrayed in part by page charge
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The selection experiment that resulted in the YHD2 strain
was begun with 490 diploid eggs (i.e., 980 haploid genomes)
collected from three adjacent North Carolina counties. At
least 1 of these 980 haploid genomes must have carried the
major resistance allele. Assuming that the eggs collected were
a random sample of theH. virescens population (22), the initial
frequency, p, of the Bt resistance allele can be estimated as
1y980 or '1023. This tentative estimate of initial frequency
could be an underestimate because there may have been more
than one copy of the resistance allele in the sample, and it is
also probable that not all 980 individuals contributed offspring
to the F4 generation (the first generation selected for resis-
tance). The 1023 estimate also could be considered too high
because a number of selection experiments for Bt resistance in
H. virescens were conducted in our laboratory (21, 22) and in
other laboratories (20) and only one led to the high level of
resistance found in the YHD2 strain.
The goal of the work reported here was to develop an

independent estimate of the frequency of major Bt resistance
alleles by directly screening field populations of H. virescens
prior to commercialization of cotton that produced Bt toxin.

MATERIALS AND METHODS

Methodology forResistanceGeneScreening.Typical screening
for resistance traits involves collecting eggs or young larvae and
exposing them to the toxin in question. Such an approach could
easily detect a major resistance gene if it occurs at a high
frequency ('1023) and is expressed in heterozygotes. However,
for recessive genes such as that in YHD2 (and most Bt resistance
traits found in other Lepidoptera), only homozygous-resistant
individuals would stand out in such screening (22). If the initial
frequency (p) of a recessive resistance allele is 1023, the expected
frequency of homozygous resistant individuals (p2) is 1026.
Screening for such rare individuals is not feasible withH. virescens
or most other Lepidoptera.
Because we already had a strain (YHD2) in which p was

'1.0, another screening option was available for assessing the
frequency of this recessive allele. Male moths captured in the
field could be individually mated to females of the YHD2
strain that were homozygous for the recessive resistance allele
(rr). If the male was homozygous susceptible (SS), then all of
the offspring would be heterozygotes (rS) and would only have
a low level of resistance. If a male was heterozygous for a
resistance allele (r9) at the same locus as the YHD2 r allele,
then 50% of the progeny would be expected to be heterozy-
gotes (rS) and 50% resistant homozygotes (r9r). (The r9 allele
could be genetically identical to the YHD2 r allele or it could
differ genetically and also could confer a different level of Bt
resistance.) This screening procedure also would detect major
resistance alleles at other loci if they had dominant expression.
Resistance Bioassay. A bioassay developed in our laboratory

can differentiate rr from rS H. virescens larvae based on their
growth rate when chronically exposed to a sublethal concentra-
tion of Bt toxin incorporated into an artificial diet (22). In this
assay, individual neonate larvae are reared for 10–14 days in 30
ml cups containing '5 ml artificial diet with a Bt toxin concen-
tration of 0.064 mgyml. When offspring of a (rr 3 rS) cross were
assayed by this procedure, there was a clear bimodality in larval
weight, with '50% large and 50% small larvae (22).
To estimate the initial allelic frequency in field populations

ofH. virescens, we needed to screen'50 offspring from at least
1,000 single pair crosses so we modified our assay to make it
more efficient by rearing 5 larvae per cup for only 7 days.
Because larvae can interfere with each other’s growth and
because there is some cannibalism when larvae reach third
instar (27), this assay is less precise than the original assay, but
it can differentiate between offspring of (rr 3 SS) and those
from (rr 3 rS) crosses.

All of the fast-growing F1 offspring from an (rr 3 r9S) cross
are expected to have the rr9 genotype. If a single gene is
responsible for larval growth on toxin-containing diet, then the
F2 offspring from crosses between fast-growing larvae from a
single F1 family are all expected to be rr9 and grow rapidly on
Bt-toxin-containing diet. We used growth assays of these F2
larvae to confirm F1 tests that indicated the presence of a
resistance allele in a field-collected male.
Field Collections. From July 9 to October 20, 1993, male

moths trapped in cotton-producing areas of the Midsouth
(Bolivar andWashington Counties ofMississippi, Franklin and
Bossier Parishes of Louisiana, and Burleson County, Texas)
were sent by overnight courier to North Carolina State Uni-
versity. Additionally, eggs were collected during July in the
area of North Carolina where the YHD2 strain originated (22).
Trapped males and males that developed from the egg collec-
tions were used in single-pair crosses to YHD2 females.
Offspring from the crosses between wild males and YHD2
females were reared for 7 days on artificial diet containing
0.064 mgyml CryIA(c) (28), as described above.
Eliminating False Positive Families. An F1 family could be

falsely identified as positive if, for some reason, a container
used for mating contained one rr YHD2 adult and one rS
YHD2 adult. Two specific laboratory procedures guarded
against such an occurrence: (i) as larvae, all YHD2 individuals
were exposed to concentrations of Bt toxin that were expected
to kill 100% of heterozygotes (i.e., rS); and (ii) field-collected
moths were transferred directly from shipping cartons to
containers used for the single-pair matings. Another source of
a false positive would be if a mistake was made in sexing YHD2
pupae and a rr male emerged among the female YHD2 adults
and mated with one rr female before she was transferred to an
individual mating container (see ref. 22). If the female sub-
sequently mated with an SS wild male, it seems feasible that
she could lay 50% rr and 50% rS eggs. Experimental work with
H. virescens (29–31) indicates that this is unlikely because the
second male either completely replaces the first male or
fertilizes almost 0% of the female’s eggs.
As a final measure to confirm that we did not have a false

positive family, moths from large larvae of the F2 generation
were frozen and later subjected to electrophoretic screening to
establish that they had at least one genetically stable electro-
phoretic allele that was not found in the YHD2 strain. A set
of 14 allozymes previously established as inherited in Mende-
lian ratios (ref. 23, and D.S., unpublished data) was used to
examine the F2 offspring.

RESULTS

Single Pair Mating of Field-Collected Males. From a total of
2,289 single pair matings, 1,025 produced sufficient offspring for
testing [Mississippi (MS), 124 males; Louisiana (LA), 399 males;
Texas (TX), 422 males; North Carolina (NC), 80 males). An
average of 46.9 larvae were assayed per family of offspring. For
offspring of the first 262 successful crosses, larval instar was
recorded for each survivor. In the later 763 crosses, when the
overall growth of the offspring was slow, we recorded only
whether any larvae had grown beyond second instar.
In 92.7% of the first 262 single-pair families assayed, 0% of the

larvae reached third instar. Because instar data were recorded for
every surviving larva in the first 262 families assayed, it was
possible to calculate the percentage of larvae from each family
that had at least reached third instar. A frequency histogram, Fig.
1, shows the number of families with a given percentage of third
and fourth instars. In 11 of the 19 single pair families where more
than 0% of the larvae had grown beyond second instar, only a
single larva in that family had reached third instar. However, in
one family of offspring (MS1), over 40% of the larvae developed
beyond second instar.
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In assays of larvae from the later 763 crosses, 88.4% had no
larvae reaching third instar, but in three single-pair families
(LA1, LA2, and TX1) 30% or more of the offspring developed
to third or fourth instar by day 7 (see arrows in Fig. 1).
Although none of the four atypical families had the 50% large
larvae expected from perfect Mendelian segregation, these
families were clearly outliers compared with the other families
and were considered the potential result of (rr 3 r9S) matings,
or the mating of YHD2 with a wild male that was heterozygous
for a dominant resistance gene.
Bioassays of F2 Offspring. If these four outlier families of

offspring were the result of (rr3 r9S) matings, the genotype of
the large larvae was expected to be r9r and that of the small
larvae was expected to be rS. To test this prediction, all
surviving larvae from three of these families (LA1, LA2, and
TX1) were removed from the toxic diet, weighed, and then
reared to pupation in individual cups of nontoxic diet (theMS1
larvae were discarded before this approach was instituted).
Whenmoths emerged, single-pair matings were set up between
males and females (within a family) that had been among the
1y3 largest larvae after 7 days, and between males and females
that had been among the 1y3 smallest larvae. Six of the large
by large (lg 3 lg) matings and two of the small by small (sm 3
sm) matings were successful.
Offspring from these eight crosses were reared on diet

containing 0.064 mgyml CryIA(c), and the larvae were
weighed after 10 or 14 days. If the wild male in the original
single pair mating was r9S, then the large larvae in the F1
generation would be r9r and the small larvae would be rS.
Offspring of the (lg 3 lg) crosses would therefore be expected
to have a 1:2:1 mixture of rr:r9r:r9r9, so all larvae would be
large. (Because the r9 allele from the wild male could confer
a different level of resistance from that conferred by the r allele
from the YHD2 female, additional variance in larval size might
be seen.) Offspring of the (sm 3 sm) cross would be expected
to have a 1:2:1 mixture of SS:rS:rr, resulting in 25% large
individuals (or somewhat more if a significant proportion of SS
larvae died). If our prediction was incorrect and a wild male
had actually been SS with a large percentage of its F1 offspring
developing beyond second instar due to nongenetic factors,

then offspring of the (lg3 lg) and (sm3 sm) crosses would be
expected to be similar and have a 1:2:1 mixture of SS:rS:rr.
Results of the assays indicate that offspring from (lg 3 lg)

crosses differed significantly from those derived from (sm 3
sm) crosses (Fig. 2), confirming the prediction that the wild

FIG. 1. Histogram of the percentage of larvae from each of the first 262 successful single pair crosses that grew beyond second instar in 7 days
of rearing on an artificial diet containing 0.064 mgyml CryIA(c). Depicted only by arrows are the three families from the later 763 crosses with
atypically high percentages of large larvae.

FIG. 2. Histograms depicting the frequency of F2 larvae in given size
classes (natural log) after rearing on 0.064 mgyml CryIA(c). (A) F2 larvae
resulting from all single pair crosses of F1 larvae that had grown well on
Bt-containing diet. (B) F2 larvae resulting from all single pair crosses of
F1 larvae that had grown poorly on Bt-containing diet.
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males were not SS and that our original screening procedure
had succeeded in identifying heterozygous males. Pooled
offspring weights from all (lg 3 lg) crosses (Fig. 2A) were
significantly greater than weights of offspring from all (sm 3
sm) crosses (Fig. 2B) based on Wilcoxon two-sample test (P,
0.001). In addition to statistical analysis of pooled data, weights
of offspring from the one (sm 3 sm) and two (lg 3 lg) crosses
from within the LA2 family and the one (sm 3 sm) and two
(lg 3 lg) crosses from within the TX1 family were analyzed
separately by Wilcoxon two-sample tests [the LA1 family only
had successful (lg 3 lg) crosses]. In these analyses there was
always a significant difference between the (sm 3 sm) cross
and each of the two (lg3 lg) crosses within a family (P, 0.005)
but no difference between the two (lg3 lg) crosses from either
the LA2 or the TX1 family (P . 0.10).
Electrophoresis of F2 offspring demonstrated that families

LA1 and LA2 had SoDH and HBDH alleles, respectively, that
are not found in the YHD2 strain. This finding is further
evidence that these families did not arise from mistaken
mating of two YHD2 individuals.

DISCUSSION

We conclude that at least three males in a sample of 1,025 were
heterozygous for a major resistance allele. Because the males
are diploid, we estimate the frequency of resistant alleles in the
population as 3 out of 2,050, or 1.5 3 1023. We determined
lower and upper 95% confidence intervals for the frequency of
resistant alleles as 3.0 3 1024 and 4.1 3 1023, respectively,
based on the Clopper–Pearson method (32). [We did not
estimate frequencies for each state because of low sample size
and the fact that U.S. H. virescens populations are considered
homogeneous for genetic traits that have not been under
strong selection pressure (33). We did not include the MS1
family in our analysis because we did not conduct an F2 test on
this family. Had this family been included, our estimate of
initial allelic frequency would have been 2.0 3 1023.] These
data support our preliminary estimate of 1023 for the initial
frequency of the YHD2 resistance allele (22).
Because high levels of resistance to Bt toxins and other

insecticides are often encoded by recessive or partially recessive
alleles (5, 17) they are difficult to detect using conventional
resistance screening techniques. Our single-pair mating design
offers an alternative approach when resistant laboratory strains
are available. Currently such Bt-resistant strains are available for
Plutella xylostella and Plodia interpunctella. Laboratory selection
experiments could produce similar strains of other pests targeted
for control with Bt or other toxins. These strains could be used
not only for assessing the initial field frequency of resistance
alleles, they also could be used for monitoring changes in allele
frequencies as the toxins become deployed in transgenic plants or
by conventional application.
Genetic models indicate that a recessive allele at the frequency

detected here in H. virescens could lead to rapid evolution of
resistant populations if Bt toxin-producing cotton is grown with-
out adequate refuges for toxin-susceptible larvae (12–15). Al-
though the hypothesis that the field-collected males carried a
recessive resistance allele (r9) offers the best fit to our data, we
cannot statistically rule out the possibility that one or more of the
males carried a major dominant gene for resistance. If one or
more of the 1,025 males carried a dominant resistance gene, the
risk of resistance would be even higher (34).
In the H. virescensycotton system, the Bt–cotton cultivars

currently deployed produce concentrations of toxin that are
high enough to kill 100% of heterozygous larvae with low
levels of Bt toxin resistance (F.G., L. Carter, and L. Seltmann,
unpublished data). Assuming that resistance alleles are at least
partially recessive and occur at'1023, and the Environmental
Protection Agency mandate of a 4% refuge to maintain SS
moths is followed, it should take at least 10 years before Bt

resistance becomes a problem in H. virescens populations (12).
However, currently deployed Bt cotton and corn cultivars are
not as toxic to other pest species as they are toH. virescens. For
example, fewer than 90% of natural, unselected larvae of the
cotton bollworm (Helicoverpa zea) and the European corn
borer (Ostrinia nubilalis) are killed by commercially available
Bt crops (ref. 35; F.G., unpublished data). If we assume that
there is a partially recessive Bt resistance gene in these pest
species that also occurs at 1023, genetic models (12) predict
that populations could become resistant to the Bt crops in 3–4
years, even with a 4% refuge. Unless cultivars can be developed
that are more toxic to these pests, much larger refuges will be
needed if we are to sustain the utility of Bt toxin-expressing
crops.
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