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ABSTRACT In yeast, the major mRNA degradation path-
way is initiated by poly(A) tail shortening that triggers mRNA
decapping. The mRNA is then degraded by 5'-to-3’ exonucle-
olysis. In mammalian cells, even though poly(A) tail shorten-
ing also precedes mRNA degradation, the degradation path-
way has not been elucidated. We have used a reverse tran-
scription—PCR approach that relies on mRNA circularization
to measure the poly(A) tail length of four mammalian mRNAs.
This approach allows for the simultaneous analysis of the 5’
and 3’ ends of the same mRNA molecule. For all four mRNAs
analyzed, this strategy permitted us to demonstrate the exis-
tence of small amounts of decapped mRNA species which have
a shorter poly(A) tail than their capped counterparts. Kinetic
analysis of one of these mRNAs indicates that the decapped
species with a short poly(A) tail are mRNA degradation
products. Therefore, our results indicate that decapping is
preceded by a shortening of the poly(A) tail in mammalian
cells, as it is in yeast, suggesting that this mRNA degradation
pathway is conserved throughout eukaryotic evolution.

Messenger RNA degradation contributes significantly to the
regulation of gene expression. In eukaryotes, elucidation of a
number of mRNA degradation pathways is under way (for
reviews, see refs 1-4). Presently, these pathways are better
understood in yeast than in mammalian cells. Both in yeast and
in mammalian cells, degradation of most polyadenylylated
mRNAs appears to be initiated by poly(A) shortening: tran-
scriptional pulse—chase experiments have shown that shorten-
ing of the poly(A) tail precedes mRNA degradation (5, 6).
Some regulatory sequence determinants affect mRNA stabil-
ity by modulating the rate of deadenylylation, whereas others
modulate a later degradation step (5-7).

This later step has been elucidated in yeast: deadenylylation
at the 3’ end triggers mRNA decapping at the 5’ end, which is
then followed by 5'-to-3’ exonucleolysis (refs. 8 and 9 and
references therein). In some specific circumstances, other
degradation pathways are observed: exonucleolysis from the 3’
end can occur when the 5’-to-3’ exonuclease is inactive, and a
decapping pathway independent of poly(A) tail shortening is
involved in the degradation of mRNAs that show premature
translation termination (9-11).

In mammalian cells, the degradation pathway that follows
deadenylylation is not well understood. Uncapped mRNAs are
less stable than their capped counterparts in cell extracts, and
enzymatic activities that catalyze mRNA decapping and 5'-to-3’
exonucleolysis have been identified (refs. 1 and 3 and references
therein). Furthermore, there is a conservation between yeast and
mammalian cells of a functional interaction between the 5" and
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3’ ends of mRNAs: in both systems, these two ends contribute to
translational control (e.g., see refs. 12 and 13). It is thus tempting
to speculate that deadenylylation triggers a decapping-dependent
degradation pathway in mammalian cells as well. However, a
direct demonstration is lacking.

We have developed a reverse transcription (RT)-PCR ap-
proach to measuring the length of the poly(A) tail, allowing us to
examine the relationship between poly(A) tail length and the
decapping event. This approach relies on RNA ligase-mediated
mRNA circularization and thus allows for the simultaneous
analysis of the 5" and 3’ ends of the same mRNA molecule. Using
this strategy to analyze four specific mammalian mRNAs, we
detected minor amounts of decapped species and showed that
they possess a much shorter poly(A) tail than the corresponding
capped mRNAs. This indicates that decapping is triggered by a
shortening of the poly(A) tail in mammalian cells.

MATERIALS AND METHODS

RNA Preparation. Mouse liver RNA used for serum amyloid
A (SAA) mRNA analysis was prepared from female CBA/J
mice as follows: Acute inflammation was induced by subcu-
taneous injection of 0.1 ml of 10% azocasein in the lumbar
region. At timed intervals (8 and 48 hr) after stimulus, animals
were killed by cervical dislocation (the zero time point is an
unstimulated animal). The liver was frozen in liquid nitrogen,
and total cellular RNA was purified by the method of Auffray
and Rougeon (14). Systemic inflammation was monitored and
confirmed by determining serum amyloid P levels by rocket
immunoelectrophoresis (15). Rat hepatoma cell (H4II or
FTO2B) RNA was prepared using RNAXEL (Eurobio, Paris).

RNA samples were then treated with DNase I as follows: 50 ug
of RNA was incubated with 20 units of human placental ribo-
nuclease inhibitor (HPRI; Amersham) and 20 units of RNase-
free DNase I (Pharmacia) in 100 ul of 50 mM TrissHCl, pH
7.5/10 mM MgCl, for 20 min at 37°C. After extractions with
phenol and chloroform, RNA was precipitated with ethanol.

Oligo(dT)/RNase H treatment was performed as follows: 10
pg of RNA was mixed with 500 ng of oligo(dT);2-1s (Pharmacia)
in 20 ul of 200 mM KCl/1 mM EDTA, pH 8, incubated 2 min at
90°C, and annealed for 10 min at 25°C. The sample was then
treated for 30 min at 37°C with 3 units of RNase H (Promega) and
20 units of HPRI in 40 ul of 20 mM TrissHCl, pH 8/28 mM
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MgCl,/100 mM KC1/0.5 mM EDTA. After extractions with
phenol and chloroform, RNA was precipitated with ethanol.

Circularization RT-PCR (cRT-PCR). The procedure we
used was derived from the procedures of Mandl et al. (16) and
Bertrand et al. (17) and is depicted in Fig. 1.

Capped RNAs were decapped following a modification of
the procedure of Fromont et al. (18): 10 pug of RNA was
incubated with 2.5 units of tobacco acid pyrophosphatase
(TAP; Epicentre Technologies, Madison WI) and 20 units of
HPRI in 20 wl of 50 mM sodium acetate, pH 6/1 mM
EDTA/1% 2-mercaptoethanol/0.1% Triton X-100 for 1 hr at
37°C and then precipitated with ethanol.

Circularization was performed as follows: 4 ug of RNA was
incubated with 20 units of T4 RNA ligase (Pharmacia) and 20
units of HPRI in 400 ul of 50 mM Tris-HCI, pH 7.5/10 mM
MgCl,/20 mM dithiothreitol/100 uM ATP/100 ug/ml acety-
lated BSA for 16 hr at 16°C. After extractions with phenol and
chloroform, RNA was precipitated with ethanol.

Reverse transcription, PCR amplification, and labeling were
performed as described for the reverse-ligation-mediated-PCR
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Fic.1. The cRT-PCR procedure. (4) Strategy used for measuring
the poly(A) tail length of a specific nRNA. Messenger RNA molecules
are represented as broken lines and DNA molecules as thick lines. The
cap and poly(A) tail (An) are indicated by a diamond and a rectangle,
respectively. The circle indicates the 5'-phosphate group of the most
5’ base of the original mRNA. AMYV, avian myeloblastosis virus. (B)
Arrangement of the primers used. The junction point of the circular-
ized RNA is shown. (C) cRT-PCR allows one to measure the size
distribution of the poly(A) tail. Albumin (ALB) mRNA poly(A) tail
length was analyzed using hepatoma cells RNAs. The RNAs were
decapped with tobacco acid pyrophosphatase (TAP) and subjected to
cRT-PCR without (control lane), or with (dT/RNase H lane) removal
of most of the poly(A) tail by treatment with oligo(dT) and RNase H.
The length of the poly(A) tails as deduced by comparison to a size
standard is indicated to the left. Labeling was performed during the
PCR (25 cycles) using labeled primer 3.
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(RL-PCR) procedure (17) with the following modifications:
MnCl, was omitted from the PCR, PCR amplification was
performed in 20 ul for 20 cycles [30 sec at 95°C, 3 min at the
primer annealing temperature (see below), and 3 min at 74°C]
except for the samples not treated with TAP, which were ampli-
fied for 25 cycles. For labeling of the products, 5 ul of the PCR
mixture was further amplified for 5 cycles in a 10-ul reaction
mixture containing 5 ng of the primer radiolabeled as described
7).

Primers. The primers were prepared as described previously
(17). The various primer combinations used are depicted in
Fig. 1B. For all mRNAs analyzed, the reverse transcription
reaction was performed using primer 1. To analyze SAA
mRNA, we used primers 2 and 3 during the PCR amplification.
For the results shown in Fig. 1C, primer 2 was radiolabeled to
label the PCR products directly as described for the RL-PCR
procedure (17). For the results shown in Fig. 2, we used
radiolabeled primer 4 during the labeling step. To analyze
tyrosine aminotransferase (TAT) mRNA, we used primers 1
and 3 during the PCR amplification and primer 4 during the
labeling step. To analyze ALB and phosphoenolpyruvate car-
boxykinase (PCK) mRNAs, we used primers 1 and 3 during the
PCR amplification and primer 4 during the labeling step.

The nucleotide sequences (5’ to 3") of the primers were as
follows (the annealing temperature used for each primer is
indicated in parentheses): SAA primer 1, AGCAGGGAGCA-
GAAGA (42°C); SAA primer 2, GCTTCATCCTGCTGGT-
GTCTC (62°C); SAA primer 3, CTTGAGGAGGAGAGGG-
TAATA (62°C); SAA primer 4, GGCAGATCTGGTGGTC-
TATTT (62°C); TAT primer 1, GCAGCCTCCCAGCAGCC
(56°C); TAT primer 3, TAGAATCATATATAGCCAC-
TTTTG (56°C); TAT primer 4, CTCCACCAAGTCCTCT-
GATGATTT (68°C); ALB primer 1, AGGAGGAGGAG-
AAAGGTTAC (56°C); ALB primer 3, ACTCATCTCTTCT-
GTTGGTG (56°C); ALB primer 4, AGTGGGTTGACAG-
GAAAGGTGGTTT (70°C); PCK primer 1, TCTCA-
GAGCGTCTCGCCG (56°C); PCK primer 3, ATAATT-
GAAATAGGTATCCTGAC (56°C); and PCK primer 4,
CCAGAGGGAAGGCCAACCGTTT (70°C).

Controls. To assess the specificity of the signal observed, we
perform the following controls. (/) We verify that the signal is not
due to DNA contamination by omitting the reverse transcriptase
in the primer extension step. (i) We verify that the ligation has
occurred in vitro by omitting the RNA ligase in the ligation step.
(iii)) When possible, the authenticity of the signal is verified by
restriction enzyme digestion of the PCR product (performed here
for the TAT and PCK mRNA). (iv) Even though it is unlikely that
the signal originates from intermolecular ligation of two mRNA
molecules originating from the same gene, given their usually low
abundance, we verified that, in the ligation conditions used, such
an event occurs at a frequency too low to contribute to the signal
by using a primer 3 and a primer 4 from different mRNA species.
In addition, it is unlikely that the signals analyzed here could
originate from a 5’ poly(A) tract, as observed for vaccinia virus
mRNAs (e.g., see ref. 19), because the 5" end of three of the
mRNA species analyzed here (namely SAA2, TAT, and PCK)
has been determined by both S1 nuclease mapping and primer
extension (20-22).

RESULTS

A PCR Approach to Measure the Poly(A) Tail Length of a
Specific mRNA. We have used an experimental strategy derived
from the procedure described by Mandl e al. (16). The basic
principle is the circularization of RNA molecules by using RNA
ligase, cDNA synthesis across the ligated termini, and PCR
amplification of the poly(A) tail and surrounding sequences (Fig.
1). The cRT-PCR requires that the cap structure at the 5’ end be
absent or removed. In the first step, cap removal is catalyzed by
TAP (16, 18). In the second step, the 5’ and 3’ ends of the RNA
are intramolecularly ligated, using T4 RNA ligase at a low RNA
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concentration. When performed using total cellular RNA, these
first two steps should occur unspecifically on every RNA species.
Specificity is provided in the subsequent steps using a set of nested
primers as described for the RL-PCR procedure (17). A cDNA
copy of the circularized RNA of interest is made, using primer 1
and avian myeloblastosis virus reverse transcriptase (step 3, Fig.
1A). This allows for the synthesis of a copy of the poly(A) tail that
is ligated to the 5’ end. This poly(A) tail and surrounding
sequences are amplified by using 7Tag DNA polymerase and two
primers that hybridize on both sides of the junction region (step
4, Fig. 1A). The pool of amplified PCR products is visualized on
a denaturing polyacrylamide gel after extension of a 5'-end-
labeled nested primer (step 5, Fig. 1A4). The size distribution of
the poly(A) tail is deduced by comparison to a size standard and
subtraction of the length of the sequence surrounding the poly(A)
tail.

Fig. 1C shows the results of a cRT-PCR analysis of the
poly(A) tail of the mRNA coding for rat ALB. This analysis
shows the resolution power of the cRT-PCR to measure the
size distribution of the poly(A) tail and reveals that most of the
mRNA in this sample has a poly(A) tail that ranges from 10 to
50 adenosines. After a combined oligo(dT)/RNase H treat-
ment, the length of this tail is reduced to between 0 and 11
adenosines, showing that the size distribution of the PCR
products does reveal the size distribution of the poly(A) tail.
The incomplete elimination of the poly(A) tract presumably
results from a combination of the length of the oligo(dT)
(12-18 nucleotides) and the temperature of RNase H treat-
ment (37°C): mRNAs that have a poly(A) tail shorter than 12
As might not allow further hybridization of oligo(dT).

Decapped SAA mRNA Species Have a Short Poly(A) Tail. The
products of a subset of SA A-superfamily genes (SAAL, -2, and -3)
are major acute-phase reactants and apolipoproteins of high
density lipoprotein (for a review, see ref. 23). In liver, the
transcription of these SAA genes is strongly stimulated in re-
sponse to inflammatory stimuli. The mRNA of both SAA genes
accumulates during the first 24 hr of stimulation, then return to
basal level about 72 hr after the stimulating event (15, 24).
Northern blot analyses have shown that the mRNA poly(A) tail
length varies during this period from 150 to 200 bases early after
stimulation (6—8 hr) to 50 to 100 bases 36 hr after stimulation (15,
24). These observations are compatible with a limited transcrip-
tional pulse of SAA genes and a regular poly(A) tail shortening
preceding mRNA degradation, as described for other mRNAs
analyzed in transcriptional pulse—chase experiments (5, 6).

We have used the cRT-PCR procedure to analyze the varia-
tions in poly(A) tail length of SAA2 mRNA in the liver of mice
during the acute-phase response (Fig. 24). Eight hours after
stimulation, most of the SAA2 mRNA poly(A) tail ranges in size
from 100 to 300 As, with a peak around 170 As (lane 2), whereas
48 hr after stimulation, this size range has decreased to 20 to 70
As (lane 3). Seventy-two hours after stimulation the signal has
markedly decreased due to mRNA degradation (lane 4). Before
stimulation, the poly(A) tail of the traces of mRNAs that can be
detected has a more heterogeneous size distribution, ranging
from 20 to 300 As (visible on a longer exposure of the gel; Fig.
2B, lane 1). The specificity of this faint heterogeneous signal is
assessed by an oligo(dT)/RNase H treatment which brings down
all material to a poly(A) length shorter than 11 As (Fig. 2B, lane
2). The heterogeneous size distribution of the poly(A) tail in the
absence of stimulation is presumably due to the age heterogeneity
of the mRNA resulting from continuous basal transcription of the
gene.

While using the RL-PCR procedure to map the 5’ ends of
various transcripts (18), we have regularly observed the presence
of traces of full-length decapped transcripts onto which the 3'-OH
end of an RNA linker could be ligated without a prior TAP
treatment (unpublished data). Such full-length 5'-P mRNA spe-
cies could be degradation products of the mRNA. Since the
cRT-PCR procedure allows us to simultaneously analyze the 5’
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and 3’ ends of the same mRNA molecule, we have measured the
length of the poly(A) tail of these full-length decapped species
simply by omitting the first step of the procedure: the TAP
treatment (see Fig. 1). Five more cycles were performed during
the PCR amplification to detect these less abundant decapped
species. To distinguish the decapped mRNAs from those result-
ing from more extensive degradation (e.g., either exonucleolytic
or endonucleolytic cleavages), we visualized the PCR products by
using a labeled primer (no. 4) that is complementary to the
junction point—i.e., complementary to the 5’ end of the mRNA
and containing in addition two thymidine residues at its 3’ end
capable of hybridizing with the last two adenosine residues of the
poly(A) tail (see Fig. 1B). This ensures that the PCR products
detected correspond only to the oligo(A) species that have a
complete decapped 5’ end (the first nucleotide could have been
lost and this loss compensated by the 3’ end, because this first
nucleotide is an adenylate residue).

Using this strategy, we observe that the traces of decapped
SA A mRNA that can be detected have a short poly(A) tail (from
20 to 60 As) throughout the acute-phase response (lanes 5-8; Fig.
2A). This is true even at 8 hr after stimulation, when the bulk of
the capped mRNA population has a mean poly(A) tail length of
170 As (compare lanes 2 and 6). The relative amount of decapped
species throughout the acute-phase response indicates that they
are degradation products of the capped mRNAs. The level
detected is similar at early time points (0 and 8 hr) when the
degradation of the bulk of the induced mRNA has not yet been
initiated; it rises at 48 hr in parallel with the decrease of the
poly(A) length; and it decreases at 72 hr when most of the induced
mRNA has been degraded. The signal analyzed here with the
TAP-treated material originates essentially only from the capped
mRNA population. Indeed, when the material untreated with
TAP is analyzed using the same number of amplification cycles
(20), it does not give rise to a significant signal (compare lanes 1
and 3 in Fig. 2C). At 8 hr after stimulation, a significant
proportion of the capped mRNA population has a short poly(A)
tail (shorter than 70 As, lane 2, Fig. 24). This suggests that a part
of the SAA mRNA population could be deadenylylated faster
than the bulk.

In conclusion, the detection of decapped species with a short
poly(A) tail indicates that SAA mRNA decapping follows
deadenylylation as described for some yeast mRNAs (6).

Traces of Decapped Species with a Short Poly(A) Tail Can
Be Detected for Three Other Liver mRNAs. To determine
whether these observations extend to other mammalian mR-
NAs, we used the cRT-PCR procedure to compare the steady-
state poly(A) tail length of capped and decapped species of
three other liver mRNAs, those coding for PCK, ALB, and
TAT (Fig. 3). Analysis of PCK mRNA poly(A) tail length
shows a tract ranging from 5 to 100 nucleotides, with a peak
around 25 adenylate residues, whereas that of the correspond-
ing decapped species varies from 2 to 21 adenylate residues
(with a peak around 7). The poly(A) tail length of ALB mRNA
ranges from 10 to 50 nucleotides (with a peak around 25),
whereas that of the decapped species varies from 4 to 24
adenylate residues (with a peak around 15). For TAT mRNA,
the poly(A) tract is short, ranging from 2 to 50 nucleotides with
a peak at 10 nucleotides, while that of the decapped counter-
part ranges from 2 to 12 adenylate residues (with a peak
around 7). These results show that, for all mRNAs analyzed,
the poly(A) tail of the decapped species is shorter than that of
their capped counterparts. These results provide further evi-
dence that deadenylylation precedes decapping and that dead-
enylylation-dependent decapping could be a general degrada-
tion pathway in mammalian cells, as it is in yeast cells.

DISCUSSION
cRT-PCR: A Sensitive Method to Measure Poly(A) Tail Size
Distribution. We have developed an RT-PCR-based assay to
measure the size distribution of the poly(A) tail of mRNAs. The
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FiG. 2. Evidence for traces of uncapped SAA mRNA with a shorter poly(A) tail than their capped counterparts. (4) Variation in SAA mRNA
poly(A) tail length after induction of the acute-phase response was analyzed in liver RNAs of mice treated with azocasein for 0 (lanes 1 and 5),
8 (lanes 2 and 6), 48 (lanes 3 and 7), or 72 hr (lanes 4 and 8). Capped SAA mRNA species were analyzed after TAP treatment (+ TAP, lanes 1-4),
whereas the uncapped mRNA species were analyzed by omitting the TAP treatment (—TAP, lanes 5-8). In all cases, labeling of the PCR products
was performed with labeled primer 4 for five additional cycles. The length of the poly(A) tails as deduced by comparison to a size standard is
indicated to the left. (B) The size distribution of the poly(A) tail is heterogeneous without induction. A longer exposure of a gel performed using
more material (four times) than inA4 is shown. SAA mRNAs from an untreated mouse were decapped with TAP and subjected to cRT-PCR without
(control, lane 1), or with (dT/RNase H, lane 2) removal of most of the poly(A) tail by treatment with oligo(dT) and RNase H. (C) The material
analyzed after TAP treatment corresponds only to the capped mRNA population. Using the mRNA from mice treated with azocasein for 48 hr,
amplification was performed for 20 cycles for both the material treated or not with TAP (respectively, lanes 3 and 1) as well as for 25 cycles for

the untreated material (lane 2).

use of PCR renders this method much more sensitive than
methods using RNase H treatment and Northern blotting (e.g.,
see ref. 25). The use of nested primers and the visualization of the
PCR products with a labeled primer, as described for the LM-
PCR and RL-PCR procedures (17, 26), allows direct analysis of
the whole poly(A) tail population, in contrast to alternative
procedures for RNA ligase-mediated amplification of cDNA
ends (16, 27), which relies on DNA cloning and sequencing of the
PCR products. In cRT-PCR, the mRNA is circularized prior to
reverse transcription of the poly(A) tail, using a primer that
hybridizes to the 5" end of the original transcript. Other RT-

PCR-derived procedures rely on the use of a tagged oligo(dT)
primer (e.g., ref. 28). Since, in such cases, the primer can hybridize
internally to the poly(A) tail, these procedures are useful for
determining maximum poly(A) tail length in an mRNA popula-
tion but the PCR products do not accurately reflect the size
distribution of the population. A recently described modification
of this procedure circumvents this problem (29). It relies on the
ligation of oligo(dT) and an oligo(dT)-tagged primer annealed to
the poly(A) tail followed by RT-PCR. The specific advantage to
the cRT-PCR approach described herein is that it allows for the
simultaneous analysis of the 5" and 3’ ends of the same mRNA
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F1G6.3. Traces of uncapped mRNA species with short poly(A) tails
can also be detected for three other mRNAs. PCK, ALB, and TAT
mRNAs were analyzed as described for SAA mRNA in Fig. 2, except
that (i) the RNA preparation originated from unstimulated rat hep-
atoma cells, (if) the amplifications were performed with primers 1 (i.e.,
the reverse transcription primer) and 3, and (iii) the number of
amplification cycles performed to analyze ALB mRNA was 25 and 29,
respectively, for the capped and uncapped species.

molecule. This permitted us to detect, in mammalian cells,
decapped mRNAs with short poly(A) tails.
Deadenylylation-Dependent Decapping of SAA mRNA. We
have used cRT-PCR to analyze the variation in size distribu-
tion of the poly(A) tail of SAA2 mRNA during the acute-
phase response in mouse liver. The transcription of these genes
is induced by the concerted action of glucocorticoids, inter-
leukin 1, interleukin 6, tumor necrosis factor «, and other
hormones during inflammation (23). The poly(A) tail length of
the mRNA varies as if there was a limited pulse of transcription
induced by these hormones. Eight hours after induction, newly
synthesized mRNAs have a long poly(A) tail (100-300 resi-
dues), whereas 48 hr later, the average length has shortened to
50 residues. This shortening precedes the disappearance of the
mRNA (24). During the inflammatory response, decapped
SAA2 mRNAs with short poly(A) tails (20-60 residues) were
detected. The relative proportion of decapped versus capped
mRNA species was not determined accurately. At least five
extra amplification cycles are necessary to detect similar
amounts of PCR products from the decapped species. This
suggests that the amount of decapped species represents 3% of
that of their capped counterparts, assuming a 100% efficiency
of conversion of capped mRNA to the 5’-monophosphorylated
form during the TAP reaction. However, in our hands, the in
vitro decapping efficiency is somewhat variable, and this 3%
proportion is probably an overestimate. During the inflamma-
tory response, the decapped SAA2 mRNA appears more
abundant at later times, when the bulk of the mRNA synthe-
sized in response to the inflammatory stimuli begins to be
degraded. This suggests that the decapped species is an
intermediate degradation product of the mRNA. In yeast cells,
mRNA degradation can proceed through deadenylylation-
triggered decapping, followed by 5'-to-3" exonucleolysis (6).
The enzymes responsible for decapping and 5’-to-3’ exonucle-
olysis copurify, and it is tempting to speculate that they interact
in vivo to allow coordination of these successive degradation
steps (30). Indeed, nearly full-length decapped species have
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not been observed without the use of genetic tricks to stabilize
these intermediates: either insertion of an exonuclease-
resistant structure in the 5’ end or genetic inactivation of the
major 5'-to-3" exonuclease gene (6). Thanks to the sensitivity
of the cRT-PCR procedure, we have been able to directly
detect such intermediates in mammalian cells. Late after
induction, the decapped SAA mRNA species is slightly more
abundant, but it does not accumulate extensively, presumably
because of the instability of this degradation intermediate.
It is unlikely that the decapped species with a short poly(A) tail
that we detect are produced during synthesis of SAA mRNA and
not during its degradation. Indeed, this would have resulted in an
inverse accumulation pattern of this species, with high level
detected early during induction. Furthermore, current knowledge
of the polyadenylylation process does not favor this possibility.
Polyadenylylation in mammalian nuclei occurs in two phases: an
initial extension of a 10- to 20-A tail stimulated by the AAUAAA
recognition complex, followed by a rapid polymerization of up to
200 adenylates, which is stimulated by the nuclear polyadenylate-
binding protein (PABP2) that binds to the previously synthesized
oligo(A) tail (see refs. 31 and 32 for reviews). Decapped species
with an oligo(A) tail could have been generated during synthesis
if the second poly(A) addition phase were dependent upon the
presence of the cap, in contrast to the previous mRNA biosyn-
thetic and maturation steps. This is not what is observed in in vitro
polyadenylylation reactions: the cap does not influence the rate
of the first phase of polyadenylylation and is not required for the
second (33). Furthermore, the cap plays an important role in the
splicing of the first intron (34). Since one of the primers we have
used (no. 2) overlaps the exon 1-exon 2 boundary, we analyzed
only transcripts where the first intron has been spliced and thus,
most likely, transcripts that have been capped. Therefore, we
conclude that the oligoadenylated decapped mRNA species that
we observe are degradation products of SAA mRNA.
Generality of the Deadenylylation-Dependent Decapping in
Mammals. We have analyzed the poly(A) size distribution of four
liver mRNAs of various stabilities. While both SAA and ALB
mRNA could be considered as stable [half-life > 24 hr (24, 35)],
TAT and PCK are unstable [half-life between 30 min and 2 hr (36,
37)]. Decapped species were detected for all these mRNAs and
they always have a shorter poly(A) tail than their capped coun-
terparts, suggesting the generality of the deadenylylation-
dependent decapping pathway irrespective of the stability of the
mRNA [as observed in yeast (6)]. However, the size distribution
of the poly(A) tail of these various mRNAs differs at steady state.
For the capped species, the average poly(A) tail lengths rank in
the following order: SAA mRNA, 20-300 As (in the absence of
induction); PCK mRNA, 5-100 As; ALB mRNA, 10-50 As; TAT
mRNA, 2-50 As. While it cannot be formally excluded that these
differences could result from differences in the length of the
poly(A) tail added in the nucleus (see ref. 31 for a review), it is
likely that they result from differences in the relative rates of
deadenylylation and the subsequent degradation steps. Both in
yeast and in mammalian cells, instability determinants, located
either in the 3’ untranslated region or in the coding region of the
mRNA, have been shown to independently affect these degra-
dation steps (5-7). If deadenylylation proceeds faster than the
subsequent degradation, the average steady-state poly(A) tail
length should be shorter than in the reverse situation. Further-
more, the threshold minimal poly(A) tail length at which the
subsequent decapping occurs might differ for individual mRNAs.
This could account for the differences in the poly(A) size
distribution of the in vivo decapped forms of the various mRNAs
analyzed, which ranges from 20 to 60 As for SAA mRNA, from
21021 As for PCK mRNA, from 4 to 24 As for ALB mRNA, and
from 2 to 12 As for TAT mRNA. Except, to a small extent, for
ALB mRNA, the minimal length of the poly(A) tail of the
decapped species is not shorter than that of the capped species.
This suggests that the final deadenylylation occurs at a slower rate
than the deadenylylation-triggered event that affects the 5’ end.
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Indeed, our primer selection strategy precludes amplification of
the mRNA molecules that have lost any nucleotides at the 5’ end
as well as mRNAs with a 3’ end containing less than 2 to 3 As (for
SAA2, TAT, and PCK mRNAs, the 5’-end base could have been
lost and this loss compensated by the 3’ end, because this 5'-end
is an adenylate residue). For SAA mRNA, it is clear that the final
deadenylylation event occurs at a much slower rate than the
deadenylylation-triggered decapping and degradation, since no
significant amount of mRNA with a poly(A) tail shorter than 20
As is detected, even in the decapped species. Shortening of the
poly(A) tail down to about 60 As appears to be able to trigger
decapping, since it is the maximal length of the poly(A) tail of the
in vivo decapped species. Assuming, as discussed previously, that
deadenylylation of SAA mRNA does not proceed significantly
further once decapping is triggered, the heterogeneity in poly(A)
tail length of the decapped species may reflect the heterogeneity
of the threshold length that triggers decapping of this mRNA.
ALB mRNA shows decapped species with an oligo(A) tail as long
as 24 As, indicating that it has a lower threshold length that
triggers decapping. Furthermore, the minimal length of this
oligo(A) tail is shorter (4 As), and shorter than that of the
corresponding capped mRNA, suggesting that terminal deadeny-
lylation is still proceeding before completion of 5’-end decapping
and exonucleolysis. For PCK and TAT mRNAs, fully deadeny-
lylated capped species may exist, even though the primer design
strategy excludes them, because the poly(A) tail size distribution
is homogeneous down to the lower limit of the analysis. Capped
TAT mRNA species show a strikingly short poly(A) tail: the
average size is 7 As and mRNAs with 3 As can be detected.
Furthermore, decapped mRNAs do not have a poly(A) tail
longer than 12 residues. These observations suggest that dead-
enylylation proceeds relatively faster than decapping when com-
pared with the other mRNAs analyzed herein, and/or that the
threshold oligo(A) length that triggers decapping is short. In
conclusion, the varying size distribution of the capped and
decapped species of the mRNAs analyzed here reveals the
diversity of the kinetic parameters of the various steps of the
common degradation pathway that affects these mRNAs.

The cytoplasmic PABP (PABP1) is likely to be one of the
factors that affect these various deadenylylation and decapping
processes. It is highly conserved from yeast to mammals (38), and
it appears to protect mRNA from degradation both in yeast (39)
and in mammalian cell extracts (40). In yeast, PABP1 appears to
participate in the regulation of the rate of deadenylylation and to
protect the mRNA from decapping (39). Deadenylylation could
trigger decapping by eliminating PABP1 binding sites on the
mRNA. Moreover, PABP1 serves as a cofactor for one of the
enzymes involved in deadenylylation, the poly(A) ribonuclease
(PAN) product of the Pan2 gene (41). In vitro, using purified PAN
and PABP1, it has been shown that PAN-dependent deadenyly-
lation can be regulated by sequences present in the 3’ untrans-
lated region (UTR) of mRNAs (42). Since PABP1 is also able to
interact with some 3'-UTR sequences (43), it could participate in
the control of the rate of deadenylylation and eventually dead-
enylylation-dependent decapping, as well as in determining the
threshold length at which deadenylylation triggers decapping (39,
40, 42). While considering the hypothesis that PABP1 is involved
in the control of the threshold poly(A) length that triggers
decapping in mammalian cells, it should be noted that the upper
limit of this threshold length for SAA mRNA (60 residues) should
be sufficient to allow for binding of two PABP1 molecules (44).
This suggests that decapping is not an all-or-nothing decision, but
rather is the consequence of an equilibrium between two antag-
onistic activities: that of the decapping enzyme and of its inhib-
itor, PABP1. The striking conservation of both PABP1 (38) and
the deadenylylation-dependent decapping pathway from yeast to
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mammals suggests that PABP1 plays a central role in the control
of mRNA stability in mammalian cells as in yeast.
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