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ABSTRACT The hyperthermophilic archaeon Acidianus
ambivalens expresses a membrane-bound aa3-type quinol ox-
idase, when grown aerobically, that we have studied by reso-
nance Raman spectroscopy. The purified aa3 oxidase, which
does not contain bound quinol, undergoes a reversible slow
conformational change at heme a3 upon reduction, as indi-
cated by a change in the frequency of its heme formyl
stretching mode, from 1,660 cm21 to 1,667 cm21. In contrast,
upon reduction of the integral membrane enzyme or the
purified enzyme preincubated with decylubiquinol, this mode
appears at 1,667 cm21 much more rapidly, suggesting a role
of the bound quinol in controlling the redox-linked confor-
mational changes. The shift of the formyl mode to higher
frequency is attributed to a loss of hydrogen bonding that is
associated with a group having a pKa of '3.8. Based on these
observations, a crucial element for proton translocation in-
volving a redox-linked conformational change near the heme
a3 formyl group is postulated.

The hyperthermophilic archaeon Acidianus ambivalens con-
tains one of the simplest known respiratory chains (1, 2). This
microorganism is a strict chemolitoautotroph, growing opti-
mally at 80°C and at pH 2.5 (3, 4). Membranes from aerobically
grown cells contain almost exclusively a-type hemes; only
traces of b-type hemes are detected (C.M.G. and M.T., un-
published data). The a-type hemes belong to a single aa3-type
quinol oxidase (1, 5), which is the only heme protein present
in the membranes, and contain a hydroxyethylgeranylgeranyl
side chain instead of a hydroxyethylfarnesyl side chain as seen
in most bacterial and eukaryotic aa3 oxidases (6). The major
quinone in aerobically grown A. ambivalens is caldariella
quinone, which is a thiophenobenzoquinone present in the
Sulfolobales (7). The detergent-solubilized enzyme oxidizes
caldariella quinol at a high rate (150 s21 at 40°C, well below its
physiological temperature where the rate is expected to be
much higher; C.M.G. and M.T., unpublished data), and with
high specificity, and hence it is a strict quinol oxidase (1). The
oxidase from A. ambivalens is composed of five different
subunits, the largest of which (65 kDa) contains the ligands to
heme a and to the heme a3-CuB binuclear center (8). Accord-
ingly, it contains these three redox metal cofactors and lacks
a CuA center, just as all other quinol oxidases (9) and is
therefore a member of the heme-copper oxidase superfamily,
although its proton pumping properties have yet to be deter-
mined. The overall homology to subunit I of the other mem-
bers of the heme-copper oxidase superfamily is about 18%, but
all of the ligands that coordinate the redox centers are
conserved. The remaining subunits are completely distinct
from those of other oxidases.

In both cytochrome c and quinol oxidases, oxygen reduction
occurs at a heme-CuB binuclear center. Closely associated with
the center is a low-spin heme that is part of the electron
transfer pathway. In cytochrome c oxidases, CuA serves as the
electron entry point in the enzyme (10–13), whereas in bo3
quinol oxidases an enzyme-bound ubiquinol is believed to be
the electron entry point that passes electrons to the heme
o3-CuB center via the low-spin heme b (9). Similarly, in the aa3
quinol oxidase from Bacillus subtilis the low-spin heme a is
thought to be the electron acceptor from membranous quinol
(14). The location of a quinol-binding site in quinol oxidases
has been debated extensively. In particular, for bo3 from
Escherichia coli, several studies indicate that there could be
two binding sites, one of which binds ubiquinol-8 tightly
(15–20). Recent mass spectrometric analysis suggests that a
binding site is located at the interface of subunits I and II (19).
Given that this aa3 quinol oxidase of A. ambivalens is a member
of the large heme-copper oxidase superfamily, it is essential to
learn its structure and function to understand alternative
strategies to reduce dioxygen and translocate protons. This
may lead to new insights concerning the functional mecha-
nisms of mammalian oxidases as well as how the properties of
this enzyme and the role of the quinol are related to the
unusual physiological properties of its parent extremophile, A.
ambivalens.

The absence of alternative oxidases and the presence of only
a-type hemes in A. ambivalens grown under aerobic conditions
are unique features that allow spectroscopic measurements to
be done on whole membranes and intact cells in addition to
those on the purified enzyme. Recently, the kinetics of the
electron transfer steps in this enzyme were studied, and a
physiological role for the membrane-bound quinol serving as
the fourth redox center was suggested (5). In the present study,
the aa3 quinol oxidase from A. ambivalens has been charac-
terized by resonance Raman scattering, a technique that has
been shown to be very powerful in studying heme-copper
oxidases (13, 21–23). It is shown that the heme a3 formyl group
undergoes a redox-induced change in its hydrogen bonding, at
a much faster rate in the membrane-integrated than in the
purified enzyme. It is proposed that a functional role of the
bound quinone, in addition to being involved in the electron
transfer chain, is to facilitate the conformational changes in the
enzyme required for its proper function. In addition, the
nature of the redox-linked changes is studied in relation to the
physiological conditions of A. ambivalens, and a redoxyproton
translocation coupling site near the heme a3 formyl group is
postulated.

EXPERIMENTAL PROCEDURES

A. ambivalens cells were grown as described (24). Membranes
and purified oxidase were prepared as in Giuffre et al. (5), byThe publication costs of this article were defrayed in part by page charge
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using lauryl maltoside as the detergent. In the Raman mea-
surements, the membrane fraction (containing exclusively the
aa3 oxidase) was studied in the intact state and in a lauryl
maltoside-solubilized state. The purified enzyme lacks bound
quinone, as determined from quinone extraction and HPLC
analysis, which consistently showed the absence of caldariella
quinone (C.M.G. and M.T., unpublished data), and it showed
a very good signal-to-noise level in the Raman measurements.
Decylubiquinone and lauryl maltoside were purchased from
Sigma.

Resonance Raman measurements were carried out with an
excitation wavelength at 413.1 nm from a Krypton-Ion laser
(Spectra-Physics). Details of the instrumentation have been
described (25). The sample cell was spun at 6,000 rpm to avoid
local heating. The Raman scattered light was dispersed
through a polychromator (Spex Industries, Metuchen, NJ)
equipped with a 1,200 groovesymm grating and detected by a
liquid nitrogen-cooled charge-coupled device camera (Prince-
ton Instruments, Trenton, NJ). A holographic notch filter
(Kaiser Optical Systems, Ann Arbor, MI) was used to remove
the laser scattering. Frequency shifts in the Raman spectra
were calibrated by using acetone-CCl4 or indene as a reference.

The concentration of the protein samples used for the
Raman measurements was '60 mM in different buffers for the
desired pH (100 mM sodium phosphate, pH 7.4 and pH 2.6;
100 mM sodium acetate, pH 3.5–5.0; 100 mM Mes, pH 6.0). To
obtain the reduced samples, the oxidized enzyme was reduced
by the addition of an aliquot of a freshly prepared anaerobic
solution of dithionite to the degassed protein solution. Ab-
sorption spectra were recorded before and after the Raman
measurements to check the stability of the species studied. All
measurements were carried out at '22°C.

RESULTS

The high-frequency region (1,300–1,700 cm21) of the reso-
nance Raman spectra of hemeproteins is comprised of por-
phyrin in-plane vibrational modes that are sensitive to the
electron density in the porphyrin macrocycle and also to the
oxidation, coordination, and spin state of the central iron atom
(25). In aa3 oxidases, the carbonyl stretching modes from the
heme formyl groups (in the 1,600–1,700 cm21 region) are
resonance enhanced and can be used as useful probes of the
conformation near the hemes. Fig. 1 shows the resonance
Raman spectra, with the mode assignments (unpublished
results), of the purified A. ambivalens oxidase in the dithionite-
reduced form as a function of elapsed time after anaerobic
reduction. For comparison, the spectrum of the oxidized
enzyme also is shown. Upon reduction, the reduced spectrum
obtained is characteristic of that of all oxidases. However, a
time-dependent change subsequently occurs in the Raman
spectrum, involving a slow shift in frequency of the formyl
stretching mode of heme a3, from 1,660 to 1,667 cm21.
Immediately after reduction, the frequency of the a3 formyl
stretching mode (1,660 cm21) observed in this enzyme is the
lowest among the heme a3-containing oxidases, where this
mode occurs in the 1,662 to 1,669 cm21 range (26–38). The
absence of spectral changes in the other modes, including the
oxidation state marker, n4, at 1,355 cm21 (data not shown),
indicates that the oxidation, coordination, and spin states are
not changing as a function of time after reduction in either of
the hemes. However, the formyl group of heme a3 undergoes
a very slow (t1/2 '18 min) redox-induced conformational
change. When the 1,667-cm21 conformer of the reduced
enzyme is reoxidized and then rereduced, similar results are
obtained, i.e., the 1,660-cm21 conformer appears first, and
then slowly switches to the 1,667-cm21 conformer.

A redox-coupled conformational change in heme a3 would
have to be much faster to play a physiological role in the
enzymatic function. The purified enzyme lacks bound quinone.

On the contrary, the membrane-integrated enzyme has a
bound quinol (5). When the reduction of the membrane
fraction or the detergent-solubilized membranes was carried
out under similar conditions as used for the purified enzyme,
the 1,667-cm21 line appeared within our 1-min limit of reduc-
ing the enzyme and measuring a spectrum (spectra not shown,
data listed in Table 1). The other vibrational modes occurred
at the same frequencies as in the purified enzyme. These data
suggest that the conformational changes associated with heme
a3 occur at a much faster rate than in the purified enzyme, thus
indicating a role of the bound quinol in the redox-coupled
structural change.

FIG. 1. Resonance Raman spectra of reduced aa3 in the high-
frequency region as a function of time. The excitation frequency was
413.1 nm, and the laser power at the sample was '10 mW. The purified
enzyme (60 mM) was reduced anaerobically by dithionite, in 100 mM
Mes, pH 6.0, 1 mgyml lauryl maltoside. The spectra shown are (b)
immediately ('1 min) after reduction, (c) after 15 min, and (d) after
50 min. Also shown for comparison is the spectrum of the oxidized
enzyme (spectrum a, laser power '0.1 mW).

Table 1. Selected resonance Raman frequencies (Ex. 413.1 nm) of
various preparations of A. ambivalens aa3 quinol oxidase in the
reduced state

Enzyme n4

n11

(a)
n2

(a)
nC5O

(formyl, a3)

Purified, t 5 1 min* 1,355 1,520 1,587 1,660
Purified, t ; 30 min 1,355 1,520 1,587 1,667
Purified 1 UQ, t ; 10 min† 1,355 1,520 1,587 1,667
Intact membrane 1,355 1,519 1,587 1,667
Membrane extract‡ 1,356 1,519 1,588 1,667.5
Bovine§ 1,354 1,517 1,586 1,664

The enzyme samples were reduced by addition of a degassed
dithionite solution under anaerobic conditions.
*Purified aa3 in 100 mM phosphate buffer, pH 7.4, 0.3 mgyml lauryl

maltoside, spectrum recorded ;1 min after reduction by dithionite.
†The purified oxidized aa3 was preincubated with 1.6 mgyml decylu-
biquinone (UQ) for 1 hr and then was reduced by dithionite.
Spectrum was recorded after 10 min.

‡Membranes dissolved in lauryl maltoside (2g LMy1 g protein).
§Data from Argade et al. (30) on bovine cytochrome c oxidase.

9592 Biophysics: Das et al. Proc. Natl. Acad. Sci. USA 96 (1999)



To test the above hypothesis, reduction was carried out on
the purified enzyme that had been preincubated with a syn-
thetic quinone, decylubiquinone, which is capable of donating
electrons to the enzyme (8) and also is easier to handle
experimentally than the highly insoluble caldariella quinol.
Fig. 2 presents the time evolution of the a3 formyl stretching
frequency upon reduction in the presence (trace B) and in the
absence (trace A) of decylubiquinol, at pH 6. The purified
enzyme that was preincubated with quinone showed a much
faster rate (t1/2 ' 4 min) of conversion of the 1,660-cm21 line
relative to that (t1/2 '18 min) in the absence of quinone. Thus,
the presence of quinol plays a role in modulating the structure
of the enzyme that facilitates the redox-coupled conforma-
tional changes in heme a3.

The oxidase from A. ambivalens is stable over a wide pH
range. When the purified enzyme was reduced at pH 2.6, the
formyl line appeared at 1,660 cm21 just as seen at pH 6, but did
not convert to 1,667 cm21 even after a prolonged period of
incubation (Fig. 2, trace C). Moreover, this band did not shift
in the presence of decylubiquinol (data not shown, but trace
superimposable on trace C in Fig. 2). At higher pHs, in the
range of 3.5 to 6.0, however, the extent of conversion of the
1,660-cm21 conformer to that at 1,667 cm21 varied as a
function of pH, as shown in Fig. 3. At each pH, the fractional
population of the 1,660-cm21 conformer was measured at 100
min after reduction, where the absence of any additional
changes indicates that equilibrium has been reached. An
examination of the populations of the two conformers as a
function of pH yields a pKa '3.8 6 0.4, associated with the
conformational equilibrium.

Although A. ambivalens functions in a surrounding medium
at acid pH ('2.5), it does not necessarily imply that the pH
would be that low inside the cell. For example, for the closely
related archaeon Thermoplasma acidophilum, also growing at
pH 2, an internal pH of 6.6 has been measured (39). The fact
that the aa3 oxidase is the only oxidase expressed when the
archaeon is grown under aerobic conditions indicates that this
enzyme participates in cell respiration. To accomplish the
dioxygen chemistry correctly, the working pH range of this
oxidase is expected to be much higher than '2.5. This is

consistent with the observation of near-zero enzyme activity
below pH '3 (data not shown).

DISCUSSION

Conformational Control of Hydrogen Bonding of the Heme
a3 Formyl Group. The assignment of the vibrational modes in
aa3 oxidases is well established (30). With the excitation
frequency used in this study (413.1 nm), modes from both the
low-spin heme a (S 5 0) and the high-spin heme a3 (S 5 2) in
the reduced enzyme contribute to the Raman spectrum. A
crucial feature that makes the Raman spectrum of aa3 very
useful is a substantial separation between the various lines
arising from a and a3. The heme modes of the reduced aa3
oxidase of A. ambivalens in the high-frequency region, which
will be discussed in detail elsewhere, match well with those in
the bovine enzyme (30). Of particular importance in the
present study are the C-O stretching modes of the formyl group
(-CHO) of heme a3. In analogy with other oxidases, the formyl
mode from heme a3 in the oxidized enzyme is assigned at 1,675
cm21 and that in the reduced enzyme is located in the
1,660–1,667-cm21 region (Fig. 1).

As a function of time after the initial reduction, no changes
were detected in any of the oxidation-sensitive, coordination-
sensitive, or spin-sensitive lines. In addition, the frequency of
the formyl stretching mode in heme a (1,628 cm21) remained
unchanged. After the reduction of the enzyme, only the formyl
group of heme a3 displayed a slow change in its frequency. The
shift of the formyl stretching mode (nC5O) of reduced a3 is
attributed to a change in its hydrogen-bonding interactions (28,
40, 41). The weaker the hydrogen bonding to the formyl group,
the higher the stretching frequency, given that there is no
change in the oxidation, coordination, or spin state of heme a3.
Thus, at neutral pH, the conversion of the heme a3 formyl
frequency from 1,660 cm21 to 1,667 cm21 results from a loss
of hydrogen bonding associated with a group or groups having
a pKa of '3.8. The observation of a very high frequency of the
a3 formyl mode (1,675 cm21) in the oxidized enzyme indicates
that the formyl group is not hydrogen-bonded in ferric heme
a3. The fact that the conformational changes were observed
only in ferrous heme a3 and not in heme a, demonstrates that
they are coupled exclusively to proton-dependent conforma-
tional changes at the binuclear center.

The data and conclusions reported here are in contrast to
the change in hydrogen bonding to the heme a formyl group

FIG. 2. Effect of quinol on the rate of conformational change in
heme a3. The decrease in the heme a3 formyl line at 1,660 cm21 was
monitored as a function of time after reduction, in the presence and
in the absence of quinol, at two different pH values. The enzyme was
reduced anaerobically by dithionite at pH 6, 100 mM Mes, in the
absence (A) and in the presence (B) of 1.6 mgyml decylubiquinol. At
pH 2.6 (C), the population of the 1,660-cm21 conformer remained
invariant in both the presence and the absence of decylubiquinol. The
relative population of the 1,660-cm21 (to that of 1,667 cm21) con-
former was calculated by curve fitting using two Lorentzians.

FIG. 3. Variation in the population of the 1,660-cm21 conformer
as a function of pH (in the absence of decylubiquinol). The relative
population of the 1,660-cm21 conformer was calculated as in Fig. 2.
Immediately after reduction, the 1,660-cm21 conformer is the only
species present at all pH values. The population of the 1,660-cm21

conformer observed 100 min after reduction is shown (in J). The
sigmoidal curve (solid line) indicates the best fit that yielded an
apparent pKa of 3.8 6 0.4.
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upon reduction reported previously (40). In that study, upon
reduction an increase of the hydrogen-bond strength of the
formyl group of heme a of '2–2.5 kcalymol was estimated
(40). Such an estimation is not straightforward as the fre-
quency of the formyl mode changes as a function of the
oxidation state of the heme iron. It was argued that the
differing extents of the frequency shift of the heme a formyl
upon reduction between cytochrome c oxidase and model
heme a complexes reflect a change in the redox-dependent
hydrogen-bond strength in the enzyme. In the present study,
the contributions from the change in oxidation state and the
change in the H bonding can be distinguished as separate steps.
Hence, we are able to conclude that the frequency shift of the
formyl is caused by a change in hydrogen bonding after
reduction and is not associated with the change in the elec-
tronic structure of the formyl group because of the change in
the oxidation state of the heme.

To account for the pH and substrate dependence of the
formyl stretching mode, several questions must be addressed.
First, which groups at the binuclear center have pKa values that
could give rise to the observed titration behavior? Second, with
which residue is the proton associated that hydrogen-bonds to
the formyl group? Third, what is the nature of the conforma-
tional change that occurs subsequent to the reduction of the
enzyme? Fourth, how does the addition of quinol accelerate
the conformational change? Fifth, are the observed changes
related to functionally important processes? The last two
questions will be addressed in the next section; the first three
are considered below.

Several groups with labile protons are located near the heme
a3 periphery and are candidates for the observed titration. The
low pKa suggests the involvement of a carboxylate group or
possibly an imidazole residue. Asp-364 (Asp-367 in A. ambiv-
alens) in the structure of bovine cytochrome c oxidase is
located near heme a3 (see Fig. 4), and, interestingly, is highly
conserved in the heme-copper oxidase superfamily although
its functional role is controversial. In some mutagenesis stud-
ies, Asp-364 has been shown to have no effect on structural
integrity, catalytic activity, and proton translocation (42, 43),
whereas in other studies it has been shown to have very
significant effects (44, 45). The propionic acid side chain (at
position 7 in the A ring of the porphyrin) of heme a3 which is
located next to the formyl group (at position 8) is only 3.1 Å
away from Asp-364 in the Paracoccus structure (Protein Data
Bank code 1AR1) (46, 47), although the oxygen atoms of both
the propionate and Asp-364 are about 6 Å away from the
oxygen atom of the formyl group. In addition, Asp-364 has
been postulated to be closely coupled with the propionate such
that the two groups share only one proton in the pH 4 to 11.5
range (48). Thus, a pKa of 3.8 is reasonable for this coupled
pair. The other heme a3 propionate (position 6) is connected
to a hydrogen-bonded network, in both bovine (49, 50) and
Paracoccus (46, 47) cytochrome c oxidases, that involves two
arginines, Arg-438 and Arg-439 (bovine numbering, see Fig.
4), which also are conserved in the aa3 oxidase of A. ambivalens
(Arg-442 and Arg-443, respectively). This network recently has
been proposed as a part of the exit pathway for the pumped
protons (51). Noticeably, two of the four heme propionates in
P. denitrificans cytochrome c oxidase show redox-dependent
changes detected by Fourier transform IR, which were attrib-
uted to either protonation-deprotonation or environmental
changes (52).

The closest residue with a labile proton to the formyl oxygen
atom is His-290 (His-293 in A. ambivalens), which is one of the
CuB histidine ligands. The oxygen atom of the heme a3 formyl
group is located at a hydrogen-bonding distance (3.1 Å) from
the Nd of this residue, H325, in the Paracoccus structure
(Protein Data Bank code 1AR1) and is 4.0 Å away in the
bovine structure (Protein Data Bank code 2OCC). This vari-
ability of the formyl oxygen to the histidine Nd distance

suggests a degree of conformational f lexibility in the structure
that is consistent with data from recent x-ray absorption
spectroscopy measurements, from which the loss of one of the
CuB histidine ligands upon reduction was postulated (53).
Thus, a reorganization of the CuB geometry, caused by dep-
rotonation of His-290, is a plausible explanation for the
changes we detect. Indeed, the pKa of the residue was calcu-
lated to be 4.4 (48) in reasonable agreement with our observed
value of 3.8, although a distinction between this and the
propionate–Asp-364 pair cannot be made at present.

A Model for Redox-Linked Proton Translocation at the
Binuclear Site. The data obtained in the present work may be
discussed in the framework of mechanisms for proton trans-
location. In A. ambivalens there is a conformational change at
the binuclear site that results in a loss of hydrogen bonding to
the heme a3 formyl group. We postulate that this region near
the formyl group is the center for redox coupling in the enzyme
and describe a mechanism in the scheme illustrated in Fig. 5.
This model is based on the central postulate that the hydrogen
bond to the formyl group comes from His-290 and that the
state of protonation of His-290 is controlled by the redox
events at the binuclear center. Therefore, in this model,
His-290 is the central element that couples the oxygen reduc-
tion chemistry to proton translocation.

In the scheme, when the enzyme is fully oxidized, CuB is
coordinated by a hydroxide group and three histidine residues
(H240, H290, and H291). Because the formyl group is not
hydrogen-bonded in the oxidized state, His-290 is taken as
being deprotonated in the oxidized enzyme, as postulated by
Wikström et al. (54, 55), and serves as the second charge to
balance Cu21. We also assume that the heme propionates are
ionized in the oxidized state with the provision that one proton
is shared by Asp-364 and the propionate on ring A of heme a3,

FIG. 4. Structural model of the redox centers in A. ambivalens aa3
oxidase. The model was created based on the structural coordinates of
Paracoccus cytochrome c oxidase, taking only the first 491 residues of
the amino acid sequence into consideration. The residues are num-
bered as in bovine sequence. Shown in the picture are heme a, heme
a3 (red), CuB (blue), and some of the neighboring residues (in thick
lines), His-290 (one of the three histidine ligands to CuB), Tyr-244,
Asp-364, His-368, Arg-438, and Arg-439. The residues shown in thin
lines but not labeled are the histidine ligands to hemes a and a3 and
CuB. The arrows denote the proposed path of proton translocation
from His-290 to the Asp-364–propionate pair to the Arg-438–
propionate region.
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as concluded from the electrostatic calculations reported
recently by Kannt et al. (48).

Upon reduction, when two electrons enter the binuclear site,
two protons also must enter to maintain the charge neutrality
of the binuclear center, a principle established earlier (56).
One of the protons combines with the hydroxide and the other
protonates His-290. The protonated form of His-290 is a
kinetic intermediate and the imidazole Nd proton is stabilized
by a hydrogen bond to the formyl group. This structure is
stabilized for tens of minutes in the purified enzyme in the
absence of quinol, but is transient when the enzyme is in the
intact membrane. Upon reduction the protons can enter the
binuclear site via one or more proton channels. The analysis of
the primary sequence of A. ambivalens and a three-
dimensional model indicate that although neither the K nor the
D channel is strictly conserved, equivalent pathways can be
proposed (C.M.G. and M.T., unpublished data). A similar
situation is found for the ba3 oxidase of T. thermophilis, which
nevertheless was proved recently to pump protons (57). The
binding of the initial proton to the hydroxide is consistent with
the electrostatic calculations on Paracoccus, and it also has
been pointed out that His-290 could form a hydrogen bond to
the heme a3 formyl group (48). Whether or not this hydrogen
bond occurs without breaking the bond between the copper
and the histidine remains to be determined.

In this model the protonated form of His-290 is metastable;
its lifetime depends on the properties of the exit channel.
Recently, Puustinen and Wikström (51), based on site-directed
mutagenesis studies of Arg-438 and Arg-439, proposed that
these arginines, along with the propionate on the D ring of
heme a3, form part of a proton exit channel. Close to these
groups is the A ring propionate—Asp-364 pair that has been
proposed to share one proton. This pair may accept a proton
from His-290, which in turn causes release of a proton to the
exit channel. However, we postulate that in A. ambivalens this
pathway is blocked unless quinol is present, and thus in its
absence the release of the proton from His-290 is very slow. It
is the blockage of the exit channel that has allowed for the
stabilization of the proton on His-290 and its hydrogen bond
to the formyl group. Although the location of the quinol is
unknown, it must occupy a position critical for the proton
translocation. When present, the proton can shuttle rapidly
through the binuclear center during its pumping cycle and out
the exit channel.

In the model presented here we invoke a specific role in
proton pumping for the formyl group on heme a3. However,
there are proton pumping oxidases that lack the formyl group,
so its role cannot be essential. In heme b or heme o oxidases
that lack the formyl group, an amino acid residue or a water
molecule could provide the necessary stabilization. It is also
possible that a proton network between the propionate group,

D364, and H290 forms in certain oxidases and the heme a3
chromophore evolved to ‘‘hard-wire’’ the hydrogen bond ac-
ceptor into the active site.

It is important to note that in the model presented here the
protonation of His-290 is transient. For both the oxidized and
reduced forms of the binuclear center, the residue is depro-
tonated at equilibrium. Thus, the change in its protonation
state depends directly on the chemistry at the binuclear site
and is not restricted by the need to cycle through changes in
redox state at each step. Local electrostatic changes during the
redox process will change the proton affinity of the group and
thereby couple the chemical events to the proton translocation.

CONCLUSIONS

The model discussed above postulates a putative redox cou-
pling element in A. ambivalens quinol oxidase. The observa-
tions that led to this model were made possible in this unique
oxidase, as the conditions were discovered in which the
deprotonation event became very slow. A similar mechanism
of redox coupling could be operative in the canonical oxidases
as well, but in those cases the deprotonation events have
escaped detection because they are too rapid. To determine
whether similar processes occur in bovine cytochrome c oxi-
dase, it will be necessary to find ways to slow down the
deprotonation event.

The proposal of His-290 as the crucial element in the proton
pumping pathway is consistent with many other models for
pumping that have been postulated and data that have been
reported. The recent x-ray absorption spectroscopy study on
cytochrome bo3 revealed coordination of CuB by three histi-
dines and one hydroxide in the cupric state, and two histidines
and one water molecule in the cuprous state (53). This study
is fully consistent with our conclusions because conformational
changes associated with the protonation of His-290 upon
reduction could result in either lengthening of the Cu-N bond
or breakage of it. If the bond is broken the model described
here may be adapted readily into the histidine-cycle model of
Wikström et al. (54, 55) as well as the histidine-cycleyshuttle
model proposed by Iwata et al. (46). However, it is to be noted
that in Wikström et al.’s model, a different histidine residue,
His-291, is proposed to be involved in the histidine cycle. In
addition, because under physiological conditions the protons
must pass rapidly through His-290 and go to the region of the
heme propionates, the protonation of His-290 may be an
obligatory transient intermediate along the pathway in the
mechanism recently proposed by Michel (58).
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FIG. 5. Model of proton pumping. The residues are numbered following the sequence of bovine aa3. The sequence of structures shown is I,
the oxidized form; II, the transient reduced form; and III, the final reduced form. Only selective residues around the heme a3-CuB site are shown.
Two unidentified groups capable of donating protons are represented as 2BH and 2AH. The red proton shown in bold denotes the translocable
proton. Asp-364 and the propionate share the proton placed in between them. In the oxidized form (structure I), the formyl of a3 is not
hydrogen-bonded as the H290 side chain is an imidazolate. Upon reduction, the formyl group forms hydrogen bonding transiently with the 2NdH
of imidazole (structure II). In structure III, the hydrogen bond is broken again and the proton is transferred to the propionate–Asp-364 pair.
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