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ABSTRACT We report that aminoacylation of minimal
RNA helical substrates is enhanced by mismatched or un-
paired nucleotides at the first position in the helix. Previously,
we demonstrated that the class I methionyl-tRNA synthetase
aminoacylates RNA microhelices based on the acceptor stem
of initiator and elongator tRNAs with greatly reduced effi-
ciency relative to full-length tRNA substrates. The cocrystal
structure of the class I glutaminyl-tRNA synthetase with
tRNAGln revealed an uncoupling of the first (1z72) base pair of
tRNAGln, and tRNAMet was proposed by others to have a
similar base-pair uncoupling when bound to methionyl-tRNA
synthetase. Because the anticodon is important for efficient
charging of methionine tRNA, we thought that 1z72 distortion
is probably effected by the synthetase–anticodon interaction.
Small RNA substrates (minihelices, microhelices, and du-
plexes) are devoid of the anticodon triplet and may, therefore,
be inefficiently aminoacylated because of a lack of anticodon-
triggered acceptor stem distortion. To test this hypothesis, we
constructed microhelices that vary in their ability to form a
1z72 base pair. The results of kinetic assays show that micro-
helix aminoacylation is activated by destabilization of this
terminal base pair. The largest effect is seen when one of the
two nucleotides of the pair is completely deleted. Activation of
aminoacylation is also seen with the analogous deletion in a
minihelix substrate for the closely related isoleucine enzyme.
Thus, for at least the methionine and isoleucine systems, a
built-in helix destabilization compensates in part for the lack
of presumptive anticodon-induced acceptor stem distortion.

Aminoacyl-tRNA synthetases (RSs) form an isofunctional
family of enzymes that catalyze the addition of amino acids to
tRNA molecules in a strict one-to-one relationship that estab-
lishes the genetic code. Although the genetic code is based on
tRNA anticodons, many synthetases efficiently aminoacylate
small RNA substrates made up of the amino acid acceptor
stems of their cognate tRNAs (1–7). These functional sub-
strates, lacking the tRNA anticodons, reveal an operational
RNA code for aminoacylation based on the sequence andyor
structure of the acceptor stem minihelices (8).

Methionyl-tRNA synthetase (MetRS) aminoacylates both
initiator (tRNAfMet) and elongator (tRNAMet) molecules and
contacts with the CAU anticodon are critical for catalysis (9,
10). Small RNA substrates based on the acceptor stems of
these tRNAs are methionylated in a sequence-specific manner
but with catalytic efficiencies decreased approximately six
orders of magnitude relative to full-length tRNA (3, 11, 12).
The low rate of mini- and microhelix aminoacylation appears
to be due to a difficulty in forming the transition state rather
than to a binding defect (12).

The 20 RSs can be partitioned into two 10-enzyme classes,
each based on sequence similarities and structural motifs (13,

14). The only crystal structure of a class I RS complexed with
its cognate tRNA is that of Escherichia coli GlnRS with
tRNAGln (15, 16). Unusual features of the tRNA structure in
the complex include the uncoupling of the U1zA72 base pair in
the first position of the acceptor stem helix and distortion of
the adjacent 39-CCA end of the molecule toward the active site
of the enzyme. Similarities between the structures of the
GlnRS-tRNAGln complex and uncomplexed class I E. coli
MetRS (17) led to the construction of a model for the
MetRS-tRNAMet cognate pair in which tRNAMet has an ori-
entation like that of tRNAGln in its complex, including the
disrupted first base pair (18). The orientation of tRNAMet in
this model complex is consistent with previous biochemical
and genetic studies that identified specific enzyme–tRNA
contacts (19–21).

The mechanism or ‘‘trigger’’ for local acceptor helix desta-
bilization in a synthetase–tRNA complex is not known. For
many class I enzymes, the anticodon is important for efficient
aminoacylation of the full tRNA substrate. A previous analysis
(12) evaluated the relative contribution of the free energy of
binding of the microhelix and of the anticodon stem–loop
structure to MetRS. This analysis established that the sum of
the binding energies of the two components (anticodon stem–
loop and acceptor stem domains) exceeded that of the full
tRNA by 7 kcal (1 kcal 5 4.18 kJ). The excess free energy was
proposed to be used at least in part to compensate for the cost
of straining the tRNA, such as a distortion of the 39 end so that
it fits into the active site pocket.

In this scenario, the low efficiency of aminoacylation of
microhelix substrates for MetRS would be due in part to the
inability to induce the active conformation of the 39 end of the
substrate. This inability might be compensated by creating a
structure that could more easily pass into or mimic the
transition state. We imagined that introduction of mismatches
at the first position of the helix might be beneficial, provided
that such mismatches did not remove an essential enzyme–
tRNA contact at this point in the helix. Because tRNAMet and
tRNAfMet differ in sequence at the first position, we reasoned
that an essential contact may not occur at this location. Thus,
the possibilities for activation of microhelix aminoacylation by
manipulations of the first position of the helix seemed plau-
sible.

MATERIALS AND METHODS

RNA Substrates. RNA molecules (microhelices and duplex
strands) were chemically synthesized on a Gene Assembler
Special (Pharmacia) using N-benzyl- and N-isobutyl-protected
or N-phenoxyacetyl-protected 29-t-butyl-dimethylsilyl-
ribonucleoside 39-cyanoethyl phosphoramidites from Chem
Genes (Waltham, MA). Synthesis, deprotection, and purifica-
tion of benzyl- or isobutyl-protected RNAs were as described
by Musier-Forsyth and coworkers (22). The N-PAC protectedThe publication costs of this article were defrayed in part by page charge
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RNAs were deprotected with 1:1 ammonia:methylamine and
triethylamine trihyrofluoride according to the protocol of
Wincott et al. (23). Deprotected RNAs were purified by
electrophoresis on denaturing 16% polyacrylamide gels.

Construction of (His)6-Tagged MetRS. An active monomer
fragment of E. coli MetRS [consisting of the N-terminal 547
residues (24)] was constructed with an N-terminal six-histidine
tag. Complementary oligonucleotides encoding the sequence
MRGSHHHHHHSSGST were inserted between the Bsu36I
and SalI restriction sites of the plasmid pJB104. This plasmid
is a derivative of pBlueScript KS(1) (Strategene) (25). (Fur-
ther details are available upon request from the authors.) The
resulting plasmid pRA101, encoding 6H-MetRS 547, was
transformed into E. coli TG1 (26). The overexpressed 6H-
MetRS 547 enzyme was purified by nickel nitrilotriacetic
acid-agarose affinity chromatography according to the man-
ufacturer’s protocol (Qiagen, Chatsworth, CA). We estab-
lished that fusion of an N-terminal six-histidine tag to mono-
meric MetRS had no effect on the charging of tRNAfMet or of
microhelices, relative to the activity of the unmodified protein.
All data reported herein were obtained with the (His)6-tagged
enzyme.

Aminoacylation Assays. MicrohelixMet and duplexMet amino-
acylation assays were carried out at 25°C in 20 mM Hepes (pH
7.5), 100 mM Na2EDTA, 150 mM NH4Cl, 4 mM ATP, 10 mM
MgCl2, 100 mM methionine, and [35S]methionine (NEN-Dupont;
50 mCiyml; 1 Ci 5 37 GBq). RNAs were annealed before use by
heating at 80°C followed by slow cooling to room temperature in
the presence of 1 mM MgCl2. MetRS was used at 10 mM and
RNA substrate concentrations were typically 200 mM. Reaction
aliquots were quenched by spotting on Whatman filters soaked in
5% trichloroacetic acid and 1 mM methionine. The filters were
washed for five 10-min periods in ice-cold 5% trichloroacetic acid
and 1 mM methionine before liquid scintillation counting. The
amount of filter-bound [35S]methionine from an aminoacylation
reaction in the absence of RNA [presumably reflecting the
‘‘self-methionylation’’ activity of MetRS (27)] was subtracted
from the reported aminoacylation values. Self-methionylation of
MetRS represented approximately 20% of wild-type microhe-
lixMet counts and 1–2% of D1-C72 microhelixMet counts. Amino-
acylation of minihelixIle and D1-U72 minihelixIle was carried out
at 25°C in 20 mM Hepes (pH 7.5), 100 mM Na2EDTA, 150 mM
NH4Cl, 2 mM ATP, 20 mM MgCl2, 21 mM isoleucine, [3H]iso-
leucine (Amersham; 100 mCiyml), and 100 mM minihelix. E. coli
IleRS was purified as described (28) and used at a concentration
of 5 mM.

Acid gel analyses of aminoacyl-microhelixMet variants were
carried out as described (11) with minor alterations. Reactions
were carried out at 25°C in 20 mM Hepes (pH 7.5), 100 mM
Na2EDTA, 150 mM NH4Cl, 4 mM ATP, 10 mM MgCl2, 20 mM
methionine, [35S]methionine (900 mCiyml), 300 mM microhe-
lix substrate, and 10 mM MetRS. The reactions were quenched
after 15 min in 8 M urea, 50 mM sodium acetate (pH 5.2),
0.025% xylene cyanol, and 0.025% bromophenol blue running
buffer and heated at 50°C for 10 min before loading onto a 12%
polyacrylamide (19:1 acrylamideyN,N9-methylenebisacrylam-
ide) gel made up in 8 M ureay10 mM sodium acetate, pH 5.2.
After electrophoresis, the gel was soaked in 10% methanoly
12% acetic acid for 15 min and dried under vacuum. The
[35S]Met-containing microhelices were visualized by analysis
with a PhosphorImager (Molecular Dynamics).

RESULTS

Oligonucleotide Substrates for Aminoacylation. Twelve
substrates that were tested for aminoacylation by MetRS are
shown in Fig. 1. These substrates are based on the sequences
of tRNAMet and tRNAfMet. For example, microhelixMet and
microhelixfMet recapitulate the acceptor stem helix and TCC
loop of the respective tRNAs. In addition to microhelix

substrates, we synthesized RNA duplexes that represent the 12
bp of the acceptor-TCC stem of full-length tRNAMet. The
duplexes are constructed as single strands that are then
hybridized together. Compared with microhelices, the duplex
substrates offer the technical convenience and efficiency of
enabling us to hybridize one strand to several complementary
strands that differ by a single nucleotide. We saw little if any
difference between the efficiency of charging of the two types
of substrates (see below and data not shown) and for that
reason used them interchangeably.

Collectively, nine substitutions at the first base pair
(G1zC72) and discriminator base (A73) were made within the
microhelixMet and duplexMet frameworks (Fig. 1 Middle and
Bottom). These substitutions create new base pairs at the first
(1z72) position of the helix and also introduce mismatches and
a deletion. In addition, microhelixMet and microhelixfMet have
a natural variation at the first position of the helix (GzC versus
CzA). As stated, this variation suggested that the identity of the
nucleotides at the first position is not essential. In contrast, the
adjacent G2zC71 and C3zG70 base pairs are conserved. These
considerations suggested that we might not be able to test the

FIG. 1. Substrates for E. coli MetRS. (Top) Sequences of E. coli
elongator and initiator tRNAs. The base pairs at the first position of
the acceptor stems are shaded. (Middle) Microhelix substrates that
were assayed. Wild-type microhelixfMet and microhelixMet substrates
and variants of microhelixMet are shown, with substitutions of the first
base pair being shaded. (Bottom) DuplexMet substrates, with base
substitutions shaded.
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effect of helix destabilizations beyond the first base pair,
without the potential for disruption of a direct synthetase–
RNA contact at one or both of the 2z71 and 3z70 base-pair
positions. It is perhaps noteworthy that, in the complex of
GlnRS with tRNAGln, it is only the first pair of the helix that
is disrupted.

Specificity of Aminoacylation. We confirmed the earlier
report (3) that microhelixMet is a substrate for methionylation
by MetRS. (Similar results were obtained with the duplexMet

substrate.) At longer reaction times (60 min), 1–2% of micro-
helixMet is aminoacylated. Because the rate of aminoacylation
is so slow, deacylation reactions compete with charging, so that
the ‘‘plateau level’’ of acylation is severely limited (29). In spite
of this limitation, we observed that the initial rates of charging
were linearly dependent on enzyme concentration. Thus, the
initial rates can be used to obtain an apparent kcatyKm.

To verify that the low aminoacylation rate resulted from a
specific interaction between the enzyme and microhelix, we
tested a substrate with a G73 substitution. The same G73
substitution in the full tRNA is known to attenuate the
charging of that substrate (30, 31). We could detect no
aminoacylation of G73 duplexMet (Fig. 2). Thus, the full tRNA
and the oligonucleotide substrate have a similar sensitivity to
the G73 substitution.

Activation of Aminoacylation by Localized Helix Melting. A
comparison of microhelixMet and microhelixfMet charging effi-
ciencies demonstrated that the initiator-type microhelix with
the mismatched 1z72 pair had a significantly higher rate of
aminoacylation (Fig. 3). This result is consistent with the lack
of direct base recognition at the 1z72 position. It is also
consistent with the hypothesis that local helix melting at the
1z72 base pair is needed for more efficient aminoacylation.
However, microhelixMet and microhelixfMet also differ in se-
quence at the 4z69, 5z68, and 6z67 base-pair positions and the
enhanced charging of the latter substrate could be due to more
favorable synthetase interactions at one or more of these
positions. To determine the contribution of the mismatch at
the first helix position to microhelixfMet charging, the C1zA72
pair was substituted into the context of microhelixMet. Micro-
helices with the CzA pair at the first position are aminoacylated
at a higher rate (3- to 4-fold) than the wild-type microhelixMet,
whether the other base pairs of the acceptor stem recapitulate
the elongator or initiator tRNA sequences (Fig. 3 Inset). Thus,
the higher rate of charging of microhelixfMet compared with
microhelixMet may be entirely due to the mismatched 1z72 pair.

To see whether the activation of charging with the CzA
mismatch was specific to that combination of bases at the 1z72
base-pair position, we also tested the A1zC72 transversion, in
the context of microhelixMet. Interestingly, this substrate is
even more active, with a rate of aminoacylation that is about

10-fold higher than that of the wild-type microhelixMet (Fig. 3).
Thus, the enhancement of acylation is not specific to the CzA
replacement and, instead, appears to be related to having a
mismatched base pair. [Possibly the higher rate of aminoacy-
lation in the presence of the AzC base pair relative to the CzA
pair is due to a disruption of purine–purine stacking interac-
tions between A72 and A73. The resulting flexibility could
facilitate the proposed hairpin conformation of the 39 end of
the substrate (18).] With this in mind, a microhelixMet variant
lacking the G1 base was synthesized to test a substrate com-
pletely unable to form a base pair at the first helix position.
This D1zC72 microhelixMet is a substantially better substrate
than wild-type microhelixMet. This can be seen by direct
side-by-side visualization of the intense band corresponding to
[35S]methionylated D1zC72 microhelixMet compared with
charged microhelixMet on an acidic polyacrylamide gel (Fig. 4
Upper). A study of the time course showed that the initial rate
of D1zC72 microhelixMet charging is 16-fold higher than that of
wild-type microhelixMet (Fig. 4 Lower). A similar rate increase
is seen on methionylation of the duplexMet substrate lacking
the G1 nucleotide (Fig. 4 Lower Inset).

We also tested other substitutions at the end of the acceptor
helix, by using duplexMet as the context for those changes. None
of these substitutions enhanced the charging in the way seen
with the mismatches or deletion described above. Replacing
the wild-type G1zC72 pair with the weaker UzA base pair
enhanced aminoacylation by 2- to 3-fold. A similar effect was
seen with the CzG substitution (data not shown). These results
further support the idea that direct base recognition does not
occur at the 1z72 base-pair position in this system. It is also
possible that the small effects in charging rates seen with the
U1zA72 and C1zG72 substitutions could be related to a minor
perturbation of specific stacking energies at the end of the
helix. For example, the C1zG72 substitution in duplexMet

removes the strong G1zG2 stacking interaction (32, 33), re-
sulting in a less stable helix as evidenced by the lower melting
temperature Tm of a C1zG72 versus G1zC72 duplexAla substrate
(34). DuplexAla has the same A73 and G2zC71 stacking part-
ners as duplexMet for the 1z72 base-pair position.

Activation of Minihelix Charging by the Related IleRS.
IleRS and MetRS are part of a subclass of more closely related
synthetases that also includes the leucine, cysteine, and valine
enzymes (35, 36). The close similarity of the two enzymes made
possible a reasonably accurate model of IleRS [before the
determination of its three-dimensional structure (37)], which
led to studies showing close parallels in their respective modes
of tRNA recognition (38). Like MetRS, aminoacylation by the
isoleucine enzyme is greatly enhanced by interactions with the
anticodon. Consequently, the rate of charging of minihelices
based on the acceptor stem of tRNAIle is greatly reduced (39,
40). In addition, some data suggested that the nature of the

FIG. 2. Aminoacylation of microhelix and duplex substrates of
MetRS. The substitution of the A73 discriminator base abolishes
aminoacylation.

FIG. 3. Enhancement of microhelixMet aminoacylation by 1z72
base-pair mismatches.
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1z72 base pair of the acceptor stem was not essential for
charging with isoleucine (40, 41). Thus, we wondered whether
the close relatedness of the isoleucine and methionine systems
extended to the way they formed the transition state with the
39 end of the tRNA. If so, then minihelix aminoacylation might
be activated by the same sort of localized helix destabilization
observed in this example with microhelixMet.

To investigate this possibility, we constructed two minihe-
lices (Fig. 5 Upper). One was based on the acceptor-TcC
stem–loop structure of tRNAIle, where the first base pair of the
helix is A1zU72. The second minihelix was identical, except
that A1 was removed to give the D1zU72 construction. The
linear time course of isoleucine incorporation into the mini-
helices was significantly higher (3.5-fold) with the D1zU72
construction (Fig. 5 Lower). Although the activation is less
than the 16-fold seen with the DG1zC72 deletion in the
methionine system, the qualitatively similar behavior of the
D1zU72 minihelixIle is consistent with related mechanisms of
transition state formation that underlie both systems.

CONCLUSION

Previous work suggested that a ‘‘fold-back’’ structure was
important for the formylase that catalyzes attachment of a
formyl group to the charged initiator tRNAfMet, and gave
evidence for this sort of structure in a microhelix variant (30,
42). Thus, the fold-back conformation may be of particular

significance for tRNAfMet where two enzymes appear to
require flexibility of the 39 end for their respective transition
states.

While RNA microhelix and duplex substrates for aminoacy-
lation have been demonstrated for 11 RSs, this work investi-
gates the effects of helix-destabilizing substitutions at the 1z72
base-pair position in an RNA oligonucleotide substrate for a
class I enzyme. The most common base pair closing the
acceptor stem helix of prokaryotic tRNAs is G1zC72. Nearly all
tRNAs aminoacylated by class II enzymes contain a G1zC72
pair, but about 50% of the tRNAs for class I enzymes have
other nucleotides at these positions (43). A previous analysis
(44) suggested that this class-specific conservation reflected
the use of the G1zC72 base pair for specific functional contacts
by at least some class II enzymes.

For example, replacement of the G1zC72 base pair in a
duplexAla substrate (for the class II E. coli AlaRS) with a
C1zC72 pair severely reduced aminoacylation, but a C1zG72 or
G1zG72 pair eliminated aminoacylation (44). In the class II E.
coli HisRS system, tRNAHis contains a unique G21zC73 base
pair at the first position of the acceptor helix. This base pair is
essential for aminoacylation of a microhelix with histidine (45).
Thus, the severely negative effect of any manipulation of the
first base pair in microhelixAla and microhelixHis is in striking
contrast to that seen in the microhelixMet and minihelixIle

systems.
The difference between MetRS (and IleRS) and AlaRS

(and HisRS) in their response to nucleotide replacements at
the first position of the helix is paralleled in the crystal
structures of the related synthetase–tRNA complexes. In the
class I GlnRS–tRNAGln structure (15), the distorted acceptor
stem is bound by the protein domain (connective polypeptide

FIG. 4. Enhancement of aminoacylation by terminal nucleotide
deletion. (Upper) Acid gel analysis of microhelix aminoacylation
showing the enhanced aminoacylation of the D1zC72 microhelixMet

substrate with [35S]methionine after a 15-min reaction. (Lower) Time
course of aminoacylation of microhelixMet and D1zC72 microhelixMet.
The enhanced aminoacylation conferred by the D1zC72 substitution is
also seen with the duplexMet substrate (Inset).

FIG. 5. Enhancement of minihelixIle aminoacylation by deletion of
nucleotide A1. (Upper) MinihelixIle recapitulates the acceptor stem
and TCC loop of tRNAIle. D1zU72 minihelixIle is lacking the 59
terminal adenosine. (Lower) Time course of aminoacylation of min-
helixIle and D1zU72 minihelixIle.
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or CP1) inserted between halves of the dinucleotide (Ross-
mann) binding fold. This distortion directs the amino acid
acceptor end into the active site of the enzyme. Protein
contacts responsible for discrimination are made on the minor
groove side of the acceptor stem. In contrast, in the structure
of the class II AspRS–tRNAAsp complex (46, 47), the enzyme
approaches the acceptor stem from the major groove side of
the helix. Specific contacts are made between residues of
conserved motif 2 and the major groove of the acceptor stem,
including the U1zA72 base pair. In further contrast to com-
plexed tRNAGln, the single-stranded acceptor end of tRNAAsp

maintains a helical path into the active site. Therefore, in at
least some class I enzymes, acceptor stem helix distortion is
necessary to properly orient the amino acid attachment site in
the active site. For the class II AspRS, and probably for AlaRS
and HisRS, no helix destabilization appears necessary to place
the 39 end of the RNA into the active site. For certain other
class II enzymes, localized helix distortion during aminoacy-
lation remains an open possibility (48, 49).

Localized helix destabilization as a mechanism to activate
aminoacylation may be specific to a particular subgroup of
class I enzymes and not to the entire class. For example,
TyrRSs from bacteria to humans aminoacylate microhelix
substrates based on the acceptor stems of the tRNATyr. Unlike
MetRS, where there is no requirement for a specific base pair,
the G1zC72 pair (found in prokaryotic tRNATyrs) or the
C1zG72 pair (found in eukaryotes) is critical for aminoacyla-
tion (50, 51). Direct recognition of these base pairs by a small
peptide within the CP1 insertion of TyrRSs is responsible for
the specificity. Thus, when this peptide element from CP1 was
transplanted from the E. coli to the human enzyme, the
microhelix charging specificity was switched from C1zG72 to
G1zC72. The opposite change in specificity was achieved by
transplantation of the same peptide from the human to the
bacterial enzyme (51). Although TyrRS is a class I enzyme, it
and TrpRS form a structural subclass distinct from that of
MetRS or IleRS (52, 53). We suspect that localized helix
melting does not play the role in tRNATyr that it does in
tRNAMet.

For all synthetase–tRNA complexes, the acceptor stem is a
major locus of interactions. For many of them, a second set of
interactions also occurs at the anticodon. We imagine that the
activity-enhancing distortion of the acceptor stem, suggested
by this work and by the crystal structure of GlnRS with
tRNAGln, is promoted by the interaction of the synthetase with
the anticodon triplet. However, this effect appears to require
continuity of the tRNA structure. For example, the anticodon
is important for highly efficient aminoacylation of tRNAVal

with ValRS (9, 54). The rate of charging of minihelices with
valine is greatly reduced compared with that of the full tRNA.
But only a small stimulation of the aminoacylation of minihe-
lices with valine is seen when the anticodon stem–loop struc-
ture of tRNAVal is added to the minihelix substrate (2). Only
weak stimulation of minihelix charging is also seen when the
anticodon stem–loop structure is added to minihelixIle (40).
Similarly, we added the tRNAMet anticodon stem–loop struc-
ture, which associates strongly with the enzyme (55), to our
microhelix aminoacylation system. This addition had no effect
on the efficiency of aminoacylation of either microhelixMet or
D1zC72 microhelixMet (data not shown). Thus, in the closely
related isoleucine, methionine, and valine systems, communi-
cation between distal parts of a continuous tRNA structure
appears essential for substrate activation. The importance of
‘‘long-range’’ communication within the tRNAIle structure was
also suggested by recent studies of a tRNA-dependent editing
reaction (56).

If, in the full tRNA, localized helix melting is promoted
through a conformational change initiated by a synthetase–
anticodon contact, then it is not obvious whether base-pair-
destabilizing substitutions at the 1z72 pair would enhance or

diminish charging of tRNA. On the one hand, a built-in
mismatch at the 1z72 pair should make it easier to distort the
39 end of the tRNA. On the other hand, any disturbance of the
region around the 1z72 position could adversely affect the
kinetic pathway for the specific conformational change at the
39 end that is promoted by interactions at the anticodon. In
studies with tRNAMet, tRNAfMet, tRNAGln, and tRNAVal,
substitutions at the 1z72 pair generally diminish or have little
effect on aminoacylation efficiency (30, 31, 44, 57, 58). Any
effects are typically not large and are consistent with the 1z72
position not being used for essential functional contacts by the
enzyme.

The substrates for MetRS tested herein that contained a
mismatch or deletion at the first helix position were signifi-
cantly enhanced in aminoacylation compared with wild-type
microhelixMet. Thus, the engineered destabilization of the first
base pair has reduced the apparent free energy of activation,
possibly by making it easier to recreate the conformation of the
acceptor stem of tRNAMet during catalysis. With the most
active oligonucleotide substrate—the D1zC72 microhelixMet

variant—the apparent free energy of transition state formation
is lowered by about 1.6 kcalymol. (In the isoleucine system, the
D1zU72 deletion lowered the apparent transition state barrier
by about 0.7 kcalymol.) Thus, the free energy contribution of
the ‘‘conformational effect’’ in micro- and minihelices is
comparable to that of some of the individual functional
contacts between a synthetase and specific atomic groups in
the acceptor stem helix (34, 59).

The activation of microhelix aminoacylation seen herein
only partially compensates for the loss of interactions with
other parts of the tRNA (such as the anticodon). A far greater
compensation might be achieved with a microhelix substrate
whose 39 end was specifically bent like that seen in bound
tRNAGln (15). A substrate of this sort would have a much lower
entropic barrier to formation of the presumed transition state
than the helix-destablized substrates studied herein.
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57. Jahn, M., Rogers, M. J. & Söll, D. (1991) Nature (London) 352,

258–60.
58. Liu, M., Chu, W. C., Liu, J. C. H. & Horowitz, J. (1997) Nucleic

Acids Res. 25, 4883–4890.
59. Musier-Forsyth, K. & Schimmel, P. (1992) Nature (London) 357,

513–515.

Biochemistry: Alexander et al. Proc. Natl. Acad. Sci. USA 95 (1998) 12219


