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Long-lasting protective antibody is not normally generated in children following primary respiratory syn-
cytial virus (RSV) infection, frequently leading to reinfection. We used the BALB/c mouse model to examine the
role of the nasal-associated lymphoid tissue and the bone marrow in the generation of RSV-specific long-lasting
plasma cells, with a view to further understanding the mechanisms responsible for the poorly sustained RSV
antibody levels following primary infection. We show here that substantial numbers of RSV-specific plasma
cells were generated in the bone marrow following challenge, which were maintained thereafter. In contrast, in
the nasal-associated lymphoid tissue, RSV-specific plasma cell numbers waned quickly both after primary
infection and after challenge and were not maintained at a higher level after boosting. These data indicate that
the inability to generate a robust local mucosal response in the nasal tissues may contribute substantially to
the likelihood of subsequent reinfection and that the presence of serum anti-RSV antibody without local
protection is not enough to protect against reinfection.

Infection with respiratory syncytial virus (RSV) is the most
common cause of serious respiratory illness in infants and
young children. More than 50% of children are infected within
the first year of life, with up to 2% requiring hospitalization (7,
10). Although reinfection with RSV occurs in all age groups, it
is generally only in the young, with about half of all infants
reinfected by 2 years of age (17), and in the elderly (32), in
whom serious disease can result.

RSV replicates predominantly in the epithelial cells of the
nasopharynx, and viremia does not occur. Disease may, how-
ever, spread to the lower respiratory tract, with potentially
serious complications (41). Clinical manifestations of RSV in-
fection range from mild upper respiratory symptoms to bron-
chiolitis and pneumonia. First infections are generally more
severe, frequently causing lower respiratory tract disease, but
milder symptoms are observed on reinfection. Significant mor-
bidity occurs in infants less than 6 months old (7), children with
existing risk factors (11, 13), and the elderly (6, 15).

Almost all children are born with neutralizing maternally
derived RSV-specific serum antibody at levels similar to those
in the mother’s serum. Studies have shown that infants who
have the highest levels of maternal serum antibody (commonly
those less than 2 months old) tend to have less serious disease
than those with lower serum antibody levels (commonly 2 to 4
months old) (7, 33, 36). These studies suggest that the relative
resistance of very young infants to severe RSV disease is due to
maternally derived antibody. RSV-specific maternal antibody
levels, however, gradually decrease as the infant ages and are
almost undetectable by 6 to 8 months of age (2). The presence

of maternal antibody may be responsible for the lower conva-
lescent-phase serum and nasal-wash neutralizing antibody ti-
ters in children less than 8 months old compared to those 9 to
21 months old (28).

The importance of antibody to RSV has been demonstrated
both in humans and in animal models. In the absence of anti-
body, mice have more severe illness, greater lung pathology,
and only partial immunity against rechallenge with RSV com-
pared with intact mice (8). Both mucosal and serum antibodies
are generated following natural infection with RSV (25, 26)
and are predominantly directed against the F and G proteins
(28, 29). Unfortunately, naturally acquired immunity is not
complete, and even high serum antibody titers fail to protect a
considerable proportion of adults (14) and some infants (13,
14) against reinfection. Some success has nevertheless been
achieved by treatment with high titers of passively acquired
neutralizing antibody. In the cotton rat, virus replication dur-
ing a primary infection was reduced (38), and protection
against lower respiratory tract infection was observed (39), and
administration of a monoclonal anti-RSV immunoglobulin A
(IgA) antibody protected rhesus monkeys against upper and
lower respiratory tract infection (47). In humans, treatment of
high-risk children with high-titer neutralizing antibody prepa-
rations against RSV (16) and with a virus-neutralizing anti-F
monoclonal antibody (12) has also been very successful.

Previously we have shown that following one intranasal ex-
posure to influenza virus, long-lived specific plasma cells are
generated and maintained both locally in the nasal-associated
lymphoid tissues (NALT) and in the bone marrow (19, 23).
Mice are subsequently protected from an otherwise lethal chal-
lenge with influenza virus. Here we used the BALB/c mouse
model to examine the ability of the upper respiratory tract,
specifically the NALT, to generate RSV-specific long-lasting
plasma cells, with a view to further understanding whether the
nasal tissues play a significant role in immunity to RSV infec-
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tion. In addition, we hoped to further elucidate the mecha-
nisms responsible for the poorly sustained RSV antibody levels
following primary infection.

MATERIALS AND METHODS

Infection of mice and sampling. Inbred female BALB/c mice were obtained
from Charles River (United Kingdom) Ltd., held under specific-pathogen-free
conditions, and used at 8 to 12 weeks of age. All animal studies were approved
by the relevant ethics authority. Mice were anesthetized by intraperitoneal in-
jection of ketamine xylazine and infected intranasally with 50 �l of RSV-A2
containing 107 PFU/ml. At certain time points postinfection, mice were sacri-
ficed, and various tissues were removed. The nasally-associated lymphoid tissues
(NALT) in the mouse are composed of a pair of organized lymphoid aggregates
(O-NALT) located on the palate at the entrance to the nasopharyngeal duct and
the less well organized diffuse lymphoid tissue lining the nasal passages (D-
NALT) (22). These nasal tissues appear to be functionally equivalent to the
Waldeyer’s ring of tonsils and adenoids in humans and are most likely respon-
sible for the local immune responses generated following intranasal immuniza-
tion in the mouse (42). The O-NALT and the D-NALT were extracted by a
previously described method (1). Cell suspensions of mediastinal lymph nodes
and spleen were prepared by gently pressing between frosted slides, followed by
filtration through gauze. Bone marrow cells were collected from femurs and
tibias by flushing with Dulbecco’s modified Eagle’s medium containing 10% fetal
bovine serum (FCS). For Elispot assays, spleen and bone marrow erythrocytes
were lysed with NH4Cl lysis buffer.

Virus. RSV-A2 strain (a kind gift from R. Tripp, Centers for Disease Control
and Prevention, Atlanta, Ga.) was grown in BS-C-1 or Vero cells (American
Type Culture Collection, Manassas, Va.) in T150 tissue culture flasks (TPP
Techno Plastic Products AG, Geneva, Switzerland). After removal of medium
from the monolayer, the cells were infected at a multiplicity of infection of 0.05
to 0.01 PFU/cell in serum-free medium for 2 h at 33°C in a 10% CO2 atmo-
sphere. Then 30 ml of Dulbecco’s modified Eagle’s medium containing 2% FCS
was then added to each flask, and the cells were incubated for a further 4 to 6
days or until cytopathic effect was observed, at which time the medium was
removed. For infectious virus, 5 ml of serum-free medium was added to the flask,
the adherent cells were harvested, and the cell suspension was stored at �70°C
until use. For purified RSV to use in antigen-specific Elispot and enzyme-linked
immunosorbent assay (ELISA) assays, 5 ml of serum-free medium containing
10% stabilization buffer (1 M MgSO4, 50 mM HEPES, 150 mM NaCl, pH 7.5)
was added to each flask after cytopathic effect was observed. The cells were
stored at �70°C until virus was purified by sucrose gradient centrifugation as
previously described (24).

RSV-specific Elispot and ELISA assays. Virus-specific antibody secretion was
measured by the Elispot assay as described previously (18). Sucrose-purified
RSV at a predetermined concentration was coated on Millititre-HA 96 (Milli-
pore) plates at 50 �l/well and left overnight at 4°C. Plaques were detected with
goat anti-mouse Ig isotype-specific reagents conjugated to alkaline phosphatase
(Southern Biotechnology Associates, Birmingham, Ala.) and developed with
5-bromo-4-chloro-3-indolylphosphate (BCIP; Sigma, St. Louis, Mo.). In all ex-
periments, cells from at least four mice were pooled for each time point, and the
time course was repeated three times. For ELISAs, Nunc-Immuno MaxiSorp
plates (Nunc, Roskilde, Denmark) were coated overnight with sucrose-purified
RSV diluted 1:30 in carbonate buffer, pH 9.5. RSV-specific serum antibody was
detected with alkaline phosphatase-coupled goat anti-mouse IgG subclass-spe-
cific reagents and developed with 1 mg of p-nitrophenyl phosphate per ml
(Sigma). Antibody was quantitated after 20 to 30 min by reading A405 on a
SpectraMax 340 microplate reader (Molecular Devices, Sunnyvale, Calif.). Frag-
ment culture reactions were amplified with the AmpliQ kit (Dako Ltd., Ely,
United Kingdom) prior to reading at A492 with correction from values read at
A650. Titers are expressed as the reciprocal of the highest dilution giving an
optical density value greater than three times the value for a simultaneously
titrated negative sample.

Macrotitration of RSV and virus neutralization assays. For macrotitration
assays, lungs were homogenized on ice, and stock RSV was grown and prepared
as described above. Samples were centrifuged at 2,600 � g for 5 min at 4°C, and
sequential dilutions of the supernatants were incubated on BS-C-1 cell mono-
layers previously plated in 24-well tissue culture dishes for 2 h at 33°C before 2
ml of Dulbecco’s modified Eagle’s medium containing 2% FCS was added. After
48 h, 2 ml of 4% paraformaldehyde was added for 1 h. The plates were then
washed and blocked with 4% milk powder at 37°C for 1 h, after which goat
anti-RSV antibody (Chemicon International Ltd.) was added for 2 h. The plates

were washed and incubated for 2 h with rabbit anti-goat IgG-alkaline phospha-
tase and then developed with 1 mg of BCIP per ml. Virus neutralization assays
were performed by a method similar to that described for macrotitration of RSV
with the following changes. A pretitered RSV stock diluted in 100 �l of serum-
free medium was used as a standard. A 100-�l volume of each sequential dilution
of serum was incubated with a 100-�l volume of the standard RSV for 5 min at
room temperature. The samples were then added to BS-C-1 cells previously
seeded into the wells of a 24-well plate, and the assay was carried out as for the
macrotitration described above. The 50% effective dose (ED50) was calculated by
plotting the dilution of antibody against the number of plaques, and the antibody
dilution value which gave a reduction in the number of plaques by 50% was
determined.

Lung fragment cultures. RSV-specific antibody secreted from lung tissue was
measured by a method adapted from that described by Moser et al. (27). Briefly,
duplicate 1-mm slices of lung tissue were placed in adjacent wells of a 24-well
plate in a 0.5-ml volume of RPMI containing 10% FCS. The plates were incu-
bated at 37°C for 5 days in a 95% O2 atmosphere, at which time the supernatant
was removed and frozen at �20°C for subsequent determination of RSV-specific
antibody levels by ELISA.

RESULTS

Generation of virus-specific AFCs in local and peripheral
lymphoid organs following primary infection with RSV. Infec-
tion of BALB/c mice with RSV evoked the expected biphasic
response of IgM followed by IgG in both the mediastinal
lymph node, which drains the lung, and the cervical lymph
node, which drains the nasal region (Fig. 1). As expected with
a respiratory pathogen, low numbers, approximately 10 to 15
antibody-forming cells (AFCs)/5 � 105 nucleated cells, of vi-
rus-specific AFCs were observed in the spleen throughout the
primary immune response to RSV (data not shown). In the
bone marrow, frequencies of virus-specific AFCs were very low
throughout the acute response (�5AFCs/5 � 105 nucleated
cells) and at some time points were indistinguishable from
background levels (Fig. 2B).

As we have previously shown with influenza virus, both the
O-NALT and the D-NALT were capable of generating RSV-
specific AFCs which were predominantly of the IgA isotype
throughout the primary response (Fig. 1A and 2A). Interest-
ingly, the kinetics of the antibody response in the O-NALT
closely followed that observed after influenza virus infection
(23), peaking at approximately 200/5 � 105 RSV-specific AFCs
on day 8 postinfection and thereafter declining quickly. In the
D-NALT the kinetics of the specific AFC response following
RSV infection was very similar to that seen in the O-NALT,
with the peak again occurring at day 8 postinfection and with
an AFC frequency similar to that observed in the O-NALT.
However, the D-NALT response declined thereafter, starkly in
contrast to the situation observed in the D-NALT following
influenza virus infection, where robust responses were gener-
ated by day 8 postinfection but frequencies continued to rise
thereafter and were maintained (23).

Importantly, very few RSV-specific AFCs were observed
following primary immunization with beta-propiolactone inac-
tivated RSV either in the nasal tissues or the draining lymph
nodes, and low numbers of IgM plaques were noted in the
spleen (data not shown). Following a challenge with live RSV,
the kinetics of the antibody response were those of a primary
infection, with the peak of RSV-specific AFCs in the medias-
tinal lymph node and cervical lymph node occurring at day 9
(data not shown). Moreover RSV-specific serum IgG2a and
IgG2b antibody titers were similar to those observed following
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a primary RSV infection, but titers were approximately 10-fold
less following administration of inactivated RSV (data not
shown). This implies that replicating virus is actually respon-
sible for generating the antibody response elicited during the
live virus challenge.

In order to determine whether the virus-specific antibody
response is maintained in the bone marrow and the D-NALT
following one exposure to the virus, as occurs following influ-
enza virus infection in C57BL/6 mice, we assessed the RSV-
specific AFC frequencies in mice up to 18 months after pri-
mary infection with RSV. We found that in the bone marrow,

although specific plaques were detectable at these time points,
the frequencies were very low and were only just at detectable
levels, being one to four plaques of IgA or IgG per 5 � 105

nucleated cells (data not shown). In the D-NALT we found
that either no or low numbers (not more than 20/5 � 105

nucleated cells) of RSV-specific AFC persisted at time points
up to and including 18 months after primary infection (data not
shown).

Virus-specific AFC frequencies following secondary and ter-
tiary challenge with RSV. At 7 to 9 weeks after either a primary
or a secondary infection with RSV, mice were again infected

FIG. 1. Frequency of RSV-specific AFCs in the O-NALT (A), cervical lymph node (B), and mediastinal lymph node (C) following primary,
secondary, and tertiary intranasal infection with respiratory syncytial virus. A minimum of four mice were pooled for each time point. The data
show a representative experiment.
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with RSV at a dose equal to that administered for the primary
infection to assess secondary and tertiary RSV-specific AFC
responses, respectively. Following secondary challenge with
RSV, larger numbers of virus-specific IgG AFC subclasses
were detected earlier than following primary infection in both
the mediastinal lymph node and cervical lymph node, as would
be expected. Peak RSV-specific total AFC numbers occurred
on day 7 post-secondary infection and day 5 post-tertiary in-
fection in both the cervical lymph node and mediastinal lymph
node (Fig. 1B and C). Although we detected very few virus-
specific AFCs in the O-NALT after either secondary or tertiary
RSV infection (Fig. 1A), acute responses to both secondary
and tertiary challenge could be detected in the D-NALT, al-
though these responses also declined quickly even after such
boosting (Fig. 2C and E). No virus-specific AFCs could be
detected either 42 days post-secondary challenge or at 44 days
post-tertiary challenge (Fig. 2C and E). In contrast, in the bone

marrow, both secondary and tertiary challenge generated a
quicker response and a larger number of RSV-specific AFCs of
various isotypes than that observed in the primary response.
Moreover, a robust response was still apparent 44 days post-
tertiary challenge (Fig. 2F).

Generation of robust serum antibody titers following pri-
mary infection with RSV is boosted following secondary chal-
lenge. Serum levels of RSV-specific IgG were assessed follow-
ing primary, secondary, and tertiary intranasal administration
of RSV. Significant titers of serum antibody were generated
during the course of the primary infection, predominantly of
the IgG2a and IgG2b isotypes. After days 12 to 14 postinfec-
tion, IgG2a titers reached a plateau and remained at this level
until at least 420 days postinfection, whereas IgG2b titers de-
clined approximately 10-fold over time (Fig. 3). Negligible
amounts of virus-specific IgG1 were detected before day 14
post-primary infection. Subsequent secondary infection re-

FIG. 2. Frequency of RSV-specific AFCs in the D-NALT (A, C, and E) and the bone marrow (B, D, and F) following primary (A and B),
secondary (C and D), and tertiary (E and F) intranasal infection with respiratory syncytial virus. A minimum of four mice were pooled for each
time point. The data show a representative experiment.
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sulted in increased serum titers of RSV-specific antibody,
which remained high 6 to 7 weeks after both secondary and
tertiary infection (Fig. 3B and C). RSV-specific serum neutral-
izing antibody was found after primary infection (mean recip-
rocal ED50 at day 14 postinfection � 4.25 � 0.5; mean recip-
rocal ED50 at day 300 postinfection � 3.5 � 0.57) and was
boosted approximately threefold after secondary infection
(mean reciprocal ED50 at day 13 post-secondary infection �
9.67 � 1.5). This titer did not increase further after tertiary
challenge.

Fragments of lung were also assessed for secreted antibody
in vitro. We found low levels of antibody in the supernatants of
lung fragments taken from mice during the primary infection
(Fig. 4A). Although antibody levels rose transiently following
secondary and then tertiary challenge, 44 days after a tertiary
challenge with RSV we could detect only minimal levels of

RSV-specific antibody secreted from lung fragments (Fig. 4C).
These fragment culture data do not reflect the serum antibody
levels, which remained high on reinfection. Nevertheless, we
cannot exclude the possibility that some contribution to the
fragment culture supernatants was provided by transudation of
serum antibody into lungs. However, other studies have shown
that in passively immunized mice, serum antibody does not
seem to contribute to the antibody recovered from lung frag-
ment cultures (Julia Tree, personal communication).

Reinfection of the lungs occurs following secondary and
tertiary challenge with RSV. During a primary infection with
RSV, peak lung virus titers occurred on day 5 postinfection
and were cleared by day 10 postinfection (Fig. 5A). However,
following secondary challenge, RSV titers of 250 PFU/ml
could be detected on day 2 postinfection, with three out of four
mice positive for virus (Fig. 5B). After a tertiary challenge,

FIG. 3. RSV-specific serum IgG subclass responses following primary (A), secondary (B), and tertiary (C) infection with respiratory syncytial
virus. Titers were assessed from a minimum of four individual mice per time point. Due to the different titers of the RSV-specific isotypes detected,
scaling of the ordinates differs for each isotype.
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RSV titers were �500 PFU/ml on day 2 postinfection, with all
four mice tested being positive for virus (Fig. 5C). Three out of
four mice on day 5 post-secondary infection and two out of
four mice on day 5 post-tertiary infection also tested positive
for virus.

DISCUSSION

Efforts to develop a safe and effective vaccine for RSV have
met with difficulty. As most RSV infections occur in infants less
than 6 months of age and cases of RSV peak at less than 2
months of age (4), vaccination would have to take place at a
very young age. An additional problem is the relatively poor
immune response evoked by immunization in neonates. This is
due in part to the immunological immaturity of the neonate
and in part to the well-documented inhibitory effect of pas-
sively acquired maternal antibody both on subsequent primary
immune responses to respiratory infection (5) and following
immunization with subunit (31) or live virus vector (30) vaccine
candidates. Development of a safe vaccine must also consider

any predisposition for enhanced pulmonary disease after nat-
ural RSV infection which may potentially occur in vaccinated
children (21). In addition, although significant antibody titers
were generated in children following a formalin-inactivated
RSV vaccine, the antibody was poorly neutralizing (21).

Protection from respiratory viruses is largely antibody me-
diated. In children, RSV-specific serum antibody has been
shown to wane considerably after primary natural infection,
and although higher titers of virus-specific antibody are de-
tected when measured shortly after rechallenge, these levels
decline sharply thereafter (17). Specific serum antibody titers
do however remain at a higher level after reinfection than after
primary infection, implying a gradual accrual of RSV-specific
antibody and resistance to reinfection (17, 20, 46). Some stud-
ies have shown that in adults, resistance to reinfection corre-
lated better with levels of RSV-specific neutralizing nasal IgA
rather than RSV-specific neutralizing serum antibody levels,
and those with low nasal antibody levels developed more ex-
tensive infection compared to those with high levels of nasal
antibody (26, 45). In contrast, other studies have shown no

FIG. 4. RSV-specific IgG secreted from lung fragments is not long lasting. Secreted antibody from lung fragments was measured at certain time
points after primary (A), secondary (B), and tertiary (C) infection with RSV. Four individual mice were assessed per time point. Due to the
different titers of the RSV-specific isotypes detected, scaling of the ordinates differs for each isotype.
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correlation between specific nasal IgA antibody titers and pro-
tection from reinfection (14). Nevertheless, despite such con-
tradictory data, as RSV is restricted to the respiratory tract,
secretory antibody responses must be considered a crucially
important factor in protection against challenge.

The major source of serum specific antibody long after ex-
posure to respiratory viruses such as influenza virus and Sendai
virus is thought to be the bone marrow. In the mouse, virus-
specific AFC frequencies in the bone marrow remain at a
relatively constant level (approximately 40 AFCs/5 � 105 total
nucleated bone marrow cells) permanently after a single expo-
sure to influenza virus (19, 23). We show here that although
the bone marrow is capable of generating antibodies against
RSV after primary intranasal infection, the frequency of spe-
cific plasma cells is very low compared to that observed after
intranasal influenza virus infection and does not appear to last.
A frequency of bone marrow virus-specific AFCs similar to
that attained after one exposure to influenza virus was only
achieved after three exposures to live RSV.

Given the fact that most virus-specific serum antibody pro-
duced long after infection originates in the bone marrow (19),
we compared the serum levels of RSV-specific antibody with
the kinetics of RSV-specific AFC generation in the bone mar-
row and found that the increase in RSV-specific antibody titers
detected in serum after secondary or tertiary boosting with
RSV reflect the RSV-specific bone marrow AFC frequencies
detected at the same time points. (Fig. 2 and 3). These data
agree with previous human work showing that, in general,
long-lived serum antibody responses are elicited after second
or third infections with RSV (44). Furthermore, although
higher serum antibody titers were present following secondary
infection than following primary infection, we found that virus
was still able to infect the lungs, implying that serum antibody
alone is insufficient for protection against infection.

We investigated this further by examining the ability to gen-
erate a local nasal response to RSV. We have recently identi-
fied the D-NALT which lines the nasal passages as the source
of the virus-specific antibody following influenza virus infection
(23). In that study we showed that 12 to 18 months after one
exposure to influenza virus, the frequency of virus-specific
AFCs is approximately 150 total AFCs per 5 � 105 D-NALT
cells, suggesting that antibody is produced in locally significant
amounts. In contrast, we show here that, compared to influ-
enza virus, the number of RSV-specific AFCs 14 to 18 months
after RSV infection is less than 20 total AFCs per 5 � 105

D-NALT cells. Moreover, the anti-RSV D-NALT response is
not maintained after two further challenges with live RSV (Fig.
2).

As mentioned above, although substantial serum responses
were found after secondary and tertiary exposure to live RSV,
virus was still found in the lungs of mice 2 to 5 days postinfec-
tion, demonstrating the potential importance of local antibody
production at the site of infection. Furthermore, although low
levels of RSV-specific antibody were secreted from the lung
acutely after infection, these responses were short-lived, im-
plying that local contributions from the lung itself do not play
a role in protection from reinfection with RSV. These data
agree with other studies which have also found RSV in the
lungs after secondary challenge in BALB/c mice (9).

Nasal IgA has previously been shown to directly mediate
local anti-influenza virus immunity in the mouse model, imply-
ing an important role for antibody in protection in the upper
respiratory tract (40). As RSV and influenza virus are not
natural pathogens of mice, it is difficult to extrapolate to the
human situation. However, an indication of the importance of
the nasopharyngeal lymphoid tissue in humans is the demon-
stration that levels of IgA specific to poliovirus in the naso-
pharynx do not decline over a 34-month period after immuni-
zation with live attenuated polio vaccine, and these levels of
poliovirus-specific antibody are diminished or absent from chil-
dren following tonsillectomy and adenoidectomy (34).

Our data shows that much lower frequencies of virus-specific
AFCs are generated following RSV infection than following
influenza virus infection both in the bone marrow and in the
NALT. The fact that a single intranasal infection with influ-
enza virus results in protection against reinfection but one
intranasal exposure to RSV does not suggests that infection
with RSV may not evoke sufficient numbers of specific AFCs in
either the bone marrow or locally in the NALT to contribute to

FIG. 5. Existing RSV-specific antibody does not protect against
secondary or tertiary reinfection of the lung. Lung virus titers were
assessed during primary (A), secondary (B), and tertiary (C) infection
with RSV. Four individual mice were assessed per time point.

VOL. 77, 2003 NASAL ANTIBODY RESPONSES TO RSV 11309



protection, at least in the mouse model. A similar situation
may occur in humans, given that specific serum antibody wanes
following primary infection and that increased antibody titers
are found following subsequent infections. Moreover, the fact
that RSV D-NALT AFC numbers remained low even after
three exposures to live virus suggests that defective local re-
sponses may be a significant factor in the inability to generate
protective immunity to RSV.

The mechanisms that result in the inability of RSV to evoke
protective immune responses in the nasal tissues are unknown
at present. Although we recognize that mice may have a low
permissiveness for RSV and it is unknown to what extent RSV
replicates in mouse mucosal tissues, we and others (9) have
shown that RSV is able to replicate within the mouse lung to
over 104 PFU of virus. In addition we have shown that inacti-
vated RSV produces a negligible RSV-specific mucosal anti-
body response after multiple intranasal immunizations, indi-
cating that replicating virus is required to stimulate local
responses (unpublished data).

Interestingly, it has recently been shown that pulmonary
infection with RSV impairs not only the RSV-specific CD8� T
effector cell response in the lung but also the development of
pulmonary CD8� T-cell memory (3). It is possible that the
suppressive effect of RSV on CD8� T cells or any potentially
similar effect on CD4� T cells may influence the development
of the humoral immune response to RSV and subsequent
maintenance of B-cell memory. Alternatively, infection of the
respiratory tract with RSV may suppress B-cell effector func-
tions through the secretion of inhibitory host soluble factors
released following infection (35, 37, 43). It should also be
noted that this study used adult mice. If the data shown here
reflect the situation in adult humans, in whom reinfection is
also common, one could speculate that the generation of ef-
fective immunity in neonates must overcome not only the
problems of an immature immune system and maternal anti-
body-mediated suppression of immunity, but also a potentially
suppressive effect of the virus itself on the development of
B-cell memory.

In summary, these data suggest that, in the absence of sig-
nificant levels of locally produced nasal antibody to RSV, the
virus is able to replicate to higher titers or for a longer period
in the nasopharyngeal area after challenge, potentially result-
ing in reinfection. Furthermore, multiple boosts with live virus
do not increase local humoral immunity to RSV in the nasal
tissues.
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