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ABSTRACT We report evidence for proton-driven sub-
unit rotation in membrane-bound FoF1–ATP synthase during
oxidative phosphorylation. A bD380CygC87 crosslinked hy-
brid F1 having epitope-tagged bD380C subunits (bf lag) exclu-
sively in the two noncrosslinked positions was bound to Fo in
F1-depleted membranes. After reduction of the b–g crosslink,
a brief exposure to conditions for ATP synthesis followed by
reoxidation resulted in a significant amount of bf lag appearing
in the b–g crosslinked product. Such a reorientation of gC87
relative to the three b subunits can only occur through subunit
rotation. Rotation was inhibited when proton transport
through Fo was blocked or when ADP and Pi were omitted.
These results establish FoF1 as the second example in nature
where proton transport is coupled to subunit rotation.

FoF1–ATP synthases are found embedded in the membranes of
mitochondria, chloroplasts, and bacteria, and are structurally
and functionally conserved among species (1–5). During oxi-
dative- and photo-phosphorylation, the synthases couple the
movement of protons down an electrochemical gradient to the
synthesis of ATP. The Fo sector is composed of membrane-
spanning subunits (ab2c9–12 in Escherichia coli) that conduct
protons across the membrane, whereas the F1 sector (a3b3gd«)
is an extrinsic complex that contains the catalytic sites for ATP
synthesis. F1 can be removed from the membrane in a soluble
form that functions as an ATPase, and rebinding F1 to Fo in
membranes restores the capacity to catalyze net ATP synthesis.
A high-resolution structure of bovine F1 shows a hexamer of
alternating a and b subunits surrounding a single g subunit.
The three catalytic sites of F1 are located on the three b
subunits at ayb subunit interfaces (6).

The model for energy coupling by FoF1–ATP synthases that
has gained the most general support is called the binding
change mechanism (7). According to this proposal, the major
energy requiring step (Fig. 1a, step 1) is not the synthesis of
ATP at catalytic sites, but rather the simultaneous and highly
cooperative binding of substrates to, and release of products
from, these sites (14, 15). Furthermore, it is proposed that
these affinity changes are coupled to proton transport by the
rotation of a complex of subunits that extends through FoF1.
Rotation of the g subunit in the center of F1 (Fig. 1a) is thought
to deform the surrounding catalytic subunits to give the
required binding changes (16), whereas rotation of the c-
subunits relative to the single a-subunit in Fo (Fig. 1b) is
believed to be required for completion of the proton pathway
(8, 17, 18). The latter is analogous to the proton-driven subunit
rotation that occurs within the bacterial f lagellar motor (19).

Based on supportive evidence from several laboratories (6,
16, 20, 21), the rotary aspect of the binding change mechanism
has remained a popular idea. However, a critical test for
rotation only became possible recently. The crystal stucture of

bovine mitochondrial F1 shows a specific interaction between
a small a-helix of the g subunit, which contains a Cys (E. coli
gC87), and the ‘‘DELSEED’’ loop of one of the three b
subunits (6). We substituted Cys for several different residues
in this region of E. coli b (380DELSEED386) and found that the
presence of an oxidant induced rapid and specific formation of
a bD380C-gC87 disulfide bond in bD380C-F1 (8, 22). Using a
dissociationyreassociation approach with the b-g crosslinked
bD380C-F1, we incorporated radiolabeled b subunits into the
two noncrosslinked b subunit positions of F1. Following re-
duction of the crosslink and a short burst of ATP cleavage,
radiolabeled and unlabeled b subunits in the hybrid F1 showed
a similar capacity to form a disulfide bond with the g subunit
(8), indicating that g rotates relative to b subunits during ATP
hydrolysis. We then showed that hybrid F1 containing a
bD380C-gC87 crosslink can be recoupled to Fo in F1-depleted
membranes and we provided evidence that rotation of g
relative to b subunits also occurs during hydrolysis of ATP by
FoF1 (23). Subsequently, additional evidence for subunit ro-
tation during ATP hydrolysis was provided by using immobi-
lized chloroplast F1 with a spectroscopic probe attached near
the C terminus of the g subunit. Recovery of polarized
absorption after photobleaching was used to monitor rota-
tional motion of g during ATP hydrolysis by the tethered F1
(24). In a more recent study using immobilized bacterial F1, a
fluorescent actin filament was attached to one end of the g
subunit and fluorescence microscopy was used to monitor its
rotation during catalytic turnover (25). It was shown that
MgATP could induce net unidirectional rotation of g through
many complete revolutions. However, studies thus far have not
examined whether rotation of F1 subunits occurs in coupled
FoF1 during the physiologically important reaction of ATP
synthesis. We now extend our hybrid F1ycrosslinking approach
to provide the first clear indication that subunit rotation in
FoF1 is an integral part of energy coupling during oxidative
phosphorylation.

MATERIALS AND METHODS

Materials. NADH, N,N9-dicyclohexylcarbodiimide
(DCCD), carbonylcyanide p-trif luoro-methoxyphenylhydra-
zone (FCCP), N-ethylmaleimide (NEM), ATP, ADP, seleno-
cystamine, and hexokinase were supplied by Sigma, 5,59-
dithiobis(2-nitrobenzoate) (DTNB) by Aldrich, DTT by
American Bioanalytical (Natick, MA), lauryldimethylamine
oxide (LDAO) by Calbiochem, [g-32P]ATP by ICN, anti-Flag
M2 antibody by Eastman Kodak, and anti-mouse IgGyalkaline
phosphatase conjugate by Promega. Alkaline phosphatase
color development reagents were from Bio-Rad, pyruvate
kinase and lactate dehydrogenase from Boehringer Mann-
heim, and polyvinylidene difluoride (PVDF) membranes from
NOVEX (San Diego). Other reagents and chemicals were the
highest grade available.
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Plasmids and E. coli Strains. Plasmids p3U and pAU1, and
mutants bD380C and bf lagD380CygC87S have been reported
(22, 23). Mutant bD380C-F1 was expressed in strain JP17,
which has a chromosomal deletion of most of the uncD gene
coding for the b subunit (26). Mutant bf lagD380CygC87S-F1
was expressed in strain AN887, which has a Mu insertion that
blocks expression of all unc genes from the chromosome (27).

Preparation of E. coli Membranes and Soluble F1. Mem-
branes were isolated and washed (28, 29) and soluble F1 was
purified (8) as described. Membranes prepared from strain
JP17 harboring pAU1 were depleted of F1 (28) with two
additional washes with 10 mM Triszacetatey1 mM EDTA, pH
7.5.

Preparation of Hybrid F1 and Reconstitution with F1-
Depleted Membranes. bD380C-F1 was treated with DTNB to
induce disulfide bond formation between gC87 and the
bD380C of one b subunit (8). The crosslinked enzyme and
bf lagD380CygC87S-F1 were then treated under conditions that

cause disassembly of subunits, mixed in a 1:1 ratio, and allowed
to reassemble as hybrid F1 complexes as described previously
(8). F1 hybrids that contain bD380C-gC87 can contain
bf lagD380C subunits only in the two noncrosslinked b posi-
tions. F1 hybrids containing the gC87S subunit can contain
bf lagD380C in any of the three b positions, but these hybrids
will be incapable of forming a b–g disulfide bond due to the
gC87S mutation. However, oxidation of F1 containing
bD380C and gC87S can yield low levels of a 101-kDa
crosslinked product previously identified as a b–b dimer (ref.
8; see Fig. 2). Hybrid F1 (0.5 mgyml) was recoupled to Fo in
F1-depleted membranes (2 mg protein per ml) by incubation in
TMg buffer (50 mM Tris-acetatey10 mM MgS04, pH 7.5) at
30°C for 15 min. Unbound F1 was removed by centrifuging at
100,000 3 g in a Beckman Airfuge for 1 min. The membrane
pellet was resuspended and washed twice with TSGMg buffer
(50 mM Tris-acetatey250 mM sucrosey50 mM glucosey5 mM

FIG. 1. The binding change mechanism for FoF1 ATP synthases. This figure was adapted from ref. 8 and modified. (a) Looking up at F1 from
the membrane. In step 1, the asymmetric g subunit rotates 120° clockwise driving conformational changes in the three catalytic sites that alter their
affinities for substrates and product. In this illustration, the catalytic sites remain stationary. In step 2, ATP forms spontaneously from tightly bound
ADP and Pi. For additional details and alternative views see refs. 7, 9, and 10. (b) View from the side of FoF1. The a-subunit contains two partial
channels, each in contact with a different side of the membrane. In order for a H1 to traverse the membrane it moves through one channel to the
center of the membrane, binds to one of the c-subunits (at Asp-61), and then is carried to the other partial channel by rotation of the c-subunit
complex. The c-subunits are anchored to g (11), whereas the a-subunit is anchored through subunits b and d to the periphery of the a3b3 hexamer
(12, 13). Hence the rotation of c-subunits relative to the a-subunit in Fo will drive the rotation of g relative to the a3b3 hexamer in F1.

10584 Biochemistry: Zhou et al. Proc. Natl. Acad. Sci. USA 94 (1997)



MgSO4, pH 7.4) and finally resuspended in the same buffer at
4 mg protein per ml.

DCCD Modification of Fo. F1-depleted membranes (2 mg
protein per ml) were incubated with 100 mM DCCD in TMg
buffer at 0°C for 20 hr with slow stirring. Membranes were
sedimented by centrifuging at 100,000 3 g in an Airfuge for 1
min, washed twice with TMg buffer, and resuspended in the
same buffer at 4 mg protein per ml.

ATP Synthesis Assay. The ATP synthesis activity of re-
constituted membranes was determined as the rate of glu-
cose-6-32P formation. Each 250-ml aliquot contained 25 mg
of membrane protein in TSGMg buffer with 4 mM ADP, 20
mM 32Pi, and 40 units of hexokinase. After preincubation at
23°C for 5 min, ATP synthesis was initiated by adding NADH
(2 mM final concentration). Each timed sample was
quenched by adding 25 ml of 5.5 M perchloric acid. Pi was
precipitated (31) and glucose-6-32P in the supernatant was
determined by Cerenkov counting. No significant ATP
synthesis was detected in the presence of uncoupler (55 mM
FCCP), and pretreatment of membranes with DCCD before
reconstitution with F1 inhibited ATP synthesis by 92%. In a
control experiment for the hexokinase trap, no detectable
32Pi was produced when 1 mM [g-32P]ATP was incubated

with 50 units of hexokinase plus 100 mg of reduced, recon-
stituted membranes in 1 ml of TSGMg buffer.

Electrophoresis and Immunological Detection of Proteins
Containing the Flag Epitope. SDSyPAGE (32) was per-
formed on 4–15% acrylamide gradient gels (Ready gels,
Bio-Rad). For nonreducing conditions, samples were dena-
tured in the presence of 0.5 mM NEM instead of 2-mercap-
toethanol. Proteins were transferred from the gel to a PVDF
membrane at 250 mA for 90 min in 25 mM Trisy192 mM
glyciney10% methanoly0.005% SDS (33). The blotted mem-
brane was blocked with 5% nonfat, dried milk in TBST (10
mM TriszHCly150 mM NaCly0.05% Tween-20, pH 8.0) and
incubated with anti-Flag M2 antibody (0.4 mgyml in TBST),
then rinsed three times with TBST 1 0.1 M NaCl. Bands
containing the Flag epitope were then visualized colori-
metrically using a secondary-antibodyyalkaline phosphatase
conjugate and quantitated using a Hewlett–Packard scanner
(model C2501) and densitometry software from Biosoft
(Milltown, NJ). Known amounts of bf lag-F1 were run on a
separate gel in the presence of 2-mercaptoethanol, blotted,
and the Flag epitope in the b-subunit band of each sample
was quantitated as described above. The results showed a
range for which densitometry had a linear dependence on the
amount of protein added. This provided a standard curve for
determining the total bf lag in aliquots of each experimental
sample run on a preliminary reducing gel, so that aliquots
containing identical amounts of bf lag could be added to each
lane of a nonreducing gel.

Protein Assay. Protein concentrations were determined by
a modified Lowry assay (34).

RESULTS AND DISCUSSION

F1-depleted membranes were reconstituted with hybrid F1 that
contained a bD380C-gC87 disulfide crosslink with epitope-
tagged bf lagD380C subunits only at the two noncrosslinked b
positions. Following reduction of the intersubunit disulfide,
these reconstituted membranes were capable of catalyzing
electron transport-driven ATP synthesis at a rate of 87
nmolzmin21zmg21 membrane protein. To test for subunit ro-
tation during ATP synthesis, the reconstituted membranes
were reduced, incubated briefly under conditions for ATP
synthesis, and then reoxidized. To preclude any contribution of
ATP hydrolysis to subunit rotation under these conditions,
hexokinase and glucose were present to trap ATP synthesized
by FoF1 (see Materials and Methods). In the absence of subunit
rotation, gC87 would be expected to reform a disulfide link to
the original bD380C and thus the Flag epitope would not be
detected in the b–g crosslinked product (an 86-kDa band) on
an immunoblot. However, if subunit rotation occurred during
ATP synthesis, as predicted by the binding change mechanism
(Fig. 1), then bf lagD380C would be properly aligned to
crosslink to gC87 in two-thirds of the FoF1 hybrid molecules
containing gC87. Fig. 2 shows that exposure to ATP synthesis
conditions resulted in a significant amount of Flag epitope in
the b–g band (lane 1), demonstrating that subunit rotation
had occurred. In contrast, when ADP, Pi, and NADH were
omitted, much less bf lag was detected in the b–g band (lane
2).

The binding change mechanism stipulates that ADP and Pi
must bind at a catalytic site on F1 before protons can be
transported through Fo down an electrochemical gradient. If
these two events were not sequentially linked and proton
transport could drive subunit rotation when catalytic sites
were empty, energy would be wasted. The existence of this
obligatory coupling is clearly demonstrated in Fig. 2 where,
in the absence of ADP and Pi, the presence of NADH
resulted in little bf lag in the b–g band (lane 3). This indicates
that an electrochemical gradient alone is not sufficient to

FIG. 2. Rotation of subunits in E. coli FoF1 under ATP synthesis
conditions. Hybrid F1 was prepared so that complexes containing a
bD380CygC87 crosslink contained bf lagD380C subunits only in the
two noncrosslinked b positions. After rebinding hybrid F1 to F1-
depleted membranes, aliquots (1 mg total protein per ml) were
exposed to different conditions (described below) for 30 sec at 23°C,
20 mM DTT and 2 mM selenocystamine were added to rapidly reduce
any disulfide bonds, and the membranes were incubated for an
additional 30 sec before passage through a Sephadex G50-F centrifuge
column (30), equilibrated with TSGMg buffer. Disulfide bond forma-
tion was induced as each sample eluted from the column into a tube
containing DTNB (0.2 mM final concentration). An aliquot of each
oxidized sample (equivalent to 0.4 mg of bf lag-F1) was denatured under
nonreducing conditions and used for SDSyPAGE and immunoblot-
ting. The blot above shows bands containing the bf lagD380C subunit.
As shown in lanes 1–4, membranes were exposed to the following
conditions: lane 1, conditions for ATP synthesis (TSGMg buffer
containing 4 mM ADPy20 mM Piy2 mM NADHy165 units hexoki-
nase/ml); lane 2, same as for lane 1 except that ADP, Pi, and NADH
were omitted; lane 3, same as for lane 1 except that ADP and Pi were
omitted; lane 4, same as for lane 1 except that F1-depleted membranes
were pretreated with DCCD prior to reconstitution with hybrid F1 (see
Materials and Methods). For the ‘‘noncrosslinked hybrid’’ control in
lane 5, hybrid F1 was prepared from dissociated subunits without prior
crosslinking of gC87 to a bD380C subunit. Thus, epitope-tagged b
subunit could assemble randomly in the three b positions around the
gC87 subunit. After rebinding to membranes and exposure to ATP
synthesis conditions (as for lane 1), reoxidation of this sample provided
a measure of the amount of bf lagD380C trapped in the b–g crosslinked
product when the orientation of gC87 is random relative to the three
b positions.
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promote subunit rotation in FoF1; ADP and Pi must also be
present.

Transport of protons through Fo can be blocked by covalent
modification of one or more c-subunits with DCCD, and this
also blocks ATP synthesis or hydrolysis by FoF1 (35). When
F1-depleted membranes were treated with DCCD prior to
reconstitution with hybrid F1, exposure of reconstituted mem-
branes to ATP synthesis conditions, as for lane 1, showed
considerably reduced amounts of bf lag in the b–g band (Fig. 2,
lane 4), indicating that subunit rotation in F1 is blocked by
modifying Fo with DCCD.

The amount of Flag epitope observed in the b–g crosslinked
product was quantitated and compared with that expected if
the orientation of g was randomized during turnover relative
to the three surrounding b subunits and if 100% of the
FoF1–ATP synthase complexes present in the membranes were
catalytically active during the brief episode of ATP synthesis
(Fig. 3). Conditions for ATP synthesis yielded 76% of this
expected value, a reasonable correlation considering the prob-
ability that a fraction of FoF1 is bound to leaky or uncoupled
membranes and would thus remain inactive and immobile
during the experiment. In contrast, controls lacking NADH
andyor ADP and Pi had only 17–21% of the expected value
(Fig. 3, Buffer and Buffer1NADH). Furthermore, when F1-
depleted membranes were treated with DCCD prior to binding
hybrid F1, exposure to ATP synthesis condition yielded only
35% of the expected bf lag in the 86-kDa band (Fig. 3,
1DCCD). This emphasizes the tight functional linkage of Fo
to subunit rotation in F1, and supports the plausibility of
subunit rotation in Fo.

Previously, the bacterial f lagellar motor was the only mac-
romolecular complex known to use an electrochemical proton
gradient to drive subunit rotation (19). The results presented
in Figs. 2 and 3 provide strong support for the conclusion that
the FoF1–ATP synthase is a second example. The recent visual
observation of net unidirectional rotation during ATP hydro-
lysis by F1 (25) suggests the sequential participation of all three
catalytic sites and that the direction of rotation will depend on
whether it is driven by ATP hydrolysis or proton transport. In
view of the close evolutionary relationship between FoF1
synthases and the V0V1 ATPases (36), it seems likely that the
acidification of vacuoles also requires subunit rotation. In
addition, it is becoming apparent that RecA (37, 38) and DNA

and RNA helicases (38–40) may operate by a rotary-type
mechanism. In analogy to the rotation of g within the a3b3
hexamer of F1, a single strand of DNA or RNA is thought to
rotate within a hexamer of subunits which show clear structural
homologies with the F1-b subunit (6, 41–43). Whereas RecA
and the helicases use ATP hydrolysis to drive rotation and the
flagellar motor uses an electrochemical gradient, FoF1-ATP
synthases appear to be unique in that they can use either. Thus,
further analysis of rotational coupling in FoF1 may provide
useful insights for these diverse systems.
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