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The patch-clamp technique allows currents to be recorded through
single ion channels in patches of cell membrane in the tips of glass
pipettes. When recording, voltage is typically applied across the
membrane patch to drive ions through open channels and to probe
the voltage-sensitivity of channel activity. In this study, we used
video microscopy and single-channel recording to show that pro-
longed depolarization of a membrane patch in borosilicate pipettes
results in delayed slow displacement of the membrane into the
pipette and that this displacement is associated with the activation
of mechanosensitive (MS) channels in the same patch. The mem-
brane displacement, '1 mm with each prolonged depolarization,
occurs after variable delays ranging from tens of milliseconds to
many seconds and is correlated in time with activation of MS
channels. Increasing the voltage step shortens both the delay to
membrane displacement and the delay to activation. Preventing
depolarization-induced membrane displacement by applying pos-
itive pressure to the shank of the pipette or by coating the tips of
the borosilicate pipettes with soft glass prevents the depolariza-
tion-induced activation of MS channels. The correlation between
depolarization-induced membrane displacement and activation of
MS channels indicates that the membrane displacement is associ-
ated with sufficient membrane tension to activate MS channels.
Because membrane tension can modulate the activity of various
ligand and voltage-activated ion channels as well as some trans-
porters, an apparent voltage dependence of a channel or trans-
porter in a membrane patch in a borosilicate pipette may result
from voltage-induced tension rather than from direct modulation
by voltage.

Mechanosensitive (MS) ion channels can act as transducers
for the senses of touch, hearing, balance, and propriocep-

tion and also seem to be involved in the regulation of cell volume
(1–3). MS channels in patches of membrane in the tips of patch
pipettes are readily activated when the membrane is stretched by
the application of negative pressure to the shank of the patch
pipette (4). The stretching of the membrane patch by negative
pressure is thought to activate the channels by increased tension
in the membrane (5). When the pressure is released, the channels
then readily deactivate. In addition to stretch activation, some
MS channels can also be activated by voltage (1). In this regard,
depolarization of membrane patches from Xenopus oocytes
activates endogenous MS channels in the patch after prolonged
delays of typically 1–20 s (6). After stepping the voltage back to
negative potentials, the MS channels then deactivate over several
seconds. The delayed activation is observed for both on-cell and
excised patches and typically occurs in a cooperative manner,
with all channels activating over a short period of time compared
with the duration of the delay to activation.

We have shown recently that the delayed activation of the MS
channels is not observed in outside-out patches, in membrane
outside of the patch pipette in whole-cell recordings from
Xenopus oocytes, or when the patch pipettes are fabricated from
or coated with soft glass (7). These observations suggest that the
delayed cooperative activation of MS channels by voltage is not
an intrinsic property of the channels but requires interactions
between the patch of membrane and the patch pipette (7).

Because MS channels are known to be activated by changes in
membrane tension (5), the depolarization-induced delayed ac-
tivation may arise from voltage-induced changes in membrane
tension arising from membrane–pipette interactions. Such an
explanation would account for the cooperative activation of the
MS channels, because changes in membrane tension could be
sensed by all the MS channels in a patch.

In this study, we used simultaneous video microscopy and
single-channel recording to investigate how the membrane-
pipette interactions might increase membrane tension to activate
the channels. We showed that prolonged depolarization of a
membrane patch in a borosilicate pipette results in the displace-
ment of the membrane patch '1 mm into the pipette with each
successive depolarization and that the displacement of the
membrane patch is correlated with the activation of MS chan-
nels. Manipulations that prevent the voltage-induced displace-
ment also prevent the activation of MS channels by voltage.
Thus, the voltage-induced membrane displacement is associated
with sufficient tension to activate MS channels. Because various
ion channels and pumps have been shown to be modulated by
membrane tension (8–19), it is possible that voltage modulation
of some channels or transporters studied in patch pipettes may
reflect changes in membrane tension rather than, or in addition
to, the direct effects of voltage.

Materials and Methods
Single-Channel Recording. The methods used for single-channel
recording from patches of membrane from oocytes obtained
from Xenopus laevis have been described (6, 7). The neurons
used for recording were cultured from the hippocampal region
of embryonic (e15) rat brain as described (20). Patch pipettes
were fabricated from borosilicate (hard) glass (equivalent to
Corning 7740 glass; Clark Electromedical Instruments, Reading,
U.K.), and the tips were heat polished. For some experiments,
the tips of the borosilicate pipettes were coated with soft glass
(Corning 8161; Garner Glass Company, Claremont, CA) by first
melting soft glass on the heating filament of a microforge and
then placing the tips of the borosilicate pipettes 20–30 mM from
the filament for approximately 0.5–1 s, allowing the soft glass to
evaporate from the filament and deposit on the tips. The pipettes
were heated in the middle and bent about 45° so that the part
distal to the bend would run parallel to the bottom of the
recording chamber, which was made with a thin coverglass for
optical clarity.

Experiments were performed with either the on-cell or the
inside-out patch-clamp configuration (21), as indicated. On-cell
patches were formed by pressing the tip of a heat-polished patch
pipette against the membrane of the cell and then applying slight
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negative pressure to the patch pipette. In some experiments,
patches were formed by applying negative voltage in place of
negative pressure. Inside-out patches were formed by drawing
the patch pipette away from the cell surface after establishing an
on-cell patch, exposing the cytoplasmic face of the patch to the
bath solution. Depolarizing steps were held for up to 120 s and
involved symmetrical (about zero) voltage steps from negative
holding potentials, which ranged from 2150 to 250 mV, to
positive potentials, which ranged from 150 to 1150 mV.

The presence of an intact membrane patch was verified by a
high-resistance (gigaohm) seal and also by the ability to record
the activity of single channels from the patch. The channels
monitored in patches from Xenopus oocytes were MS channels,
as verified through activation of the channels by negative pres-
sure applied to the pipette. The channels monitored in patches
from neurons were not identified specifically, but seemed similar
to large conductance Ca21-activated K1 channels.

For experiments on oocytes, the pipette (extracellular) and
bath (intracellular) solutions typically contained (in mM) 150
NaCl, 5 TES (N-Tris[hydroxymethyl]methyl-2-aminoethanesul-
fonic acid), and 2 EGTA. For some experiments, the pipette
contained KF in place of the NaCl. Similar results were obtained
with both pipette solutions. For experiments on cultured neu-
rons, the pipette solution was as above with KF, and the bath
solution contained (in mM) 121 NaCl, 2.68 KCl, 2.04 CaCl2, 1.48
MgCl2, 0.05 MgSO4, 0.83 NaH2PO4, 2.0 NaHC03, and 2.0 Hepes.
All solutions were adjusted to pH 7.0. Current traces were
typically low-pass filtered at 1–2 kHz (23 dB) for analysis.
Currents were recorded with an Axopatch 200A patch-clamp
amplifier (Axon Instruments, Foster City, CA) and stored on
VCR tape (Instrutech, Mineola, NY) for subsequent analysis.
Experiments were performed at room temperature (19–23°C).
Negative or positive pressure could be applied pneumatically to
the back of the pipette through a port on the pipette holder (6).

Video Microscopy (22, 23). Images were obtained with an inverted
Nikon Diophot microscope typically by using a 360 1.4-
numerical aperture oil immersion objective or a long working
distance 340 0.5-numerical aperture dry objective. A 35 pro-
jection lens was used to image the tip of the pipette onto a
Dage–MTI (Michigan City, IN) 65SITX video camera. The
images were displayed on a high-resolution monitor during the
experiment and also recorded on a VCR. The images were later
digitized at 30 Hz with a frame grabber (Dazzle Multimedia
Lav-1000, Fremont, CA) and analyzed visually with CORELDRAW
5.0. Photos were prepared with ADOBE PHOTOSHOP 4.0 and
printed on a Kodak 8650 printer. Typically, 1–5 s worth of frames
were averaged for each still photo. Although the still photos
presented in this paper are adequate to show the position of the
membrane patch, the dynamic displays of the images on high-
resolution monitors and also with movies constructed with the
frame grabber made identification and movement of the mem-
brane patch much more obvious. Fluorescent images were
obtained with the long working distance 340 0.5-numerical
aperture dry objective by using a 520-nm emission filter. The
position of the membrane was delimited by adding 0.01–1 mM
fluorescein (Molecular Probes) to the pipette solution.

Results
Prolonged Depolarization Displaces the Membrane Patch into the
Patch Pipette. Fig. 1a shows fluorescent images of a patch pipette
containing a membrane patch (after the formation of a gigaohm
seal) from the surface membrane of a Xenopus oocyte. The
pipette is in the on-cell configuration (21) such that the mem-
brane in the pipette is contiguous with the surface membrane of
the oocyte. The position of the membrane patch in the pipette
was delimited by adding fluorescein to the solution in the pipette
before forming the patch. After stepping the voltage across the

patch from 270 mV to 170 mV, the membrane patch started to
move into the pipette after an initial delay of '20 s, as indicated
by the movement of the fluorescent boundary, and then con-
tinued to move over the next 80 s, for a total displacement of '3
mm. The membrane patch then remained at the displaced

Fig. 1. Depolarization-induced displacement of the membrane patch. (a)
Fluorescent images of a patch pipette containing fluorescein dye to delimit
the membrane patch shows depolarization-induced displacement of the
membrane patch. The arrows indicate the points in time during the voltage
step protocol when the images were obtained. The data were obtained from
an on-cell patch on a Xenopus oocyte with a borosilicate glass pipette. (Bar 5
4 mm.) (b) Depolarization-induced displacement of an excised membrane
patch from a cultured hippocampal neuron. Depolarization of the membrane
from 250 mV to 150 mV for 60 s induced 2.6-mm displacement of the patch
membrane. The displacement of the membrane is shown before (Left) and
after (Right) the voltage step. Arrows indicate the membrane patch. A boro-
silicate glass pipette was used. (Bar 5 2 mm.)
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position when the voltage was stepped back to 270 mV. Visual
comparisons of fluorescent images to images obtained with
transmitted light (not shown) indicated that the fluorescent
boundary was located at the same position as the increased
density identified (see below) as the membrane patch with
transmitted light.

Fig. 1b presents another example of depolarization-induced
membrane movement. In this case, the patch of membrane was
excised from a cultured rat hippocampal neuron, and the image
was taken with transmitted light. Fig. 1b Left shows the position
of the membrane patch at the holding potential of 250 mV, and
Fig. 1b Right shows the position of the membrane patch 60 s after
applying a depolarizing step to 150 mV. The membrane patch
moved 2.6 mm into the pipette during the 60 s depolarization.

When borosilicate glass was used to fabricate the patch
pipettes, as shown in Fig. 1, depolarization-induced displacement
of the membrane into the pipette was observed in 38 of 40
examined patches from Xenopus oocytes, in 7 of 7 examined
patches from cultured hippocampal neurons, and in 3 of 3
patches when the membrane was delimited with fluorescein.
Displacement was observed with both excised patches and
on-cell patches. In 26 patches from Xenopus oocytes in which the
movement was measured quantitatively, the mean movement of
the membrane patch during the depolarizing voltage steps was
0.9 mm, with a range of 0.2–3.0 mm. In only 4 of the 26 patches
was there any movement back toward the tip of the pipette (20.2
to 20.3 mm) after stepping back to the negative potentials.
Repeated application of depolarizing voltage steps resulted in
additional delayed displacement of the membrane patch into the
pipette, except that the magnitude of the displacement could
become less with successive applications of the depolarizing steps.

To examine whether the voltage-induced membrane displace-
ment was related to the suction that was typically used to form
a patch, we also obtained patches without using suction. In these
experiments, touching the tip of the pipette to the cell and
applying a voltage of 250 to 280 mV to the pipette for several
minutes resulted in movement of the membrane into the pipette
and the formation of a tight seal. (Applying negative potential to
the shank of the pipette is equivalent to depolarization if a patch
is present.) In the absence of negative pressure, membrane
displacement and patch formation were not observed unless
negative voltage was applied to the pipette. The depth of the
membrane patch in the patch pipette after a tight (gigaohm) seal
had formed was typically similar to the depth when the patch was
formed by suction. For patches formed without suction, depo-
larization steps induced further displacement of the patches into
the patch pipette, similar to that observed for patches initially
formed by suction. Thus, suction is not necessary for tight-seal
formation or for voltage-induced displacement of the membrane
into the patch pipette.

The displacement of the membrane patch into the pipette by
depolarization might be expected to lead to increases in mem-
brane tension. Consistent with this idea, the following section
shows that the depolarization-induced displacement is corre-
lated with activation of MS channels in the patch.

Depolarization That Induces Membrane Displacement Also Activates
MS Channels. A simultaneous recording of video images of a
membrane patch and currents through the same patch is shown
in Fig. 2 for a patch of membrane excised from a Xenopus oocyte.
The membrane potential was stepped from 280 to 180 mV for
37 s and then stepped back to 280 mV (Fig. 2b, Upper trace).
Images of the membrane patch (arrows) in the pipette before,
during, and after the depolarizing voltage step are shown in Fig.
2a, and the changes in the position of the membrane patch in the
pipette are plotted against time after the depolarizing step in Fig.
2c. After the depolarizing step, the membrane started to move
into the patch pipette after a delay of '8 s, reaching a displace-

ment of '1 mm during the next 20 s. After repolarization, the
membrane remained at its displaced position.

The depolarizing voltage step also activated MS channels in
the patch with a delay that lagged the movement of the mem-
brane. The nine MS channels in the patch started to activate a
few seconds after the membrane started to move, and reached
maximum activation during the next 10 s of membrane move-
ment (Fig. 2b, Lower trace). The MS channels then deactivated

Fig. 2. Depolarization-induced displacement of the membrane patch is
associated with activation of MS channels. (a) High-resolution video micros-
copy of a patch of membrane in a patch pipette. The membrane patch (arrows)
moves into the pipette during depolarization. (Bar 5 2 mm.) (b) After a voltage
step from 280 to 180 mV (Upper trace), the nine MS channels in the mem-
brane patch start to open after a delay of '10 s (Lower trace), with full
activation at '20 s. When the voltage is stepped back to 280 mV, the MS
channels then deactivate over a period of '10 s. Channel opening is indicated
by upward current steps at positive membrane potentials and downward
current steps at negative membrane potentials. The leakage current through
the patch, indicated by the 18-pA current steps that coincide with the voltage
steps, was not subtracted from the current record. (c) Plot of the distance
moved by the membrane patch vs. time after the voltage step. The corre-
sponding numbers 1–5 in the three parts of the figure indicate the time points
for simultaneous measurement of video and current data from the same
inside-out patch excised from a Xenopus oocyte with a borosilicate glass
pipette.
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when the voltage was stepped back to the holding potential. This
voltage-dependent delayed activation and deactivation of MS
channels in patches of membrane excised from Xenopus oocytes
is a characteristic feature of these channels (6, 7). Repeated
application of depolarizing voltage steps resulted in additional
delayed displacement of the membrane patch into the pipette, as
mentioned in the previous section, and each additional delayed
displacement of the membrane was accompanied by delayed
activation of MS channels, similar to that shown in Fig. 2 a–c. In
15 of 15 membrane patches in which the maximum number of
MS channels in a patch could be clearly determined because of
their small number (1–3 channels), there was no change in the
maximum number of MS channels activated by repeated depo-
larizing voltage steps.

Because MS channels can be activated by stretching the
membrane (1–5), a simple explanation for the delayed activation
of MS channels by depolarization (Fig. 2) is that the voltage step
does not activate the MS channels directly but rather activates
them indirectly through depolarization-induced movement of
the membrane patch. If it is the movement of the membrane
patch that activates MS channels, as suggested by the data
presented in Fig. 2, then a number of predictions can be made:
(i) activation of MS channels should correlate with movement of
the membrane patch; (ii) movement should precede channel
activation; (iii) factors that decrease the latency to movement
should also decrease the latency to activation; and (iv) prevent-
ing movement of the membrane should prevent activation of MS
channels. Each of these predictions was examined in turn.

Depolarization-Induced Membrane Displacement and MS Channel
Activation Are Correlated. Latencies to both movement and acti-
vation are shown in Fig. 3a for 26 depolarizing steps obtained
from 17 separate patches from Xenopus oocytes in which simul-
taneous recordings were made of both video images and single-
channel currents through MS channels. The dashed line indicates
a correlation between the latency to movement and the latency
to activation (linear regression, r 5 0.88). The observed slope of
the regression line of 1.6 indicates that movement precedes

activation. In individual measurements, movement preceded
activation in 21 of the 26 measurements. However, for five
measurements with brief latencies to both movement and acti-
vation, the measured latency to movement followed the mea-
sured latency to activation. Activation preceding movement at
brief latencies may simply reflect the uncertainty in detecting the
initial onset of movement. Alternatively, activation preceding
movement for brief latencies may indicate that, in some cases,
the depolarization-induced processes involved in displacing the
membrane may increase membrane tension sufficiently to acti-
vate MS channels before significant movement can be detected.

In three of three examined patches, decreasing the latency to
membrane movement by increasing the magnitude of the depo-
larizing voltage step (Fig. 3b) also decreased the latency to
activation (Fig. 3c). Thus, activation of MS channels is correlated
with movement of the membrane patch.

Preventing Depolarization-Induced Membrane Displacement Prevents
MS Channel Activation. Two different experimental approaches
were used to test whether preventing movement of the mem-
brane also prevented activation of MS channels. The first
approach was based on an observation made in a previous study:
depolarization-induced delayed activation of MS channels no
longer occurs when the tips of the borosilicate glass pipettes are
coated with soft glass (7). Perhaps this lack of activation with soft
glass arose from a lack of movement of the membrane patch,
because soft glass has a different composition and charge density
that may interact with the membrane differently than hard glass
(24). To examine this possibility, the tip of a borosilicate pipette
was coated with soft glass (see Materials and Methods); a
membrane patch was formed, and a depolarizing voltage step
was applied while the membrane patch was observed. The patch
no longer moved (Fig. 4a), and delayed activation of MS
channels no longer occurred (Fig. 4b). This lack of depolariza-
tion-induced activation was not due to the absence of MS channels
in the membrane patch, because applying negative pressure to the
pipette activated MS channels in the same patch (Fig. 4c). A lack
of both membrane movement and activation of MS channels by

Fig. 3. Correlation between depolarization-induced membrane displacement and channel activation. (a) Plot of the latency to the onset of movement of the
membrane patch vs. the latency to the onset of channel openings. Latency is measured from the time of the voltage step. The linear regression (dashed line)
had a correlation coefficient of 0.88 and a slope of 1.6, indicating that activation follows movement. Data from each patch are indicated by a different symbol.
Holding potentials ranged from 280 to 250 mV, and the voltage was stepped to voltages ranging from 150 to 180 mV. (b) Three different patches (indicated
by different symbols) in which depolarization steps between both 650 mV and 680 mV were applied for each patch. The latency to both membrane movement
and channel activation was decreased with larger voltage steps. The latency to membrane movement was defined as the time from the onset of depolarization
to the beginning of membrane movement. The beginning of movement was estimated by projecting a line drawn through the points between about 20% and
80% of the maximal movement to intercept the time axis. The latency to channel activation was defined as the time from the onset of depolarization to the
beginning of channel activation and was estimated by using the same approach used for membrane movement. Borosilicate glass pipettes were used.
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depolarization was observed in seven of seven experiments in which
the tips of the pipettes were coated with soft glass.

The second approach used to prevent movement of the
membrane patch was to apply positive pressure ('0.5 kPa) to the
back of the patch pipette. In three of five patches in which the
applied positive pressure was sufficient to prevent depolariza-
tion-induced movement of the patch, depolarization did not
activate the MS channels in the patch. In the remaining two
patches, the pressure applied to prevent movement activated the
MS channels directly; thus, it was not possible to examine
whether a depolarizing step would activate the channels. The
results in this section show, then, that preventing the depolar-
ization-induced displacement of the membrane patch by either
of two rather different mechanisms, soft glass or pressure,
prevented the depolarization-induced activation of MS channels.

Discussion
High-resolution images of membranes in patch pipettes have
been presented previously (22, 23, 25, 26), and it has been shown

that rapid changes in voltage can cause rapid submicrometer
movements of the suspended part of the membrane patch
(27–30). Our study shows that prolonged depolarization of a
membrane patch in a borosilicate pipette can lead to substantial
displacement of the membrane patch into the pipette and that
this displacement correlates in time with the activation of MS
channels in the same patch. Decreasing the delay to displace-
ment of the membrane patch decreased the delay to activation,
and blocking the displacement by either of two different means
prevented activation of the MS channels. Because increased
membrane tension can activate MS channels (5), a possible
explanation for how the depolarization-induced displacement
activates MS channels would be through movement-associated
increases in the tension in the patch.

Further support that activation of MS channels is associated
with the depolarization-induced movement rather than the
direct effect of voltage on the MS channels is our previous
observation that depolarizing voltage steps applied to whole
Xenopus oocytes activate MS channels in patched membrane on
the same oocyte but do not activate MS channels in membrane
outside of the patch pipette (7). Activation through depolariza-
tion-induced increases in membrane tension associated with
displacement of the patch would also account for the apparent
cooperative delayed activation of the MS channels in the patch
described previously (6), because MS channels distributed in a
patch of membrane could all sense changes in tension simulta-
neously in the patch.

The nature of the depolarization-induced forces that give rise
to membrane displacement is not known, but the displacement
of the patch would be expected to be associated with the flow of
lipid along the wall of the pipette (23). The observation that
depolarization-induced membrane displacement does not occur
when the borosilicate pipette is coated with soft glass indicates
that the membrane movement is either directly related to or
affected by the interactions between the membrane and the glass
of the pipette. Coupling of the lipid bilayer to the glass of a
borosilicate pipette supports tensions on the order of 0.5–4.0
dyneycm (refs. 31 and 32; 1 dyne 5 10 mN). Perhaps voltage
changes the adhesion of the membrane to the borosilicate glass
at the site of seal formation or where the patch of membrane
contacts the patch pipette, enabling membrane displacement
and development of tension. Voltage-induced flexing of the
membrane patch arising from the converse flexoelectric effect
(28, 30, 33) might possibly contribute in some way toward moving
the membrane or relaxing the contact between the membrane
and the glass, allowing the membrane to move. There is also the
possibility that cytoskeletal elements might be involved in some
way. Although it is unclear which forces are involved in the
depolarization-induced membrane movement and apparent in-
crease in membrane tension, these forces dissipate with a time
course of several seconds after the depolarization is removed,
because the MS channels deactivate with this time course when
the depolarization is removed.

Displacement of the membrane patch into the pipette by
depolarization would be expected to increase the area of the
patch because of the increasing diameter of our tapered patch
pipettes. Thus, possible changes in some parameters arising from
depolarization-induced changes in the area of membrane
patches during an experiment might be attributed mistakenly
to direct effects of voltage rather than to changes in the area of
the patch.

Because membrane tension (stretch) can modulate a diversity
of voltage and ligand gated ion channels in addition to stretch-
activated channels (8–17, 34) as well as some ion transporters
(18, 19), our findings suggest that some actions of depolarization
on inside-out and on-cell patches of membrane formed with
borosilicate pipettes may reflect voltage-induced changes in
membrane tension rather than the direct effects of voltage.

Fig. 4. Depolarization does not produce membrane displacement or activate
MS channels when the tip of a borosilicate pipette is coated with soft glass. The
simultaneous video images in a and current recordings in b indicate that a 60-s
depolarizing step from 280 to 180 mV does not displace the membrane patch
(arrows) in the pipette or activate MS channels. There is also a lack of
movement and activation when the potential is stepped back to 280 mV. The
numbers 1–3 in a and b indicate the times of the records. (Bar 5 2 mm.) (c) MS
channels were present in the same patch, as indicated by their activation by
negative pressure (26 kPa) applied to the patch pipette (downward current
steps at the 280 mV potential).
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