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Typical 2-Cys peroxiredoxins (Prxs) are ubiquitous peroxidases that
are involved in peroxide scavenging and/or the regulation of
peroxide signaling in eukaryotes. Despite their prevalence, very
few Prxs have been reliably characterized in terms of their sub-
strate specificity profile and redox potential even though these
values are important for gaining insight into physiological func-
tion. Here, we present such studies focusing on Salmonella typhi-
murium alkyl hydroperoxide reductase C component (StAhpC), an
enzyme that has proven to be an excellent prototype of this largest
and most widespread class of Prxs that includes mammalian Prx
I–Prx IV. The catalytic efficiencies of StAhpC (kcat/Km) are >107

M�1�s�1 for inorganic and primary hydroperoxide substrates and
�100-fold less for tertiary hydroperoxides, with the difference
being exclusively caused by changes in Km. The oxidative inacti-
vation of AhpC through reaction with a second molecule of
peroxide shows parallel substrate specificity. The midpoint reduc-
tion potential of StAhpC is determined to be �178 � 0.4 mV, a
value much higher than most other thiol-based redox proteins. The
relevance of these results for our understanding of Prx and the
physiological role of StAhpC is discussed.
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Peroxiredoxins (Prxs) are a ubiquitous group of cysteine-
based peroxidases that appear to have evolved from a

thioredoxin (Trx)-like precursor (1–3). For the evolution of the
peroxidase function, one of the catalytic Trx Cys residues was
lost, and the other came to be located at the base of an active site
pocket that includes an Arg, a Thr, and a Pro residue conserved
in all Prxs (4, 5). This so-called peroxidatic Cys residue (CP)
directly reduces the peroxide substrate and becomes oxidized to
a sulfenic acid (Fig. 1). The fate of the CP-sulfenic acid differs
in various types of Prx enzymes, either forming an intramolecular
disulfide with another Cys residue (the resolving Cys; CR) or
forming an intermolecular disulfide with a Cys in a redox donor
such as Trx, glutaredoxin (Grx), or reduced glutathione (GSH)
(5, 6).

The most widely distributed and abundant types of Prxs are the
typical 2-Cys Prxs. In mammalian cells they are on the order of
1% of the soluble protein (5, 7, 8). They occur as active
octameric, decameric, or dodecameric rings (3) that in some
cases dissociate into less active dimers during the catalytic cycle
(9–11). Prokaryotic typical 2-Cys Prxs are thought to have a
primary role as peroxide scavengers (12), but since the discovery
that many eukaryotic Prxs have an evolutionarily selected sen-
sitivity to inactivation by peroxide (13) increasing evidence has
accumulated supporting the hypothesis that the primary role of
these enzymes is to regulate peroxide signaling (for recent
reviews see refs. 8, 14, and 15).

The abilities of Prxs to detoxify various peroxides and regulate
peroxide signaling will be impacted by their substrate specificity
and redox potential, yet these properties have been only poorly
studied. To date, no crystal structures have been published of
substrate or product complexes, although some insight into
substrate binding has been recently derived from the fortuitous
binding of benzoate in one Prx crystal structure (3, 16). Whereas

Prxs have gained a reputation as broad specificity peroxidases,
reducing hydrogen peroxide, small alkyl hydroperoxides, and
also peroxynitrite and phospholipid-associated or free fatty acid
hydroperoxides (4, 17), for the vast majority of Prxs, substrate
specificity has been tested only with single concentrations of
peroxide substrates and standard steady-state linked assays. In
most of these studies the catalytic rates toward the smallest
possible hydroperoxide substrate, H2O2, vary �10-fold from the
values for the larger t-butyl hydroperoxide and cumene hy-
droperoxide substrates (18–25). Exceptions include Escherichia
coli thiol peroxidase (Tpx; also known as p20) and a Toxoplasma
gondii 2-Cys Prx, with 30- to 200-fold greater activity toward
bulky substrates than toward H2O2 (26, 27). A problem with
many of these studies, however, is that even large differences in
kcat or Km values for given substrates may be missed, particularly
if, as is commonly the case, the assay conditions are such that Prx
rather than peroxide reduction is rate-limiting (see Fig. 1) (10,
28). Recently, we have developed an assay for the bacterial Prx
Salmonella typhimurium alkyl hydroperoxide reductase C com-
ponent (StAhpC) that overcomes this limitation (10) and deter-
mined a Km for H2O2 of 1.4 �M and a kcat/Km of 4 � 107 that is
�100-fold higher than previous estimates for Prxs (4). With this
assay, it is now possible to properly evaluate the specificity of
AhpC for various hydroperoxide substrates.

To our knowledge, redox potentials have only been studied for
plant Prxs, where 2-Cys Prxs and PrxQ from chloroplasts have
been found to exhibit redox potentials between �288 and �325
mV (7, 29). These values are quite low compared with other
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Fig. 1. Reaction cycle of 2-Cys Prxs. The peroxidatic Cys of the Prx is depicted
as a thiol (SPH) or sulfenic acid (SPOH), or in a disulfide with the resolving Cys
(SRH). Colors distinguish the Cys residues from different subunits of the dimer
in the typical 2-Cys Prxs, and the striped bar represents the intersubunit
disulfide bond (intrasubunit in the case of the atypical 2-Cys Prxs). The disul-
fide reductase system that regenerates the active Prx varies with the organism
and specific Prx but is Trx reductase and Trx in many eukaryotic systems and
AhpF in the bacterial AhpC system. The pathway in the pink box represents
regulation by oxidative inactivation (toward the right) and reactivation of
hyperoxidized 2-Cys Prxs via sulfiredoxins (Srx) (toward the left).
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thiol-based redox proteins that typically possess reduction po-
tentials near �250 to �270 mV, appropriately higher than those
of their upstream pyridine nucleotide donors (NADH or
NADPH, at �320 mV), but lower than GSH (at �240 mV) (30,
31). As the plant Prxs may possess very specific functions
associated with photosynthesis, they may not be particularly
representative of the wide range of Prxs in various organisms
with important functions in antioxidant defense and/or regula-
tion of redox signaling.

Here, we present a characterization of the substrate specificity
and redox potential of StAhpC, a well studied model bacterial
2-Cys Prx (10, 32). Our studies reveal much higher catalytic
efficiencies for inorganic and primary hydroperoxide substrates
compared with bulky, tertiary hydroperoxides. The better sub-
strates also show a parallel enhanced potency for oxidative
inactivation of the enzyme. In terms of midpoint reduction
potential, StAhpC shows a value much higher than the common
thiol-based redox proteins, proving that the low redox potentials
of the chloroplast 2-Cys Prxs and PrxQ are not representative of
all Prxs.

Results
Specificity of AhpC For Hydroperoxide Substrates. To accurately
measure enzymatic activity of StAhpC with various hydroper-
oxide substrates, we used a sensitive, f luorescence-based assay
previously developed by us to eliminate the issue typically
plaguing these assays, rate-limiting reduction during catalytic
turnover that obscures the rapid step of peroxide reduction (33).
With this assay, we can directly measure oxidation of the electron
donor to AhpC during turnover assays with the peroxide. Thus,
full assays, which would normally be comprised of NADH,
AhpF, AhpC, and the peroxide substrate, are replaced by a more
simplified set of components. Furthermore, full-length AhpF
(521 aa), which shuttles electrons from NADH to AhpC through
three redox centers (FAD and two redox disulfide centers)
within tethered Trx reductase-like and Trx-like modules, can be
truncated to express only the Trx-like N-terminal domain (NTD;
202 aa), and this domain, when prereduced, can provide elec-
trons directly to AhpC (34). To provide for fluorescence-based
monitoring of redox state of the NTD, a mutation to introduce
a tryptophan residue just in front of the catalytic CXXC motif,
S128W, was also introduced into the expression vector for the
NTD, making this protein more like its Trx homologue (10).
Fluorescence-based assays could then be carried out with this
prereduced domain provided at several fixed low-�M concen-
trations, the AhpC enzyme at concentrations of 100 nM or less,
and the hydroperoxide substrate added at various �M concen-
trations, allowing for even very low Km values for hydroperoxide
substrates to be accurately measured (10).

In the present studies, this same assay was carried out with
ethyl hydroperoxide, t-butyl hydroperoxide, and cumene hy-
droperoxide in addition to hydrogen peroxide to assess the
effects on specific catalytic parameters of the larger size and
various structural differences surrounding the hydroperoxide
moiety that undergoes reduction during catalysis (Fig. 2).
Cumene hydroperoxide and t-butyl hydroperoxide are often
used as mimics of lipid hydroperoxides, although in reality the
latter are generally long-chain, secondary hydroperoxides. Still,
the relatively high hydrophobicity and multiple linkages to the
carbon bearing the hydroperoxide seem to be reasonably rep-
resentative in at least some cases of the true lipid substrates that
are more difficult to study given solubility and critical micellar
concentration issues that affect the physical state of the lipid
hydroperoxide substrate (26, 35, 36).

For each hydroperoxide substrate, all of the data from mul-
tiple determinations of the bisubstrate kinetic profiles were
simultaneously fit to Eq. 1 to give the true kcat for turnover and
the Km values:

Rate

�
kcat��S128W� ��ROOH�

�Km
S128W��ROOH� � Km

ROOH��S128W� � �ROOH� ��S128W��

[1]

for each of the substrates, S128W NTD and the hydroperoxide
(two single sets shown in Fig. 3 as examples). A summary of the
final, globally fitted parameters from all of these analyses is
provided in Table 1. Most striking is the observation that,
although kcat/Km for the peroxides varies by as much as 160-fold,
neither the Km for the reductant nor the overall kcat change very
much. Instead, it is specifically the Km for the hydroperoxide
substrate, and thus perhaps the binding within the peroxidatic
active site, that is most affected by structural differences among
the hydroperoxides (Table 1).

Varying Sensitivity of AhpC Toward Turnover-Induced Inactivation by
Different Hydroperoxide Substrates. As we found that AhpC dem-
onstrates higher activity with small hydroperoxides like ethyl
hydroperoxide and H2O2 but significantly decreased catalytic
efficiency with the bulky, tertiary hydroperoxides, we investi-
gated the relative potency of each of these substrates in inacti-
vating the enzyme during turnover. This characteristic of Prxs
tends to be less pronounced for prokaryotic enzymes than for
eukaryotic Prxs, but inactivation during turnover is still observed
for AhpC at high H2O2 concentrations (10, 13).

Similar to the results from the turnover assays, ethyl hydroper-
oxide demonstrates about the same tendency to inactivate AhpC
at high concentrations as does H2O2 (Fig. 4A). However, neither
t-butyl hydroperoxide (Fig. 4B) nor cumene hydroperoxide (data
not shown) demonstrate any observable inactivation of the
enzyme, even when present at concentrations as high as 60 mM
and when compared over the same number of turnovers with the
two better substrates. For cumene hydroperoxide, the analysis
was somewhat more troublesome because of the necessity to
predilute this substrate into DMSO, an inhibitor of the enzy-
matic turnover. However, control assays demonstrated that all
decreased activity observed at high cumene hydroperoxide
concentrations was attributable to the DMSO present.

Fig. 2. Structures of the four hydroperoxide substrates for AhpC studied
herein (Top and Middle) and an oxidized lipid substrate, a linoleic acid
hydroperoxide (Bottom).
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Determination of the Redox Potential of AhpC. The redox potential
of AhpC was determined by direct protein–protein interactions
with a protein of known redox potential, given the convenience
and considerable advantages offered by this method over equil-
ibration with GSH/GSH disulfide redox buffers (31, 37). Initial
experiments to determine the redox potential of AhpC using
direct protein–protein equilibration with E. coli Trx showed that
AhpC was completely reduced by Trx, indicating that the redox
potential of AhpC was at least �50 mV higher than that of Trx1
(�270 mV). After reoptimization of the HPLC method to
separate oxidized and reduced forms of both AhpC and E. coli
Grx1, we mixed reduced Grx1 and oxidized AhpC at pH 7 and
room temperature, allowed the mixture to equilibrate for 6 h (an
equilibration time that was verified to be sufficient in prelimi-

nary experiments), then separated and quantified the respective
redox forms of the two proteins (Fig. 5). The reverse experiment,
reduced AhpC mixed with oxidized Grx1, was also conducted.
The redox potential was calculated by using a derivation of the
Nernst equation (Eq. 2)

E0	�AhpC� � E0	�Grx1� � RT/nFln��Grx1ox�

� �AhpCred� /�Grx1red��AhpCox�� [2]

and a value of �233 mV for the Grx1 redox potential (30). From
multiple independent experiments, the redox potential of wild-
type AhpC was determined to be �178 
 0.4 mV.

Discussion
This study explores the catalytically important attributes of
substrate specificity and redox potential for the potent bacterial
Prx AhpC, the primary scavenger of endogenously generated
hydrogen peroxide in S. typhimurium and E. coli (12). Both
attributes have been relatively overlooked or only superficially
investigated in the burgeoning number of studies of the widely

Fig. 3. Differential activities of AhpC with two hydroperoxide substrates.
Peroxidase activity was measured by mixing S128W NTD (prereduced by DTT)
and AhpC (50–200 nM) in 50 mM potassium phosphate pH 7.0, 0.5 mM EDTA,
and 100 mM ammonium sulfate with various concentrations of peroxide
substrate in a stopped-flow spectrophotometer at 25°C. The reaction was
followed by monitoring the decrease in fluorescence of S128W NTD (the
modified NTD of AhpF, the direct electron donor to AhpC) with excitation at
280 nm and emission �320 nm. Fixed concentrations of S128W NTD used over
a range of ethyl hydroperoxide (A) and t-butyl hydroperoxide (B) concentra-
tions were 2.5 �M (■ ), 5 �M (E), 10 �M (Œ), 15 �M (�), 20 �M (}), and 30
�M ({).

Table 1. Kinetic parameters for reaction of AhpC with various
peroxide substrates

Peroxide
substrate

kcat,
s�1

Km
ROOH,

�M
Km

S128W,
�M

kcat/Km,
M�1�s�1

HOOH 52.4 
 1.7 1.4 
 0.1 5.9 
 0.6 3.7�107

Ethyl-OOH 52.7 
 1.3 4.5 
 0.3 4.7 
 0.3 1.2�107

Cumene-OOH 52.0 
 1.8 107 
 8 4.0 
 0.3 4.9�105

t-Butyl-OOH 54.7 
 1.0 238 
 8 4.1 
 0.2 2.3�105

Fig. 4. AhpC shows a susceptibility to inactivation by hydrogen peroxide and
ethyl hydroperoxide, but not to t-butyl hydroperoxide and cumene hydroper-
oxide. NADPH oxidation was measured (by monitoring loss of 340-nm absor-
bance) at 25°C in the presence of 50 mM Hepes-NaOH, pH 7.0, with 1 mM EDTA
and 0.1 M ammonium sulfate, and with 80 nM Trx reductase, 2.5 �M Trx, 6 �M
AhpC and ethyl hydroperoxide (A) at 0 mM (F), 1 mM (■ ), 5 mM (�), 10 mM
(Œ), and 30 mM ({). The same conditions were used to examine overoxidation
with t-butyl hydroperoxide (B), except that concentrations of this substrate
were at 0 mM (F), 2 mM (�), 10 mM (‚), 20 mM (}), and 60 mM (E). Results with
hydrogen peroxide were very similar to those with ethyl hydroperoxide (A),
whereas results with cumene hydroperoxide were quite similar to those with
t-butyl hydroperoxide (B), except for issues with lower solubility and DMSO
effects in the latter case.
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distributed Prx family of enzymes. As mentioned, only plant Prx
redox potentials have been measured in vitro to date, and these
included mainly 2-Cys Prxs and PrxQ from chloroplasts with very
low redox potentials, in a range of �288 to �325 mV, which are,
for the most part, even more negative than their putative
reductants (e.g., Trx f at �290 mV and Trx m at �300 mV) (7,
38). As pointed out by Dietz and colleagues (7, 38), these plant
Prxs are not likely to be ‘‘typical,’’ but rather are specialized to
be regulated within the oxygenic environment of this photosyn-
thetic organelle, with redox potentials lying between the range of
redox potentials within which enzymes of the Calvin cycle are
regulated (�280 to �305 mV) and the switching of the malate
valve for export of excess reducing equivalents to the cytosol
(�330 mV).

Our data pinning the redox potential of AhpC at �178 mV
(Fig. 5) is a unique finding in the Prx field. Its significant
difference compared with the values measured for chloroplast
Prxs supports the notion that the redox potentials of those Prxs
are specialized for regulation in the environment of the chloro-
plast. This value for AhpC, which is high in comparison with
many redox disulfide-containing proteins, differs from an earlier
in vivo estimate of around �250 mV that was based on the
relative amounts of the thiol and disulfide forms of AhpC as
measured in cell extracts of acid-quenched E. coli cultures and
the assumption that AhpC is in perfect equilibrium with the
GSH/oxidized GSH (GSSG) redox pair. Because AhpC is re-
duced in vivo by AhpF and/or Trx-linked pathways, we suggest
that the discrepancy may exist because AhpC is not generally in
a tightly linked equilibrium with the GSH/GSSG pair and the
various intracellular redox buffers are not necessarily in equi-
librium in vivo (39). Furthermore, the ratio of reduced to
oxidized AhpC subunits may also be influenced by the presence
of oxidants in this complex cellular system at the time of lysis and
labeling.

In contrast to the very low redox potential for chloroplast Prxs,
the relatively high redox potential of AhpC appears to make it
well suited to act as an efficient scavenger of hydrogen peroxide
under most conditions of the cell, even if subjected to oxidative
stress. Indeed, the peroxide-sensing transcriptional regulator in
E. coli, OxyR, has a redox potential slightly more negative than

that of AhpC, at �185 mV, and has been shown to be activated
not just by hydrogen peroxide sensing, but also through alter-
ations in the thiol-disulfide redox status in mutant bacteria
defective in the cellular disulfide-reducing systems (40). Thus,
normally both of these highly peroxide-sensitive proteins, AhpC
and OxyR, would be maintained in a reduced state given a typical
cellular redox potential (based on Trx reduction status) of �260
to �298 mV for E. coli (40–42), but as a cell becomes increas-
ingly oxidatively stressed, OxyR would be oxidized to form a
disulfide bond by equilibration with the cellular redox potential
and thus activated to mobilize a cellular response at a potential
where AhpC would remain reduced and active (between �185
and �178 mV). It will be of great interest to discover the ranges
of redox potentials of the mammalian typical 2-Cys Prxs, Prx I
through Prx IV, and other Prxs that may serve roles as redox
sensors, and see what insight that gives into their physiological
roles. We note that, with a standard midpoint reduction potential
(E°) of �1.77 V for the two-electron reduction of hydrogen
peroxide to water (43), the thermodynamic driving force for the
reduction of hydrogen peroxide by thiol-containing proteins will
always be highly favorable.

With regard to substrate specificity, the results with our assay
show that AhpC displays standard Michaelis–Menten kinetics
with kcat �53 s�1 virtually independent of the type of hydroper-
oxide substrate and Km values �100-fold larger for t-butyl and
cumene hydroperoxide compared with hydrogen peroxide and
ethyl hydroperoxide. These results contrast with our earlier
report (44) that AhpC has little discrimination between hydro-
gen peroxide and cumene hydroperoxide and underscore the
concern raised in the introduction that many published substrate
specificity studies of Prxs may be unreliable, especially those that
rely only on single concentrations of both reductant and hy-
droperoxide to assess a catalytic rate across a panel of various
peroxide substrates. In the case of AhpC, even though the
reduction of AhpC by AhpF is rather efficient, with a kcat/Km
value (varying AhpC to obtain the Km for that protein as a
substrate of AhpF) of �1 � 107 M�1�s�1 (33), the typical assay
conditions we used were incapable of discriminating between
good and poor substrates because the reduction of AhpC by
AhpF was still rate limiting. In addition, the early assays used
high concentrations (1 mM) of the peroxide substrates and were
not useful in assessing rates at the extremely low concentrations
that would be needed to measure the very low �M Km values for
the small peroxides (44). Only with the advent of the stopped-
flow assay (10) used here were we able to achieve low enough
concentrations of all of the components and acquire rapid
enough assay data to determine the StAhpC Km of 1.4 �M for
H2O2. This effect can also be seen from the data gathered for our
overoxidation sensitivity studies conducted herein (Fig. 4); the
initial rate data obtained at 100–200 �M hydroperoxide sub-
strate gave turnover rates of �0.25 �M NADH oxidized s�1 (�M
AhpC)�1 for both ethyl hydroperoxide and t-butyl hydroperox-
ide, even though we know those to be very distinctly different
substrates from the specificity studies. It is clear, then, that large
differences in the specificity constant, kcat/Km, for different
substrates (as seen here) are often missed when substrate
specificity is evaluated at a single concentration of substrate
and/or with an assay limited by reduction rates.

It might be thought that the use of high concentrations of a
nonphysiological reductant would be able to overcome this
problem, but this can also give misleading results. For instance,
with 1,4-dithiothreitol (DTT) as reductant, rates of Tpx with �M
concentrations of H2O2 and t-butyl hydroperoxide substrates
were about comparable to one another (and, surprisingly, much
faster than those observed for AhpC in the same assays) (45),
even though earlier studies using 10 �M Trx indicated apparent
Km values of 648 and 66.6 �M for H2O2 and t-butyl hydroper-
oxide, respectively (26). As we have observed that the various

Fig. 5. HPLC profile of the separation of reduced and oxidized forms of
StAhpC and E. coli Grx1. Reduced and oxidized AhpC and Grx1 (each at 50 �M)
were allowed to equilibrate for 6 h at room temperature in 100 mM potassium
phosphate, pH 7.0, with 1 mM EDTA. The protein mixtures were quenched
with phosphoric acid and immediately separated by HPLC as described in
Experimental Procedures. The red trace illustrates the mixture after oxidized
Grx1 was equilibrated with reduced AhpC and is labeled to show where the
redox forms of each of the proteins elute. The blue, dotted trace is displaced
by 5 min and 0.05 absorbance units and shows the mixture after reduced Grx1
was equilibrated with oxidized AhpC.
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substrates tested with AhpC vary in their Km values but not
significantly in their kcat values, it is also clear that a single
concentration of hydroperoxide used in an assay would likely not
be a very good indicator of catalytic efficiency differences
between substrates in such cases.

Surveying the literature, we now find that the large majority
of studies of Prx substrate specificity are subject to one or more
of the above problems and that very few studies have carefully
defined the true substrate specificity in enzymological terms
(28). Although a few studies using single physiological reductant
and/or single hydroperoxide concentrations in the assays have
suggested some degree of specificity toward or against hydrogen
peroxide relative to cumene hydroperoxide or lipid hydroper-
oxides (27, 36, 46–52), most have reasonably fit the theme of
broad specificity for Prxs. One study using detailed bisubstrate
kinetic analyses of the typical 2-Cys Prx proteins from Schisto-
soma mansoni has specifically demonstrated broad specificity of
these enzymes for hydroperoxide substrates; interestingly, these
enzymes also accept both Trx and GSH as reductants (22). In
another case, however, true kcat and Km values obtained for both
the Trx reductant and several hydroperoxides for E. coli Tpx
showed H2O2 to be a much worse substrate than cumene
hydroperoxide for this enzyme, with kcat/Km values of �4 � 104

M�1�s�1 and 7.7 � 106 M�1�s�1, respectively (26). This specificity
is exactly the opposite relative to our findings for AhpC, showing
that specificity can strongly vary among Prxs. We expect that
these differences in specificity are traceable to differences in the
active site shapes of the enzyme, but this hypothesis cannot yet
be confirmed as no crystal structure is available for the peroxide
binding conformation of Tpx (3). With such dramatic differences
in substrate specificity as observed in these two examples of Prxs,
both present in E. coli, this issue of better defining the active site
pocket by solving structures of Prxs with substrates or products
bound in a productive way becomes all the more interesting as
an avenue of investigation for future studies.

We note that a better understanding of true differences in
substrate specificities also provides important information on
which we can base our understanding of the distinct biological
roles that may be played by given Prx enzymes. In the organisms
of relevance to the present findings, E. coli and S. typhimurium,
Tpx would appear to play the major role as the reductant of
organic hydroperoxides, whereas AhpC would be more targeted
toward hydrogen peroxide detoxification. Each may also reduce
peroxynitrite if exposed to this oxidant given the report that
StAhpC can reduce this species (with a second-order rate
constant of �106 M�1�s�1) (53), and a range of other Prxs have
also been noted to possess this activity to similar or greater
degrees (54–57). One might suspect that any of these reactive
oxygen and nitrogen species may be encountered by pathogenic
bacteria during times of stress and/or when encountering a host’s
immune system during infection, and that Tpx and AhpC provide
overlapping and complementary protection against them. In-
deed, results from Seaver and Imlay (12) have emphasized the
importance of E. coli AhpC in maintaining low, endogenous
levels of hydrogen peroxide; the other major player in hydrogen
peroxide scavenging, catalase, provided an important biological
antioxidant activity once levels of hydrogen peroxide reached 10
�M or more caused by saturation of the AhpC activity, consis-
tent with the high reactivity and low Km value observed in vitro
for AhpC in these studies.

Finally, our overoxidation studies, although carried out on a
relatively robust enzyme that requires mM concentrations of
peroxides to observe modest inactivation, provide evidence that
the propensity of a given substrate to cause overoxidation at the
active site is a property that parallels catalytic efficiency, that is,
the higher the Km for a hydroperoxide substrate, the less likely
it is to effect inactivation during turnover. Some evidence that
better substrates are also linked with a tendency to overoxidize

the protein has been presented previously for Prxs (22, 26); to
thoroughly investigate this linkage, we present here a full panel
of four substrates with widely differing specificity constants
compared side by side for both attributes, catalysis and inacti-
vation. Prxs, including StAhpC, are well known to undergo local
unfolding in the vicinity of the active site, e.g., when engaging in
disulfide bond formation after peroxide reduction (3), and one
possibility would be that the overoxidation reaction occurs when
the sulfenic acid is outside of the putative protective environ-
ment of the active site. Our data suggest, however, that binding
interactions within the active site pocket are indeed of impor-
tance in the overoxidation reaction, and that this inactivation
occurs predominantly within the fully folded active site. Given
the limitations of quantitatively studying overoxidation in this
relatively robust enzyme, however, it will be of great interest to
obtain such information, and perhaps even Ki values for over-
oxidation, for more sensitive enzymes that exhibit a range of
specificities for particular peroxide substrates.

In closing, we note that earlier studies of Prx enzymology have
led to the general views that (i) Prxs are relatively poor peroxi-
dases, being 100- to 1,000-fold less efficient than the catalase and
GSH peroxidase enzymes, and (ii) Prxs are relatively broad
spectrum peroxidases for the most part, with activities varying
only up to �10-fold for such different substrates as H2O2,
cumene hydroperoxide, and/or t-butyl hydroperoxides (4, 17, 29,
58). The problem is that these generalizations are based on a
body of literature that we now know is flawed because in most
cases limitations in the assays carried out masked the true kinetic
parameters. The issue of poor catalysis by Prxs is indeed
undergoing revision as evidence accumulates that this miscon-
ception has resulted from limitations of the assays being used
(10, 26, 27, 36, 56, 59). Our data reveal that substrate specificity
issues also need to be revisited. Using AhpC as a case in point,
our earlier work (44) suggested that AhpC had a catalytic
turnover rate of �10 s�1 and had no significant discrimination
between hydrogen peroxide and cumene hydroperoxide. Now,
we know that the true turnover rate is 53 s�1, the efficiency is
near 4 � 107 M�1�s�1, and there is a �100-fold preference for
hydrogen peroxide over cumene hydroperoxide. Given this
dramatic shift for AhpC, it may be that a reassessment of the
kinetic properties of diverse Prxs will similarly shift our under-
standing of Prx activity and specificity in general and will allow
us to better assess the true scope of the physiological roles of
these ubiquitous peroxidases.

Experimental Procedures
Materials. NADH, NADPH, cumene hydroperoxide, and t-butyl hydroperoxide
were purchased from Sigma. Ethyl hydroperoxide (5%) was purchased from
Polysciences. Hydrogen peroxide (30%), DMSO, and most buffer components
were from Fisher. DTT was obtained from Anatrace.

Methods. Expression and purification of enzymes. StAhpC (44), S128W NTD
fragment (10), and E. coli redox proteins Grx1 (60), Trx1 (61, 62), and Trx
reductase (34) were expressed and purified as described. The extinction
coefficients previously reported for each of those proteins at 280 nm were
used for determining protein concentrations.
Enzyme assays. For peroxide-dependent assays, our previously published,
highly sensitive assay was used wherein the loss of fluorescence from the
mutated electron donating domain of AhpF, S128W NTD, was monitored as it
is oxidized in the presence of AhpC and hydroperoxide substrates. Briefly,
S128W NTD was prereduced by DTT for 1 h, excess DTT was removed by gel
filtration chromatography, and the prereduced S128W NTD and wild-type
StAhpC in one syringe were mixed with reaction buffer (50 mM potassium
phosphate at pH 7.0, 0.5 mM EDTA, and 100 mM ammonium sulfate, present
in both syringes) containing the peroxide in the second syringe of an Applied
Photophysics SX.18MV stopped-flow spectrophotometer. Because of solubil-
ity limitations, cumene hydroperoxide was first diluted into DMSO to a
concentration of 121 or 12.1 mM, then into reaction buffer to the final
concentrations. Fluorescence changes were observed, with excitation at 280
nm and emission �320 nm (using an emission filter). Temperature was main-
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tained at 25°C. All of the rates reported here are averages of at least three rate
measurements in at least two independent assays. The fluorescence changes
were calibrated by measuring the total change in fluorescence upon oxidation
of a known concentration of reduced S128W NTD by excess peroxide. The
initial rate of fluorescence decrease was determined by linear regression of
the data from about the first 0.5–2 s of the reaction. True values for kcat and
Km for both peroxide and S128W substrates were calculated directly from
global fits of all of the data for a single peroxide substrate by using the
multiple-function nonlinear regression capability of SigmaPlot (Jandel Scien-
tific), using Eq. 1.

To assess peroxide-dependent inactivation rates of the various AhpC mu-
tants, assays were conducted in the presence of Trx reductase and Trx and mM
concentrations of the hydroperoxides as described (13). The high concentra-
tions of DMSO present while testing overoxidation by cumene hydroperoxide
required a separate control analysis with DMSO alone, which acts as an
inhibitor of turnover by AhpC at amounts in excess of 1.5% in this assay.
Determination of midpoint reduction (redox) potential. The redox potential of
wild-type AhpC was determined by direct protein–protein redox equilibration
(30). Briefly, oxidized and reduced forms of both AhpC and E. coli Grx1 were

separated by RP-HPLC (as established in preliminary experiments) for analysis
of equilibrium mixtures of the two proteins. DTT-reduced AhpC and oxidized
Grx1, or oxidized AhpC and reduced Grx1, were mixed anaerobically and
allowed to equilibrate at room temperature. Both proteins were present at 50
�M in 100 mM potassium phosphate, pH 7.0, with 1 mM EDTA. Fifty-microliter
samples were removed at various times from 4 to 7 h, quenched by adding
50% volume of 1 M phosphoric acid, and loaded immediately onto a Vydac C4
4.6 � 250-mm HPLC column. The protein components were quantified by
running an acetonitrile gradient (31.5–40.6% acetonitrile for 30 min followed
by a gradient to 70% acetonitrile for an additional 50 min, with 0.08–0.1%
trifluoroacetic acid in both solvents, at a flow rate of 0.5 ml/min and room
temperature), which was optimized to resolve reduced and oxidized AhpC
and Grx1 species. Quantitation of the proteins was based on calibration
standards of each of the proteins and peak area from the chromatogram.
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384:619–633.
37. Prinz WA, Aslund F, Holmgren A, Beckwith J (1997) J Biol Chem 272:15661–15667.
38. König J, Baier M, Horling F, Kahmann U, Harris G, Schurmann P, Dietz KJ (2002) Proc

Natl Acad Sci USA 99:5738–5743.
39. Jones DP (2006) Antioxid Redox Signal 8:1865–1879.
40. Åslund F, Zheng M, Beckwith J, Storz G (1999) Proc Natl Acad Sci USA 96:6161–6165.
41. Holmgren A, Fagerstedt M (1982) J Biol Chem 257:6926–6930.
42. Ritz D, Beckwith J (2002) Methods Enzymol 347:360–370.
43. Latimer WM (1938) Oxidation Potentials (Prentice-Hall, New York).
44. Poole LB, Ellis HR (1996) Biochemistry 35:56–64.
45. Cha MK, Kim WC, Lim CJ, Kim K, Kim IH (2004) J Biol Chem 279:8769–8778.
46. Levick MP, Tetaud E, Fairlamb AH, Blackwell JM (1998) Mol Biochem Parasitol 96:125–

137.
47. Jeong JS, Kwon SJ, Kang SW, Rhee SG, Kim K (1999) Biochemistry 38:776–783.
48. Park SG, Cha MK, Jeong W, Kim IH (2000) J Biol Chem 275:5723–5732.
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