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ABSTRACT Mesenchymal cell migration through a three-dimensional (3D) matrix typically involves major matrix remodeling.
The direction of matrix deformation occurs locally in all three dimensions, which cannot be measured by current techniques. To
probe the local, 3D, real-time deformation of a collagen matrix during tumor cell migration, we developed an assay whereby matrix-
embedded beads are tracked simultaneously in all three directions with high resolution. To establish a proof of principle, we
investigated patterns of collagen I matrix deformation near fibrosarcoma cells in the absence and presence of inhibitors of matrix
metalloproteinases and acto-myosin contractility. Our results indicate that migrating cells show patterns of local matrix deformation
toward the cell that are symmetric in magnitude with respect to the axis of cell movement. In contrast, patterns of matrix release from
the cell are asymmetric: the matrix is typically relaxed first at the back of the cell, allowing forward motion, and then at the cell’s
leading edge. Matrix deformation in regions of the matrix near the cell’s leading edge is elastic and mostly reversible, but induces
irreversible matrix rupture events near the trailing edge. Our results also indicate that matrix remodeling spatially correlates with
protrusive activity. This correlation is mediated by myosin II and Rac1, and eliminated after inhibition of pericellular proteolysis or
ROCK. We have developed an assay based on high-resolution 3D multiple-particle tracking that allows us to probe local matrix
remodeling during mesenchymal cell migration through a 3D matrix and simultaneously monitor protrusion dynamics.

INTRODUCTION

Cell migration drives embryonic and tissue development, and

sustains important physiopathological factors, including

cancer metastasis, wound healing, and immunological re-

sponses. In part because of the limitations of current imaging

techniques and biophysical assays, most of what we know

about cell migration stems mostly from studies of cell mo-

tility on planar two-dimensional (2D) substrata. In particular,

the introduction and subsequent refinements of traction mi-

croscopy (1–5) have provided critical insights into the fun-

damental mechanical aspects of cell migration. This method

computationally transforms the movements of beads embed-

ded in a stiff (polyacrylamide) gel placed underneath the cell

into mechanical stresses induced by the cytoskeleton-driven

contractile motion of the cell.

However, the physiological environment of most cells in

vivo is three-dimensional (3D). Cells live and move within,

not on top of, an extracellular matrix. Even endothelial and

single-layered epithelial cells, which form 2D structures in

vivo, move through the 3D extracellular matrix and 3D

connective tissues in the context of disease, such as during

wound healing and cancer metastasis. Although it is more

relevant to cell behavior in vivo, mapping the local matrix

deformation generated by cells moving through a 3D matrix

poses a major challenge because cells that are fully embedded

inside a matrix deform that matrix locally in all three direc-

tions (6–8).

Current methods that probe matrix deformation have led to

important insights into the interplay among matrix remod-

eling, cell adhesion, and cell contractility. These methods can

be categorized as 1), those that use embedded beads tracked

by confocal microscopy (9–11) and 2), those that monitor the

2D projections of local 3D movements of matrix fibers by

phase contrast (12), differential interference contrast (DIC)

microscopy (13,14), or fluorescence microscopy (15). 3D

single-particle tracking schemes have been devised to probe

in real time the 3D displacements of a single bead, typically

for single-molecule applications. These tracking methods

take advantage of out-of-focus images and analyze the size

and/or patterns of diffraction rings around the fluorescence

(16–18) or bright-field images (19) of beads.

In this study we developed, tested, and exploited an ex-

perimental assay to map at the single-cell level the 3D matrix

deformation field generated by individual cells migrating

completely embedded inside a 3D matrix. This assay tracks

simultaneously and in real time the 3D movements of mul-

tiple beads embedded in the 3D matrix. We establish proofs

of principle for the assay by mapping the spatiotemporal

patterns of local matrix deformation during single HT-1080

fibrosarcoma cell migration through a dense collagen I matrix

in the absence and presence of inhibitors of matrix metal-

loproteinase (MMP) and myosin II-driven cytoskeleton con-

tractility. We also take advantage of our assay, which can

simultaneously monitor time-dependent cell-shape changes
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and matrix deformation, to investigate the correlation between

local matrix remodeling and local membrane protrusion dy-

namics. This assay sheds light on the little-understood mech-

anism of cell migration inside 3D matrices, which more

closely mimics the in vivo condition.

MATERIALS AND METHODS

Cell culture

HT-1080 cells (ATCC, Manassas, VA) were cultured in Dulbecco’s modi-

fied Eagle’s medium with 10% (v/v) fetal bovine serum (ATCC), and 100

units of penicillin/100 mg of streptomycin (Sigma, St. Louis, MO). For both

culture and imaging, the cells were maintained at 37�C in a humidified, 5%

CO2 incubator. The cells were passaged every 2–3 days for a maximum of 20

passages.

Collagen matrix

3D collagen matrices were prepared by mixing 3.64 mg/mL chilled acid-

soluble rat tail type I collagen (final concentration 2 mg/mL; BD Biosciences,

San Jose, CA), beads, and cells suspended in cell culture medium and

reconstitution buffer inside a coverslip-bottom multiwell culture plate

(LabTek, Campbell, CA). Reconstitution buffer contained 200 mM sodium

bicarbonate and 200 mM HEPES (Sigma) in deionized water. All ingredients

were mixed thoroughly on ice, with care taken to avoid introducing bubbles

into the collagen solution. The pH of the collagen gel was maintained at 7.0

by 30–60 ml 1 M NaOH. Collagen samples containing the cells were allowed

to solidify overnight in an incubator at 37�C and 5% CO2 before use. The

concentration of the collagen matrix (2 mg/mL) was selected so that the

matrix mesh size (,1 mm) was significantly smaller than the sizes of the cell

and nucleus. Cells were seeded at extremely low density within the matrix to

avoid potential confounding effects of local matrix deformation by neigh-

boring cells.

Young’s modulus of the collagen matrix

To approximately estimate forces from bead displacements in the matrix (see

Discussion section), we measured the Young’s modulus of the collagen gel.

Briefly, gels immersed in medium were subjected to weights of increasing

mass placed on top of the gel (surface area: 2.2 mm2) and the gel deformation

in the z direction was measured. The Young’s modulus was obtained from

the slope of the line of the applied pressure (weight per unit area) as a

function of the gel strain, 1� t/t0, where t is the measured thickness and t0 is

the initial thickness of the specimen. We found that a 2-mg/mL collagen gel

has a Young’s modulus of ;200 Pa.

3D multiple-particle tracking

To capture the local 3D mechanical traction and relaxation of the collagen

matrix induced during the migration of HT-1080 cells inside the matrix,

bright-field images of the beads embedded in the matrix were captured using

a Cascade 1K CCD camera (Roper Scientific, Tucson, AZ) mounted on a

Nikon TE2000E microscope and a 603 Plan Fluor oil-immersion lens (N.A.

1.4; Nikon, Melville, NY). Cells in the matrix were maintained at 37�C in a

humidified, 5% CO2 incubator (Pathology Devices, Westminster, MD)

mounted on the microscope stage. To accurately capture the deformations of

the matrix along the entire height of each cell, five positions of the micro-

scope stage were memorized in parallel planes 8–10 mm apart (depending on

the size of the cell) using a built-in Nikon z-motorized lens with 50 nm ac-

curacy (Fig. 1). The time required for collection of these five images was 5 s.

Using the Metavue software (Universal Imaging, West Chester, PA), a set of

five images of each cell was collected every minute for typically 90 min,

resulting in five separate 90-min videos of each cell in different z planes.

Embedded in the matrix were 3.6-mm-diameter carboxylated polystyrene

beads (Duke Scientific, Palo Alto, CA). These beads were large enough to

negate Brownian displacements and were effectively tethered to the collagen

matrix fibers by the reactive carboxyl group, which acted as faithful fiduciary

markers of the local deformations of the collagen matrix induced by mi-

grating cells.

The beads were tracked using customized software developed in

MATLAB (The MathWorks, Natick, MA). For each bead in the collagen

matrix, the coordinates x and y of the center of the bead were measured using

the average of three intensity profiles in the x and y directions, f(x) and f(y),

respectively. The x coordinate was obtained from the displacement in the x
direction required to match f(x) and f(�x) given that the intensity profile is

symmetric with respect to the center of the bead. The x coordinate is half of

the distance at which the maximum of the correlation function C(Dx) ¼R
f(x)f(�x 1 Dx)dx occurs (19). The same applies for the y coordinate of the

center of the bead. This method allowed us to track the center of the bead with

subpixel resolution (;20 nm). The z coordinates of the beads were measured

using the change in the diffraction rings as a function of the off-focus distance

(19). First, a calibration set of 200 profiles spanning 10 mm was obtained

from an immobile bead embedded in the collagen matrix in planes of focus

50 nm apart, using the z-motorized microscope stage. Then, the relative

z-position of a bead in the collagen matrix containing the cells was obtained

by comparing its intensity profile (e.g., Fig. 1 C) with the calibration set.

Square error minimization followed by interpolation between the closest

profiles in the calibration set allowed us to find the z value with an accuracy of

;120 nm. This accuracy corresponds to the root mean-square (RMS) dif-

ference between measured and imposed displacements of beads in the matrix

in the z direction (Fig. 1 D).

Cell speed

Cell speed within the matrix was measured using image recognition software

(Metamorph/Metavue). The nucleus of each cell was tracked for 90 min, with

cell speed (displacement/time) calculated every minute.

Immunofluorescence microscopy

To visualize actin filament architecture and nuclear DNA, cells were incu-

bated with Alexa Fluor 568 phalloidin (Invitrogen, Carlsbad, CA) and 100

nM 49,6-diamidino-2-phenylindole (DAPI; Invitrogen), respectively, for 1 h.

Images of cells were collected using a Cascade 1K CCD camera (Roper

Scientific) mounted on a Nikon TE2000E epifluorescence microscope

equipped with a 603 oil-immersion objective (Nikon) and controlled by the

Metamorph imaging software (Universal Imaging).

Cell treatments

The protease inhibitor cocktail added to the medium before the HT 1080 cells

were embedded in the collagen matrices consisted of 50 mM GM 6001

(Calbiochem, La Jolla, CA) dissolved in dimethyl sulfoxide (J. T. Baker,

Phillipsburg, NJ), 250 mM E-64 protease inhibitor (Calbiochem) dissolved in

medium, 2 mM leupeptin (Sigma) dissolved in medium, 100 mM pepstatin A

from microbial source (Sigma) dissolved in dimethyl sulfoxide, and 2.2 mM

aprotinin from bovine lung (Sigma) dissolved in medium, as described

previously (20). Nonmuscle myosin II, ROCK, and Rac1 were inhibited

using blebbistatin (Sigma), 50 mM Y27632 (Sigma), and 100 mM NSC23766

(Calbiochem), respectively. These drugs were added to the medium before

cell embedding and matrix gelation, and after gelation by adding these drugs

in medium on top of the solidified matrix, as described previously (20).

Statistics

The mean values, standard error of measurement (SEM), and statistical

analysis of bead displacements were calculated using Graphpad Prism

(Graphpad Software, San Diego, CA). Two-tailed unpaired t-tests were
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conducted to determine significance, which was indicated using the standard

Michelin Guide scale (***p , 0.001, **p , 0.01, and *p , 0.05). Unless

indicated, comparisons are with control conditions. All experiments were

conducted at least in triplicate.

RESULTS

Measurement of local 3D matrix deformation by
3D multiple-particle tracking

A cell migrating through a 3D collagen matrix deforms it

locally in all three directions. To monitor matrix deformation,

3.6-mm-diameter polystyrene beads were incorporated inside

a type-I collagen gel matrix before cells were seeded in the

matrix (Fig. 1 A). The 3D movements of the beads embedded

in the solidified matrix were tracked using a multiple-particle

tracking method based on bright-field microscopy (Fig. 1, B
and C) to monitor local 3D deformations of the matrix around

the cell. We chose large beads so that their spontaneous

Brownian motion would be negligible compared to the move-

ments of the beads induced by cell-mediated deformations of

the matrix. The surface of the beads was carboxylated so that

the beads would adhere firmly to the collagen matrix, and

faithfully report its local deformation by the cell. This was

verified by applying known small and large displacements in

the x, y, and z directions to the matrix using a motorized stage

(see more details in Materials and Methods and Fig. 1 D).

We monitored the time-dependent coordinates x, y, and z
of each bead in the matrix in real time after the initial cali-

bration of the z displacements of the beads (Fig. 1 B; see more

details under Materials and Methods). The displacements of

the beads in the x and y directions were obtained by moni-

toring the intensity-weighted center of mass of each bead

with 20-nm spatial resolution. The displacements of the

beads in the z direction were obtained by analyzing the

rings of diffraction of each bead with 120-nm resolution

(Fig. 1 B).

The local displacements of the beads in the collagen matrix

in the vicinity of single HT-1080 fibrosarcoma cells were

FIGURE 1 Method to probe the local

3D deformation of the 3D matrix in-

duced by a migratory cell. (A) Sche-

matic of the method used to quantify the

local deformation of a 3D collagen ma-

trix (light blue) during cell migration.

4D bright-field microscopy is used to

track in equally spaced planes of focus

the time-dependent 3D movements of

individual 3.6-mm-diameter carboxyl-

ated polystyrene beads dispersed in the

matrix with high x, y, and z resolution.

(B) To calibrate bead movements and

before each experiment, randomly se-

lected beads in the matrix are moved by

the motorized microscope stage in the z

direction to generate a reference image

set. High z-movement resolution is

achieved by analyzing the diffraction

rings of the bead (see text for details).

Scale bar, 3 mm. (C) Typical x, y, and z

movements of a single polystyrene bead a

near a migrating HT-1080 cancer cell

(left panel). The initial coordinates of

bead a were subtracted (right panel).

Bead b is an example of a bead that

becomes out of focus, illustrating the 3D

deformation of the matrix. Scale bar, 20

mm. (D) Typical vertical displacement

of a bead embedded in the matrix (i.e.,

‘‘output’’ displacement) as a function of

the computer-imposed vertical displace-

ment of this bead by the microscope

stage (i.e., ‘‘input’’ displacement). The

root mean-squared difference between

these two displacements is 120 nm, the

spatial resolution of our particle-tracking

method in the z direction.

Mapping 3D Matrix Deformation 4079
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generally on the order of several microns along each coor-

dinate axis for 90-min tracking (Fig. 1 C). By comparison, the

magnitude of the spontaneous displacements of the beads in

the matrix in the absence of cells, presumably caused by the

thermally-excited spontaneous movements of collagen fibers

and (small) microscope stage drift, were ,20 nm (Fig. 3 C).

These large cell-mediated bead displacements and the large

size of the cells prevented us from holding the position of the

plane of focus constant and being able to simultaneously

track all the beads in the vicinity of the cell over long periods

of time. Therefore, we devised a scheme whereby the posi-

tions of the beads in the matrix were recorded in a stack of

five 8–10-mm spaced parallel planes spanning the cell in the

collagen matrix (Fig. 1 A). The collection of such a stack took

,5 s and was typically conducted every minute for 90 min.

This approach, based on high-resolution 3D multiple-particle

tracking, allowed us to detect and quantify local time-

dependent 3D deformations of the matrix in the vicinity of

single motile cells while simultaneously monitoring cell-

shape changes, such as membrane protrusion dynamics.

Patterns of 3D matrix deformation during 3D
cell migration

Using our 3D multiple-particle tracking assay, we analyzed

the location, direction, magnitude, and timing of local 3D

matrix remodeling induced by HT-1080 cells (Fig. 2).

Analysis of the bead trajectories in 3D revealed that the local

deformation of the matrix never occurred in the direction

away from the cell during cancer cell migration. The only

beads that showed movement away from the cell were those

located right next to the cell surface and pushed by the bulk

motion of the cell body, and those that accompanied outward

matrix relaxation after the initial inward movement (see more

below). These local measurements are consistent with pre-

vious observations that showed global contraction of the

collagen matrix impregnated with fibroblasts (21,22).

Multiple-particle tracking revealed patterns of local matrix

deformation toward and away from the cell that were quali-

tatively different in the regions of the matrix near the front

and back of the migrating cells (Fig. 2, B and C). The mag-

nitude of matrix deformation at the back and front of the cell

was (on average) typically symmetric in magnitude and di-

rection (toward the cell). In particular, the averaged maxi-

mum displacements toward the cell, lmax, of the beads located

in regions of the matrix near the leading and trailing edges of

migrating cells were similar (Fig. 2 D). This result indicates

that the magnitude of matrix deformation toward the cell was,

on average, similar in regions of the matrix at the back and the

leading edge of the cell.

For each tracked bead, we observed that after an initial

matrix deformation toward the cell, the matrix then relaxed

away from the cell. This matrix relaxation was asymmetric in

magnitude and timing with respect to the axis of movement

of the cell. Beads in the vicinity of the leading cell edge

moved first toward the cell surface and then relaxed away

from the cell back to their initial positions. Accordingly,

distances between beads and the closest points on the cell

surface (normalized by the initial values of these distances)

first became smaller than one and then returned to a value

close or equal to one (Fig. 2 B). Hence local cell-mediated

matrix deformation was typically ‘‘elastic’’ in regions of the

matrix near the leading edge of the cell (e.g., Fig. 2 B).

In contrast, in regions of the matrix near the rear of the cell,

the beads initially moved toward the cell with a magnitude

similar to or slightly larger than that of the beads at the front

of the cell (Fig. 2, C and D), but then underwent movement

away from the cell that was typically much larger than the

initial distance between the cell and the beads (e.g., Fig. 2 C).

Accordingly bead-cell distances at the rear of the cell became

first smaller than one, and then became larger than one (Fig.

2 C). In classical mechanics, this is the signature of the fracture

of a material subjected to large stresses. Indeed, large global

relaxation of the matrix at the rear of the cell was accompa-

nied by both forward cell motion and the formation of a

rapidly growing hole (or defect) in the collagen matrix in the

wake of the migrating cell (arrows in Fig. 2 A; more easily

seen in the Supplementary Material, Movie S1, Data S1).

Moreover, matrix relaxation at the front of the cell was typ-

ically delayed with matrix relaxation at the back of the cell

(Fig. 2, B and C). We observed that global relaxation of the

matrix from the back of the cell occurred when a sufficient

number of cell protrusions at the rear of the cell had released

their attachments from the matrix fibers (e.g., arrows in

Fig. 2 C).

We observed that some rare beads at the front relaxed away

from the cells before or at the same time as beads near the

back of the cell (e.g., closed arrow in Fig. 2 B), but these did

not lead to global matrix relaxation or release from the cell

(thin semi-open arrows in Fig. 2 B). In some less frequent

instances (,10% cells), we observed that some cells did not

delay matrix relaxation at the front: cells released the matrix

in the back while they simultaneously generated thin pro-

trusions to pull the matrix at its front. Moreover, cells often

contracted the collagen matrix at the back with a large

magnitude as it moved forward, while they simultaneously

contracted the matrix at their front with a smaller magnitude

(e.g., Fig. 2, B and C). This larger contraction at the back

mediated rapid mechanical breakdown of the matrix, which

propelled the cell forward and therefore presumably pre-

cluded the need for the cell to pull the matrix at its leading

edge (Movie S1, Data S1).

To quantify matrix relaxation away from the cell after the

initial deformation of the matrix toward the cell, we intro-

duced the parameter lf/lt, which is the ratio of the distance

between the initial and final positions of each bead, lf, to the

total displacement of the bead, lt. This ratio is close to zero for

an elastic (reversible) recovery after matrix contraction (since

lf¼ 0 mm), akin to a ‘‘perfect’’ elastic recoil after stretching,

and is one if only net bead movement toward the cell occurs
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without matrix relaxation (since, in this case, lf ¼ lt). We

found that the parameter lf/lt was significantly lower in re-

gions of the matrix near the front than in regions of the matrix

near the back of the cell. Therefore, the deformation of the

matrix near the front of the cell is mostly elastic, whereas that

at the back of the cell is more irreversible.

Taken together, these results indicate that HT-1080 cell

migration inside a 3D matrix involves only the deformation of

the matrix toward the cell without large-scale pushing of the

surrounding matrix, the elastic relaxation of the matrix near

the front of the cell, and the irreversible rupture deformation of

the matrix near the back of the cell. In general, for each cycle

of motility, the cell deforms the matrix with equal magnitude

at its front and back, then releases the matrix first at the back,

moves forward, and finally releases the matrix at its front.

Effect of protease inhibitors on local matrix
contraction and relaxation

To functionally validate our assay, we subjected cells to in-

hibitors that are known to reduce or abrogate cell migration

(at least in 2D motility). In the first series of experiments, we

investigated 3D local matrix deformation when the cells had

been treated with multiple MMP inhibitors (denoted PI
cocktail, Fig. 3), which were expected to reduce the magni-

tude of matrix deformation since such treatment blocks peri-

cellular proteolysis (see more in Discussion). We found that

the magnitude of the deformation of the collagen matrix was

greatly reduced in PI-treated cells (Fig. 3, A, B, and D, and

Movie S2, Data S1). Analysis of the bead trajectories showed

that the mean maximum displacements (i.e., maximum ex-

cursions of the beads toward the cell from their initial posi-

tion, lmax) and the mean total (curvilinear) displacements of

the beads (lt) were drastically reduced in cells treated with the

PI cocktail compared to control untreated cells (Fig. 3, E and

F). Accordingly, the averaged speed of migration of PI-

treated cells was drastically reduced compared to control

cells (Fig. 4 E).

PI-cocktail treatment also significantly reduced the mean

ratio lf/lt (Fig. 3 G), which indicates that the deformation of

the matrix became dominantly elastic, presumably because it

did not induce the formation of matrix defects that would

prevent a perfect recovery after cell-induced stretching of the

matrix. Moreover, no significant difference in the magnitude

and type of matrix deformation (elastic versus rupture de-

formation) occurred between the front and back of the PI-

treated cells.

Rac1, ROCK, and myosin II mediate local cell
matrix deformation

In a second series of experiments to functionally validate our

assay, we investigated the effect of RhoGTPase inhibitors

that are known to reduce single-cell migration, at least on

FIGURE 2 Deformation of the matrix

at the leading and trailing edges of a

migrating cell. (A) Initial deformation of

the collagen matrix toward the back of a

migrating HT-1080 cell followed by the

relaxation of the matrix away from the

cell. Arrows indicate the formation of a

growing defect in the collagen matrix in

the wake of the migrating cell. Scale bar,

20 mm. See also Movie S1, Data S1. (B

and C) Changes in the distances be-

tween beads and fixed points in the

image in the matrix regions near the

leading edge (B) and near the back (C)

of a migrating HT-1080 cell (shown in

panel A). Distances were normalized by

their initial value. Beads and curves in

panels B and C are color-coded accord-

ing to their position in panel A. Thick

arrows indicate onsets of relaxation;

narrow arrows in panel B indicate beads

that have not relaxed yet. (D) Averaged

maximum displacements of the beads

toward the cell, lmax, in regions of the

matrix at the back and front of control

HT-1080 cells. (E) Averaged ratios of

the net distance between the initial and

final positions of the beads, lf, and their

total displacements, lt, in regions of the

matrix near the front and back of the

cell. A ratio close to zero indicates an elastic, reversible deformation of the matrix; a ratio close to one indicates an irreversible ‘‘rupture’’ deformation of

the matrix. ***p , 0.001. In panels D and E, at least 10 cells were probed and a total of at least 100 beads were tracked.
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planar substrates. Using our 3D multiple-particle tracking

assay, we mapped the magnitude of matrix remodeling after

inhibition of myosin II-induced cell contractility and F-actin

architecture regulators Rho/ROCK and Rac1 (23). We tar-

geted ROCK and nonmuscle myosin II because they are two

key regulators of membrane ruffling dynamics (24), and

Rac1 because it is the small GTPase that regulates the per-

sistence of migration (25,26).

Control HT-1080 cells in collagen matrix displayed mostly

cortical actin, with few actin filament bundles (Fig. 4 A).

Cells treated with 5 mM of the specific myosin II inhibitor

blebbistatin (27) displayed a morphology similar to that of

control cells (Fig. 4 A). In particular, cells continued to dis-

play ruffling protrusions. At 5 mM, ;50% myosin II activity

is inhibited (28). Actin staining appeared mostly at the cell

periphery (cortex) and the number of F-actin bundles in the

cell body was reduced (Fig. 4 A). Application of the 3D

multiple-particle tacking assay indicated that partial myosin

II inhibition greatly reduced the magnitude of local matrix

contraction (Fig. 4, B–D). Accordingly, the speed of migra-

tion of blebbistatin-treated cells was slightly reduced com-

pared to that of control untreated cells (Fig. 4 E). At 85%

myosin II inhibition using 50 mM blebbistatin (28), mem-

brane ruffling was dramatically reduced, further diminishing

both the magnitude of matrix deformation and cell speed

(data not shown).

Cells treated with Y27632 (29,30), which inactivates

ROCKI and ROCKII, displayed a dendritic morphology with

a thin protruding leading edge that was longer than in control

cells (Fig. 4 A) (31). Inhibition of ROCK, which is upstream

of myosin II and regulates actin filament assembly, signifi-

cantly reduced both the magnitude of matrix contraction (Fig.

4, B and C) and cell speed (Fig. 4 E). Moreover, inhibition of

ROCK rendered the relaxation of matrix deformation much

more elastic-like than in cells treated with 5 mM blebbistatin

(Fig. 4 D). Cells treated with specific inhibition of GTPase

Rac1 by NSC23766 (32) displayed a blebbing morphology,

and membrane ruffling disappeared (Fig. 4 A). The effect of

Rac1 inhibition on the magnitude of matrix contraction was

intermediate between those of ROCK and myosin II inhibi-

tions (Fig. 4, B–D). Combining MMP inhibition with inhi-

bition of either ROCK, Rac1, or myosin II synergistically

reduced the magnitude of matrix contraction, lmax, more than

in cells treated with any one of these inhibitors (Fig. 4 C) and

drastically reduced cell migration (Fig. 4 E) (26).

Taken together, these results suggest that our assay can

quantify matrix remodeling when cells inside a matrix are

subjected to cytoskeleton inhibitors. We find that the inhibi-

tion of either ROCK, Rac1, or myosin II greatly reduces the

magnitude of matrix deformation and cell speed, and that

combining PI treatment with the inhibition of either ROCK or

myosin II or Rac1 synergistically inhibits matrix deformation.

FIGURE 3 Local 3D deformation of the collagen matrix during tumor cell migration in the presence and absence of protease inhibitors. (A–C) 3D

trajectories (reported to an arbitrary origin) of randomly selected beads embedded in a collagen matrix for control HT-1080 fibrosarcoma cells (A), PI cocktail-

treated HT-1080 cells (B), and far away from any cell (C). Beads were tracked in 3D for 90 min and their initial positions in the matrix were subtracted. (D)

Changes in the distances between beads and points on a migrating HT-1080 cell treated with PI cocktail (see details in Fig. 2). (E–G) Analysis of the bead

trajectories for 90-min 3D tracking in terms of their averaged total movement, lt (E); averaged maximum displacement (maximum excursion from their initial

position), lmax (F); and averaged ratio of the net distance between initial and final positions of the bead, lf, and the total movement (G). ***p , 0.001. For

panels D–G, at least five individual PI-treated cells were probed and a total of at least 50 beads were tracked in 3D per condition.
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Spatial correlation between localized protrusive
activity and matrix contraction

Exploiting the fact that our assay can visualize simulta-

neously both the surface morphology of the cell and the de-

formation of the matrix, we tested the hypothesis that local

membrane ruffling would induce local matrix deformation.

The surface of control cells displayed rapidly growing and

retracting protrusions terminated by long finger-like protru-

sions, which dynamically shifted their position along the cell

surface. The position of the main growing protrusion corre-

FIGURE 4 ROCK, Rac1, and myosin II mediate local cell matrix deformation. (A) Morphology (through phase-contrast microscopy, insets) and actin

filament architecture (through fluorescence microscopy) of control cells and cells treated with specific ROCK inhibitor Y27632, 5 mM myosin II inhibitor

blebbistatin, and specific Rac1 inhibitor NSC23766 in the presence/absence of the PI cocktail. Cells were fixed and stained for actin using Alexa-488 phalloidin

and nuclear DNA using DAPI. Scale bar, 20 mm; scale bar in insets, 40 mm. (B–D) Analysis of bead trajectories in terms of the mean total displacement of each

bead (C), the mean maximum displacement of each bead (D), and the mean ratio of the net distance traveled by each bead to its total movement (E) for control

cells and cells treated with either Y27632, NSC23766, or blebbistatin in the presence and absence of the PI cocktail. Beads were tracked for 90 min. (E)

Averaged cell speed for conditions shown in panel A. For each condition in panels B–D, at least five individual cells were probed and a total of at least 50 beads

were tracked in 3D per condition. ***p , 0.001, **p , 0.01, and *p , 0.05.
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lated with the direction of cell movement (e.g., Fig. 5 A). We

detected each actively growing ruffling membrane protrusion

and scored whether local matrix deformation occurred, and if

it did, we assessed its magnitude. We found a near-perfect

correlation between the position of the growing ruffling

protrusions from the cell surface and the position of con-

traction in the matrix (first set of bars in Fig. 5 D). Moreover,

regions along the cell surface where protruding ruffling was

absent, such as along the relatively smooth sides of a moving

cell, correlated with regions of the matrix that showed no

significant deformation.

Both the occurrence of membrane protrusions and the

spatial correlation between the location of a membrane pro-

trusion and local matrix deformation diminished significantly

when myosin II was inhibited, and diminished further when

ROCK was inhibited (second and third sets of bars in Fig.

5 D, respectively; see also Fig. 5, B and C). Rac1 inhibition and

PI treatment separately eliminated membrane ruffling com-

pletely and induced cell blebbing (Fig. 4 A). For blebbing

cells (i.e., for PI-treated cells and NSC26633-treated cells),

matrix contraction was drastically reduced (Figs. 3 and 4).

Therefore, we could not reliably test for a possible correlation

between local membrane blebbing and local matrix con-

traction. Together, these results show that our assay can

probe simultaneously membrane protrusion dynamics and

local matrix remodeling. The results suggest that localized

plasma membrane protrusion dynamics correlates with local

matrix remodeling, and that this correlation is mediated by

ROCK and myosin II activity.

DISCUSSION

Cells induce and exploit symmetric matrix
tension and asymmetric release to move forward

Our 3D multiple-particle tracking results reveal that migrat-

ing cells deform the matrix in regions of the matrix behind the

cell in a fundamentally different manner from that in regions

in front of the cell. In general, the matrix in the space ahead of

cell movement is deformed elastically, i.e., initial matrix

deformations toward the cell induced by actively growing

thin protrusions are almost completely recovered after the

matrix fibers are detached from the protrusions. In contrast,

the matrix behind the cell undergoes ‘‘fracture deformation’’,

i.e., the initial pulling deformation toward the cell by growing

cell protrusions breaks down the matrix irreversibly. Indeed,

migrating cells often leave in their wake large and rapidly

growing matrix defects that correlate with large and rapid

matrix relaxation as measured by our assay. We speculate

that the large tension induced by the cells in their wake,

combined with local MMP-mediated local pericellular pro-

teolysis, renders the matrix highly susceptible to mechanical

breakdown. Biochemical breakdown of the matrix is initiated

by MMPs, followed by a large-scale mechanical breakdown

induced by the large tension in the matrix itself, mediated by

ROCK/myosin II. This matrix defect quickly releases the

tension in the back of the cell and, in turn, allows the front of

the cell to move forward.

This asymmetric deformation of the matrix is likely to

cause a corresponding asymmetry in the mechanical prop-

erties of the matrix since the stiffness of a gel depends di-

rectly on its local microstructure (33,34). The elastic

deformation of the matrix in front of the cell suggests that the

mechanical properties of the matrix in the space near the

cell’s leading edge remain mostly unchanged during cell

movements. In contrast, the matrix pore size is greatly in-

creased in the wake of the cell, which may render the matrix

softer and more fragile. Such induced spatial asymmetry in

the mechanical properties of the matrix does not occur during

cell migration on planar stiff substrata such as extracellular

matrix-coated glass. The induced asymmetry in the matrix

microstructure may contribute to the observed higher per-

sistence of migration of cells embedded in a 3D matrix

FIGURE 5 Correlation between protrusive activity and

matrix deformation during 3D cell migration. (A–C) Ex-

amples of actively growing membrane protrusions (black

arrow) and associated local matrix deformations (white

arrows) for a control HT-1080 cell (A), a 5 mM blebbistatin-

treated cell (B), and a Y27632-treated cell (C). Scale bar, 20

mm. (D) Occurrence and magnitude of local collagen

matrix deformations in the vicinity of actively growing

cell membrane protrusions (see text for details). This shows

that matrix deformations toward a control occurred only in

the presence of growing cell protrusions. This correlation

largely disappeared after inhibition of ROCK or partial

inhibition of myosin II. Ten individual cells were probed

and a total of at least 100 beads were tracked in three

dimensions per condition.
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compared to migration on 2D substrata (25). Once the cell

has spontaneously created a locally asymmetric matrix mi-

crostructure, the cell can only continue to move in the same

direction, and mechanical breakdown at the rear of the cell

prevents it from moving back. We are currently using parti-

cle-tracking microrheology (35) to probe directly the me-

chanical properties of the matrix near a migrating tumor cell.

Results will be presented in a future publication.

Our 3D multiple-particle tracking assay reveals that, upon

MMP inhibition, the magnitude of matrix contraction is

drastically reduced and patterns of matrix remodeling be-

come uniformly distributed around the cell. Moreover, the

matrix responds purely elastically to local mechanical trac-

tion by the cell. These results suggest that when a cell adopts

a rounded or blebbing morphology induced by PI treatment,

asymmetric release of the matrix after its contraction does not

occur. Moreover, PI treatment greatly reduces the motility of

HT-1080 cells.

Although this result is inconsistent with early observations

of tumor cell migration (20,26), it is consistent with obser-

vations in more recent studies (36,37) that used native col-

lagen similar to the one used in this work. Friedl and

co-workers originally observed that PI-treated HT-1080 cells

could still invade a collagen matrix thanks to a mesenchymal-

to-amoeboid switch in morphology and switch in mode of

migration (20). PI-induced amoeboid migration requires

active Rho/ROCK, as Y27632 or C3 treatment (which in-

activates RhoA, RhoB, and RhoC) blocks motility (26).

Moreover, these early studies suggested that to migrate

through a collagen matrix (20) or Matrigel (which contains

collagen IV, laminin, and growth factors) (26), colon carci-

noma cells LS174T undergo amoeboid migration and do not

require pericellular proteolysis to migrate, but require Rho/

ROCK, as Y27632 treatment blocks LS174T cell motility.

However, Wolf et al. (20), Sahai and Marshall (26), and

Zaman et al. (38) suggested that this amoeboid migration in

certain tumor cells treated with the PI cocktail can only be

observed in cells embedded in a matrix composed of pepsin-

extracted collagen and in Matrigel, not in native collagen.

Pepsin extraction produces collagen telopeptides that miss

Schiff base crosslinks (39–41). Our results suggest that Rho/

ROCK/myosin, Rac1, and pericellular proteolysis are all

required for the net migration of HT-1080 cells through na-

tive collagen I. Our results also suggest that both the mag-

nitude of matrix deformation and the speed of migration are

synergistically reduced by simultaneous blockade of peri-

cellular proteolysis and Rac1 or the Rho/ROCK/myosin

pathway. Clearly, more studies are needed to understand

these differences; in particular, a more thorough characteri-

zation of the microstructure and microrheology of the col-

lagen matrix during cell migration is required.

Traction force microscopy indicates that cells on a planar

substrate use mainly traction from the lamellipodium at the

leading edge for forward locomotion (1). During the 2D mi-

gratory process, the mid-body and trailing edge of the cell are

mostly passive elements and are towed by the lamellipodium.

In contrast, our quantitative measurements using 3D multiple-

particle tracking show that ruffling protrusions at the front and

back edge of the cell pull the matrix toward the cell surface

with equal magnitude. Therefore, these results suggest that

asymmetry during locomotion in a 3D matrix does not nec-

essarily stem from an imbalance of traction forces between

front and back, but rather from an imbalance in the magnitude

and timing of matrix relaxation after initial contraction.

Moreover, there seems to be little correlation between the

protrusive activity of the plasma membrane of cells migrating

on planar substrates and the local traction of the underlying

substratum (42). In contrast, our results reveal a near-perfect

spatiotemporal correlation between matrix contraction and

active filopodial protrusions. These fundamental differences

underlie the importance of matrix dimensionality (2D versus

3D) not only in guiding cell morphology and function (37,43–

46), but also in regulating the patterns of matrix traction and

release that drive cell migration.

Elastic deformation ahead of mesenchymal cell
migration, and rupture deformation in the wake
of cell migration

Recent measurements indicate that the forces induced by a

keratocyte crawling on a planar substrate and pushing against

an AFM cantilever are on the order of 1–5 nN (47). An ex-

trapolation of these results obtained with a 2D model of cell

motility to the current 3D case would predict that the matrix in

the vicinity of the leading edge of a migrating cell should

display outward deformation, away from the cell surface, due

to growing membrane protrusions. Indeed, actin assembly-

mediated forces against cell membrane would be transmitted

to the contiguous collagen matrix. Even when the fact that

matrix digestion occurs is taken into account, the growing

protrusions of the plasma membrane should be accompanied

by bead movements away from the cell. Instead, beads in the

vicinity of migrating cells always move first toward the cell

and then away from the cell after matrix relaxation from the

cell—never the other way around. If pushing forces of mag-

nitude similar to those produced during 2D cell migration

(;nN) existed during 3D cell migration, they would be readily

detected with our assay. Our observations are consistent with

previous results obtained using global matrix contraction as-

says (9–11,13,48) or by monitoring the apparent movements

of collagen fibers in the vicinity of migrating cells (49)

The absence of significant pushing forces during 3D mi-

gration can partly be explained thanks to close observations

by DIC or phase-contrast microscopy of how a single cell

moves in a 3D collagen fiber matrix. Thin filopodial protru-

sions at the leading edge do not push against a continuum of

collagen, but proceed along individual fibers, often until they

encounter a denser, more disorganized region of the collagen

fiber matrix. During their progression along the collagen fi-

bers, these actively protruding structures at the back and front
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of the cell pull on their supporting fibers, which, due to the

high connectivity among collagen fibers, cause large-scale

movement of the matrix toward the cell body. At the front of

the cell, the protrusions ultimately detach from the collagen

fibers, generating a rapid large-scale elastic relaxation of the

surrounding matrix fibers. At the back of the cell, the pro-

truding filopodia, which are pulling on the fibers, often create

a hole in the matrix during the initial traction of the collagen

fibers toward the cell body. This hole becomes larger as the

cell moves forward. Of importance, the magnitudes with

which thin cell protrusions pull on the collagen fibers at the

front and the back of the cell are similar (Fig. 2 D). In con-

trast, the fracture of the matrix at the back of the cell renders

matrix relaxation asymmetric: it is reversible or elastic at the

front of the cell and irreversible at the back of the cell (Fig.

2 E). This asymmetric relaxation between the front and back

of the cell is mediated by acto-myosin contractility and Rac1,

and is completely eliminated after the inhibition of MMPs.

In contrast to the present 3D cell migration case, the stresses

generated during 2D cell migration can be measured quanti-

tatively using traction force microscopy because the measur-

ing substratum embedded with probing beads and top-coated

with extracellular matrix molecules is not in direct contact with

the cell. Here the matrix inside which the cells move is also

used to probe local matrix deformation. These displacements

cannot readily be transformed into stresses because the matrix

undergoes local degradation. Nevertheless, one can use the

displacements of the beads to obtain an approximate estima-

tion of the order of magnitude of the contractile forces exerted

by migrating HT-1080 cells. The local force f generated by the

cell is approximately given by f � 2plmaxEz=ð11nÞ (see the

Supplementary Material, Data S1, for the derivation), where E
is the Young’s modulus of the collagen gel, n is its Poisson

ratio, lmax is the magnitude of bead movement during matrix

contraction, and z is the distance between the bead and the cell.

For instance, for beads z¼ 5 mm away from the location of the

contractile force on the cell and moving lmax ¼ 5 mm during

matrix contraction (Fig. 2 D), using the above estimate, the

maximum force exercised by the cell is 4200 pN ¼ 4.2 nN,

assuming that the Poisson ratio of the collagen gel is 0.2

(50,51). This is an underestimate because during matrix

contraction the cell partially digests the matrix; moreover, the

direction of the contractile force is unknown. The cell also

exerts forces over a region, not just at a point along its pe-

riphery. To obtain a more detailed estimate of the forces ex-

erted by a cell within a 3D matrix, a quantitative estimate of

the digestion rate of the matrix and a mathematical formalism

for describing a shrinking elastic body under tension are

needed, which are beyond the scope of this article.

Advantages and limitations of 3D multiple-
particle tracking mapping of matrix deformation

One of the salient advantages of our assay over current

techniques is that it monitors with high resolution the spa-

tiotemporal, 3D deformations of a matrix near a live cell fully

embedded in the matrix. Although our use of bright-field

microscopy instead of fluorescence microscopy somewhat

reduces the spatial resolution of bead displacements in the z
direction due to the diffraction from the matrix fibers and the

cell, it allows us to monitor simultaneously local shape

changes of the cell and local matrix remodeling. Neverthe-

less, our preliminary experiments suggest that extending our

assay to take advantage of fluorescence microscopy would be

straightforward, and it could be used to map both cytoplasmic

and extracellular matrix microrheology simultaneously using

fluorescent nanoparticles of different colors (46,52).

Our current assay could be used in other biological ap-

plications where the displacement of nanoparticles in real

time and in all three directions is central to the cell function

being tested, including monitoring endocytic and phagocytic

events in real time (18), mapping the microrheological prop-

erties of the cytoplasm (53) or the nucleus (54) in real time and

in 3D, and tracking viral particles (21,55) or gene/protein de-

livery vehicles (56) from their initial binding interactions with

host cell receptors on the apical surface to their translocation

toward the nucleus.

Our current approach presents limitations. Unlike the

conventional 2D case, subtraction of bead movements after

cell removal cannot be done here because of the irreversible

cell matrix digestion that occurs during cell migration.

Moreover, our assay does not transform the measured maps

of local matrix deformations into maps of local stresses. This

is because cells crawling through a matrix partially degrade it

to overcome the steric hindrance caused by the dense mesh of

matrix fibers, inducing time-dependent changes in the me-

chanical properties of the matrix. Unlike traction microscopy,

where the underlying matrix serves as a measuring device

that is not in direct contact with the cell, here the matrix is

both deformed and locally degraded, which precludes the

computation of the stress tensor from the measured strain

tensor. Transformation of our measured 3D maps of matrix

deformations into local 3D maps of mechanical stresses is left

to future studies.
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