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The obesity epidemic has generated interest in determining
the contribution of various pathways to triglyceride synthesis,
including an elucidation of the origin of triglyceride fatty acids
and triglyceride glycerol. We hypothesized that a dietary inter-
ventionwoulddemonstrate the importance of using glucose ver-
sus non-glucose carbon sources to synthesize triglycerides in
white adipose tissue. C57BL/6J mice were fed either a low fat,
high carbohydrate (HC) diet or a high fat, carbohydrate-free
(CF) diet andmaintained on 2H2O (to determine total triglycer-
ide dynamics) or infused with [6,6-2H]glucose (to quantify the
contribution of glucose to triglyceride glycerol). The 2H2O
labeling data demonstrate that although de novo lipogenesis
contributed �80% versus �5% to the pool of triglyceride palmi-
tate in HC- versus CF-fed mice, the epididymal adipose tissue
synthesized �1.5-fold more triglyceride in CF- versus HC-fed
mice, i.e. 37 � 5 versus 25 � 3 �mol � day�1. The [6,6-2H]glu-
cose labeling data demonstrate that�69 and�28% of triglycer-
ide glycerol is synthesized from glucose in HC- versus CF-fed
mice, respectively. Although these data are consistent with the
notion that non-glucose carbon sources (e.g. glyceroneogenesis)
canmake substantial contributions to the synthesis of triglycer-
ide glycerol (i.e. the absolute synthesis of triglyceride glycerol
from non-glucose substrates increased from�8 to�26 �mol �

day�1 in HC- versusCF-fedmice), these observations suggest (i)
the importance of nutritional status in affecting flux rates and
(ii) the operation of a glycerol-glucose cycle.

Epidemiological trends in the development of obesity (1–4)
and its associationwith various diseases have generated interest
in the study of lipid synthesis and mobilization. In particular,
newmethods have been developed for quantifying rates of trig-
lyceride turnover in vivo (5–8). For example, using 2H2O, we
have demonstrated substantial rates of triglyceride degradation

in white adipose tissue during periods of rapid lipid accretion
(i.e. growth) and that de novo lipogenesis can make a major
contribution to the pool of fatty acids used in the generation of
new triglycerides (e.g. �90% of the newly deposited palmitate
can be derived from de novo lipogenesis) (6). In addition, we
observed a vigorous remodeling of the fatty acid distribution
profile (6). Using 2H2O, Hellerstein and colleagues (7, 8) have
demonstrated that rates of triglyceride turnover in adipose
tissue are depot-specific and sensitive to pharmacological
therapy.
Recent investigations have tested hypotheses regarding the

contribution of different pathways to the production of �-glyc-
erol-3-phosphate that is used to synthesize triglycerides (7,
9–11). For example, �-glycerol-3-phosphate can be derived
from glucose, glycerol, and pyruvate. Although it is clear that
the liver can utilize all of these pathways depending on the
nutritional/hormonal status, there is an uncertainty regarding
the contribution of the various pathways to the formation of
�-glycerol-3-phosphate in white adipose tissue in vivo.
Althoughmany investigators agree that glucose plays an impor-
tant role in triglyceride synthesis in adipose tissue and that glyc-
erol makes a minor (if any) contribution to �-glycerol-3-phos-
phate (because there is low glycerol kinase activity), the
potential for converting pyruvate to �-glycerol-3-phosphate
(referred to as glyceroneogenesis) is intriguing (7, 9, 12). For
example, investigators have suggested that there should be a
glyceroneogenic flux to facilitate fatty acid (re)esterification
(13), and that hypothesis is supported by experiments in which
�90%of triglyceride glycerol was apparently derived fromglyc-
eroneogenesis (14).
Studies have used various designs to demonstrate the impor-

tance of glucose versus glyceroneogenesis to the formation of
�-glycerol-3-phosphate (7, 9, 12). For example, Chen et al. (7)
have suggested that following the administration of 2H2O, it is
possible to quantify the contribution of glucose versus glycero-
neogenesis to triglyceride glycerol in vivo; this requires that one
measures the proportion of triglyceride glycerol containing one
and two 2H and then applies a combinatorial method to deter-
mine the number of exchangeable hydrogens (i.e. the “n”). This
logic assumes that theproductionof�-glycerol-3-phosphate from
glucose results inannof3.5,whereas theproductionof�-glycerol-
3-phosphate from lactate, pyruvate, etc. results in an n of 5 (7).
Investigatorshave alsousedadouble-labeling approach to sort out
the contribution of specific pathways, i.e.measuring total triglyc-
eride synthesis via labeledwater anddissecting the contributionof
specific pathways via [14C]glucose (14, 15).
We have examined the contribution of different pathways to

the synthesis of triglyceride fatty acids and triglyceride glycerol.
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Mice were fed a high carbohydrate or a carbohydrate-free diet
to determine the maximum/minimum potentials of glucose
versus non-glucose-derived sources to triglyceride dynamics,
2H2O was used to quantify the rates of de novo lipogenesis and
the total rates of triglyceride synthesis and degradation, and
[6,6-2H]glucose was used to measure the contribution of glu-
cose to triglyceride glycerol.

EXPERIMENTAL PROCEDURES

Chemicals and Supplies

Unless specified, all chemicals and reagents were purchased
from Sigma-Aldrich. 2H2O (99.9 atom % excess) and [6,6-
2H]glucose (98 atom % excess) were purchased from Isotec
(Miamisburg, OH). Ion exchange resins were purchased from
Bio-Rad. Gas chromatography-mass spectrometry (GC-MS)4
supplies were purchased fromAgilent Technologies (Wilming-
ton, DE) and Alltech (Deerfield, IL). Enzymes were purchased
from Roche Applied Science. Diets were purchased from
Research Diets (New Brunswick, NJ). Mice were purchased
from The Jackson Laboratory (Bar Harbor, ME). Osmotic
pumps (Alzet 2001D) were purchased from Durect Corp.
(Cupertino, CA).

Biological Experiments

Chronic Labeling Study—On arrival, male C57BL/6J mice (5
weeks old, n � 32) were fed a high carbohydrate (HC), low fat
diet (D12450B, kcal distribution equal to 10% fat, 70% carbohy-
drate, and 20% protein). After 5 days, mice were randomized
into two groups and either maintained on the HC diet or fed a
high fat, carbohydrate-free (CF) diet (D12369B, 90% fat, 0%
carbohydrate, and 10% protein). The diet intervention pro-
ceeded for 10 days; all mice were then given an intraperitoneal
injection of labeled water (20 �l/g of body weight of 9 g of NaCl
in 1,000 ml 99% 2H2O). In all cases, to ensure the precision of
the injection, mice were sedated by a brief exposure (�15 s) to
isoflurane (Baxter Pharmaceuticals, Deerfield, IL); mice
regained consciousness within a minute with no apparent
adverse side effects. After injection,mice were returned to their
cages (n � four mice per cage) and maintained on 5% 2H-la-
beled drinking water for the remainder of the study; this
designmaintained a steady-state 2H labeling of body water at
�2.75% (6). Mice in each group were fed the respective diets
ad libitum, and daily food consumption was measured. Mice
were sedated on various days after injection (n � 4 per day
per group), and blood and tissue samples were then collected
and quick-frozen in liquid nitrogen. Samples were stored at
�80 °C until analyses.
Acute Labeling Study—On arrival, male C57BL/6J mice (5

weeks old, n � 30) were fed an HC, low fat diet (D12450B, kcal
distribution equal to 10% fat, 70% carbohydrate and 20% pro-
tein). After 5 days, mice were randomized into two groups and
either maintained on the HC diet or fed a high fat, CF diet
(D12369B, 90% fat, 0% carbohydrate, and 10% protein). The
diet intervention proceeded for 14 days, and sevenmice in each
diet group were then randomized to receive an intraperitoneal

injection of labeled water (20 �l/g of body weight of 9 g of NaCl
in 1,000 ml of 99% 2H2O) under isoflurane anesthesia during
which a sham incision was made to the skin. Mice were
returned to their cages (n� 4mice per cage) andmaintained on
unlabeled drinking water for 24 h, and blood was sampled 2 h
after 2H2O injection and at the time of tissue collection. The
remaining eight mice in each diet were anesthetized under
isoflurane and implanted with Alzet 2001D osmotic pumps
loaded with 200 �l of [6,6-2H]glucose (500 mg/ml), which had
been primed for 4 h at 37 °C in saline (16). After 24 h, blood and
epididymal fat samples were collected from all mice.

Analytical Procedures
2H Labeling of Body Water—The 2H labeling of body water

was determined by exchangewith acetone (17). Briefly, samples
were centrifuged for 1min at�12,000� g in amicrocentrifuge,
and 20 �l of sample (or standard) was reacted with 2 �l of 10
N NaOH and 4 �l of a 5% (v/v) solution of acetone in aceto-
nitrile for 24 h at room temperature. Acetone was then
extracted by the addition of 600 �l of chloroform followed by
the addition of �0.5 g of Na2SO4. Samples were vigorously
mixed, and a small aliquot of the chloroform was transferred
to a GC-MS vial. Acetone was analyzed using an Agilent
5973N-MSD equipped with an Agilent 6890 GC system, and
a DB-17MS capillary column (30 m � 0.25 mm � 0.25 �m)
was used in all analyses. The temperature program was as
follows: 60 °C initial, increase by 20 °C per min to 100 °C,
increase by 50 °C per min to 220 °C, and hold for 1 min. The
sample was injected at a split ratio of 40:1 with a helium flow
of 1 ml/min. Acetone eluted at �1.5 min. The mass spec-
trometer was operated in the electron impact mode (70 eV).
Selective ion monitoring of m/z 58 and 59 was performed
using a dwell time of 10 ms/ion.

2H Labeling of Triglyceride-boundGlycerol—Total glycerides
were extracted from frozen epididymal fat pads by first hydro-
lyzing both fat pads in 1 N KOH ethanol at 70 °C (6). After 3 h,
the hydrolysate was evaporated to dryness, and the dry residue
was redissolved in 3 ml of H2O and acidified to �pH 1.0 by
adding 6 N HCl. Free fatty acids were extracted using diethyl
ether (three times with 4 ml). The pH of the aqueous solution
was then adjusted to�7.0 (using 10 NNaOH). Free glycerol was
isolated by passing the sample over a layered ion-exchange bed
(AG 50W-X8, hydrogen form and AG 1-X8, formate form) and
washing with 20ml of water, and the eluent containing glycerol
was evaporated to dryness. The glycerol labeling was deter-
mined following conversion to its triacetate derivative by react-
ing the dry residuewith 100�l of pyridine:acetic anhydride (1:1,
v/v) at 75 °C for 30min. The 2H labeling of triacetyl glycerol was
determined using an Agilent 5973N-MSD equipped with an
Agilent 6890GC system.ADB-17MS capillary column (30m�
0.25 mm � 0.25 �m) was used in all analyses. The temperature
program was 120 °C initial, increased by 10 °C per min to
200 °C, and increased by 50 °C per min to 240 °C, with a 2-min
hold time. The split ratiowas 40:1with helium flowof 1ml/min,
and triacetyl glycerol eluted at �8.0 min. Ammonia chemical
ionization was used, and selective ion monitoring of NH4

�

adductswas performed,m/z 236, 237, and 238 (M�0,M�1 and
M�2), with a 10-ms dwell time per ion.

4 The abbreviations used are: GC-MS, gas chromatography-mass spectrome-
try; HC, high carbohydrate; CF, carbohydrate-free.
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Concentration of Triglyceride-bound Glycerol—The concen-
tration of triglyceride-bound glycerol was determined by enzy-
matic spectrophotometric assay. Briefly, epididymal fat pads
were hydrolyzed, and free glycerol was obtained as described
above. Glycerol was then redissolved in a known amount of
Tris-EDTA buffer (pH 7.4), and its concentration was deter-
mined using an enzymatic assay (free glycerol reagent, Sigma).

2H Labeling and Concentration Profile(s) of Triglyceride-
bound Fatty Acids—Aknown quantity of tissue was hydrolyzed
and extracted after adding a known amount of heptadecanoic
acid. Fatty acidswere analyzed as their trimethylsilyl derivatives
using gas chromatography-electron impact ionization mass
spectrometry. The 2H enrichment of palmitate was determined
by using selective ion monitoring of m/z 313–317 (M�0 to
M�4), with a 10-ms dwell time per ion (6). The concentration
of palmitate (16:0), stearate (18:0), oleate (18:1), and linoleate
(18:2) was determined by comparing the corrected abundance
ofm/z 313–317, 341–345, 339, and 337, respectively, with that
of heptadecanoate (17:0,m/z 327). To account for possible dif-
ferences in the ionization efficiency of each fatty acid, the pro-
file was compared against standards prepared bymixing known
quantities of each fatty acid (6).

2H Labeling and Concentration of Blood Glucose—A known
amount of [U-13C6]glucose (internal standard) was added to a
known amount of blood and then deproteinized by the addition
of methanol (10 �l internal standard � 10 �l blood � 200 �l of
methanol). The supernatant was evaporated to dryness and
reacted with 100 �l of pyridine:acetic anhydride (1:1) at 70 °C
for 30 min. The 2H labeling of glucose pentaacetate was deter-
mined using an Agilent 5973N-MSD equipped with an Agilent
6890 GC system. A DB-17MS capillary column (30 m � 0.25
mm � 0.25 �m) was used in all analyses. The temperature pro-
gram was 150 °C initial, increased by 10 °C per min to 250 °C,
increased by 50 °C per min to 300 °C, with a 2-min hold time.
The split ratio was 40:1 with helium flow of 1 ml/min with
glucose pentaacetate eluted at �7.5 min. Ammonia chemical
ionization was used, and selective ion monitoring of NH4

�

adducts was performed, m/z 408–414 (M�0 to M�6), with a
10-ms dwell time per ion.

Calculations

We determined the rates of triglyceride synthesis (�mol �
day�1) as described previously (accounting for changes in both
the 2H labeling and pool size) (6). In this study, we have
accounted for the fact that mice were continuously maintained
on 2H2O as compared with previous studies where non-steady-
state 2H labeling was used. Triglyceride dynamics were deter-
mined using the equation

a�1 � � B

At � B
�

c

A� (Eq. 1)

where a is the asymptotic value of the 2H labeling of triglyceride
glycerol, B is the pool size of triglyceride on day 0 (�mol), At �
B is the rate of increase of adipose tissue triglyceride (assumed
to be linear), and c is the rate of triglyceride synthesis (�mol �
day�1). Once the rate of synthesis was determined, the rate of

degradation was calculated from the net change in triglyceride
pool size (which equals synthesisminus degradation).Note that
our approach to modeling the reaction rates is conceptually
similar to the approach used by Hellerstein and colleagues (8),
although the actual flux rates are numerically different (�10%
lower using our approach) due to the manner in which the
problemhas been defined, i.e.we account for the change in pool
size over time (assumed to be linear).
In mice given 2H2O for 3–28 days (chronic labeling study),

the percentage of contribution of de novo lipogenesis to the
pool of triglyceride palmitate was calculated using the equation

% newly made palmitate

� �total % 2H labeling palmitate/�2H labeling body water

� n	
 � 100 (Eq. 2)

where n is the number of exchangeable hydrogens, assumed to
equal 22 (18–20). The percentage of contribution of glycero-
neogenesis to triglyceride glycerol was calculated as described
by Chen et al. (7) using the equation

% glyceroneogenesis � ��n � 3.5	/1.5
 � 100 (Eq. 3)

where n is the number of exchangeable carbon-bound hydro-
gens, determined using the equation

n � �2 � �R/2H-labeling water	
 � 1 (Eq. 4)

where R is the ratio of excess M2/M1 labeling of triglyceride
glycerol (18).
In mice given 2H2O for 24 h (acute labeling study), the “%

total newlymade triglyceride glycerol” was calculated using the
equation

% total newly made triglyceride-glycerol

�[2H-labeling of triglyceride-glycerol/�2H-labeling of water

� n	] � 100 (Eq. 5)

where 2H labeling of triglyceride glycerol is theM1 isotopomer,
the 2H labeling of water is the average labeling in a givenmouse,
and n is the exchange factor (experimentally determined from
theM2/M1 ratio of triglyceride glycerol in the chronic labeling
study). In mice given [6,6-2H]glucose, the “% newly made
triglyceride glycerol from glucose” was calculated using the
equation

% newly made triglyceride-glycerol from glucose

� ��Etriglyceride-glycerol � 2	/Eglucose
 � 100 (Eq. 6)

where Etriglyceride glycerol is the M2 labeling of triglyceride glyc-
erol and Eglucose is the M2 labeling of plasma glucose, and the
factor of 2 accounts for the dilution of [6,6-2H]glucose during
its conversion to triose phosphates. Thus, the contribution of
glucose to the total newly made triglyceride glycerol is deter-
mined in the acute study by dividing Equation 6 by Equation 5,
and the contribution of non-glucose carbon sources is (1 �
[Equation 6/Equation 5]). Because we measured the labeling of
[6,6-2H]glucose at two points in time, we expect that our esti-
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mates of triglyceride synthesis from glucose represent a mini-
mum flux rate, i.e. consumption of food (which occurred pri-
marily during the dark cycle) will transiently dilute the labeling
of blood glucose in HC mice. Last, the rate of glucose appear-
ance (Ra) was calculated using the equation

Ra � I � ��Einfusate/Eplasma	 � 1
 (Eq. 7)

where I is the infusion rate of [6,6-2H]glucose and Einfusate and
Eplasma are the enrichments of the infusate and plasma, respec-
tively (21). The concentration of glucose was determined from
the ratio of (M0�M2)/(M6) glucose.
Unless noted, the total 2H labeling of a molecular species is

reported, i.e. M1 � 2�M2, etc. where M1, M2, etc. refer to the
percentage of excess productmoleculeswith 1, 2, etc. 2H atoms,
respectively (18). Data are reported as mean � S.E. Statistical
analyses were done using a two-tailed t test and assuming equal
variance.

RESULTS

Fig. 1 demonstrates a net increase in triglyceride-bound fatty
acids with time and is consistent with our earlier study (6)
where we observed a disproportionate increase in the amount
of unsaturated versus saturated fatty acids. Also, the fatty acid
profile of the tissue did not reflect that of the respective diets.
Consistent with an increase in total fatty acids, we observed an
increase in triglyceride glycerol between 3 and 28 days, i.e. in
HC-fed mice epididymal glycerol increased from 326 � 36 to
393 � 49 �mol (p � 0.01) and in CF-fedmice from 329 � 27 to
512 � 66 �mol (p � 0.01).

Fig. 2 demonstrates the 2H labeling of triglyceride-bound
palmitate inmice chronically exposed to 2H2O.As expected, we
observed a continuous increase in the proportion of heavily
labeled palmitate over the course of the study in mice fed the
HC diet (panel A). However, in mice fed the CF diet, very little
of the palmitate was derived from de novo lipogenesis (panel B),
i.e. 5� 2%of the palmitate is newlymade inmice fed theCFdiet
versus 80 � 4% newly made palmitate in mice fed the HC diet.
Fig. 3 demonstrates the incorporation of 2H over 28 days into

triglyceride glycerol in epididymal fat pads of mice fed the HC
versus the CF diet. The fractional synthetic rates were deter-
mined by fitting the increase in 2H labeling to a single expo-
nential, i.e. 7.7 � 0.2% versus 11.8 � 1.2% newly made trig-
lyceride per day in HC- versusCF-fed mice, respectively. The
calculated rates of triglyceride synthesis were 25 � 3 and
37 � 5 �mol made per day, and the calculated rates of deg-
radation were 22 � 3 and 30 � 5 �mol per day in HC- and
CF-fed mice, respectively.
We used two approaches to dissect the contribution of glu-

cose versus non-glucose carbon sources to triglyceride glycerol.
First, in the “chronic labeling study,” we measured the labeling
pattern of triglyceride glycerol and applied the equations pro-
posed by Chen et al. (7); we determined that glucose contrib-
utes 48� 8% versus 10� 7% of the triglyceride glycerol in mice
fed the HC (n � 4.28 � 0.11) versus the CF (n � 4.85 � 0.12)
diet, respectively. Second, in the “acute labeling study,” we
compared the M2 labeling of triglyceride glycerol with that of
plasma glucose and then compared (i.e. normalized) those data

against the respective groups that were given labeled water; we
determined that glucose contributes 69 � 4 and 28 � 3% of the
triglyceride glycerol in mice fed the HC and in mice fed the CF,
respectively (Table 1). In regard to the source(s) of triglyceride
glycerol, in both diet groups, the “acute labeling data” (double
tracer approach) are different from the “chronic labeling data”
(mass isotopomer distribution approach) (p � 0.01).

DISCUSSION

We aimed to determine the contribution of glucose versus
non-glucose carbon sources to triglyceride synthesis in vivo.
For example, although glucose is generally regarded as a good
substrate for de novo lipogenesis, less is known about the
source(s) of triglyceride glycerol. The ability of adipose tissue to
generate triglyceride glycerol from non-glucose substrates was

FIGURE 1. Distribution of triglyceride-bound fatty acids. Total lipids were
extracted from epididymal fat pads, and the absolute quantity of various fatty
acids was determined following hydrolysis (A, high carbohydrate diet; B, car-
bohydrate-free diet). Data were compared on day 3 and day 28 after admin-
istration of 2H2O, n � 4 per day per group, *, p � 0.05 within a group.
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demonstrated by several groups nearly 40 years ago (22–24),
which Hanson and colleagues (24) defined as glyceroneogen-
esis. The study by Hanson’s group (24) is particularly elegant in
that attention was directed toward examining the synthesis of
triglyceride glycerol in the presence/absence of different sub-
strates and hormones. For example, although pyruvate was
incorporated into triglyceride glycerol, the addition of glucose and
insulin led to a�5-fold reduction in the conversion of pyruvate to
triglyceride glycerol, suggesting a dynamic control of triglyceride
glycerol production (24). Since its discovery, the glyceroneogenic
pathway was mostly overlooked; however, recent interest in the
role of peroxisome proliferator-activated receptor-� agonists has
demonstrated that glyceroneogenic flux is sensitive to pharmaco-
logical manipulation (10, 12, 25, 26). Althoughmost investigators
probably agree that modulation of plasma free fatty acid flux (via
esterification inwhite adipose tissue) offers therapeutic benefits, it
is difficult to determine whether manipulation of glyceroneogen-
esis is solely responsible and/or whether altered glucose flux in
adipose tissueplays a role.Namely, contrary to the seminalworkof
Hanson and colleagues (24), recent in vitro studies typically quan-
tify pyruvate flux to triglyceride glycerol in the absence of glucose
(10, 12, 25, 26).
We became intrigued by the notion that glyceroneogenesis

could play an important, if not predominant, role in affecting

triglyceride glycerol production in white adipose tissue in vivo
(7, 9–12); however, the experimental methods used in those
studies deserve consideration because artifacts in the tracer
techniques can affect the interpretation of the data (discussed
below). We reasoned that a somewhat extreme dietary manip-
ulation would highlight the potential contribution of different
pathways to triglyceride synthesis; therefore, C57BL/6J mice
were fed either an HC or a CF diet (15), and rates of flux were
estimated using stable isotope tracer methods.
Consistent with our previous investigation (6), we found a

net increase in epididymal fat and a substantial remodeling of
triglyceride-bound fatty acids (Fig. 1). The latter was independ-
ent of dietary fat composition and further supports observa-
tions regarding bias when using one labeled fatty acid to trace
the fate of other fatty acids (27, 28). The 2H labeling of triglyc-
eride palmitate was consistent with the generally accepted
hypothesis that dietary carbohydrate provides an excellent sub-
strate for de novo lipogenesis (Fig. 2). These data agree with our
earlier report (6) and with the pioneering work of Schoenhei-
mer andRittenberg (29), i.e. becausemice are capable of storing
a limited amount of glycogen, de novo lipogenesis constitutes
an important pathway for temporarily storing energy.Note that
it is not possible to draw conclusions regarding the site(s) of de
novo lipogenesis using our experimental design.
Turning our attention toward triglyceride glycerol dynamics

in adipose tissue, we observed reasonable rates of triglyceride
turnover in mice fed the HC diet as compared with data in our
previous studies (5, 6). However, we were surprised by the sub-
stantial rates of triglyceride turnover in mice fed the CF diet.
They synthesized�1.5 times as much triglyceride as compared
with mice fed the HC diet (Fig. 3); note that the caloric intake
was comparable in the different groups. To determine the

FIGURE 2. 2H labeling of triglyceride palmitate. A demonstrates the incor-
poration of 2H-labeled palmitate in mice fed a high carbohydrate diet, n �
four mice per day. B compares the 2H labeling profile of palmitate from mice
fed a high carbohydrate versus a carbohydrate-free diet for 28 days, n � 4
mice per diet group.

FIGURE 3. 2H labeling of triglyceride glycerol. The total 2H labeling of trig-
lyceride glycerol was determined (n � 4 per day per group), and the fractional
rates of turnover were calculated by fitting the respective data to single expo-
nential curves, i.e. 7.7 � 0.2% versus 11.8 � 1.2% newly made triglyceride per
day (mean � S.E.) in HC- versus CF-fed mice, respectively. The inset compares
the absolute rates of triglyceride synthesis and breakdown, determined as
described under “Experimental Procedures.”
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source(s) of the triglyceride glycerol, we initially applied the
logic developed by Chen et al. (7). Those calculations suggested
that in mice fed the HC diet, �48% of the triglyceride glycerol
came from glucose, whereas in mice fed the CF diet, �10% of
the triglyceride glycerol came from glucose. Although our data
seemed reasonable considering the macronutrient intake, the
approach outlined by Chen et al. (7) assumes that glucose
enters the adipocyte unlabeled. Contrary to their data (7), we
observed substantial and rapid labeling of glucose (Fig. 4 and
Table 1); thus, themethodproposed byChen et al. is not valid in
our experimental setting.
The discrepancy between our data and those reported by

Chen et al. (7) raises a critical issue that deserves consideration.
As shown, we found that plasma glucose was heavily labeled
(�54–86% of its theoretical maximum in HC- and CF-fed
mice, Fig. 4), whereas Chen et al. (7) report that blood glucose
reached �7–10% of its theoretical maximum, i.e. �2.3–3.2%
2H labeling of glucose versus 7 � �4.5% (or �31.5%) 2H label-
ing of bodywater. Note that to compare the data, the labeling of
water should be multiplied by �7 because each carbon-bound
hydrogen of glucose can be derived from water, i.e. at relatively
low labeling of body water (precursor labeling), the total 2H
labeling of a product is approximately equal to the number of
copies of the precursor (n) multiplied by the labeling of the
precursor (18). Thus, the data reported by Chen et al. (7) sug-
gest that less than one of the seven carbon-bound hydrogens
was labeled.
We believe that the glucose labeling data reported by Chen et

al. (7) are impossibly low. For example, Rognstad et al. (30)
demonstrated that �85% of the possible seven carbon-bound
hydrogens are labeled when glucose is made from lactate/pyru-
vate; they also found substantial labeling from other physiolog-
ically relevant gluconeogenic substrates, e.g. the conversion of
glycerol to glucose led to the labeling of �50% of the possible
seven carbon-boundhydrogens. Recent studies usingNMR fur-
ther support the notion that glucose will be substantially and
rapidly labeled whenmade in the presence of 2H2O (31, 32); 2H
is incorporated into all of the carbon-bound hydrogens of glu-

cose isolated from overnight fasted subjects, and the total label-
ing is equal to �47% of the theoretical maximum (32). Last, the
recent report by Chacko et al. (33) is predicated on the fact that
glucose becomes readily labeled in the presence of 2H2O (34).
Thus, our data are in agreement with reports in the literature,
i.e. one expects some dilution of blood glucose labeling in HC-
fed mice because �70% of the dietary energy is derived from
carbohydrate, whereas in the mice fed the CF diet, virtually all
blood glucose must be derived from gluconeogenesis; there-
fore, the labeling should approach that of water. Certainly one
factor that impacts the glucose labeling data of Chen et al. (7)

TABLE 1
2H labeling in mice undergoing the “acute double-tracer protocol”
Mice in each diet group were randomized and either given a bolus of 2H2O or continuously infused with [6,6-2H]glucose from 0 to 24 h. The “theoretical maximum” plasma
glucose labeling was assumed to be “water labeling � 7”. To determine the “% newly made triglyceride-glycerol” the triglyceride-glycerol labeling was divided by 4.28 and
4.85 inmice fed the high carbohydrate and carbohydrate-free diets, respectively. Those factors account for the number of exchangeable hydrogens that are incorporated into
triglyceride-glycerol and are derived from the mass isotopomer distribution analyses of the M2/M1 labeling ratios from the “chronic labeling study” (the theoretical
maximum is 5). The “contribution of glucose to triglyceride-glycerol synthesis” was determined by dividing the individual values obtained frommice given [6,6-2H]glucose
by the mean value obtained frommice given 2H2O for a given diet group. Data are presented as mean � S.E. (n � 6 to 8 per group), “mpe” represents mole percent excess.
ND, not detected.

High carbohydrate diet Carbohydrate-free diet
2 h 24 h 2 h 24 h

2H2O group
Water labeling (mpe) 2.73 � 0.08 2.22 � 0.05 2.85 � 0.05 2.47 � 0.09
Plasma glucose labeling (M1, mpe) 7.57 � 0.53 8.98 � 0.94 15.36 � 0.82 13.99 � 0.74
Plasma glucose labeling (% of theoretical maximum) 40 � 3 58 � 6 87 � 5 92 � 4
Triglyceride-glycerol labeling (M1, mpe) ND 1.01 � 0.09 ND 1.82 � 0.11
% of newly made triglyceride-glycerol (total) ND 9.6 � 0.9 ND 16.9 � 1.4

[6,6-2H]glucose group
Plasma glucose labeling (M2, mpe) 8.29 � 0.97 9.39 � 0.85 17.41 � 1.03 19.08 � 1.42
Triglyceride-glycerol labeling (M2, mpe) ND 0.32 � 0.04 ND 0.46 � 0.04
% of newly made triglyceride-glycerol (from glucose) ND 6.8 � 0.4 ND 5.1 � 0.6

Relative triglyceride-glycerol flux
Contribution of glucose (%) ND 69 � 4 ND 28 � 3
Contribution of non-glucose carbon sources (%) ND 31 � 4 ND 72 � 3

FIGURE 4. 2H labeling of water, triglyceride glycerol and blood glucose.
The total 2H labeling of water was determined and expressed as a multiple of
the maximum possible n for each end product, i.e. 5 and 7 for triglyceride
glycerol and blood glucose, respectively. Data are shown for samples col-
lected on day 3 following the administration of 2H2O. Note: A steady-state 2H
labeling of water and blood glucose was observed between days 3 and 28
(data not shown).
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has to dowith how theymeasured the 2H labeling of glucose, i.e.
by using the “aldonitrile derivative,” they removed 2H bound to
carbon 1 of glucose. We believe that 2H2O cannot be used to
unequivocally determine the sources of carbon that are used in
the generation of �-glycerol-3-phosphate (7), since the gener-
ation of 2H-labeled glucose (i.e. a secondary tracer) confounds
the interpretation of the data.
Because our “chronic labeling studies” demonstrated that

2H2O alone cannot answer questions regarding the source(s) of
triglyceride glycerol, we turned our attention toward the use of
a “double-labeling strategy,” i.e. using 2H2O to determine the
total triglyceride glycerol synthesis and using labeled glucose to
quantify glucose flux, the difference being equal to the contri-
bution of glyceroneogenesis (assuming minimal contribution
of glycerol in the adipocyte) to triglyceride formation. This
strategywas used byBotion et al. (15) andNye et al. (14) and has
led to the conclusion(s) that glyceroneogenesis plays a major, if
not predominant, role in affecting triglyceride glycerol synthe-
sis. Certain points require consideration as we believe that
those tracer data also require a reinterpretation.
Botion et al. (15) determined total triglyceride glycerol syn-

thesis by dividing the total 3H labeling of triglyceride glycerol by
3.3 (the presumed number of exchangeable hydrogens). The
factor of 3.3 is an underestimation of the true exchange factor
because substrates that are converted to glycerol-phosphate via
the glyceroneogenic pathway, e.g. conversion of pyruvate to
triglyceride glycerol, yield approximately five 3H atoms (7).
Underestimating the exchange factor leads to an overestima-
tion of total triglyceride glycerol synthesis. Botion et al. (15)
appear to have also underestimated the contribution of glucose
because the 14C labeling of triglyceride glycerol should be mul-
tiplied by 2, i.e. the labeling of the product (triglyceride glycerol)
is expected to be half that of the precursor (glucose), noted by
Nye et al. (14). Also, the manner in which glucose flux to trig-
lyceride glycerol is calculated is not an ideal (or true) precursor:
product labeling ratio; rather, it is a relative glucose flux index
(15, 35). Therefore, we believe that it is not possible to deter-
mine the flux rates using the approach outlined by Botion et al.
(15).
Nye et al. (14) also used 3H2O and [U-14C]glucose to quantify

flux rates in vivo. Although they include the factor of 2 when
estimating the contribution of glucose, the (re)cycling of 14C via
lactate (and pyruvate) is problematic. Namely, uncertainty
regarding dilution factors that account for relative rates of citric
acid cycle and glyceroneogenic flux in adipose tissue makes it
difficult to interpret the data (as the authors acknowledge). To
quantify the glyceroneogenic flux, Nye et al. (14) also compared
the total 3H labeling in triglyceride glycerol (multiplied by 2/5)
against the total 3H labeling in pyruvate (multiplied by 2/3);
they assume that the conversion of glucose to triglyceride glyc-
erol does not label the hydrogen bound to carbon 3 of �-glyc-
erol-3-phosphate. This logic neglects known pathways that
affect the positional labeling of triglyceride glycerol (7). For
example, the entry of cold glucose into the adipocyte does label
the hydrogen bound to carbon 3 of glycerol-phosphate. Also,
consistent with our data, Nye et al. (14) demonstrated substan-
tial 3H labeling of blood glucose, which, on entering the adipo-
cytes, further complicates the interpretation of the data (i.e.

because some glucose is already labeled before entering the adi-
pocyte, more 3H will end up bound to carbon 3 of triglyceride
glycerol). Last, because their analysis does not consider the
positional location of 3H in triglyceride glycerol, their precur-
sor:product labeling ratio more closely yields a measure of the
total newly made triglyceride glycerol and not glyceroneogen-
esis, i.e. to estimate glyceroneogenesis, one would need to
assume that 3H on C3 of triglyceride glycerol can only arise
from pyruvate flux (which is incorrect) and then compare the
labeling of 3H bound to C3 of triglyceride glycerol with that of
pyruvate (or water). Therefore, we believe that it is not possible
to determine the flux rates using the approach outlined by Nye
et al. (14).
To avoid problems related to tracer recycling, we measured

the incorporation of 2H from [6,6-2H]glucose into triglyceride
glycerol (21). We believe that there are several striking obser-
vations regarding triglyceride flux; some are consistent with the
literature, and others bring new knowledge regarding triglycer-
ide dynamics. First, in HC-fed mice, glucose appears to be the
predominant carbon source formaking triglyceride, i.e.most of
the palmitate is deposited from de novo lipogenesis andmost of
the triglyceride glycerol is derived from glucose. Second, there
appears to be an increased triglyceride synthesis in the absence
of dietary carbohydrate, which is consistent with the relative
observations reported by Botion et al. (15) (i.e. regardless of
whether they applied the correct factor for the 3H labeling data,
they observed an increased triglyceride synthesis in CF-fed ani-
mals). Third, although studies inHC-fedmice suggest a role for
glyceroneogenesis (generating �31% of the triglyceride glyc-
erol), our experiments have considered a highly integrative
measurement. Because mice experienced a fed-fasted transi-
tion in 24 h, it is not possible to immediately draw conclusions
regarding the influence of specific factors on the pathways, e.g.
does glyceroneogenic flux increase when glucose availability
becomes limiting? However, data from CF-fed mice suggest
that glyceroneogenesis is sensitive to nutrient availability and
that flux is up-regulated when glucose is limiting in vivo. For
example, absolute rates of glyceroneogenesis increased from
�8 to �26 �mol per day when plasma glucose concentration
decreased from 9.6 � 0.3 to 7.2 � 0.6 mM (p � 0.01), and the
apparent glucose turnover decreased from 126 � 12 to 53 � 8
�mol � kg�1 � min�1 (p � 0.01) in HC- versus CF-fed mice,
respectively (absolute glucose flux to triglyceride glycerol
changed to a lesser degree, �17 versus �11 �mol per day in
HC-versus CF-fed mice, respectively).
In summary, we have demonstrated that triglyceride synthe-

sis in adipose tissue is not down-regulated when carbohydrate
appears to be limiting; there is an extensive triglyceride turn-
over during conditions where �0% of the calories are derived
from dietary carbohydrate. Our data suggest that the contribu-
tion of glucose and non-glucose carbon sources shifts with
changes in nutritional status. The observation that glucose
makes a substantial contribution to triglyceride glycerol when
carbohydrate appears to be limiting may seem counterintuitive
(13).However, because glycerol flux is�10–20%of glucose flux
(36, 37) andbecause onemolecule of glucose can give rise to one
or two molecules of �-glycerol-3-phosphate, the absolute
requirement for glucose to (re)esterify fatty acids is relatively
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small and could be self-sustaining based on the proposed shut-
tling mechanism(s) (Fig. 5). Our observations suggest (i) a
dynamic control of glucose and non-glucose sources of triglyc-
eride glycerol in adipocytes in vivo and (ii) the operation of a
glycerol-glucose cycle between adipose tissue and presumably
liver and kidney (analogous to Cori cycling, glucose 3
lactate3 glucose).
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FIGURE 5. Glycerol-glucose cycling between adipose tissue and liver. Two
modes of operation of a glucose-glycerol cycle can be envisioned; each is
self-sustaining based on carbon balance. First, one molecule of glucose can
contribute two molecules of �-glycerol-3-phosphate; this would require a
source of ATP and NADH in adipose tissue. Second, one molecule of glucose
can provide one molecule of �-glycerol-3-phosphate and one molecule of
pyruvate; this would generate the necessary ATP and NADH that are required
to run the cycle in adipose tissue.
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