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To sustain growth, the catabolic formation of the redox equivalent NADPH must be balanced with the
anabolic demand. The mechanisms that ensure such network-wide balancing, however, are presently not
understood. Based on 13C-detected intracellular fluxes, metabolite concentrations, and cofactor specificities for
all relevant central metabolic enzymes, we have quantified catabolic NADPH production in Agrobacterium
tumefaciens, Bacillus subtilis, Escherichia coli, Paracoccus versutus, Pseudomonas fluorescens, Rhodobacter spha-
eroides, Sinorhizobium meliloti, and Zymomonas mobilis. For six species, the estimated NADPH production from
glucose catabolism exceeded the requirements for biomass synthesis. Exceptions were P. fluorescens, with
balanced rates, and E. coli, with insufficient catabolic production, in which about one-third of the NADPH is
supplied via the membrane-bound transhydrogenase PntAB. P. versutus and B. subtilis were the only species
that appear to rely on transhydrogenases for balancing NADPH overproduction during growth on glucose. In
the other four species, the main but not exclusive redox-balancing mechanism appears to be the dual cofactor
specificities of several catabolic enzymes and/or the existence of isoenzymes with distinct cofactor specificities,
in particular glucose 6-phosphate dehydrogenase. An unexpected key finding for all species, except E. coli and
B. subtilis, was the lack of cofactor specificity in the oxidative pentose phosphate pathway, which contrasts with
the textbook view of the pentose phosphate pathway dehydrogenases as being NADP� dependent.

For all combinations of prevalent carbon substrates, the
approximately 60 reactions of heterotrophic central carbon
metabolism provide the building blocks and energy at appro-
priate rates and stoichiometries to fuel about 300 anabolic
reactions (43). Additionally, redox equivalents must be appro-
priately balanced between large numbers of producing and
consuming reactions. Aerobically, the primary role of the re-
dox cofactor NADH is respiratory ATP generation via oxida-
tive phosphorylation. The chemically very similar redox cofac-
tor NADPH, in contrast, drives anabolic reductions. To fulfill
these rather distinct functions, the two redox couples are gen-
erally not in thermodynamical equilibrium and the NADPH-
to-NADP� ratio is in a more reduced state than the NADH-
to-NAD� ratio (25).

During heterotrophic growth on glucose, the major
NADPH-generating reactions are considered to be the oxida-
tive pentose phosphate (PP) pathway, the Entner-Doudoroff
(ED) pathway, and the isocitrate dehydrogenase step in the
tricarboxylic acid (TCA) cycle (Fig. 1A). The precise rate of
formation of NADPH, however, depends on the actual carbon
fluxes through these catabolic pathways, which can vary signif-
icantly with environmental conditions. The anabolic demand
for NADPH, in contrast, is coupled to the rate of biomass
formation (46) and, to various extents, to the reduction of
thioredoxin for maintaining an appropriate redox state (3).
Thus, in the absence of reactions that reoxidize NADPH at the
expense of NAD�, the catabolic fluxes through the NADPH-

generating reactions must be perfectly balanced with the re-
quirements for NADPH in about 100 anabolic reactions. This
situation is indeed found in yeasts (4, 6). Since bacteria often
exhibit extensive catabolic fluxes through NADPH-producing
reactions (22), they inevitably encounter situations in which
the NADPH formation in stoichiometric coupling with cata-
bolic fluxes will exceed the anabolic demand or, at high bio-
mass yields, will be insufficient (55). Hence, a key question of
metabolic network operation is how bacteria balance catabolic
NADPH formation with anabolic consumption.

Potential biochemical mechanisms that may provide such
NADPH balancing can be divided into those that avoid imbal-
ances in the first place and those that decouple NADPH for-
mation from catabolism (Fig. 1B). Imbalance-avoiding mech-
anisms include the appropriate choice of catabolic pathways, as
in yeasts (6), and the differential expression of isoenzymes with
different cofactor specificities (13, 14, 69).

The decoupling of catabolic NADPH formation from anab-
olism can potentially be achieved through three distinct mech-
anisms (Fig. 1B). First, this decoupling may be catalyzed by
either a membrane-bound, proton-translocating transhydroge-
nase or a soluble, energy-independent transhydrogenase (5,
28). With both isoforms, Escherichia coli can counterbalance
situations of catabolic under- and overproduction of NADPH
(7, 9). The membrane-bound transhydrogenase PntAB pro-
vides about 40% of the total NADPH during growth on glu-
cose in batch cultures (55). In contrast, glucose-limited che-
mostat growth with extensive TCA cycle fluxes results in
significant overproduction of NADPH (16, 68), which is pre-
sumably balanced through the soluble transhydrogenase
UdhA, shown previously to carry out this function in E. coli
cells growing on acetate and in mutants with high PP pathway
fluxes (55). This counterbalancing of NADPH overproduction
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can be readily transferred to other microbes through heterol-
ogous expression of the soluble transhydrogenase (17). Sec-
ond, many bacteria (34, 35, 54, 60, 71) and yeast (49) contain
NAD(H) kinases that can directly convert NAD(H) into
NAD(P)H at the expense of ATP. By itself, this mechanism
has not yet been implicated in NADPH balancing, but in com-
bination with carbon flux rerouting, it may contribute (60).

Third, biochemical redox cycles—combinations of reactions or
isoenzymes with different cofactor specificities—can catalyze
effective transhydrogenation without affecting net catabolic
fluxes. Examples of such redox cycles include the simultaneous
isoform operation of isocitrate dehydrogenase in animal mito-
chondria (57) and glyceraldehyde-3-phosphate (glyceralde-
hyde-3P) and alcohol dehydrogenases in Kluyveromyces lactis
(50, 65). The NAD�- and NADP�-accepting glyceralde-
hyde-3P dehydrogenase from K. lactis can restore the growth of
a Saccharomyces cerevisiae phosphoglucoisomerase mutant on
glucose. Similarly, increased activities of cytosolic and mito-
chondrial alcohol dehydrogenases with distinct cofactor spec-
ificities have demonstrated the operation of such redox cycles
in equilibrating NADPH overproduction in a K. lactis phos-
phoglucoisomerase mutant.

Here, we address the question of how eight metabolically
diverse bacterial species balance their catabolic NADPH for-
mation with their anabolic demand during growth on glucose
as the sole carbon source. The analysis relies on inferring
catabolic in vivo NAD(P)H formation rates from previously
published (22) and newly 13C-detected intracellular fluxes,
comprehensive in vitro determination of redox cofactor spec-
ificities in all major NAD(P)H producing reactions, quantita-
tive metabolomics, and network-wide cofactor balancing.

MATERIALS AND METHODS

Strains, media, and growth conditions. The following bacterial species and
strains were analyzed: Agrobacterium tumefaciens C58 (obtained from F. Nar-
berhaus), Pseudomonas fluorescens 52-1C (obtained from B. Witholt),
Rhodobacter sphaeroides ATH 2.4.1 (German Collection of Microorganisms and
Cell Cultures; DSMZ 158), R. sphaeroides GA wild-type and pntAB knockout
strains (obtained from T. Donohue), Paracoccus versutus A2 (DSMZ 582),
Sinorhizobium meliloti (DSMZ 1981), Zymomonas mobilis NRRL B-806 (DSMZ
424), Bacillus subtilis 168 trpC2 (Bacillus Genetic Stock Center), and E. coli
MG1655 (E. coli Genetic Stock Center; no. 6300). All physiological experiments
were conducted with minimal medium supplemented with 3 g/liter glucose as the
sole carbon source. For most species, M9 medium containing the following
ingredients per liter of deionized water was used: 7.52 g of Na2HPO4 � 2H2O,
3.0 g of KH2PO4, 0.5 g of NaCl, and 2.5 g of (NH4)2SO4. The following com-
ponents (per liter of final medium) were sterilized separately and then added: 1
ml of 0.1 M CaCl2, 1 ml of 1 M MgSO4, 0.6 ml of 100 mM FeCl3, 2 ml of vitamin
solution (filter sterilized), and 10 ml of M9 trace salts solution. The vitamin
solution contained (per 50 ml) 25 mg each of biotin, cyanocobalamin, niacin,
calcium pantothenate, pyridoxine HCl, and thiamine HCl. The M9 trace salts
solution contained (per liter) 0.18 g of ZnSO4 � 7H2O, 0.12 g of CuCl2 � 2H2O,
0.12 g of MnSO4 � H2O, and 0.18 g of CoCl2 � 6H2O. For R. sphaeroides, a special
trace salts solution that contained the following (per liter) was used: 1.5 g of
nitrilotriacetic acid, 3.0 g of MgSO4 � 7H2O, 0.5 g of MnSO4 � H2O, 1.0 g of
NaCl, 0.1 g of FeSO4 � 7H2O, 0.1 g of CoCl2 � 6H2O, 0.135 g of CaCl2 � 2H2O,
0.1 g of ZnSO4 � 7H2O, 0.01 g of CuSO4 � 5H2O, 0.01 g of H3BO3, 0.01 g of
Na2MoO4 � 2H2O, 0.015 g of NiCl2, and 0.02 g of Na2SeO3. The pH of the
solution was adjusted to 6.5 with KOH. Aerobic batch cultures were grown at
30°C in 500-ml baffled flasks with 50 ml of M9 medium (P. versutus and Z. mobilis
were grown in special minimal media [22]) on a gyratory shaker at 225 rpm (P.
fluorescens at 250 rpm). Anaerobic cultures of Z. mobilis were grown at 30°C in
125-ml sealed glass flasks with 50 ml of minimal medium on magnetic stirrers at
225 rpm. The sterile medium was gassed with sterile filtered N2 for 15 min.

Construction of mutants. A. tumefaciens soluble transhydrogenase (sth) and
membrane-bound transhydrogenase (pntAB) knockout strains and the corre-
sponding double-knockout strain were constructed using the pK18mobsacB sui-
cide vector (47, 58). The two homologous regions flanking the sth and pntAB
genes were amplified by PCR using the following oligonucleotide primer pairs:
5�-GCATCTAGACCGCATGGGTGAGTTGAAGAAGGA-3� and 5�-GCAG
GATCCAAGGCGGGGCAGGTGGTGGATACG-3� and 5�-GCAGTCGACA
TGAAAAGATCGATGTGAAGGTG-3� and 5�-GCATCTAGAATTTGGACG
ATGGGGAGTG-3� for sth and 5�-GCAGGATCCGACTGCGGCTCCGGGC
GACTG-3� and 5�-GCATCTAGATCCTTAGGCGTTCCGATTCTCAAA-3�

FIG. 1. (A) Central metabolic network for heterotrophic growth on
glucose. Experimentally investigated reactions that are potentially rel-
evant for NADPH metabolism are indicated by white boxes. (B) Pos-
sible NADPH-balancing mechanisms with particular examples. Abbre-
viations: G6PDH, glucose-6P dehydrogenase; 6PGDH, 6P-gluconate
dehydrogenase; GAPDH, glyceraldehyde-3P dehydrogenase; PEP,
phosphoenolpyruvate; MAE, malic enzyme; MDH, malate dehydro-
genase; acetyl-CoA, acetyl coenzyme A; ICTDH, isocitrate dehydro-
genase; and EMP pathway, Emden-Meyerhof-Parnas pathway.
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and 5�-GCAGTCGACATGGCGATGCGAAGAAGT-3� and 5�-GCAAAGCT
TCGCGCTAGGGCTGGATAC-3� for pntAB. The oligonucleotides were di-
gested with the restriction enzymes BamHI/XbaI and XbaI/SalI, respectively, for
sth and BamHI/XbaI and SalI/HindIII, respectively, for pntAB and ligated into
the pK18mobsacB vector. The resulting plasmid was transferred into A. tumefa-
ciens by electroporation, and kanamycin-resistant clones which had the plasmid
inserted into the chromosome were selected. Those clones were grown on Luria-
Bertani medium without kanamycin and then streaked onto plates containing
10% sucrose to select for a second homologous recombination event as described
previously (47). Positive knockouts were analyzed by PCR using primers corre-
sponding to a sequence inside sth or pntAB and one outside the flanking se-
quences used for the recombinations: 5�-CACCCGCGCCTTCGATCCCTACC
C-3� and 5�-GCTTGCCGTGCCGCGAATGTGCT-3� for sth and 5�-GCCGCC
GCCGCCGAAGATT-3� and 5�-AGCCGCCAAGGATGACCGAGATGA-3�
for pntAB.

Determination of intracellular metabolites by liquid chromatography-tandem
mass spectrometry. Cells grown on glucose minimal medium were harvested at
mid-exponential growth phase by rapid centrifugation of 1-ml cell broth aliquots
in a tabletop centrifuge at 15,000 rpm and room temperature for 15 s. Cell pellets
were immediately frozen in liquid N2 and subsequently extracted three times
with 0.5 ml of 10 mM ammonium acetate buffer (pH 7.2) in 60% ethanol at 70°C
for 1 min. The pooled supernatants of extraction were completely dried in a
speed vac at 30°C and 0.12 � 105 kPa and resuspended in 50 �l of 10 mM
ammonium acetate buffer (pH 7.2). Metabolite concentrations were measured
on an Agilent 1100 series high-performance liquid chromatography system cou-
pled with an Applied Biosystems/MDS SCIEX 4000 Q TRAP system. Metabo-
lites extracted from 100% 13C-labeled yeast biomass were used as internal stan-
dards, except for NADPH and NADH, which were analyzed without internal
standards. Data were recorded and analyzed with Analyst software version 1.4.2,
build 1228. Chromatographic separation was achieved with a Waters Atlantis T3
150- by 2.1-mm by 3-�m column at 40°C by using an adapted version of a
previously published protocol (40). Briefly, the injected volume was 8 �l, and the
mobile phase at a flow rate of 250 �l/min was directly introduced into the mass
spectrometer via electrospray ionization. The gradient profile was linear with two
phases, where solution A was 10 mM tributylamine and 15 mM acetate in 5%
methanol (pH 4.95) and solution B was 100% methanol: 0 min, 0% B; 5 min,
37% B; 12 min, 41% B; 24 min, 100% B; 28 min, 100% B; 29 min, 0% B; and 38
min, 0% B. Multiple-reaction monitoring settings were optimized individually for
each metabolite (40).

In vitro enzyme activities. Cells were harvested by centrifugation at 4°C and
washed twice in 0.9% NaCl and 10 mM MgSO4. Upon 10-fold concentration in
cell lysis buffer (100 mM Tris-HCl, pH 7.5, 5 mM MgCl2, 1 mM dithiothreitol,
and Complete EDTA-free protease inhibitor cocktail [Roche]), cells were dis-
rupted by passage through a French press at 4°C. Cell extracts were obtained by
centrifugation at 23,100 � g for 30 min at 4°C. The supernatant was used for the
enzymatic assays in 1 ml of reaction buffer at 25°C. The reduction of NAD(P)�

or the oxidation of NAD(P)H was monitored spectrophotometrically at 340 nm.
The protein concentrations of the extracts were determined by the biuret assay
(24).

The in vitro enzyme activities of glucose-6-phosphate (glucose-6P), 6-phos-
phate-gluconate (6P-gluconate), and isocitrate dehydrogenases were determined
by using assay mixtures of 100 mM Tris-HCl, pH 7.5, 2.5 mM MnCl2, 50 �l of
extract, 1 mM NAD(P)�, and 2 mM of glucose-6P, 6P-gluconate, or isocitrate
(2). Alternatively, experimentally determined intracellular concentrations of co-
factors and substrates were used for glucose-6P and 6P-gluconate dehydroge-
nases. The assay mixtures for glyceraldehyde-3P dehydrogenase contained 125
mM triethanolamine, 5 mM L-cysteine, 20 mM potassium arsenate, 50 mM
K2HPO4, pH 9.2, 50 �l of extract, 1 mM NAD(P)�, and 3 mM glyceraldehyde-3P
(18). The reverse reaction of malate dehydrogenase was evaluated with a mixture
of 100 mM Tris-HCl, pH 8.8, 20 �l of extract, 0.2 mM NAD(P)H, and 1 mM
oxaloacetate (2). The NADP�-dependent malic enzyme was assessed with a
mixture of 100 mM Tris-HCl, pH 7.8, 5 mM MgCl2, 50 mM KCl, 100 �l of
extract, 1 mM NADP�, and 30 mM L-malate, pH 7.8 (2, 14). Malic enzyme was
assayed for NADP�-dependent activity only since interference of the NAD�-
dependent activity with malate dehydrogenase could not be excluded. Alcohol
dehydrogenase in Z. mobilis was analyzed with a mixture of 100 mM Tris-HCl,
pH 7.5, 2.5 mM MnCl2, 10 �l of extract, 0.2 mM NAD(P)H, and 1 mM acetal-
dehyde. All reactions were started by adding the substrate, and the specific
activities were obtained by dividing the measured slope of NAD(P)H formation
or consumption by the total cell protein concentration. For in vitro enzyme
activities under near-in vivo conditions, the substrate concentrations were chosen
from the determined in vivo values and the reaction was monitored for the short
initial period before it slowed down (typically a few seconds).

The membrane fraction and the membrane-free soluble fraction were sepa-
rated by centrifuging the previously obtained supernatant at 159,000 � g and 4°C
for 3 h. Reverse transhydrogenase activity (optimized for E. coli membrane-
bound transhydrogenase) in the membrane fraction was then assayed with a
mixture of 50 mM sodium phosphate, pH 7.0, 100 �l of the membrane fraction
(resuspended in the same amount of sodium phosphate buffer as the total
volume during centrifugation), 0.2 mM NADPH, and 1 mM 3-acetylpyridine
adenine dinucleotide (APAD�) (67). Forward soluble transhydrogenase activity
(optimized for E. coli soluble transhydrogenase) in the membrane-free soluble
fraction was assayed in a mixture of 50 mM Tris-HCl, pH 7.6, 2 mM MgCl2, 100
�l of the membrane-free soluble fraction, 0.2 mM NADPH, and 1 mM APAD�

(55). The reduction of APAD� and the oxidation of NADPH were monitored
spectrophotometrically at 400 and 310 nm simultaneously to exclude interfer-
ences in the adsorption of both NADPH and APADH. The extinction coeffi-
cients were experimentally determined by standard curves to be 1.75 mM�1

cm�1 at 310 nm and 3.51 mM�1 cm�1 at 400 nm for APADH and 3.24 mM�1

cm�1 at 310 nm and 0.16 mM�1 cm�1 at 400 nm for NADPH.
NADPH balancing. Previously published net carbon fluxes (22) were used as

the basis for all the calculations except for the E. coli wild type, the R. sphaeroides
wild type and pntAB mutant (T. Donohue), and the newly constructed mutants
of A. tumefaciens. The new flux results were obtained by the same method used
for the other species. Briefly, ratios of converging fluxes were calculated from gas
chromatography-mass spectrometry-detected 13C patterns in protein-bound
amino acids from cells grown on [13C]glucose minimal medium (19). Absolute
intracellular fluxes were calculated by 13C-constrained flux balancing that com-
bines experimentally determined fluxes in and out of the cell and the abovemen-
tioned flux ratios (20, 70) (see Table SA1 in the supplemental material). NADPH
formation was determined from the carbon fluxes through the cofactor-depen-
dent reactions multiplied by the experimentally determined relative cofactor
specificities for NADP�. NADPH consumption was calculated from the
NADPH requirements for biomass production (11, 46). For malic enzyme, the
detection of only NADP�-dependent activity was possible and the cofactor
specificities were therefore assumed on the basis of literature data for each
organism (Table 1). For P. versutus and E. coli, the malic enzyme was chosen to
be NAD�-dependent under these conditions.

Variations in biomass composition. For the standard biomass composition of
E. coli (16, 46), portions of NADPH of 66, 21, and 6% are required for protein,
lipid, and RNA biosynthesis, respectively, depending on the growth rate. The
remaining 7% covers the reducing power needed for DNA, lipopolysaccharides,
peptidoglycans, glycogens, and polyamines. The dependency of NADPH require-
ments for protein and RNA on the growth rate was already included in the
previously published biomass composition model (11, 16) (see Fig. SA1 in the
supplemental material). However, the third major anabolic sink of NADPH,
lipids, was not considered to be growth rate dependent; hence, its contribution to
cellular biomass was varied between 5 and 15% to account for variations in
biomass compositions among species. The differences in the relative lipid content
were equally balanced by altering both RNA and protein contents, and the
consecutive changes in the NADPH requirements for biomass production were
calculated as described previously (11, 16).

Reversibility analysis of transhydrogenases. For the energy-dependent tran-
shydrogenase reaction that involves the translocation of protons over the mem-
brane, the Gibbs energy of reaction was determined as follows:

�rG� � �
i

vi�fGi
�0 � RT ln��NAD���NADPH�

�NADH��NADP��� � z	2.3RT�pH � F�
�

where �rG� is the range of Gibbs energy, �fG�i
0 is the transformed standard

Gibbs energy of formation for each reactant, i is the considered reaction, v is
velocity, R is the universal gas constant, T is the absolute temperature in kelvins,
�pH is the pH difference between the periplasm and cytoplasm, z is the number
of the translocated protons per reaction, F is the Faraday constant, and �
 is the
membrane potential. Transformed standard Gibbs energies of reactions were
taken from Kümmel et al. (38), and different membrane potentials as well as
�pH values were considered to calculate the proton motive force (1, 23, 32, 33,
36, 39, 53, 61). The Gibbs energy of the energy-independent transhydrogenase
reaction was calculated with the same equation lacking the third term (proton
motive force).

RESULTS

Cofactor specificities of the main NADPH-producing en-
zymes. To elucidate how microbes manage NADPH metabo-

2114 FUHRER AND SAUER J. BACTERIOL.



T
A

B
L

E
1.

Q
ualitative

cofactor
specificities

based
on

genetic
evidence

and
reported

enzym
e

activities

E
nzym

e
b

C
ofactor

or
form

A
ctivity

in
a:

A
.tum

efaciens
S.m

eliloti
P

.fluorescens
R

.sphaeroides
P

.
versutus d

Z
.m

obilis
E

.coli
B

.subtilis

G
E

R
eference

G
E

R
eference(s)

G
E

R
eference

G
E

R
eference

G
E

G
E

R
eference

G
E

R
eference(s)

G
E

R
eference

G
6PD

H
N

A
D

P
�

�
�

(�
)

�
�

�
(�

)
�

(�
)

�
(�

)
�

(�
)

�
10

(�
)

�
N

A
D

�
�

�
�

�
�

�
�

�
�

�

6PG
D

H
N

A
D

P
�

�
�

�
�

41
�

�
63

(�
)

�
(�

)
�

(�
)

�
(�

)
�

10
�

�
69

N
A

D
�

�
�

�
�

�
�

�
�

�

G
A

PD
H

N
A

D
P

�
�

�
(�

)
�

�
�

�
�

10
�

�
18

N
A

D
�

(�
)

�
(�

)
�

(�
)

�
(�

)
�

(�
)

�
(�

)
�

(�
)

�
�

�

IC
T

D
H

N
A

D
P

�
(�

)
�

�
�

62
(�

)
�

(�
)

�
(�

)
�

(�
)

�
�

�
10,62

�
�

62
N

A
D

�
�

�
�

�
�

�
�

�

M
A

E
N

A
D

P
�

�
�

31
�

�
14,15

(�
)

�
31

(�
)

�
(�

)
�

�
�

�
�

44
�

�
13

N
A

D
�

�
�

�
�

M
D

H
N

A
D

P
�

�
�

�
�

�
�

�
48

�
�

N
A

D
�

(�
)

�
(�

)
�

(�
)

�
(�

)
�

(�
)

�
�

�
(�

)
�

(�
)

�

T
H

c
M

em
br.

�
�

�
�

�
�

21
�

�
27

�
�

�
66

�
�

7,9
�

Soluble
�

�
(�

)
�

�
�

�
�

�
�

�
�

�
�

a
E

nzym
e

activity
m

easured
directly

is
indicated

by
�

,activity
assum

ed
because

ofhom
ology

is
indicated

by
(�

),the
know

n
absence

ofactivity
is

indicated
by

�
,and

the
lack

ofinform
ation

on
enzym

e
activity

is
indicated

by
no

sym
bol.G

enetic
evidence

(G
)

is
based

on
annotation

and/or
prediction

from
am

ino
acid

sequences;enzym
atic

evidence
(E

)
is

based
on

m
easured

enzym
e

activities
w

ith
both

N
A

D
�

and
N

A
D

P
�

(T
able

2;see
also

T
able

SA
2

in
the

supplem
entalm

aterial).
b

E
nzym

e
abbreviations:G

6PD
H

,glucose-6P
dehydrogenase;6PG

D
H

,6P-gluconate
dehydrogenase;G

A
PD

H
,glyceraldehyde-3P

dehydrogenase;IC
T

D
H

,isocitrate
dehydrogenase;M

A
E

,m
alic

enzym
e;M

D
H

,m
alate

dehydrogenase;and
T

H
,transhydrogenase.

cA
ctivities

of
soluble

and
m

em
brane-bound

(m
em

br.)
transhydrogenases

w
ere

m
easured.

d
D

ata
on

P
.versutus

enzym
e

activities
are

not
available

in
the

literature.

VOL. 191, 2009 MICROBIAL NADPH METABOLISM 2115



lism, we chose eight metabolically diverse bacterial species
whose intracellular fluxes during growth on glucose were re-
ported previously (22). These are the anaerobic Z. mobilis, the
Rhizobiaceae A. tumefaciens and S. meliloti, the metabolically
versatile facultative phototroph R. sphaeroides, the facultative
autotroph P. versutus, the versatile P. fluorescens, and the
model bacteria E. coli and B. subtilis. For some of these spe-
cies, i.e., P. fluorescens and Z. mobilis, with exclusive catabo-
lism through the ED pathway, and P. versutus, with high TCA
cycle flux (22), significant NADPH overproduction is expected
from the glucose flux distribution. This NADPH overproduc-
tion conclusion was based on the typically made assumption in
stoichiometric modeling for 13C flux analysis (16, 29, 42, 56) or
analysis at the genome level (51) that dehydrogenases have
exclusive cofactor specificities.

Since any conclusion on NADPH metabolism critically de-
pends on the validity of this assumption, we first searched the
literature for enzymatic evidence and public databases for ge-
netic evidence of redox cofactor specificities in all reactions
that could principally generate or consume NADPH in the
central metabolisms of the eight species (Table 1). Direct bio-
chemical evidence for cofactor specificity was available for only
a few enzyme-organism combinations for which Km values for
NAD� and NADP� were determined separately. In a few
cases, distinct binding sites for NADH and NADPH in the
deduced protein sequences suggested that these enzymes
might indeed exhibit dual cofactor specificities (45). Such co-
factor specificity typically depends on conserved domains
where distinct amino acids stabilize or interfere with the addi-
tional phosphate group of NADPH (8, 30, 45). Hence, avail-
able protein sequences were analyzed to obtain indications of
cofactor specificities (Table 1). Overall, this survey indicated
that cofactor specificity was at least questionable in many
cases.

For more direct biochemical evidence, we then systemati-

cally determined in vitro enzyme activities with both NAD�

and NADP� for all reactions that could principally provide or
consume NADPH in the central metabolisms of all eight spe-
cies (specific and relative activities are in Table SA2 in the
supplemental material and Table 2, respectively). In contrast
to the common belief, both dehydrogenases in the oxidative PP
pathway of most species exhibited significant activity with
NADH as well as NADPH, ranging from 20 to 50% of the total
activity under saturated in vitro conditions (Table 2). The sole
exception with complete specificity for NADPH was E. coli, as
was also shown earlier (10). Species like Z. mobilis and P.
fluorescens, in contrast, contain glucose-6P and 6P-gluconate
dehydrogenases without any apparent preference for either
cofactor or two isoenzymes with different cofactor specificities.

While glyceraldehyde-3P dehydrogenases were specific
mostly for NAD�, the P. fluorescens enzyme exhibited a small
but significant amount of activity with NADP� also. P. fluore-
scens contains one putative NADP�-dependent and two
NAD�-dependent glyceraldehyde-3P dehydrogenase-encod-
ing genes (Table 1) and may be similar to B. subtilis, which
contains a NADP�-dependent isoform that catalyzes the glu-
coneogenic direction and is repressed during growth on glu-
cose (18). Throughout all species investigated, the two TCA
cycle enzymes isocitrate dehydrogenase and malate dehydro-
genase were highly specific for the cofactors NADP� and
NAD�, respectively (Tables 1 and 2). Although malic enzyme
activity is not required during growth on glucose, significant
malic enzyme fluxes through the so-called pyruvate shunt in P.
fluorescens were described previously (22). The operation of
the pyruvate shunt in this organism was confirmed here by
basically absent and exceptionally high in vitro activities of
malate dehydrogenase and malic enzyme, respectively (see Ta-
ble SA2 in the supplemental material).

Potential further sources of NAD(P)H are the pyruvate de-
hydrogenase complex and the 2-oxo-glutarate dehydrogenase.

TABLE 2. Relative cofactor specificities of catabolic enzymes

Context Enzymeb Cofactor

Relative cofactor specificityc (%) � SD in:

A.
tumefaciens

S.
meliloti

P.
fluorescens

R.
sphaeroides

P.
versutus

Z.
mobilis E. coli B.

subtilis

Saturated in vitro
conditionsa

G6PDH NADP� 66 � 6 63 � 3 56 � 11 70 � 2 78 � 4 51 � 3 100 � 0 88 � 1
NAD� 34 � 6 37 � 3 44 � 11 30 � 2 22 � 4 49 � 3 0 � 0 12 � 1

6PGDH NADP� 87 � 0 93 � 0 47 � 10 � 94 � 8 � 100 � 0 89 � 1
NAD� 13 � 0 7 � 0 53 � 10 � 6 � 8 � 0 � 0 11 � 1

GAPDH NADP� 0 � 0 0 � 0 13 � 6 2 � 0 1 � 1 1 � 0 2 � 2 3 � 3
NAD� 100 � 0 100 � 0 87 � 6 98 � 0 99 � 1 99 � 0 98 � 2 97 � 3

ICTDH NADP� 98 � 1 98 � 0 99 � 1 96 � 3 99 � 0 � 100 � 0 100 � 0
NAD� 2 � 1 2 � 0 1 � 1 4 � 3 1 � 0 � 0 � 0 0 � 0

MDH NADP� 0 � 0 0 � 0 � 1 � 1 0 � 0 � 1 � 2 1 � 1
NAD� 100 � 0 100 � 0 � 99 � 1 100 � 0 � 99 � 2 99 � 1

Nonsaturated, quasi
in vivo conditions

G6PDH NADP� 74 71 92 84 83 ND ND 100
NAD� 26 29 8 16 17 ND ND 0

6PGDH NADP� 92 92 80 � 73 ND ND 96
NAD� 8 8 20 � 27 ND ND 4

a Relative cofactor specificities were derived from absolute specific units separately determined for NAD� and NADP� at saturated in vitro concentrations (units
per gram of cell protein) (see Table SA2 in the supplemental material). Standard deviations were derived from duplicate determinations in at least two independent
growth experiments.

b Enzyme abbreviations: G6PDH, glucose-6P dehydrogenase; 6PGDH, 6P-gluconate dehydrogenase; GAPDH, glyceraldehyde-3P dehydrogenase; ICTDH, isocitrate
dehydrogenase; and MDH, malate dehydrogenase.

c �, absolute activities were close to zero and relative cofactor specificities were not determined; ND, enzyme activity was not determined.
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Since both contain the NAD�-specific dihydrolipoamide de-
hydrogenase, they are highly specific for NAD� (12, 59). Suc-
cinate dehydrogenase delivers electrons directly to the respi-
ratory chain via reduced flavin adenine dinucleotide and hence
does not react with NADP�. The cofactor dehydrogenases in
the bacterial respiratory chains were assumed to be specific for
NADH, since specificity for NADPH has been described so far
only for mitochondria (26, 64). The active alcohol dehydroge-
nase in Z. mobilis was determined to be specific exclusively for
NADH (mean activity � standard deviation, 896 � 52 U g cell
protein�1 for NADH and 1 � 6 U g cell protein�1for
NADPH), which is in agreement with previously reported val-
ues (37, 52).

In vivo cofactor specificities of the PP pathway dehydroge-
nases. Next, we focused on the in vivo cofactor specificities of
the two oxidative PP pathway dehydrogenases because their
high catabolic fluxes in most species (22) may significantly
influence the expected NADPH overproduction. In standard in
vitro enzyme assays, oxidized cofactors NADP� and NAD�

are typically used at the same concentration of 1 mM, which
does not reflect the in vivo conditions. In order to obtain
activities for the oxidative PP pathway dehydrogenases that
were closer to those in the in vivo situation, we quantified
intracellular cofactor and substrate concentrations for all spe-
cies except Z. mobilis by targeted metabolomics (Table 3). The
glucose-6P pool size was in the range of 0.5 to 1 mM and
generally at least five times larger than the 6P-gluconate pool,
while the NADP� pool was about two to five times smaller
than the NAD� pool. In accordance with the findings reported
by Harold (25), the NADP(H) pool was more reduced than the
NAD(H) pool except in R. sphaeroides and P. versutus, where
both pools were equally reduced.

Using these in vivo concentrations, we then determined in
vitro enzyme activities under quasi in vivo conditions and com-
pared them to activities obtained under saturated conditions
(Fig. 2). Assuming an irreversible, two-substrate mechanism
for the two PP pathway dehydrogenases, the formation of
reduced cofactors was linear at saturating conditions but de-
creased after a few seconds with the in vivo reactant concen-
trations. The difference between quasi in vivo and saturated
concentrations (2 mM for the substrate and 1 mM for both
cofactors) resulted in lower enzyme activities generally shifted
to a higher specificity for NADP� (Fig. 2 and Table 2), despite
the higher NAD�/NADP� ratio in vivo (Table 3). These rel-
ative specificities from quasi in vivo conditions allowed for a

biologically more relevant estimation of the NADPH forma-
tion rate in the PP pathway and were used for the NADPH
balancing in the next part of the study.

NADPH balancing. 13C-determined intracellular carbon
fluxes specify the total amount of redox cofactors that are
produced in each dehydrogenase reaction. For cofactor-spe-
cific enzymes, carbon flux data thus directly quantify the con-
comitant formation/consumption rate of the cofactor. For all
redox enzymes, we estimated cofactor conversion rates by mul-
tiplying the absolute carbon fluxes (22) by the experimentally
determined specificities for either cofactor (Table 2). For the
PP pathway dehydrogenases, we used the cofactor specificities
determined under quasi in vivo conditions.

E. coli was the only species with a negative NADPH balance
(Fig. 3), which is fully consistent with the previously reported
NADPH formation through the membrane-bound transhydro-
genase PntAB under the tested condition (55). P. fluorescens
exhibited most likely balanced NADPH metabolism (Fig. 3)
because of two glucose-6P dehydrogenase isoenzymes with dif-
ferent cofactor specificities (based on amino acid sequences).
The other six species exhibited positive NADPH balances on
glucose (Fig. 3). P. versutus was the most extreme case, where
even the unlikely extreme NADPH specificities of 0 and 100%
for all nonspecific reactions resulted in significant catabolic
overproduction of NADPH. Potential variances in the biomass
composition, in particular the lipid content, that would affect
the anabolic NADPH requirement were comparatively small
(Fig. 3). Thus, independent of the above-mentioned uncertain-
ties, all six species with catabolic NADPH overproduction
must operate mechanisms that regenerate NADP� or avoid
the overproduction of NADPH. For A. tumefaciens, B. subtilis,
and P. fluorescens, known isoenzymes with alternative cofactors
may potentially suffice to avoid NADPH overproduction (Fig.
3). For A. tumefaciens and B. subtilis, however, an even balance
could be achieved only if the appropriate isoenzyme was used
exclusively. Hence, an additional NADPH-balancing mecha-
nism is likely to be necessary for these two species. Since P.
versutus, S. meliloti, R. sphaeroides, and Z. mobilis do not con-
tain such dual cofactor isoenyzmes, they require some type of
balancing mechanism.

The function of transhydrogenases. An obvious mechanism
to maintain the NADPH balance may be catalyzed by transhy-
drogenases. Therefore, we determined in vitro transhydroge-
nase activities in both the soluble and membrane fractions of
all species (Fig. 4). Significant activities above 1 U g cell pro-

TABLE 3. Intracellular metabolite concentrations and Gibbs energies of transhydrogenase reactions

Organism
Concna (�M) of: NAD�/NADP�

ratioa

�rG�b (kJ mol�1) for:

Glucose-6P 6P-gluconate NADP� NAD� NADPH NADH mTH sTH

A. tumefaciens 522 � 89 57 � 6 203 � 26 475 � 20 138 � 37 224 � 26 2.34 � 0.32 �8.01–�32.20 0.57–�2.21
S. meliloti 548 � 58 42 � 1 142 � 25 392 � 16 316 � 238 193 � 49 2.77 � 0.50 �3.80–�32.44 0.82–�6.42
P. fluorescens 821 � 161 150 � 7 184 � 22 343 � 12 152 � 22 152 � 122 1.86 � 0.23 �3.97–�32.33 0.71–�6.25
R. sphaeroides 553 � 35 86 � 2 82 � 20 447 � 24 33 � 56 180 � 25 5.43 � 1.73 �6.60–�41.34 9.71–�3.62
P. versutus 1048 � 85 147 � 19 96 � 8 421 � 75 43 � 13 190 � 21 4.41 � 0.87 �8.68–�33.45 1.83–�1.54
B. subtilis 515 � 117 281 � 10 154 � 9 615 � 44 284 � 89 245 � 64 3.98 � 0.37 �4.71–�29.68 �1.94–�5.51
E. coli 252 � 46 32 � 3 204 � 7 854 � 59 202 � 55 320 � 69 4.18 � 0.33 �6.40–�30.78 �0.84–�3.82

a Data are means � standard deviations of results from triplicate experiments.
b �rG�, estimated range of Gibbs energies of reaction for membrane-bound transhydrogenase (mTH; from NADH toward NADPH with H� transfer) and soluble

transhydrogenase (sTH; from NADPH toward NADH, energy independent).
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tein�1 in the membrane fraction were detected only for A.
tumefaciens, E. coli, P. versutus, and R. sphaeroides. Significant
activity in the soluble fraction, in contrast, was detected only
for B. subtilis under the glucose batch conditions used, with the
possible exception of very low activities for E. coli and P.
versutus. The background activities were determined to be 2.8 �
0.2 U g cell protein�1 for an E. coli pntAB udhA double mutant
(55) and 1.2 � 0.3 U g cell protein�1 for a self-constructed A.
tumefaciens pntAB sth mutant. In both mutants, both known
forms of transhydrogenases were deleted and the remaining
background activity arises from the nonspecific reduction of
APAD� in the soluble fraction that contains also other dehy-
drogenases. The functionality of the assay was verified by sol-
uble transhydrogenase activities of 84.1 � 7.3 U g cell pro-
tein�1 in an analysis of diluted crude cell extracts from the E.

A

C

B

FIG. 2. (A) In vitro formation of NADPH (circles) or NADH (tri-
angles) by glucose-6P dehydrogenase of A. tumefaciens under satu-
rated conditions (closed symbols) and quasi in vivo conditions (open
symbols). (B and C) Specific activities of glucose-6P dehydrogenases
and 6P-gluconate dehydrogenases from six different species were de-
duced using only the linear phase of reduced cofactor formation under
quasi in vivo conditions (open bars) and were compared to the specific
activities under saturated conditions (closed bars). Activities with stan-
dard deviations are from at least duplicate experiments. N.D., not
determined.

catabolic
underproduction

catabolic
overproduction

FIG. 3. Metabolism-wide NADPH balancing based on 13C flux dis-
tributions and cofactor specificities for glucose-6P and 6P-gluconate
dehydrogenases (black bars) determined in vitro under quasi in vivo
conditions. The black error bars indicate variances of NADPH re-
quirements for biomass if the lipid proportion is allowed to vary be-
tween 5 and 15%. Dark gray bars indicate the theoretical range of the
NADPH balance due to isoenzymes with distinct cofactor specificities.
Light gray bars indicate the hypothetical range when 100% specificity
was assumed for each cofactor for all enzymes with nonspecific in vitro
activities. qGlc, specific glucose uptake rate.
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coli pntAB udhA double mutant with plasmid-based overex-
pression of E. coli UdhA.

The soluble transhydrogenase is generally accepted as a re-
dox equilibration enzyme with Gibbs energies of reaction in
the range of �9 to �6 kJ mol�1 (Table 3), which indicate a
fully reversible transhydrogenation reaction under all condi-
tions. However, the absent activities demonstrate that a soluble
transhydrogenase cannot constitute the postulated balancing
mechanism in the species studied, with the possible exception
of B. subtilis and P. versutus. Could a reverse flux from NADPH
to NADH through the membrane-bound transhydrogenase be
responsible? Depending on the assumed proton motive force
(between 10 and 30 kJ mol�1 based on published values for
�pH and �) and the determined intracellular concentrations
with their standard deviations, the Gibbs energy would be in
the range of �4 to �41 kJ mol�1 (Table 3). Thus, the reaction
is irreversible under physiological conditions and cannot bal-
ance the NADPH overproduction in A. tumefaciens, P. versu-
tus, and R. sphaeroides. This conclusion was corroborated by
13C flux data for the R. sphaeroides pntAB mutant (27) and
self-constructed A. tumefaciens pntAB, sth, and pntAB sth mu-
tants, which exhibited fluxes and NADPH balances essentially
unaltered from those of their parents (see Table SA1 in the
supplemental material). Thus, A. tumefaciens, R. sphaeroides,
S. meliloti, and Z. mobilis certainly use no transhydrogenase for
redox balancing, while for B. subtilis and P. versutus, the soluble
transhydrogenase could potentially fulfill this function.

DISCUSSION

How bacteria balance catabolic formation with the anabolic
consumption of the redox cofactor NADPH has not yet been
addressed seriously, presumably because this balancing is a
complicated property that concerns the entire metabolic net-

work. Thus, techniques of systems biology that became avail-
able only recently are necessary. By combining 13C flux data,
metabolomics, and in vitro characterization of cofactor speci-
ficities for key enzymes under quasi in vivo conditions, we here
addressed this question for eight bacterial species by taking a
network approach. With the possible exception of P. fluore-
scens, catabolic and anabolic NADPH rates were not balanced
during batch growth on glucose as the sole carbon source. E.
coli was the only investigated species that produced insufficient
NADPH from glucose catabolism and thus required significant
additional NADPH formation via the energy-dependent trans-
hydrogenase PntAB, as was shown previously (55). The other
six species, in contrast, produced significantly more NADPH
during catabolism than was required for anabolism. Thus, they
must feature NADPH imbalance-avoiding or reoxidation
mechanisms for NADPH to prevent an imbalance that would
preclude sustained growth.

An obvious but previously neglected possibility is alternative
cofactor specificities for catabolic enzymes, and this issue was
investigated in detail. Although we found several catabolic
reactions to accept both cofactors, most prominently the de-
hydrogenases of the oxidative PP pathway, even the unlikely
exclusive use of NAD� in the oxidative PP pathway would not
prevent the significant overproduction of NADPH in several
species. Moreover, when we characterized these cofactor spec-
ificities under quasi in vivo conditions based on intracellular
metabolite concentrations in the different species, it became
clear that other balancing mechanisms, at least in R. spha-
eroides, S. meliloti, Z. mobilis, and in particular P. versutus,
must exist. The most well-known valve-like mechanism is the
soluble transhydrogenase, which has been shown to fulfill a
valve function in E. coli (55) and, upon heterologous expres-
sion, also in S. cerevisiae (17). Of the four above-named spe-
cies, however, only P. versutus contains such a soluble transhy-
drogenase.

How do the six overproducing species then maintain their
redox balance? All evidence indicates that P. versutus and B.
subtilis rely on their soluble transhydrogenase activities, but the
latter may additionally exploit its alternative, NAD�-depen-
dent 6P-gluconate dehydrogenase (69) and malic enzyme (13).
For A. tumefaciens, R. sphaeroides, S. meliloti, and Z. mobilis,
the overproduction of NADPH may potentially be avoided by
assuming almost exclusive specificities for NADH in the glu-
cose-6P dehydrogenase step of the ED pathway, although the
quasi in vivo enzyme data suggest that this scenario is unlikely
to occur to this extent. Both A. tumefaciens and R. sphaeroides
exhibited significant in vitro transhydrogenase activities in
their membrane fractions. With rather negative Gibbs energies
of NADPH formation—given a large range of proton motive
forces and the determined intracellular metabolite concentra-
tions—this reaction is physiologically unidirectional and there-
fore not involved in balancing the catabolic overproduction of
NADPH. The irrelevance of the membrane-bound transhydro-
genases for redox balancing is fully consistent with the here-
determined unaltered catabolic fluxes in PntAB-type transhy-
drogenase mutants of A. tumefaciens and R. sphaeroides. Since
transhydrogenases can be excluded as key mechanisms, the
most likely explanation for redox balancing in these four spe-
cies is a combination of different mechanisms. The main one
appears to be the cofactor nonspecificity of several catabolic

FIG. 4. Transhydrogenase activities in the soluble fractions (closed
bars) and the membrane fractions (open bars) of cell extracts. Activ-
ities with standard deviations are from at least duplicate experiments.
The upper and lower dashed lines indicate average background activ-
ities, which were determined with the soluble fractions of E. coli pntAB
udhA and A. tumefaciens pntAB sth double mutants, respectively.
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enzymes or the use of isoenzymes, possibly in combination with
putative redox cycles, NADH kinases, and/or a higher than
anticipated NADPH demand for thioredoxin reduction or bio-
mass formation.

A highly unexpected key finding was that, except for E. coli,
none of the investigated species contained highly NADPH-
specific dehydrogenases in the oxidative PP pathway. This find-
ing contrasts with the textbook view of the PP pathway as being
NADP� dependent. The lack of high-level NADPH specificity,
in particular for the glucose-6P dehydrogenase, may be related
to the fact that this enzyme is also required for the ED path-
way, the main or even exclusive glucose catabolic pathway in
most species investigated here. In Z. mobilis, the very low
biomass yield of 3% and high ethanol production directly link
the demand of NADH for the alcohol dehydrogenase to the
regeneration of NADH by glucose-6P and glyceraldehyde-3P
dehydrogenases. Since the genes for transhydrogenases are
absent, both of these dehydrogenases operate primarily or
even exclusively with NADH in vivo (66). The nonspecificity of
the key enzyme glucose-6P dehydrogenase appears to be a
major mechanism to avoid catabolic NADPH overproduction
in a number of species. Moreover, NAD�-dependent oxidative
PP pathway flux may confer flexibility on glucose metabolism
that enables the organism to cope with dynamic fluctuations in
NADP� and NADPH availability. For the modeling of species
other than E. coli (51), the general role of the PP pathway has
to be reconsidered to obtain realistic functionality and redox
balances.
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