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13C-selective NMR, combined with inhibitor perturbation experi-
ments, shows that the C*'—H proton of the catalytic histidine in
resting a-lytic protease and subtilisin BPN’ resonates, when pro-
tonated, at 9.22 ppm and 9.18 ppm, respectively, which is outside
the normal range for such protons and ~0.6 to 0.8 ppm further
downfield than previously reported. They also show that the
previous a-lytic protease assignments [Markley, J. L., Neves, D. E.,
Westler, W. M., Ibanez, I. B., Porubcan, M. A. & Baillargeon, M. W.
(1980) Front. Protein Chem. 10, 31-61] were to signals from inactive
or denatured protein. Simulations of linewidth vs. pH demonstrate
that the true signal is more difficult to detect than corresponding
signals from inactive derivatives, owing to higher imidazole pK,
values and larger chemical shift differences between protonated
and neutral forms. A compilation and analysis of available NMR
data indicates that the true C®'—H signals from other serine
proteases are similarly displaced downfield, with past assignments
to more upfield signals probably in error. The downfield displace-
ment of these proton resonances is shown to be consistent with an
H-bond involving the histidine C*'—H as donor, confirming the
original hypothesis of Derewenda et al. [Derewenda, Z. S., Dere-
wenda, U. & Kobos, P. M. (1994) J. Mol. Biol. 241, 83-93], which was
based on an analysis of literature x-ray crystal structures of serine
hydrolases. The invariability of this H-bond among enzymes con-
taining Asp-His-Ser triads indicates functional importance. Here,
we propose that it enables a reaction-driven imidazole ring flip
mechanism, overcoming a major dilemma inherent in all previous
mechanisms, namely how these enzymes catalyze both the for-
mation and productive breakdown of tetrahedral intermediates.

he H-bonds between Asp-His* and His-Ser of the catalytic

triad have long occupied center stage in discussions of
serine hydrolase structure and mechanism. Derewenda et al.
(1) have recently proposed the existence of an additional
H-bond involving the triad, one connecting the C#'—H proton
of the catalytic His and a backbone carbonyl oxygen atom. In
a comparative analysis of the available structures of serine
hydrolases containing the Asp-His-Ser triad, these authors
invariably found a backbone carbonyl oxygen atom sufficiently
close and favorably aligned for H-bonding to the C®'—H
proton of His?’.

The idea that carbon-bound protons can act as H-bond donors
was first proposed more than 60 years ago (2, 3). Pauling (4)
offered C—H--O bonding as explanation for the 51°C elevation
in boiling point of acetyl chloride over that of trifluoroacetyl
chloride. Sutor proposed the existence of C—H donated H-
bonds in biological molecules in the early 1960s when she noticed
“short” C-O (<3.3 A) and O-H (<2.6 A) distances in crystal
structures of nucleic acid bases (5). Donahue, believing that
O--H approach of as little as 2.2 A was possible without attractive
interactions, derided the idea, pushing it into the background for
a decade (6). However, theoretical studies by Kollman (7)

supported Sutor’s claim, and neutron diffraction studies pro-
vided evidence for C—H--O bonds in low molecular weight
compounds, including sugars, amino acids, and dipeptides (8).
Many short C—O distances with orientations favorable for
H-bonding of C—H--O have since been discovered in x-ray
structures of nucleic acids (9) and proteins (10). Thus, however
slowly, the notion that carbon-bound protons can act as H-bond
donors has become accepted (11).

NMR chemical shifts are determined by electronic currents
in a molecule. Because H-bonds affect electronic structure,
chemical shifts have great potential for identifying and eval-
uating H-bonds, especially in macromolecules where other
spectroscopic methods are impractical. A substantial body of
data, for example, shows that, for N—H groups in proteins,
H-bonding deshields both the proton and nitrogen atoms (12).
For backbone N—H groups, downfield displacements are
typically 0.5 to 3 ppm for the 'H signal, and about twice as
much for the corresponding >N signals. The magnitude of the
displacement is related to the strength of the H-bond (12).
N—H groups of histidine can show somewhat larger H-
bonding effects, as demonstrated by 'H (13-16) and N (17,
18) NMR studies of a-lytic protease, I.
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C—H protons, in principle, should experience similar
deshielding on H-bonding. Experimental demonstrations of such
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H-bonded shifts, however, are lacking. Derewenda’s proposal
(1) suggests that the C*'—H protons of catalytic His in serine
proteases should exhibit such displacement. We report that this
is indeed the case, perhaps not detected earlier owing to a
misassignment problem discussed herein® (20-26). The fact that
a-lytic protease and subtilisin, proteases of independent ancestry
(27), both exhibit the H-bond deshielding indicates that the
finding is likely to hold for other serine proteases not yet
examined. Thus, the results presented here confirm Derewen-
da’s hypothesis and document the H-bond-induced displacement
of a C—H proton in a protein. We also discuss the C?'—H
proton H-bond as a functional element of catalytic triad-
containing proteases, proposing a mechanism involving a
reaction-driven “ring flip,” which may resolve a long-standing
dilemma posed by Wang (28), Polgar (29), and Jencks (30) of
how hydrolase-catalyzed reactions proceed in the forward di-
rection at all."

Materials and Methods

a-Lytic protease (EC 3.4.21.12) containing histidine uniformly
13C and PN labeled (Cambridge Isotopes, Andover, MA) was
purified from a histidine auxotroph of Lysobacter enzymogenes
(31) and desalted as previously described (17, 32). Enzyme
activity was measured at 410 nm by using Ac-Ala-Pro-Ala-p-
nitroanilide (Ac-Ala-Pro-Ala-pNa) (Bachem) (31). Expres-
sion of His-labeled subtilisin bacterial proteinase novo
(BPN)'97 was accomplished via fermentation of a His auxo-
trophic strain of Bacillus subtilis DB104 in a minimal medium
containing uniformly 3C- and "N-labeled His (33). Purifica-
tion of labeled subtilisin BPN’ 97 was done by dialysis into a
10-mM Tris solution (pH 6.0) and subsequent passage over a
CM52 cellulose ion exchange column, with elution of the
protein in 0.01 M Mes and 0.1 M KCI. Enzyme activity was
measured via a colorimetric assay employing the substrate
succinyl-L-Ala-L-Ala-L-Pro-L-Phe-paranitroanilide (Suc-Ala-
Ala-Pro-Phe-pNa) (33). Diisopropylfluorophosphate was pur-
chased from Sigma. Gels (15% SDS/polyacrylamide) were run
in standard fashion by using a Bio-Rad Minigel Aparatus.
Methoxysuccinyl (MeOSuc)-Ala-Ala-Pro-boroVall and MeO-
Suc-Ala-Ala-Pro-boroPhe were synthesized as previously de-
scribed (34).

Unless otherwise specified, enzyme NMR samples were ~2
mM in 90% H,0/10% D,0, and any inhibited sample contained
2- to 3-fold excess of inhibitor. a-Lytic protease samples con-
tained 0.1 M KCl. NMR experiments were carried out on a
Bruker (Billerica, MA) AMX-500 spectrometer equipped with
a 5-mm triple resonance inverse probe. 'H 1D 13C-selective
heteronuclear multiple-quantum correlation spectroscopy
(HMQC) spectra used delay d2 = 0.5/(Ycn) = 2.5 ms. 'H
chemical shifts were referenced to 2,2-dimethyl-2-silapentane-
S-sulfonate (DSS).

Results and Discussion

C#'—H Proton Chemical Shifts of the Catalytic Histidine in a-Lytic
Protease. a-Lytic protease contains only one histidine. 1D
13C-selective HMQC spectra of {!3C, >N} histidine-labeled
a-lytic protease should therefore show only two signals. Fig. 1
shows that this is indeed the case for a freshly prepared, fully
active sample of resting enzyme. The more downfield signal

SWestler, W. M. & Markley, J. L. (1978) Fed. Proc. 37, 1795 (abstr.).

TPresented in part as a poster entitled ““Experimental Evidence for a His-57 C¢'—H--0=C
Hydrogen Bond in the Active Site of a-Lytic Protease”” at the XVII International Conference
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IThe prefix b or boro indicates replacement of the amino acid carboxylate group by B(OH)>.
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Fig. 1. 1D "H/'3C HMQC NMR spectra of 2 mM {'3C, 5N} His-labeled a-lytic
protease in 0.1 M KCl and 90% H,0/10% D0 at 30°C. (A) Resting a-lytic
protease at pH 4.5 (imidazole protonated). (B) Resting a-lytic protease at pH
9.0 (imidazole unprotonated). (C) a-Lytic protease inhibited with ~2-fold
excess MeOSuc-Ala-Ala-Pro-boroVal (AAPbV) at pH 4.5 [imidazole-protonat-
ed and spectrum pH-independent over accessible range (3.5-10.5)].

belongs to the histidine C*'—H proton, the one more upfield
to a C—H proton. The C#'—H signal moves from 9.22 ppm
at pH 4.5 (Fig. 1A4) (Table 1) to 8.15 ppm at pH 9.0 (Fig. 1B),
whereas the C®—H signal moves from 6.92 ppm at pH 4.5
(Fig. 14) to 6.38 ppm at pH 9.0 (Fig. 1B). Both 'H signals
delineate titration curves with pK, values of ~7.0. Therefore,
the positions in the spectra shown in Fig. 1 4 and B correspond
closely to the chemical shifts of the titrating histidine in the
fully protonated and fully neutral forms, respectively. The low

Table 1. Chemical shifts of histidine C='—H protons

Imidazolium Imidazole AS,
Sample ion, ppm  form, ppm ppm
a-Lytic protease* 9.22 8.15 1.07
a-Lytic protease + AAPbV?* 9.35 — NA*
a-Lytic protease + DIFP 8.358 7.371 0.98
Subtilisin BPN’'97 (D99K)! 9.18 — —
Subtilisin BPN’97 (N155A) + AAPbF** 9.45 — NA*
Histidinett 8.60 7.65 0.95
N-acetyl-histidine®* 8.40 7.45 0.95

*13C/15N His-labeled, 30°C (35).

T13C/15N His (AAPbV, K; = 6.7 X 1072 M, (36), 30°C.

*Not applicable. Chemical shift constant over pH ~ 3 to 10.5.

S('5N®1, 15N¢=2) His, 35°C.

M3C/15N His, 35°C.

I13C#1 His, 20 mM CaCl, 0.1 M NaCl, 25°C (37).

**13Ce1 His (AAPbF, Ki = 0.1 X 1072 M, (33) in 10 mM CaCl,, 40 mM KCl, 25°C
(33).

An amount equal to 0.2 ppm subtracted to compensate for different refer-
ence (38).
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Table 2. Literature 'H chemical shifts assigned to low pH form of serine protease active site imidazolium C#'—H protons and pK,

values
Sample 5, ppm pKa Ref.
Inactive or degraded forms
a-Lytic protease 8.0 5.6 Westler & Markley$
a-Chymotrypsin 8.54 6.18 Markley & Ibanez (20)
a-Lytic protease 8.70 6.5 Markley (21)
a-Lytic protease, ‘fresh”’ 8.65 6.5 Markley et al. (22)
a-Lytic protease, "aged”’ 8.71 5.9 Markley et al. (22)
a-Lytic protease 8.65 6.5 Westler et al. (23)
Subtilisin Carlsberg 8.6 7.22 Jordan et al. (24)
Subtilisin BPN’ 8.61 7.23 Bycroft & Fersht (25)
Questionable
Porcine trypsin 8.32 4.5 (slow) 5.0 (fast) Markley & Porubcan (26)
Not in question
Chymotrypsinogen 9.21 7.33 Markley & Ibanez (20)
Porcine trypsinogen 9.12 7.67 Porubcan et al. (39)
Bovine trypsinogen 9.12 7.72 Porubcan et al. (39)
a-Lytic protease + DIFP 8.38 8.16 Extracted from Porubcan et al. (40)
Subtilisin E + AAPbF 9.20 NA Bao et al. (41)
a-Chymotrypsin + AAPbF 9.24 NA Bao et al. (41)
a-Chymotrypsin + TFMK 8.97-9.18 10.7-12.1 Lin et al. (42)
a-Chymotrypsin 9.20 — Bao et al. (43)

pH** chemical shift of 9.22 ppm is unusual for a C*'—H
proton; to our knowledge, there have been no other reports of
a chemical shift above 9.0 ppm for any resting serine protease
(35) or histidine model compound (Table 1).

Previous reports have assigned the C#'—H proton of His>7 in
a-lytic protease to signals with low pH chemical shifts ranging
from 8.0 to 8.71 ppm (Table 2). Such shifts are more typical of
C#l—H protons than the 9.22 ppm reported here. The addition
of MeOSuc-Ala-Ala-Pro-boroVal (AAPbV) (18, 36), a potent,
transition-state analog inhibitor of a-lytic protease, causes the
two pH-dependent signals of Fig. 1 4 and B to be replaced by two
pH-independent signals with chemical shifts of 9.35 ppm and
6.76 ppm for C>'—H and C%—H, respectively (Fig. 1C). This
result is consistent with previous NMR studies of a-lytic protease
(31) and establishes the assignment of the 9.22 and 9.35 ppm
signals to the C#'—H protons of His*’ in the resting and inhibited
enzymes, respectively.

After having been frozen for several years, the enzyme sample
that produced Fig. 1 A and B displays two additional sets of
histidine C#'—H and C%—H proton signals (Fig. 24), with low
pH chemical shifts ~8.7 ppm. The properties of the new C*'—H
signals match those of signals previously described by Markley et
al. (22) as “fresh” and “aged” forms of a-lytic protease. Raising
the pH (Fig. 2 B and C) shows a general broadening of all peaks,
followed by line narrowing at high pH (9.50). Over the time
course of the titration depicted in Fig. 2 A-E (=1 wk), the
amount of both “fresh” and “aged” forms increases, demon-
strating the decay of true a-lytic protease to these forms,
although enzyme assays showed little decrease in activity until
~30% decrease occurring between Fig. 2 D and E. Addition of
AAPDV to the sample of Fig. 2E abolishes the remaining
enzyme activity. However, only the true signal becomes pH
independent (Fig. 2 F and G). The “fresh” and “aged” signals
continue to exhibit the same pH dependence as in the nonin-
hibited sample, indicating that they represent degraded or
inactive forms of a-lytic protease. The “fresh” and “aged” forms
do not seem to be low molecular fragments on the basis of
linewidth and SDS/PAGE gels.

**Low pH" and "“high pH"" are shorthand for “protonated’ and “unprotonated’ His.
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C#'—H Proton Chemical Shifts of the Catalytic Histidine in Subtilisin
BPN’ 97 (D99K). BPN' 97 D99K is an autolysi§-resistant variant
of subtilisin mutated at a site remote (>12 A) from the active
site. Subtilisin contains six histidines, so that the 1D 13C-
selective HMQC spectra of {!3C, 1N} histidine-labeled sub-
tilisin BPN’ are more complicated than those of a-lytic
protease. However, only one of the six His C®'—H proton
signals resonates downfield of 9.0 ppm at low pH (pH 5.6). This
signal, at 9.18 ppm, is from the catalytic His (37). As was the
case for a-lytic protease, the C*'—H proton resonances in
subtilisin Carlsberg (24) and BPN’ (25) were also previously
misassigned to signals with more conventional low pH chem-
ical shifts (Table 2). Consonni et al. (44) have demonstrated
that these assignments were to autolyzed fragments of enzyme.
Bao et al. (41) have recently reported a chemical shift of 9.20
ppm for the MeOSuc-Ala-Ala-Pro-boroPhe (AAPbF) com-
plex of subtilisin E. To the best of our knowledge, our finding
of a C*'—H proton chemical shift (9.18 ppm) for a resting,
active subtilisin has not been elsewhere reported. Here we also
report a C*'—H proton pH-independent chemical shift for the
subtilisin BPN’/AAPbBF complex of 9.45 ppm, to our knowl-
edge the most downfield yet observed (Table 1).

Historical Misassignment of Histidine C='—H Protons in Serine Pro-
teases. Table 2 summarizes most of the C*'—H proton chemical
shifts reported over the past 25 years for the protonated His
forms of serine proteases. Any value less than ~9.1 ppm for a
resting active enzyme or zymogen is probably erroneous. The
inherent instability of proteases, combined with drastic “preex-
change” treatments [up to 80°, pH = 3 for hours (26), sometimes
6 M guanidinium chloride (20)] explains why many previous
NMR studies reported signals from inactive species. However, it
does not explain why previous researchers failed to detect signals
from the true form, particularly because the samples were
reported to have substantial enzyme activity. As demonstrated
in the supplementary material (in the form of Figs. 4-6, Tables
3-6, additional text, and a movie, which are published on the
PNAS web site, www.pnas.org), the true signals are inherently
broader than those from the inactive species, particularly
through the mid-range of pH titrations, owing to fast-exchange
broadening (45) caused by the diffusion-controlled imidazole
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Fig. 2. 1D 'H/'3C HMQC NMR spectra vs. pH of partially denatured ~1 mM
{13C, 15N} His-labeled a-lytic protease at 25°C. (Fand G) Sample after inhibition
with ~2-fold excess of MeOSuc-Ala-Ala-Pro-boroVal (AAPbV). The asterisks
denote extraneous peaks because of denatured or inactive enzyme. This
sample, which had been frozen for 3 yr, remained at each pH value for 24 h or
longer.

protonation rate (46). Most previous studies also used resolution
enhancement techniques in acquisition (25) and/or processing
(20) that discriminate against the broader, true signals, selecting
instead for fragments and inactive forms.

Origin of the Unusual C*'—H Proton Chemical Shifts for Catalytic
Histidines in Serine Proteases. Because the misassignment problem
was confined to active enzymes, the C*'—H proton chemical
shift data appeared to indicate that the magnetic environment of
the C*1—H proton was substantially different (A8 ~ 0.6 ppm)
between zymogens and active enzymes (39), prompting specu-
lation about the nature of the apparent structural difference.
Differences in anisotropic shielding by the neighboring Ser?'4
carbonyl group was proffered as the source of the chemical shift
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difference. Anisotropic shieldings of —0.7 ppm and “essentially
zero” ppm were calculated for zymogen and active enzyme,
respectively. In light of present results, these calculations (39) are
obviously in error.

Anisotropic shielding from the serine carbonyl is, neverthe-
less, a possible contributor to the unusual shift of the C>'—H
protons in resting enzymes, zymogens, and boronic acid com-
plexes, representing displacements of 0.8 to 1.0 ppm, respec-
tively, from the ~8.4 ppm of protonated but not H-bonded
model systems, such as diisopropylfluorophosphate-inhibited
a-lytic protease (47) and Ac-His (Table 2). Three contemporary
models that have been applied to calculation of both C*—H and
amide N-H protons shielding in proteins are those of Osapay
and Case (48), Herranz et al. (49), and Williamson and Asakura
(50) [also Asakura et al. (51)]. A detailed analysis is given in the
supplementary material. These calculations demonstrate that
anisotropic shielding by the adjacent peptide group accounts for
but a fraction of the experimentally observed displacement
(=0.8 ppm). The bulk of the displacement we attribute to the
H-bond proposed by Derewenda. This is a significant H-bond
shift and, in our view, represents an energy sufficient to bind
His7 to Ser?!# for vital mechanistic purposes.

Mechanistic Implications of Histidine Cz'—H Proton-Donated H-bonds.
Derewenda et al. (1) suggested three possible roles for the His
C#!l—H--O=C H-bond: () to aid in prealigning and maintaining
the catalytic His in ideal position to activate Ser!®; (i) to
increase the electronegativity of N2 and (iii) to facilitate
deprotonation at N®? by creating a more even distribution of
positive charge on the imidazolium ion. We believe these factors
would have too small an effect to account for the invariance of
the C?! H-bond. We propose instead that the donor and acceptor
groups of the C¢! H-bond supply needed components for a
“reaction-driven,” catalytically functional rotation of ~180°
about the His CA—C” bond, i.e., “flipping” the imidazole ring
(Fig. 3).

X-ray crystallography (52) and NMR spectroscopy (14, 17)
have shown that the catalytic histidine in resting serine proteases
is ideally poised to activate the Ser hydroxyl group for nucleo-
philic attack on the substrate. However, if the His is optimally
aligned to accept the serine proton to form tetrahedral inter-
mediate 1 (TI-1, Fig. 3), then it must also be optimally aligned
to donate the proton back to serine, expelling the alkoxide ion
and regenerating the starting materials, rather than expelling the
amine anion (R'—NH™) and proceeding to acyl enzyme (28—
30). Here a significant problem arises because, in the absence of
other factors, expulsion of the alkoxide ion would be greatly
favored over expulsion of the amine anion, as the alkoxide ion
(pKv =~ 1) is inherently a much better leaving group than the
amine anion (pKp =~ 16) (53). With a catalytic advantage added
to the already favored back reaction, it is difficult to understand
how the reaction can proceed in the forward direction.

Recognizing this problem, Wang (28) proposed that the
catalytic His is aligned midway between the Ser and the leaving
nitrogen, and that proton transfers occur along bent H-bonds.
Kraut (54) proposed that the catalytic histidine may be rigidly
held in position to H-bond with the leaving nitrogen atom. The
Kraut proposal recognizes the importance of catalyzing the
breakdown of TI-1 in the productive direction but gives up
entirely on general-base assistance in its formation. Satterthwait
and Jencks (30) proposed that the imidazole ring oscillates,
alternately aligning the His N®? between Ser and the leaving
amide. On the basis of NMR evidence, Bachovchin proposed
that formation of TI-1 triggers movement of the catalytic
histidine (47). All these proposals make the same basic tradeoff,
sacrificing catalytic assistance in formation of TI-1 for assistance
in its breakdown in the productive direction.

Our ring flip mechanism (Fig. 3), solves the above dilemma,

Ash et al.
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Proposed model of reaction-driven imidazole ring flip mechanism in serine hydrolases containing the catalytic triad. Shaded species are unproductive.

Relative abundance of imidazole rotamers represented only qualitatively by magnitudes of double arrows, so arrow lengths should not be interpreted literally.
The mechanism requires only an increasing trend in the flipped/normal ratio in moving from resting enzyme to TI-1 to acyl enzyme. See supplementary material

for an animated video loop with sound effects.

and assigns a role to the His C*'—H--O=C H-bond commen-
surate with its invariance. It involves two positions of the
imidazole ring differing by ~180° rotation about the C—Cy
bond, which we shall refer to as the normal (e.g., 1) and flipped
(e.g., 2) rotamers, respectively. Note that there are four main
positions (labeled clockwise a through d) in which H-bonds
between the imidazole ring and the active site can occur. Both
1 and 2 make favorable contacts at positions a, b, and c. A
favorable interaction is present at position d in 1, the His
C#l—H-donated H-bond. However, an unfavorable contact ex-
ists at d in 2, i.e., the unshared electron pair of N*? oriented
toward an unshared electron pair on the carbonyl oxygen of
Ser?'4. The interaction at d could easily determine relative
rotameric stability. For example, if the H-bond energy at 1d were
as little as —2 to —3 kcal/mol, and the repulsion of electron pairs
in 2d were equally unfavorable, i.e., +2 to +3 kcal/mol, the
difference in this interaction alone would cause 1 to be favored
over 2 by 1,000- to 20,000-fold. This energy difference would be
sufficient to prevent observation of 2 in resting enzymes by NMR
or x-ray diffraction.

However, once N*2 accepts the proton from Ser, and TI-1 is
formed, the situation changes (3 and 4, Fig. 3). The unfavorable
interaction at d in the flipped rotamer 2 becomes favorable in the
flipped rotamer 4, because N*2 now carries a proton. Conse-
quently, 4 will not be as unfavored relative to 3 as 2 is to 1. Such
a “reaction-driven” ring flip would have important catalytic
consequences, because the flipped rotamer 4 is as ideally suited

Ash et al.

to catalyzing the breakdown of TI-1 in the forward direction as
the normal rotamer 1 is in catalyzing its formation. In 4, not only
is N®'—H ideally aligned to expel the amine anion, the nonlabile
C#!—H proton is also ideally positioned to H-bond with the
Ser!® oxygen, where it can serve only to inhibit expulsion of the
alkoxide ion by not giving up its proton and by blocking access
to any labile proton donors.

By estimates analogous to those made above for resting
enzyme, we might expect formation of the TI-1 to stabilize the
flipped relative to the normal rotamer by ~1,000- to 20,000-fold,
which would make the ratio of 4:3 ~1,000- to 20,000-fold greater
than that of 2:1. It is conceivable that this effect could make 4
favored over 3, but 4 need not be favored over 3 for the effect
to be catalytically functional. For example, if the effect were such
as to make the ratio of 4:3 = 0.01, we would expect a maximum
of 1 in every 100 TI-1s to go forward to product. Nevertheless,
conversion of 1 per 100 represents a substantial advantage over
1 per 10° to 10, which might be the case without the ring flip.

After formation and productive breakdown of TI-1, the en-
zyme must hydrolyze the acyl enzyme. Here the ring flip
mechanism offers further advantages: with an electron pair on
N©®! oriented toward solvent, 6 is ideally suited to catalyzing the
next step—activation of water for attack on the acyl enzyme.
Return of 6 to the more abundant but less catalytically useful
rotamer, 5, at this stage would be hindered by the unfavorable
interaction between the unshared pair on N°! and the catalytic
Asp. After activation of water, 6 becomes 8, and 8 is then free
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to return to the normal rotamer 7, which brings N*>—H back into
alignment with Ser!®, where it can expel the alkoxide ion, thus
completing the reaction and returning the enzyme to the initial
state.

The energetics of the H-bonding interactions at positions a
through d during catalysis, as outlined above, appear sufficient
but may not be the sole driving force for the histidine flip
mechanism. Because the positive charge on the imidazolium ring
does not lie along the rotational axis, the charge—charge elec-
trostatic interactions that develop on formation of TI-1 between
imidazolium and oxyanion will favor the flipped rotamer, the
direction needed to contribute to the ring flip mechanism.

Experimental evidence that the flipped rotamer can exist in
serine protease-active sites has recently been supplied by an x-ray
crystal structure of subtilisin BPN” in 50% dimethylformamide
(DMF) at low pH by Kidd et al. (55). In this structure, the
imidazole ring is rotated 164°, rather than 180°, but nevertheless
the contacts at points a—d are present. Kidd et al. sketch in both
C#!l—H- and C®*—H-donated H-bonds to the active site Asp and
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Ser groups in the flipped structure without comment. Nor do
Kidd et al. make any mention of H-bonding to the backbone Ser
carbonyl group, but it is well oriented for H-bonding to the
N#2—H proton, and at an N-O distance we measured at 3.14
A-0.09 A shorter than the C-O distance of the normal rotamer.
The “low-barrier” H-bond (LBHB) hypothesis (56-58) of an
unusually strong Asp-His H-bond (at position a in Fig. 3),
promoted by some researchers in the face of unanswered exper-
imental (16,59) and theoretical (19, 60, 61) evidence to the
contrary, offers no solution to the dilemma discussed above. In
fact, if the Asp-His H-bond were unusually strong at low pH, it
is difficult to understand why the ring would flip in the less polar
solvent of 50% DMF, as observed in the x-ray crystal structure
of subtilisin BPN' (55), because the LBHB hypothesis predicts an
increase in bond energy with lower dielectric constant (58).
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