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DNA damage is known to trigger key cellular defense pathways
such as those involved in DNA repair. Here we provide evidence for
a previously unrecognized pathway regulating transcription in
response to DNA damage and show that this regulation is
mediated by the abundant nuclear enzyme poly(ADP-ribose) poly-
merase. We found that poly(ADP-ribose) polymerase reduced the
rate of transcription elongation by RNA polymerase II, suggesting
that poly(ADP-ribose) polymerase negatively regulates transcrip-
tion, possibly through the formation of poly(ADP-ribose)
polymerase–RNA complexes. In damaged cells, poly(ADP-ribose)
polymerase binds to DNA breaks and automodifies itself in the
presence of NAD1, resulting in poly(ADP-ribose) polymerase inac-
tivation. We found that automodification of poly(ADP-ribose)
polymerase in response to DNA damage resulted in the up-regu-
lation of transcription, presumably because automodified poly-
(ADP-ribose) polymerase molecules were released from transcripts,
thereby relieving the block on transcription. Because agents that
damage DNA damage RNA as well, up-regulation of RNA synthesis
in response to DNA damage may provide cells with a mechanism
to compensate for the loss of damaged transcripts and may be
critical for cell survival after exposure to DNA-damaging agents.

Poly(ADP-ribose) polymerase (PARP) is a highly abundant
nuclear protein (for reviews, see refs. 1–6), the physiological

role of which is not yet clear. In damaged cells, PARP binds to
DNA breaks and becomes enzymatically activated (1, 5). In the
presence of its substrate, NAD1, activated PARP automodifies
itself through the addition of ADP-ribosyl polymers (1, 5). This
automodification inactivates PARP and leads to its dissociation
from DNA breaks (7), a prerequisite for DNA repair (8–11). In
contrast, in undamaged cells, PARP is found to be associated
with regions actively transcribed by RNA polymerase II (POL II)
(12), as well as with nucleoli, where ribosomal RNA is tran-
scribed by RNA polymerase I (12). Furthermore, treatment of
nuclei with RNase results in the release of PARP (13). In
addition, exposure of cells to the transcription inhibitors 5,6-
dichloro-1-b-ribofuranosylbenzimidazole or actinomycin D dis-
perses PARP from nucleoli (14). These observations suggest that
PARP may play a role in transcription. Here we demonstrate
that PARP mediates a link between DNA damage and elonga-
tion of transcription by RNA polymerase II.

Materials and Methods
Cell-Free TranscriptionyDNA Repair Assay. Lymphoblastoid
GMO1953C cells (NIGMS Human Mutant Cell Repository, NJ)
were cultured in RPMI medium 1640, and whole cell-free
extracts were prepared as described by Manley et al. (15). The
reactions were carried out with 50 mg of cell-free extract, 0.125
mg of either pGf1a or pDGf1a plasmid (16), and 0.125 mg of
g-irradiated pBluescript KS (1) plasmid (pBS; Stratagene),
prepared as described previously (10). The transcription–DNA
repair assay reaction conditions have been described previously
(16). Briefly, the reaction was carried out in a mixture containing

Hepes-KOH (pH 7.9), dNTPs, NTPs, [a-32P]CTP, an ATP-
regenerating system, and RNase T1 in the presence or absence
of 2 mM NAD1 for various lengths of time at 30°C and was
terminated by the addition of SDS, EDTA, and proteinase K.
After purification of the DNA and RNA by phenolychloroform
extraction and ethanol precipitation, the pellets were resus-
pended in 10 mM TriszHCl (pH 8.0)y1 mM EDTA. Labeled
RNA transcripts were analyzed by either conventional urea gel
electrophoresis (6% acrylamidey8 M urea gel), using a Bio-Rad
Mini gel apparatus, or by sequencing gel electrophoresis (6%
acrylamidey8 M urea gel). Gels were exposed to x-ray film for
autoradiography, or radioactive bands were quantified with an
InstantImager (Packard).

Depletion of PARP from Whole Cell-Free Extracts. Depletion of
PARP from whole cell-free extracts was carried out essentially
as described earlier (10). Brief ly, double-stranded DNA-
cellulose (0.7-ml bed volume) was packed into a column (1-cm
diameter) and washed with 35 ml of 0.3 M NaCly50 mM TriszHCl
(pH 8.0)y10 mM 2-mercaptoethanoly10% glycerol (buffer A).
Cell-free extracts (2 mgyml protein in 1 ml of buffer A) were
loaded onto the column and quickly passed through the column
by applying high pressure. The column was then washed with 1
ml of buffer A followed by 2 ml of buffer A containing 0.4 M
NaCl. Eluted fractions were pooled and concentrated by using
Centricon 10 spin columns (Amicon) after dialysis against buffer
A. This PARP-depleted fraction was designated Fr 0.4. PARP
was then eluted from the column, using buffer A containing 1.0
M NaCl. After dialysis, the eluate was concentrated in a Cen-
tricon 10 spin column; this fraction was designated Fr 1.0.
Depletion of PARP by this method is about 95% efficient, and
recovery of protein in Fr 0.4 is typically 80%.

Preparation of Recombinant PARP. PARP cDNA was cloned into
pET3a (Novagen) and used to transform Escherichia coli
HMS174 (DE3) pLys E (Novagen). Expressed PARP was puri-
fied by chromatography on a phosphocellulose column, a
double-stranded DNA-cellulose column, and a heparin-
Sepharose column. The final preparation was free of RNase
contamination.

Preparation of Automodified Recombinant PARP. To prepare auto-
modified PARP, a double-stranded DNA-cellulose column with
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a 20-ml bed volume was prepared, and 600 ng of human
recombinant PARP was applied. After washing with 400 ml of 25
mM Hepes-KOH (pH 7.9)y100 mM KCly12 mM MgCl2y1 mM
EDTAy17% glyceroly2 mM DTT (buffer B), 15 ml of buffer
containing 5 mM TriszHCl (pH 8.0)y5 mM MgCl2y250 mM
NAD1 was added and incubated for 10 min at 37°C to allow for
automodification of PARP. Automodified PARP was then re-
covered from the column with 15 ml of buffer B, and the protein
was quantified.

Plasmid Construction. A G-less cassette was cloned upstream of
the initiation codon for cystic fibrosis transmembrane conduc-
tance regulator (CFTR), superoxide dismutase, and firefly
luciferase cDNAs. pG-CW5.30 (CFTR), pG-SOD (superoxide
dismutase), and pGL3Ad (firefly luciferase) were constructed by
replacing the NdeI–PstI sequence of pCW5.30 (17), the EcoRI–
SmaI sequence of pT18Kan1 (18), and the KpnI–HindIII
sequence of pGL3 (Promega), respectively, with the G-less
cassette.

Elongation Assay. pDGf1, pG-CW5.30 (CFTR), pG-SOD (super-
oxide dismutase), and pGL3Ad (firefly luciferase) were digested
with PacI (a PacI restriction site is located 18 bases from the 11
position in the G-less cassette), creating a 90-base G-less se-
quence at one end of the DNA. A C-tail was added by incubating
these DNAs with dCTP and terminal transferase. The linearized
pG-CW5.30, pG-SOD, and pGL3Ad plasmids were then di-
gested with KpnI, BamHI, and XbaI, respectively, to extract the
full-length cDNA with the G-less cassette. pGL3Ad was alter-
natively digested with ScaI to obtain a 190-base cDNA fragment.
The cDNAs were separated from other fragments by ethidium
bromide–agarose gel electrophoresis and were used in an elon-
gation assay after extraction from the gel.

Either POL II (40 unitsyml) (19) or T7 RNA polymerase (240
unitsyml) was allowed to load onto the DNA (15 fmolyml) from
the G-less sequence located at one end of the DNA in the
presence of 2 units/ml RNasiny50 mM ATPy50 mM UTPy2 mM
CTPy1.3 mCi/ml [a-32P]CTP at 37°C for 30 min as described by
Shilatifard et al. (20). A chase was initiated by adding 50 mM
GTP and 500 mM CTP in the presence or absence of human
recombinant PARP. The reaction was terminated by addition of
SDS, EDTA, and proteinase K, and transcripts were analyzed on
a sequencing gel (6% acrylamidey8 M urea gel).

Gel Retardation Assay. The CFTR sequence corresponding to the
region of predicted RNA secondary structure (100 bases from
the start ATG) was cloned downstream of the T3 RNA poly-
merase promoter. A 32P-labeled RNA probe was then synthe-
sized using T3 RNA polymerase and used in a gel retardation
assay. Probe (2 pmolyml) was incubated with PARP in a reaction
mixture containing 25 mM TriszHCl (pH 8.0), 50 mM NaCl, 1
mM MgCl2, 5 mM spermidine, 0.5 mM DTT, 5 mM EDTA and
fractionated by native 6% acrylamide gel electrophoresis.

Treatment of HeLa Cells with N-Methyl-N*-nitro-N-nitrosoguanidine
(MNNG), Analysis of mRNA, and Western Blotting. Actively growing
HeLa S3 cells were harvested and resuspended in DMEM. Cells
(1 3 105) were transferred to 1.5-ml tubes, incubated in the
presence or absence of 5 mM 3-aminobenzamide (3AB) for 20
min at 37°C, and treated with 150 mM MNNG for various times.
After incubation, cells were spun down by centrifugation at 80 3
g for 1 min, and pellets were frozen on dry ice.

Total RNA was extracted with an RNA extraction kit (Pro-
mega) and used for mRNA analysis. Total RNA (0.5 mg) was
incubated with 100 nmol of oligo(dT) primers (Amersham
Pharmacia) in 12 ml of water at 70°C for 10 min, quickly chilled
on ice, then combined with 8 ml of a reverse transcriptase
reaction mixture containing 2.53 first-strand buffer (GIBCOy

BRL), 25 mM DTT, 1,250 mM each dATP, dGTP, and dTTP,
62.5 mM CTP, and 0.1 mCi of [a-32P]CTP. Reactions were
initiated by addition of 100 units of Superscript II (GIBCOy
BRL) and were incubated for 50 min at 42°C. cDNA was
precipitated by ethanol in the presence of ammonium acetate
and then electrophoresed on an ethidium bromideyagarose gel
(1% agarose). Gels were dried and exposed to x-ray film for
autoradiography, or labeled cDNAs were quantified with an
InstantImager (Packard).

For Western blotting, frozen cells were lysed with 50 mM
TriszHCl (pH 7.5)y500 mM NaCly10 mM EDTAy10 mM
ADP-dihydroxypyrrolidine (21) [an inhibitor of poly(ADP-
ribose) glycohydrolase], and samples were used for Western
blotting analysis, using the C-II-10 monoclonal antibody
against PARP (22).

Results
Promotion of Transcription by Automodification of PARP in a Cell-Free
Transcription–Repair Assay. To investigate transcriptional activity
(POL II-dependent) in the context of DNA damage and PARP
activity, we modified a cell-free transcription–DNA repair assay
developed previously (16). This assay relies on the use of two
different plasmids (Fig. 1A): undamaged pGf1a containing the
adenovirus major late promoter and a G-less cassette for tran-
scription (supercoiled), and damaged pBS containing g-ray-
induced single-stranded DNA breaks (open circular form).
These plasmids are incubated with human cell-free extracts in
the presence of an ATP-regenerating system, [a-32P]CTP,
dNTPs, NTPs, and RNase T1 in the presence or absence of the
substrate for PARP, NAD1.

After incubation of both plasmids with the cell-free extract,
production of RNase T1-resistant transcripts was promoted by 3-
to 4-fold by the addition of 0.25 mM (data not shown) or 2 mM
(Fig. 1B) NAD1. We also observed NAD1-dependent transcrip-
tion with the use of a pG-CMV plasmid containing a cytomeg-
alovirus promoter instead of adenovirus major late promoter
(data not shown). It is known that POL II can randomly initiate
transcription from nicked sites in DNA (23). During the assay,
less than 5% of closed circular pGf1 was converted to the open
circular form, indicating that negligible amounts of DNA nicking
occurred. In addition, when a version of the pGf1a plasmid
lacking adenovirus major late promoter (pDGf1a) was used, only
background levels of transcription were observed (data not
shown). These results indicate that transcription in our assay is
not initiated nonspecifically from DNA nicks.

In the presence of DNA breaks and NAD1, PARP is auto-
modified in this assay (data not shown and refs. 9 and 10). When
such automodification was inhibited by 1,5-dihydroxyisoquino-
line (24), NAD1 was not sufficient to promote transcription
(data not shown). When undamaged pBS plasmid was used
instead of damaged pBS, the level of PARP automodification
was significantly reduced (about 10% relative to that with
damaged pBS), and no apparent promotion of transcription was
found with the addition of NAD1 (data not shown). Because
automodification inactivates PARP (7), these results suggest that
inactivation of PARP is required for transcriptional up-
regulation by NAD1.

Reduction of RNA Synthesis by Unmodified PARP. If inactivation of
PARP results in up-regulation of transcription, removal of
PARP from cell-free extracts should have a similar effect. We
therefore prepared PARP-depleted extracts by double-stranded
DNA-cellulose chromatography (10) and found that when these
extracts [Fig. 1C, 0.4 M NaCl eluate (Fr 0.4)] were used in the
cell-free transcription–DNA repair assay, transcription did in
fact increase relative to transcription with whole extracts. The
addition of NAD1 had no effect on transcription when the
depleted extracts were used (Fig. 1C, Fr 0.4). Adding back crude
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PARP recovered from double-stranded DNA-cellulose [Fig. 1C,
1.0 M NaCl eluate (Fr 1.0)] or purified PARP (from calf thymus)
reduced transcription in the absence of NAD1 and restored the
NAD1-dependent promotion of transcription. Therefore, we
conclude that unmodified PARP acts to suppress transcription
and that inactivation of PARP by automodification in the
presence of NAD1 relieves the transcriptional block, resulting in
increased transcription.

Reduction of RNA Elongation by Unmodified PARP. PARP could
suppress transcription by POL II either at the level of initiation
or at the level of RNA elongation. To distinguish between these
two possibilities, we analyzed the ratio of 110-base transcripts to
106-base transcripts produced during the transcription reaction.
As illustrated in Fig. 1 A, 106-base transcripts (Fig. 1 A, 11 to 1
106) should be produced when transcription is initiated from
adenovirus major late promoter. If unmodified PARP acts to
suppress transcription initiation, then the addition of NAD1

should increase the production of 106-base transcripts. In con-
trast, if PARP suppression acts at the level of elongation,
automodification of PARP in the presence of NAD1 should
increase the production of 110-base transcripts. In this assay,
RNase T1 was typically added to visualize transcripts from the
G-less sequence. In the absence of RNase T1, transcripts over 3

kb long were produced (data not shown), suggesting that POL II
transcribed the entire circular pGf1 (2.8 kb) and retranscribed
the G-less sequence. Because the G-less sequence represents an
additional 4 bases (Fig. 1 A, 24 to 1 106) upstream of the
transcription initiation site (Fig. 1 A, 11), RNA produced by
retranscription of the G-less sequence (110 bases long) in the
presence of RNase T1 should represent the effect of PARP on
elongation. As seen in Fig. 1D, NAD1 increased production of
110-base transcripts relative to 106-base transcripts, resulting in
a ratio of 110-base to 106-base transcripts that was approximately
2-fold higher than the ratio obtained in the absence of NAD1.
These results suggest that the suppression by PARP of tran-
scription occurs primarily at the level of transcription elongation.
Consistent with our observations, Sawadogo and Roeder (25)
reported that PARP has no effect on transcription initiation.

To confirm the results obtained by the assay with cell-free
extracts, we performed an elongation pulse-chase experiment,
using highly purified POL II (19), recombinant human PARP,
and linearized pDGf1a containing a 90-base G-less cassette at
one end. Pulse labeling of transcripts was carried out by loading
POL II onto DNA and transcribing the G-less sequence in the
presence of ATP, UTP, and [a-32P]CTP, but not GTP, resulting
in the production of 90-base transcripts (Fig. 2A, lane 1). A chase
was initiated by adding GTP and excess nonradioactive CTP.

Fig. 1. Cell-free transcription–DNA repair assay. (A) pGf1a plasmid was used as the template for transcription by POL II. pBS plasmid containing g-ray-induced
single-stranded DNA breaks (an average of one per molecule) served as the substrate for DNA repair. (B) Transcription in the presence or absence of 2 mM NAD1.
32P-labeled RNase T1-resistant transcripts generated in the cell-free transcription–DNA repair assay (16) were visualized by autoradiography. (C) Effect on
transcription of using PARP-depleted cell-free extracts (4) [0.4 M NaCl eluate (50 mg)] and depleted extracts reconstituted with either partially purified PARP (1.0
M NaCl eluate, 0.5 mg or 1.0 mg) or highly purified PARP from calf thymus [60 ng, obtained from G. G. Poirier (Laval University)] was analyzed. Reactions were
carried out for 30 min. (D) The cell-free assay was carried out as described above. Transcripts (110-base and 106-base) were fractionated by sequencing gel
electrophoresis and quantified.
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Discrete bands, formed by pausing of POL II, were visualized
(Fig. 2 A, lane 2–5). When the chase was carried out in the
presence of different amounts of recombinant PARP, synthesis
of RNA was reduced in a concentration-dependent manner
(lanes 6–9 and 10–13). In addition, similar reductions in tran-
scription were observed when firefly luciferase (data not shown),
superoxide dismutase (data not shown), and CFTR cDNAs (Fig.
2B, lanes 19–22 and 23–26) were used. In contrast, as shown in
Fig. 2 A, addition of purified human recombinant PARP that had
been automodified did not reduce elongation (lanes 14–17).
Furthermore, the addition of PARP to the reaction mixture had
no effect on the elongation of RNA by either T7 RNA poly-
merase or T3 RNA polymerase (data not shown). Together,
these data indicate that PARP can reduce the synthesis of RNA
by POL II and that the automodification of PARP relieves this
transcriptional inhibition, resulting in increased RNA synthesis.

Interaction of PARP with RNA. When excess CFTR RNA (synthe-
sized in vitro by T3 RNA polymerase) was added to the
elongation–pulse assay, PARP no longer reduced the transcrip-
tion of CFTR cDNA (Fig. 2B, lanes 27–30), suggesting that the
capacity of PARP to block transcription was dependent on an
interaction with CFTR RNA. As indicated in Fig. 2B, strong
pausing of POL II was observed within a specific region of CFTR
RNA. Analysis of CFTR RNA predicts that this region contains
a significant secondary structure (see ref. 26 and personal
communication with S. Sato and R. R. Kopito). To investigate
whether PARP interacts with CFTR RNA secondary structure,
gel retardation assays were carried out. As shown in Fig. 3, PARP
does in fact appear to interact with the CFTR RNA sequence
containing the region of predicted secondary structure. Consis-

tent with the fact that this secondary structure is predicted to
contain two stem loops, two retarded bands were observed.
When RNA from a TAR sequence (containing one RNA stem
loop) from HIV-1 was used, only one discrete retarded band was
found (data not shown).

When shorter firefly luciferase cDNA, which contained only
minor pause sites, was prepared and used in the pulse–chase
elongation assay, over 5 times more PARP was required to
reduce transcription compared with the full-length firefly lucif-
erase cDNA (data not shown), further suggesting that pause sites
are involved in the capacity of PARP to inhibit transcription. On
the other hand, the presence of minor pause sites may give rise
to the faint smears seen in Fig. 2 and contribute to transcriptional
inhibition by PARP, although transcripts with minor pause sites
seem to have less affinity for PARP than those with major pause
sites. It has been demonstrated that RNA secondary structure is
involved in pausing of POL II on transcripts (for a review, see ref.
27). Thus these data suggest a scenario in which PARP inhibits
POL II transcription by binding to RNA stem loops.

After the formation of PARP–RNA complexes, the addition
of DNA breaks resulted in the resolution of such complexes (Fig.
3). Because PARP has been demonstrated to have a significantly
higher affinity for DNA breaks than for RNA (28), PARP
complexed with RNA likely moves to DNA breaks. In the
presence of NAD1, the DNA-bound PARP then becomes
automodified, resulting in dissociation from DNA breaks and
inhibiting rebinding of PARP to RNA. Damage-dependent
up-regulation of transcription may therefore occur in two steps,
with resolution of PARP–RNA complexes followed by inactiva-
tion of PARP through automodification (see Discussion).

Fig. 2. Effect of PARP on RNA elongation. (A) Pulse–chase elongation assays using linearized pDGf1a, highly purified POL II (1.0 unit), and either recombinant
PARP (12 or 24 ng) or automodified recombinant PARP (24 ng) were carried out in 25 ml of reaction mixture. During the pulse, 90-base transcripts that were labeled
with [a-32P]CMP were generated. Then, the addition of GTP and excess nonradioactive CTP initiated the chase, which was carried out in the presence or absence
of PARP. (B) A G-less cassette was cloned upstream of the coding sequence for human CFTR, and the resulting cDNAs were used in a pulse–chase transcription
assay. Reactions were also carried out with 40 ngyml CFTR RNA produced by T3 RNA polymerase.
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Up-Regulation of Transcription by Automodification of PARP in Vivo.
To investigate transcriptional up-regulation by PARP in vivo, we
analyzed mRNA synthesis after treatment of cells with the
DNA-damaging agent MNNG in the presence or absence of an
inhibitor of PARP, 3AB. To avoid any complication of analysis
arising from the activation of the apoptotic cell death pathway,
we used HeLa cells, which are less sensitive to the induction of
apoptosis in response to DNA damage due to the repression of
p53 (29). Over 80% of PARP molecules appeared to be auto-
modified after treatment of cells with MNNG when analyzed by
Western blotting, and this automodification was effectively
inhibited by 3AB (data not shown).

mRNA transcripts from HeLa cells were then analyzed. Total
RNA was extracted and cDNA molecules were generated, using
reverse transcriptase to initiate synthesis from oligo(dT) prim-
ers. cDNAs of a variety of lengths were synthesized from control
RNA (Fig. 4, 0 min). When RNA extracted from MNNG-treated
HeLa cells was reverse-transcribed, the resulting cDNAs were
found to be reduced in length compared with control lengths.
Treatment of RNA with MNNG in vitro also reduced the lengths
of cDNA observed (Fig. 4, lane M), suggesting that RNA
damage was responsible for the inhibition of cDNA synthesis by
reverse transcriptase. A reduction in cDNA lengths was also
observed under conditions where cells were treated with MNNG
and where PARP activity was inhibited by 3AB. However, in the
case of cellular exposure to MNNG alone, the cDNA molecules
synthesized were measurably longer than those generated from
cells exposed to MNNG together with 3AB (Fig. 4). 3AB itself
had no effect on the size of cDNA molecules observed (Fig. 4,
3AB, 90 min). Identical results were obtained with 1,5-
dihydroxyisoquinoline, another inhibitor of PARP (data not
shown; ref. 24). Therefore, we conclude that enzymatically active
PARP is responsible for the difference in cDNA lengths ob-
served, presumably by promoting overall levels of mRNA syn-
thesis in MNNG-damaged cells. These results agree well with our
in vitro results.

Discussion
In this report, we have demonstrated that transcription elonga-
tion is negatively regulated by PARP in the absence of DNA
breaks and is up-regulated in the presence of DNA breaks and
NAD1. Previously, a model for the role of PARP in DNA repair
was proposed (10); we have modified this model to explain our
results as summarized in Fig. 5.

(i) In undamaged cells, mRNA synthesis is negatively regu-
lated by PARP–RNA complexes at the level of elongation. (ii)
When DNA breaks are generated, PARP–RNA complexes are
resolved as a consequence of the fact that PARP has a signifi-
cantly higher affinity for DNA breaks than for RNA (27)
(NAD1-independent). (iii) If PARP were to persist on DNA

Fig. 3. Analysis of PARP–RNA complexes by gel retardation. 32P-labeled RNA
stem loop (20 fmol) synthesized from CFTR cDNA was incubated with various
amounts of PARP for the indicated times at 30°C in 10 ml of reaction mixture
and was analyzed by 6% acrylamide gel electrophoresis. For analysis in the
presence of DNA breaks (DB) (l-DNA–BstEII digest), PARP–RNA complexes
were preformed (10-min incubation) and incubated for a further 10 min after
the addition of DNA breaks.

Fig. 4. Effect of DNA damage and PARP inhibition in vivo. Total RNA was
extracted from HeLa S3 cells treated with MNNG (150 mM), 3AB (5 mM), or
MNNG together with 3AB. 32P-labeled cDNA was synthesized from mRNA
transcripts by reverse transcription, using oligo(dT) as a primer. The resulting
cDNA molecules were then fractionated on an ethidium bromideyagarose gel
(1% agarose), and labeled cDNAs were visualized by autoradiography. As a
positive control, mRNA extracted from nontreated HeLa S3 cells (MNNG, 0
min) was exposed to 150 mM MNNG in vitro for 30 min and reverse-transcribed
(lane M).

Fig. 5. Model for poly(ADP-ribosyl)ation-mediated up-regulation of tran-
scription. See text for details.

9890 u www.pnas.org Vispé et al.



breaks, DNA repair would be inhibited (10). However, binding
of PARP to DNA breaks activates PARP in the presence of
NAD1, promoting extensive automodification (over 200 residues
of ADP-ribose conferred on a single PARP molecule) and
resulting in the dissociation of PARP from the DNA strand
(NAD1-dependent) (1, 7, 10). The release of automodified
PARP from DNA breaks allows DNA repair to begin (10), and
the automodified PARP is likewise prevented from binding to
RNA. Thus mRNA synthesis is up-regulated. (iv) After DNA
repair, the ADP-ribose polymers are degraded by poly(ADP-
ribose) glycohydrolase, regenerating unmodified PARP (1, 7),
which is capable of binding to RNA once more. A significant
population of automodified PARP molecules is probably re-
quired for PARP to regulate the overall level of transcription by
such a process. In fact, PARP is highly abundant in nuclei, and,
in response to DNA damage, a significant portion of PARP
molecules have been shown to be poly(ADP-ribosyl)ated (see
ref. 1 and this work).

In connection to nucleosomes, ADP-ribose polymers are
found on core histones in damaged cells (30, 31). In addition,
histone H1 (32, 33) and high mobility group proteins (34) are
also often poly(ADP-ribosyl)ated. It has been demonstrated that
poly(ADP-ribosyl)ation of histone results in opening up of the
chromatin structure (35, 36). Acetylation of histones and high
mobility group proteins is also known to alter chromatin struc-
ture in this way. Deacetylation results in transcriptional repres-
sion, so an open chromatin structure is thought to be critical for
maintaining transcription (for reviews, see refs. 37–39). Poly-
(ADP-ribosyl)ation of histones and high mobility group proteins
in response to DNA damage may act to regulate transcription in
a similar manner.

Because RNA and DNA are chemically similar, RNA is
sensitive to many agents known to damage DNA. Thus a
mechanism that acts to promote overall levels of transcription
may enable cells to compensate for the collateral loss of mRNA
after exposure of cells to DNA-damaging agents. The physio-
logical consequences of RNA damage are not well understood,
although cytotoxicity is likely to result from the depletion of
biologically active mRNA molecules. Thus the pathway de-
scribed above may serve as part of an overall defense mechanism
for cell survival after exposure to DNA-damaging agents. In fact,
inhibition of PARP can sensitize cells to DNA-damaging agents
(1). More recently, PARP-deficient cells have been shown to be
sensitive to exposure to DNA-damaging agents (40, 41), despite
the fact that these cells contain normal DNA repair activity (M.
D. Vodenicharov, F. R. Sallman, Z.-Q. Wang, M.S.S., and G. G.
Poirier, unpublished work; ref. 42). Thus the capacity of cells to
compensate for the loss of damaged RNA through PARP
activation downstream of DNA damage may help cells counter-
act the cytotoxic effects of mutagenic agents and anticancer
drugs.
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