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Although the level of diversity of root-associated fungi can be quite high, the effect of plant distribution and
soil environment on root-associated fungal communities at fine spatial scales has received little attention.
Here, we examine how soil environment and plant distribution affect the occurrence, diversity, and community
structure of root-associated fungi at local patch scales within a mature forest. We used terminal restriction
fragment length polymorphism and sequence analysis to detect 63 fungal species representing 28 different
genera colonizing tree root tips. At least 32 species matched previously identified mycorrhizal fungi, with the
remaining fungi including both saprotrophic and parasitic species. Root fungal communities were significantly
different between June and September, suggesting a rapid temporal change in root fungal communities. Plant
distribution affected root fungal communities, with some root fungi positively correlated with tree diameter and
herbaceous-plant coverage. Some aspects of the soil environment were correlated with root fungal community
structure, with the abundance of some root fungi positively correlated with soil pH and moisture content in
June and with soil phosphorous (P) in September. Fungal distribution and community structure may be
governed by plant-soil interactions at fine spatial scales within a mature forest. Soil P may play a role in

structuring root fungal communities at certain times of the year.

In temperate forests, most trees form relationships with ec-
tomycorrhizal (ECM) fungi, and the diversity of this fungal
group alone can approach 100 species within a forest stand (17,
20, 60). The ECM mutualism may be necessary for the success
of some native plant species, as approximately 90% of roots of
some tree species are colonized by ECM fungi (65). Neverthe-
less, we still know surprisingly little about what controls the
community structure and distribution of root-associated fungi
in forest systems (44, 46). The occurrence of root-associated
fungi may broadly reflect soil environmental conditions and
the presence of preferred plant hosts (28, 61), but how these
factors interact to influence the diversity, distribution, and
community structure of these fungi within forest habitat
patches at a local scale is uncertain.

The distribution of root-associated fungi may be primarily a
species response to local soil environmental conditions. For
example, both the quality (i.e., nutrient content) and the quan-
tity of soil organic matter are known to influence the diversity
of ECM communities (18, 20, 32). ECM fungi also vary in
drought tolerance (14, 36), resistance to fire (61, 65), and
tolerance to soil acidity (19) and temperature (56). Changes in
soil chemistry, especially as they relate to pH and the avail-
ability of nitrogen (N) and phosphorous (P), might favor se-
lection of fungi most capable of tolerating environmental
extremes (2, 28, 29).

Plant distribution and identity may, however, play the stron-
gest role in structuring the below-ground diversity of root-
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associated fungi. Many ECM fungi can colonize a wide range
of plant species, and plant species can be host to a large
number of ECM fungi (63), especially those in the families
Russulaceae and Thelephoraceae (34, 35, 62). Moreover, some
ECM fungi are also specific to certain tree species (e.g., Suillus
and Rhizopogon species are specific to species in the family
Pinaceae 38, 39]). At the local scale, fungal distribution and
richness might be influenced by differences in root growth and
architecture (30, 42), by the distance to the bole of the tree (11,
42, 49), or by the presence of neighboring trees (29, 64). Tem-
poral changes in ECM communities could be associated with
seasonal changes in plant physiology and phenology (3, 8, 17).

An often overlooked factor influencing root-associated fungi
of tree roots is the occurrence of herbaceous plant species
within forest stands. Many species of parasitic, achlorophyllous
angiosperms obtain carbon (C) from ECM fungi that colonize
tree roots (43), and some autotrophic plants could also obtain
C from ECM fungi during certain times of the year (58).
Herbaceous plants also influence the cycling of nutrients, in-
cluding N, P, and K (potassium) (31, 50), within forests, which
could affect the distribution of root-associated fungi. Herba-
ceous plants can also produce secondary compounds that in-
hibit colonization of tree roots (68).

In this study, we examine the effect of soil environment and
plant distribution on root-associated fungi of tree roots in a
mature beech-maple forest at two points in the growing season.
We predict that plant distribution, both the distribution of host
trees and that of herbaceous plants, influences fungi associated
with tree roots in terms of both community structure and
diversity. Molecular typing protocols, including a site-specific
database of fungal sequences and fingerprints, were used to
identify fungi on tree roots (i.e., beech or maple trees) to the
species level.
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MATERIALS AND METHODS

Site description and soil sampling. Stebbins Gulch is a 360-ha mature, mixed-
mesophytic forest located within the Holden Arboretum in northeastern Ohio
(82°28'N and 40°57"W). Approximately 80 ha is old-growth beech-maple forest,
within which we established our study site. American beech (Fagus grandifolia,
~75% of canopy coverage) and sugar maple (Acer saccharum, ~15% of canopy
coverage) are the dominant overstory species. White ash (Fraxinus americana,
~7% of canopy coverage) and basswood (Tilia americana, ~3% of canopy
coverage) are also important overstory species. Understory woody species in-
clude A. saccharum, F. grandifolia, and Lindera benzoin, while abundant herba-
ceous plants include Allium tricoccum, Arisaema triphyllum, Claytonia virginica,
Dicentra canadensis, and Uvularia grandiflora. The total precipitation averages
around 116 cm per year, with an average of 287 cm of snowfall per season. The
site is characterized by gently sloping ground (2 to 6% slope) and moderately
drained silt loam soils.

Soil and root sampling was conducted during the 2006 growing season. Sixty
cores were collected between June 5 and June 16 and between September 11 and
September 22 (n = 120) to a depth of 5 cm by use of a 10-cm-diameter metal soil
corer. Preliminary sampling found that 90% of all tree root tips are found within
the top 5 cm of soil. Samples were placed in bags and kept on ice until processing.
Soil cores were collected along three 100-m-long parallel transects. Twenty cores,
spaced 5 m apart, were collected along each transect (three transects by 20 cores
by two samplings = 120 cores). Transects were placed at least 50 m apart and run
perpendicular to the natural contour. Cores collected between June and Sep-
tember at the same point along a transect were no more than 25 cm apart. We
monitored the presence of beech and maple near each sample point along
transects and found that greater than 93% of soil cores contained at least beech
saplings within 5 m of the point (>2.0-cm diameter at breast height [dbh]).

Soil was sieved (2 mm) to separate soil from root tissue and then divided into
several fractions: one fraction was used for pH and water content analysis, and
a second fraction was placed in a —70°C freezer for analysis of soil C, N, and P.
Soil separation from root tissue was completed within 4 h of sampling. Roots
were placed into a series of nested sieves (smallest sieve, 250 um) and washed of
soil, and viable roots were removed under a X2 magnification lens and placed in
cold physiological saline (8.5 g NaCl liter ") (9). Only woody tree roots were
retained for molecular analysis. Herbaceous roots recovered from the samples
were discarded and not included in our analysis. Tree roots were further exam-
ined under a dissecting scope, and nonviable (senescent) roots and large-diam-
eter roots (>1 mm) were discarded. All remaining viable root tissue, including
ECM root tips and root tips not visually colonized by ectomycorrhizae, were
placed in centrifuge tubes and stored at —70°C until DNA extraction. Since we
did not separate tree roots based on plant species (i.e., beech or maple), our
analysis reflects root-associated fungal communities colonizing tree roots within
a discrete volume of forest soil. Abundant ectomycorrhizae were subsampled for
individual DNA extraction and analysis prior to —70°C storage. Abundant ec-
tomycorrhizae were morphotyped, photographed, and placed in individual mi-
crocentrifuge tubes for separate DNA extraction and molecular analysis. These
morphotyped tips were used to construct a terminal restriction fragment length
polymorphism (TRFLP) database for molecular identification of fungi on tree
roots.

In addition, we conducted sporocarp surveys of Stebbins Gulch and Bole
Woods (a beech-maple forest also located at the Holden Arboretum) in the
spring, summer, and fall of 2006, 2007, and 2008. Surveys were conducted every
2 weeks throughout the spring and summer and every week throughout the fall.
Sporocarps were photographed, cataloged, and used for DNA sequencing and
TRFLP analysis to expand our molecular database of fungal sequences and
TRFLP patterns obtained from root tips.

Analysis of soil environment and vegetation. Field fresh soil was used to
measure soil pH (1:1 H,O) and gravimetric water content and is expressed here
as follows: (g water g fresh weight soil™!) X 100% (37). Soil for C and N was
oven dried and pulverized in a Precellys homogenizer (Bertin Technologies,
Montigny-le-Bretonneux, France) and analyzed with an ECS 4010 CHNSO el-
emental analyzer (Costech Analytical, Valencia, CA). Labile soil inorganic P (P;)
(readily available) and organic P (P,) (easily mineralizable) were extracted from
pulverized, oven-dried soil by adding 0.5 M NaHCO; (pH 8.5) and shaking at 100
rpm on an orbital shaker (Lab-Line, Melrose Park, IL) for 30 min (51). P; was
determined colorimetrically using a modified ascorbic acid method (40) directly
on the NaHCO; extracts, while P, was determined by the increase in P; after
NaHCO; extract digestion with 1.8 N H,SO, and (NH,),S,0, (26).

‘We measured the diameter at breast height of each tree of >2 c¢cm in diameter
located within 5 m of where each soil sample was taken, as well as the distance
of each tree from the sampling location. Trees were placed in four size classes (2
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to 10 cm, 10 to 30 cm, 30 to 60 cm, and >60 cm). At each sampling location, we
also established a 25- by 25-cm quadrat and recorded the presence and estimated
percent coverage of all herbaceous plants. In our forest, the herbaceous com-
munity consists primarily of a spring ephemeral community, and we therefore
used percent coverage of the spring community to examine the effects on fungal
species in both early-summer (June) and late-summer (September) samples.

DNA extraction and purification. DNA from all viable roots in each soil core
was extracted using a bead-beating protocol. Viable roots (up to 200 mg fresh
weight) were placed in a 1.5-ml bead-beating tube containing 500 mg of 400 nM
glass beads (VWR, West Chester, PA) and 750 pl 2% CTAB (cetyltrimethyl-
ammonium bromide). Samples were then beaten for 90 s in a Precellys homog-
enizer at 6,500 rpm and incubated at 65°C for 1 h. Approximately 500 ml of the
supernatant was removed and DNA purified by phenol-chloroform extraction
and precipitation with 20% polyethylene glycol 8000 in 2.5 M NaCl (9, 11). All
extracted DNA was suspended in PCR-grade water and stored at —20°C. DNA
extraction of subsampled ECM roots and sporocarps was performed using the
same procedure as described above except that subsampled roots and sporocarps
were manually ground with a micropestle prior to incubation at 65°C for 1 h.

Fungal TRFLP and sequence database. The TRFLP and sequence database
was created from three sources of environmental DNA: (i) subsampled and
morphotyped ECM root tips, (ii) sporocarps periodically collected during the
2006 to 2008 growing seasons, and (iii) Stebbins forest soil collected at the site.
Subsampled and morphotyped root tips and sporocarps were extracted as de-
scribed above, and DNA was used as the template for PCR using primers NSI1
and NLB4, which target the internal transcribed spacer regions (ITS1, 5.8
rRNA, and ITS2) of the rRNA gene (9, 11, 48). These primers have been tested
extensively over 5 years of research on various topics and have successfully
amplified ECM fungi from more than 2,000 single-root-tip DNA extracts, in-
cluding ascomycetes, such as Cenoccocum sp. and Tuber sp. (48). PCR was
carried out with 50-ul reaction volumes using 1 pl of purified DNA (approxi-
mately 100 ng), 0.2 pum of primers NSI1 and NLB4, 2.0 mM MgCl, 0.2 mM
deoxynucleoside triphosphate, 0.15 mg ml~! bovine serum albumin, and 2.0 U
Taq DNA polymerase (Promega, Madison, WI) on a PTC 100 thermal cycler
(MJ Research, Boston, MA). An initial denaturation step of 5 min at 94°C was
followed by amplification for 35 cycles under the following conditions: 30 s at
94°C, 60 s at 50°C, and 90 s at 72°C. A final 5-min extension at 72°C completed
the protocol. The PCR product was purified using a PCR purification kit (Pro-
mega, Madison, WI) following the manufacturer’s instructions and used as the
template for sequencing that was completed through the Cornell Bioresource
Center using an Applied BioSystems 3730xl1 DNA analyzer. Generated se-
quences were compared to EMBL/GenBank/DDBJ database entries using the
FASTA program (European Bioinformatics Institute) and confirmed through
UNITE (http://unite.ut.ee) to determine the putative identities of ECM fungi.
Some root samples failed to sequence adequately using this procedure.
Consequently, DNA of problematic samples was cloned using a pPGEM-T Easy
vector system (Promega, Madison, WI), following the manufacturer’s
instructions. Ten randomly selected colonies were incubated overnight at 37°C in
LB medium, and plasmids were harvested using a Wizard Plus SV Miniprep
DNA purification system (Promega, Madison, WI). Harvested plasmids were
used as the template for sequencing in these cases. To further expand our
database, DNA was also extracted from forest soil using a MoBio DNA
extraction system and bead beating. Soil DNA was used for PCR, and the PCR
product was cloned as described above. Two soil samples were processed in this
matter, and 50 clones (25 clones per core; soil cores collected along transects)
were harvested and sequenced as described above (see Fig. S1 in the
supplemental material for sampling scheme details).

Environmental DNA (i.e., morphotyped root tips and sporocarps) and plasmid
DNA (i.e., soil clones) were also used for TRFLP analysis. Labeled primers
58A2F (6-carboxyfluorescein) and NLB4 (4,7,2',4',5',7"-hexachloro-6-carboxy-
fluorescein) were used to amplify ITS2, located between the 5.8S and the 28S
rRNA genes (9, 11, 48; see reference 48 for details on primer testing and design).
We focused on this region because it appeared to provide the best discrimination
among species based on TRFs generated from morphotyped tips and sporocarps
and predicted from sequence information. In a previous study, we also found that
the ITS2 primers amplified species of the ECM genus Cenococcum more con-
sistently than did ITS1 primers (9). PCR was performed using the conditions
noted above, and endonucleases Alul and Haelll (Promega, Madison WI) were
used for TRFLP analyses (9-11). TRFLP analyses were completed through the
Cornell Bioresource Center using an Applied BioSystems 3730x] DNA analyzer.
TRFLP results were analyzed with PeakScanner software version 1 (Applied
Biosystems). Because the Alul digest resulted in NLB4 TRFs that were nearly
identical in size for most of the recovered fungi, our procedure provided us with
three distinct restriction fragments to use for the discrimination of fungi within



VoL. 75, 2009

our database and for the identification of fungi within the complex root fungal
communities. At the time of community analysis, the site-specific database con-
sisted of 266 typed and identified fungi.

Detection and analysis of root fungal communities through TRFLP analysis.
DNA extracted from all viable roots separated from each soil core was used for
amplification of all of the root fungal communities within that core. DNA was
amplified with ITS2 primers and used for TRFLP analysis with restriction en-
zymes Alul and Haelll, as noted above. For each core, we generated three
TRFLP profiles and used these profiles to identify fungal species using the
program Fragsort (57) to facilitate identification of fungi in TRFLP profiles. The
three TRFLP profiles for each core were used as input for Fragsort, which then
used our TRFLP database to identify fungal species in each core by matching
TRFs in the community sample to the species in our database. For a species type
to be considered present on roots, the appropriate TRF must appear in all three
community profiles (see Fig. S1 in the supplemental material). Only TRFLP
peaks with >50 fluorescence units (scale of 5,000) were included in our analysis
(i.e., major TRFs). We found that the TRFs of separate isolates of the same
fungal species type could vary by as much as 2 bp (see Table S1 in the supple-
mental material). Consequently, we considered TRFs in community profiles a
match if they were within 1 to 2 bp of the TRFs within the fungal database. Using
this technique, we were able to identify more than 50% of all TRFs in a TRFLP
profile, comprising more than 75% of the total area (i.e., all major peaks were
identified). Since the database we used for fungal identification was constructed
largely from ECM root tips and sporocarps of basidiomycetes, our approach may
underrepresent ascomycetes present on root samples. Our analysis, therefore, is
limited to those fungi that we could positively identify with our database.

Statistical analyses. Differences in soil chemistry between transects and sam-
pling locations and across sampling dates were analyzed using the Mann-Whit-
ney rank sum test and SigmaStat 3.5 (Systat Software Inc., CA). Differences in
fungal richness and Shannon diversity (H') were determined through the use of
Student’s ¢ test. Richness represents the fungal species positively identified on
root tips from our soil cores by using the TRFLP database. H" was calculated for
identified fungi, where the average TRF peak area was used as a measure of
proportional abundance in that core (9, 10, 11). H" was calculated using proce-
dures available through PC-ORD 4 (MjM Software, OR). To assess the rela-
tionship between the community structure of the detected fungi and the envi-
ronmental conditions and to determine whether detected fungal species were
correlated with soil chemistry and plant data, we used nonmetric multidimen-
sional scaling (NMS) procedures available through PC-ORD 4 (MjM Software,
OR). The Sgrenson distance with a random starting configuration was used for
these analyses. A maximum of 400 iterations were used for 50 runs, with data for
the Monte Carlo test randomized. We also calculated Pearson correlation coef-
ficients to further elucidate correlations between fungal community patterns and
soil chemistry and plant data. Although we were able to determine species
identity using our site-specific database, 50% of detected fungal species occurred
in less than 5% of the soil cores. Consequently, we lumped fungal species
together and performed NMS on fungal genera to reduce the variance within the
data set. To determine whether differences between transects and sampling times
existed, we used multiresponse permutation procedures (MRPP) through PC-
ORD 4. For both MRPP and NMS, the proportional abundance of all detected
fungal species was used as an indicator of abundance within each sample (9, 10,
12), and all proportional abundance data were transformed before analysis.
Although peak area may not represent a true quantification of fungal species, in
previous work we found that the TRFLP peak area was an accurate approxima-
tion of the relative number of ECM root tips colonized by a fungal species in a
soil core (11). Because MRPP analysis indicated that the June and September
communities were significantly different, we performed NMS on all samples
together and also separately on samples collected during June and September.

RESULTS

Analysis of soil environment and vegetation. We found that
soil chemistry changed significantly from June to September
(Table 1), with soil C, N, and C/N all increasing and labile P;
and P, decreasing. Gravimetric soil moisture contents ranged
from 23 to 70% (mean * standard deviation, 35% * 1%) but
were not significantly different between the two sampling
dates. Soil pH levels ranged from 3.5 to 5.6, with a mean of
3.98 = 0.05 in June, and did not exhibit an effect of sampling
date. Beech trees of 10- to 30-cm dbh were encountered near
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TABLE 1. Results of soil chemical analysis for Stebbins Gulch in
June and September of 2006

Result from:

Soil parameter P value
June September

pH 3.98 (0.05) 3.95 (0.05) 0.723
N (mg - gfl) 0.428 (0.027) 0.509 (0.027) 0.011
C(mg-g™) 6.54 (0.57) 8.35 (0.57) 0.002
C/N 14.86 (0.25) 15.93 (0.25) 0.007
Labile P; (mg - kg™") 60.86 (3.40) 39.76 (3.40) <0.001
Labile P, (mg - kgfl) 129.73 (4.64) 61.80 (4.64) <0.001

“ Means are shown, with standard errors of the means in parentheses. The
Mann-Whitney rank sum test was used for this analysis (n = 60 for all tests).
Significant differences between seasons are shown in bold.

25% of soil sampling locations, while 45% of the sampling
locations were near beech trees of >60-cm dbh. Beech trees
between 30- and 60-cm dbh were less frequently encountered
near soil sampling locations, with only 15% of cores having
trees of that size class nearby. The frequency of maples in the
largest size classes was low (maples between 30- and 60-cm and
>60-cm dbh were encountered near less than 5% of soil
cores), but maples in the smallest size class were frequently
encountered near soil sampling locations (near 25% of cores).
Herbaceous community coverage averaged 15.1% = 2.2%, and
herbaceous coverage ranged from 0 to 60%. A. tricoccum and
D. canadensis had the highest average percent coverage of the
herbaceous species encountered (8.3% * 1.7% and 6.2% =
1.2%, respectively).

Fungal community diversity and structure. Overall fungal
richness ranged from 1 to 12 species per soil core, and H’
ranged from 0 to 2.1 per core when combined across sampling
dates. Richness averaged 5.2 = 0.4 and 5.0 = 0.3 species per
core and H' averaged 1.19 = 0.08 and 1.14 = 0.07 in June and
September, respectively, but differences were not significant.
Fungal richness was negatively correlated with labile P,
(—=0.195; P = 0.04), but no other significant correlations be-
tween richness and environmental variables were found (Table
2). In total, we detected 63 different species of fungi colonizing
the tree roots in the soil cores, representing 28 different genera
(Fig. 1 and 2). We were able to confirm that at least 32 of these
species had high similarity to known mycorrhizal fungi, while
the remaining fungi showed high similarity to either ericoid
mycorrhizae or saprotrophic fungi (Fig. 1 and 2; also see Table
S1 in the supplemental material). The most frequently encoun-
tered ECM fungi were from the genera Russula and Tomen-
tella, which were encountered in 49% and 43% of soil cores
and were represented by eight and six species, respectively
(Fig. 1 and 2). Fungi with similarity to Meliniomyces and Rhi-
zoscyphus (Rhizoscyphus ericae aggregate [33]), genera known
to form ericoid mycorrhizae, were the fungi most frequently
and abundantly encountered on roots from our soil cores (be-
cause we could not distinguish between these closely related
genera with our method, they are lumped together and re-
ferred to herein as Meliniomyces). Frequency and abundance
patterns suggested that fungal communities were different in
the June and September samplings (Fig. 1 and 2). Although
many fungal species remained both frequent and abundant
throughout the study, the abundance and frequency patterns of
other species varied between June and September. For exam-
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TABLE 2. Relationships between fungal richness, diversity, and environmental variables, determined using Pearson correlation”

Pearson correlation coefficient

Parameter Total
H’ Soil pH Soil N Soil C C/N P; P, % Moisture herbaceous-
plant cover
Fungal richness 0.909 —0.0359 —0.0445 —0.0553 —0.0986 —0.195 0.106 —0.0371 —0.0656
H' —0.0169 —0.0171 —0.0319 —0.093 —0.105 0.138 0.0149 —0.0574

“ Variables with positive values tend to increase together; where correlations are negative, one variable tends to increase while the other decreases. Only P; was
significantly correlated (P = 0.04), with fungal richness (shown in bold). Correlations were also performed with the distance of the core to beech and maple of various
size classes and with the percent cover of specific herbaceous species. No significant correlations were found for these environmental variables (data not shown).

ple, Cenococcum sp. was detected in approximately 19% of soil
cores in June but only 9% of cores in September and repre-
sented only 2% of the community proportional abundance
during both times. In contrast, Boletus species 4 increased in
frequency from approximately 6% to 11% from June to Sep-
tember, and the proportional abundance increased from 1.5 to
3%. Species within the same genera also behaved differently
over time. Russula species 4 declined in frequency from June to
September (15 to 6%), while other Russula species remained
constant or increased in frequency. The overall fungal commu-
nities differed significantly between June and September based
on MRPP analysis (agreement statistic [4] = 0.09; P < 0.001).

Correlations between fungal communities and environmen-
tal parameters. NMS analysis of all collected samples (June
and September combined) determined that the first dimension
of the ordination was significantly correlated with the coverage
of herbaceous plants, while the second and third dimensions of
the ordination were significantly correlated with the soil envi-
ronment, with negative correlations between community struc-
ture and soil moisture and soil N and positive correlations with
soil P, (Table 3). The cumulative variance for all three dimen-
sions of the ordination was r* = 0.489. The first dimension of
the June fungal ordination was not significantly correlated with
environmental metrics (Fig. 3; Table 3). The second dimension

60 -

ASSSSSNNNNINISSSN

June

September

FIG. 1. Frequencies of root-colonizing fungi encountered within a mature beech-maple forest. The frequency is expressed as the number of
cores in which the species type was observed (out of 60). Black bars represent ericoidlike mycorrhizal fungi, gray bars represent fungi of unknown
habit, and white bars represent ECM fungi. The genus Tomentella is denoted by hatched bars and the genus Russula by stippled bars. UnID,
unidentified.
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FIG. 2. Relative levels of abundance of root-colonizing fungi encountered within a mature beech-maple forest. The bars represent the relative
levels of abundance (percent) of fungal types averaged across all cores (n = 60), as determined by TRFLP analysis. Peak area is used as a proxy
measure of abundance in this study. Black bars represent ericoidlike mycorrhizal fungi, gray bars represent fungi of unknown habit, and white bars
represent ECM fungi. The genus Tomentella is denoted by hatched bars and the genus Russula by stippled bars. UnlD, unidentified.

was significantly positively correlated with the distance of the
core from beech trees between 10- and 30-cm dbh and signif-
icantly negatively correlated with coverage by Erythronium.
The third dimension of the June ordination was significantly
negatively correlated with soil pH, moisture content, and soil C
and N (Fig. 3; Table 3). Root fungal communities in June were
also influenced by the transect location (MRPP analysis, P <
0.001). Samples along transect 1 had fungal communities more
similar to each other than to samples from transects 2 and 3.
Analysis of variance performed on ranks suggested that the
genus Amanita, an uncultured mycorrhizal fungus (UMF1),
and the genus Meliniomyces were significantly more abun-
dant on transect 1, while the genus Russula was significantly
more abundant on transect 2 (data not shown). Unlike June
ordinations, the first dimension of the September ordination
was significantly correlated with P, the total percent cover
of herbaceous plants, and specifically the percent cover of A.
tricoccum, as well as the distance to beech trees of >60-cm
dbh (Fig. 4; Table 3). The second dimension of the Septem-
ber ordination was strongly negatively correlated with the
distance to beech trees between 30- and 60-cm dbh, while
the third dimension was positively correlated with soil C,
C/N ratio, and the smallest beech diameter class (Fig. 4;
Table 3). Both the June and September ordinations suggest
a separation between many ECM genera and nonmycorrhi-
zal genera. The genera Cenococcum, Piloderma, Russula,

and Tomentella tended to cluster together and were more
likely than other ECM fungal genera and nonmycorrhizal
genera to be positively correlated with many of the environ-
mental metrics. The genus Russula in particular seemed
positively correlated with herbaceous plants during the Sep-
tember sampling (Fig. 4).

The ordinations suggested that positive correlations existed
between some ECM fungal genera. For example, the genera
Russula and Piloderma always appeared near each other in
ordination space (Fig. 3 and 4). Pearson correlations for fungal
genera found some significant positive and negative correla-
tions among ECM genera (Table 4). Russula was significantly
positively correlated with Piloderma and significantly nega-
tively correlated with Tomentella. Tomentella was significantly
negatively correlated with Amanita, Meliniomyces, and Russula.
Cenococcum also shared ordination space with both Russula
and Piloderma; however, Pearson correlations for all data
found positive associations between Cenococcum and only Hy-
phodiscus and a dark septate endophyte (DSE19). A separate
analysis of the June data determined significant correlations
between Russula and Cenococcum (r = 0.44; P = 0.001) and
between Russula and Piloderma (r = 0.35; P = 0.011), but these
relationships were not apparent for September samples (data
not shown), suggesting that these fungi may have similar envi-
ronmental preferences but do not necessarily associate with
one another.
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TABLE 3. Relationships between soil environmental and vegetation variables and NMS dimensions, determined using Pearson correlation?

Pearson correlation coefficient

Parameter All samples June samples September samples

Diml Dim2 Dim3 Diml Dim2 Dim3 Diml Dim2 Dim3
Soil pH 0.09 0.05 0.07 0.08 -0.23 —0.32 —0.02 —0.02 -0.17
Soil N 0.16 —0.20 0.02 0.02 —0.01 —0.26 0.06 0.11 0.24
Soil C 0.17 —0.19 0.02 0.08 —0.01 —0.25 0.09 0.07 0.25
C/N 0.18 —0.12 —0.04 0.24 0.11 —0.09 0.20 0.18 0.27
Labile P; 0.14 0.14 0.16 0.12 0.01 —0.19 0.02 0.15 0.10
Labile P, 0.14 0.30 0.44 —0.12 0.03 0.06 0.43 —0.18 —0.03
% Moisture 0.18 —0.24 —0.02 0.03 —0.12 -0.39 0.09 0.11 0.20
Fagus 10- to 30-cm dbh 0.16 —0.06 0.04 0.15 0.35 —0.05 —0.10 0.16 0.27
Fagus 30- to 60-cm dbh —0.12 0.11 0.08 —0.01 0.08 —0.08 0.19 —0.36 —0.12
Fagus >60-cm dbh —0.11 —0.09 0.11 —0.10 0.08 0.13 0.25 0.01 0.12
Acer 10- to 30-cm dbh —0.01 0.02 0.03 —0.16 0.06 0.04 —0.24 0.11 0.04
Acer 30- to 60-cm dbh 0.12 —0.05 0.11 0.02 0.05 —0.06 —0.23 0.16 0.20
Acer >60-cm dbh 0.06 0.01 —0.03 —0.12 —0.15 0.01 —0.04 —0.02 0.18
Allium 0.23 —0.07 0.09 —0.10 0.20 0.13 0.30 —0.01 —0.08
Dicentra —0.10 —0.15 0.05 —0.03 —0.01 —0.10 0.14 0.24 —0.16
Erythronium 0.11 —0.04 —0.05 —0.02 —0.28 —0.03 —0.08 0.15 0.14
Maianthemum 0.01 —0.02 —0.04 0.09 0.09 —0.03 —0.02 0.22 —0.05
Total herbaceous-plant cover -0.23 —0.14 0.09 —0.09 0.13 0.04 0.30 0.15 —0.14

“ Significance of correlations was determined using the critical values for correlation coefficients (71). For all samples (n = 120), P was <0.05 for an r of >0.20; for
June and September samples (n = 60), P was <0.05 for an r of >0.25 (two-tailed test). Significant correlations are shown in bold. Dim1, first dimension; Dim2, second

dimension; Dim3, third dimension.

DISCUSSION

Effect of vegetation on root-associated fungi. We found ev-
idence to support our prediction that the distributions of both
host trees and nonhost herbaceous plants would have an effect
on the distribution and community structure of root-associated
fungi. Our analysis indicates that plant distribution was, in fact,
strongly correlated with root-associated fungi in our forest and
that both trees and herbaceous plants could affect tree root
fungal communities. Although the distance from the soil core
to beech trees of certain diameter classes did appear to affect
the community structure of root-associated fungi, fungal rich-
ness and diversity were unaffected. This is in agreement with a
previous study, where ECM morphotype diversity was lower in
soil collected near isolated trees than in soil from trees growing
in groups, but diversity was not affected by tree diameter (64).
In a loblolly pine plantation, the distance of the soil core to the
tree bole did not affect ECM diversity or richness; however, the
distribution of some fungal taxa was affected (11). Changes in
community structure, without alteration of species richness or
diversity, may reflect different colonization strategies and re-
source requirements of ECM fungi.

In our study, the presence and abundance of the genera
Cenococcum, Piloderma, and Tomentella appeared strongly
correlated with distance to beech trees in both June and Sep-
tember, whereas Boletus was strongly correlated with distance
only in June. These changes in community structure could
reflect differences in below-ground root density and resource
availability nearest the tree bole or differences in tree age. The
distance to adjoining trees can affect sporocarp production,
especially in plantations (42, 49), and root system age, class,
and development can affect ECM fungal colonization (30).
Fungi may possess different strategies, with root age and
resource availability affecting the ability of some fungi to
successfully colonize roots (45, 60). Differences in root den-

sity and turnover among trees of different sizes might influ-
ence fungal colonization, but tree size might be related to
differences in plant physiology that could also affect root
fungal communities. Larger and older canopy trees may
have different carbon acquisition and whole-tree carbon al-
location strategies (54), and tree size and canopy structure
could affect stem flow following storm events, thereby alter-
ing soil physiochemical conditions (e.g., soil N and mois-
ture) closest to the tree (23). Examining the different effects
of root system structure and tree size on root-associated
fungi will require further study.

We observed a strong correlation between the community
structure of root fungi and the coverage of spring ephemeral
plants. Surprisingly, the strongest correlation between herba-
ceous plants and root fungi occurred during the September
sampling, several months after the senescence of these herba-
ceous plants. The genus Russula appeared most strongly cor-
related with the coverage of herbaceous plants, especially Al-
lium, during the September sampling, but the cause of these
correlations is uncertain. Russula has been reported as an
associate of mycoheterotrophic plants in previous studies (5,
69, 70); however, mycoheterotrophic plants are not present
along the transects, and these herbaceous communities are
generally dominated by Allium. The genus Russula is capable
of producing extracellular enzymes that can degrade organic
matter in litter and soil (1). Therefore, it is possible that the
strong correlation between the genus Russula and areas that
contained actively growing herbaceous plants 4 months earlier
is a response to the presence of a litter/resource pulse coming
from the senescence and fall of herbaceous litter in some forest
patches. Herbaceous plants can contribute as much as 16% of
total forest litter fall on an annual basis (31), and this could
create temporary and spatially patchy nutrient hot spots within
soil that some ECM fungi exploit. The exact relationship be-
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FIG. 3. NMS ordination based on relative abundance of identified root fungal genera, with joint plots of the most important environmental
variables for early-summer (June) sampling. The joint-plot vector lengths indicate the strength and direction of the strongest correlations. The
proportion of variance explained by axes 2 and 3 is shown. The cumulative variance was 7* = 0.780. See Table 3 for correlations with all
environmental variables. The vectors for soil C and N are in the same approximate positions, so only one vector is shown for illustration.

tween herbaceous plants and fungi associated with tree roots
requires further study.

Effect of soil environment on root-associated fungi. In this
mature forest, we found that root-associated fungi responded
to soil environmental conditions and that these relationships
changed between the June and September samplings. Soil
chemistry changes between June and September may reflect
decompositional losses and seasonal turnover of litter that
would result in increases in soil C and N contents in the top
organic layer. In June, fungal communities were significantly
correlated with soil pH, soil moisture, and soil C and N at fine
spatial scales, while in September, fungal communities were
significantly correlated with labile P, soil C, and C/N ratio.
Soil water availability can affect mycorrhizae on beech (36, 59),
and this could be an important factor controlling fungi during
early summer. A substantial body of evidence suggests that soil
N can significantly alter and affect the distribution and com-
munity structure of ECM fungi (3, 11, 24, 47, 53). Although C
and N were significantly correlated with fungal community
structure in June and C was significantly correlated with root
fungi in September, the correlations were not strong. We re-
stricted our analysis to the top 5 cm of soil, containing >90%
of all root tips (data not shown). Thus, we were unable to
analyze differences in fungal communities based on vertical

separation in soil or between mineral and organic soil. Niche
differentiation with respect to organic matter content and ver-
tical distribution in soil has been shown previously (7, 20, 32,
41, 62), and it is possible that different fungal communities may
exist on roots near the soil surface and 5 cm below. By com-
bining all roots within a 5-cm core into one analysis, we could
have obscured some environmental relationships and failed to
detect a stronger relationship between C and N and root fungi.

September root-associated fungal communities were signif-
icantly correlated with labile P_, and the richness of root-
associated fungal communities was also negatively correlated
with concentrations of labile P;, indicating that fungal diversity
declines as soil P; levels increase. Plant P deficiency can in-
crease carbon allocation to roots (27) and has also been found
to increase the production of ECM extraradical hyphae (25,
67). In a study of an old-growth stand of Douglas fir, some
ECM morphotypes were significantly correlated with soil ex-
tractable P (32). Soil P is often not considered to be limiting in
forest systems or an important factor affecting ECM commu-
nities (60); however, forests that experience low soil pH (pH of
<5.5) and high exchangeable aluminum concentrations can
experience a reduced availability of P (66), and this could affect
root and ECM fungal communities. Fungi that were positively
correlated with P, in late summer included the genera Russula,
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Cenococcum, and Piloderma, whereas the genera Amanita, En-
toloma, and Boletus were negatively correlated with P,. One of
the most abundant genera in this study, Tomentella, did not
appear to be positively or negatively correlated with P_. Al-
though labile P; was rather high in our study and labile P is

available to plants only after mineralization to P; (6), different
ECM species may have different abilities to capture P; (15, 21)
and many ECM fungi also vary in their abilities to produce
extracellular enzymes that liberate nutrients, such as N and P,
from organic matter and detritus (7, 8, 16, 60). Differences in

TABLE 4. Relationships among root fungal genera, determined using Pearson correlation?

Pearson correlation coefficient

Organism
Aman. Bole. Ceno. Hyph. Hyme. Pilo. Russ. Tome. Ericoid DSE19 Kueh. UMF1

Amanita -0.06 —0.03 -0.13 0.17 -0.07 —0.03 —0.21%* 0.04 —0.03 0.11 0.36
Boletus —-0.05 -0.02 —-0.20** —0.05 —0.12 —0.12 —0.08 —0.04 —0.06 0.05
Cenococcum 0.23**  —0.09 —0.05 0.05 —0.11 —0.06 0.21**  —0.04 —0.07
Hyphodiscus —-0.20%* —0.01 0.12 —0.05 —0.09 —0.03 0.07 -0.15
Hymenocyphus -0.16 —0.14 —0.21%* 0.18* —0.05 0.02 0.04
Piloderma 0.18*  —0.02 —0.05 —0.05 0.27*%%%  —0.07
Russula —0.20%*  —0.03 0.09 0.01 0.01
Tomentella —0.10 —0.11 —0.09 —0.25%%%*
Ericoid —0.06 0.14 —0.02
DSE19 —0.04 —0.05
Kuehneromyces 0.01
UMF1

“ Significant correlations are indicated in bold (*, P < 0.06; #x, P < 0.05; ##, P < 0.01). DSE19 has high similarity to dark septate fungi, and UMF1 has high similarity
to an uncultured mycorrhizal fungus. Analysis was run on all samples (June and September) (n = 107 cores). Aman., Amanita; Bole., Boletus; Ceno., Cenococcum; Hyph.,
Hyphodiscus; Hyme., Hymenocyphus; Pilo., Piloderma; Russ., Russula; Tome., Tomentella; Kueh., Kuehneromyces.
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the abilities to produce such enzymes can explain the differ-
ential ability of ECM fungi to mineralize P, (4, 52) and the
shifts in communities observed along N deposition gradients
toward taxa adapted for acidic, P-limited conditions (47).
Changes in ECM communities within our forest may reflect
differences in the functional abilities of ECM species to ac-
quire P from the different fractions present in soil.

We analyzed fungal communities and their relationship to
environmental conditions for both sampling events together
and also performed these analyses separately by sampling time
(June or September). Since the life span of ECM roots can be
as short as a few months (22, 55) and chemical conditions in
soil can change over the same time frame, it seemed most
appropriate to analyze the relationship between soil chemistry
and ECM communities for the June and September samplings
separately. Analyzing all sampling events together may be
more effective for questions that address the effects of plants or
major seasonal changes (e.g., winter-to-summer changes) on
ECM communities. Whether sampling events are analyzed to-
gether or separately will depend upon the questions being
investigated.

Fungal community structure and coexistence. Root-associ-
ated fungal communities in our study were significantly differ-
ent between the June and September samplings and were dom-
inated by the ECM genera Russula and Tomentella. The
families Russulaceae and Thelephoraceae commonly dominate
roots in many ECM studies (34). Previous studies have ob-
served seasonal changes in ECM communities (3, 8), including
changes over periods as short as a month (17). The functional
life span of ECM root tips is estimated to be few months in
length (22, 55), which suggests that ECM communities can also
change over the course of one growing season. Although some
ECM fungi were present in an oak forest throughout the year,
others were detected only during certain portions of the year
(e.g., winter, in the case of Clavulina) (17). A similar pattern
was observed in a beech forest, with Clavulina cristata, Laccaria
amethystina, and a Russula species more abundant and active
in winter than in summer (8). Our results confirm these pre-
vious studies suggesting changes in ECM fungal communities
between early and late summer. Seasonal changes in fungal
communities may be driven, in part, by differences in fungal
ecology, environmental tolerance, or resource availability (8,
17, 35). We also observed a large number of ericoid-like fungi
on our root samples, as well as dominance of the communities
in terms of frequency and abundance by Meliniomyces, a genus
that forms ericoid mycorrhizae. This may not be surprising, as
an increasing number of studies have found ericoid mycorrhi-
zal fungi colonizing the roots of tree species in the family
Pinaceae and other nonericoid plant species (13, 33). Whether
tree roots act as alternative or primary hosts for these fungi in
the absence of ericaceous plants is uncertain.

We found some evidence that root-associated fungi may be
capable of coexistence at fine spatial scales. Several previous
studies have observed high species richness and diversity of
ECM in small soil cores, suggesting that even at a very local
scale (<10 cm), root systems may contain several different
ECM species existing in close juxtaposition (11, 24, 64). The
factors that promote this coexistence are uncertain, but differ-
ences in resource utilization between fungi, as evidenced by
differences in hyphal morphology, may be one answer. Some
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fungi were strongly correlated with one another in our ordina-
tion, with some indication that Russula and Piloderma, and to
a lesser extent Russula and Cenococcum, are more likely than
other fungi to cooccur in soil cores. Tomentella is frequently
described as a multistage, highly competitive ECM genus in
mature forests (61, 65), and it was negatively correlated with all
major groups in our study, with significant negative correla-
tions between it and Russula, Amanita, and Meliniomyces.
These data support the perception that the genus Tomentella is
capable of competitive exclusion of other fungi. It should be
noted, however, that by conducting our analysis at the genus
level, we could mask differences among species, since not all
species within a genus may share environmental preferences. A
larger sampling effort, and analysis of individual species, would
allow the environmental preferences of different species to be
analyzed more rigorously.
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