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Abstract
Fibroblasts are one of the most abundant cell types in connective tissues. These cells are
responsible for tissue homeostasis under normal physiological conditions. When tissues are
injured, fibroblasts become activated and differentiate into myofibroblasts, which generate large
contractions and actively produce extracellular matrix (ECM) proteins to facilitate wound closure.
Both fibroblasts and myofibroblasts play a critical role in wound healing by generating traction
and contractile forces, respectively, to enhance wound contraction. This review focuses on the
mechanisms of force generation in fibroblasts and myofibroblasts and techniques for measuring
such cellular forces. Such a topic was chosen specifically because of the dual effects that
fibroblasts/myofibroblasts have in wound healing process— a suitable amount of force generation
and matrix deposition is beneficial for wound healing; excessive force and matrix production,
however, result in tissue scarring and even malfunction of repaired tissues. Therefore,
understanding how forces are generated in these cells and knowing exactly how much force they
produce may guide the development of optimal protocols for more effective treatment of tissue
wounds in clinical settings.
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1. Introduction
Typical wound healing consists of three phases: inflammation, proliferation, and
remodeling. Contraction occurs during the proliferative phase, during which a cell-rich
granulation tissue is formed. Contraction is an important part of wound healing, as it enables
wound closure. However, wound contraction in humans has both positive and negative
effects. It is beneficial to wound healing by narrowing the wound margins, which leads to
wound closure; however, excessive contraction causes formation of undesirable contracture
and scarring, leading to cosmetic and functional problems.
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Widely present in the majority of tissues, fibroblasts are a type of cell which have
mesenchymal origin and can exhibit either non-contractile or highly contractile phenotype.
Under normal conditions, fibroblasts function to maintain tissue homeostasis by regulating
the turnover of extracellular matrix (ECM). When tissues are injured, however, fibroblasts
around the injured region differentiate into myofibroblasts, a type of highly contractile cells
that produce abundant ECM proteins. While the mechanisms of wound healing are not
completed understood, it has become clear that both fibroblasts and myofibroblasts play a
critical role in the wound healing process. Specifically, the traction forces of fibroblasts and
coordinated contraction of myofibroblasts are believed to be responsible for wound
contraction and closure (1). However, excessive myofibroblast activity, accompanied by
elevated levels of mechanical stress in the healing region, often causes scar tissue formation,
and in the worst case, contracture of tissues (e.g. Dupuytren's contracture), leading to local
immobilization and loss of function (2). Therefore, it is important to understand how
mechanical forces are generated in fibroblasts and myofibroblasts as well as the ways in
which forces are modulated. Moreover, precise measurement of cellular forces is essential to
quantitative study of cellular forces, which may aid in designing optimal regimens for
wound healing.

In this article, we briefly review the characteristics of fibroblasts and myofibroblasts, their
force generation and transmission, and major techniques for measuring mechanical forces
generated by these cells. Finally, our perspectives on this research area are provided.

2. Fibroblasts and myofibroblasts in wound healing
Fibroblasts are spindle-shaped cells and are widely distributed in most types of tissues,
particularly connective tissues. These cells are of mesenchymal origin and express vimentin,
but not desmin or α-smooth muscle actin (α-SMA). Fibroblasts play a critical role in
regulating the turnover of ECM under normal conditions. In injured tissues, fibroblasts are
activated and differentiate into myofibroblasts, which contract and participate in healing by
reducing the size of wound and secreting ECM proteins. The differentiation of fibroblasts to
myofibroblasts is a key event in connective tissue wound healing (Fig. 1).

Phenotypically, myofibroblasts are an intermediate cell type between fibroblasts and smooth
muscle cells (SMCs). Myofibroblasts start to appear in the early phase of granulation tissue
formation, become most abundant in the proliferation phase of wound healing, and
progressively disappear in the later stage of healing, possibly by an apoptotic mechanism.
Myofibroblasts have ultra-structures distinctive from those of fibroblasts, including
extensive cell-matrix adhesions, abundant intercellular adherens and gap junctions, and
bundles of contractile cytoplasmic microfilaments (or stress fibers), which are associated
with contractile proteins such as non-muscle myosin and are composed of the cell’s
contractile apparatus (1,3). Similar to SMCs, myofibroblasts express α-SMA, an early
differentiation marker of vascular SMCs. However, myofibroblasts have only relatively low
expression of smooth muscle myosin heavy chain; in addition, they do not express
smoothelin, a later marker of SMC differentiation (4). Along with vimentin, desmin, and
myosin, α-SMA is used to further classify myofibroblasts into various subcategories (5).

Multiple sources of myofibroblasts exist in order to meet the temporarily high demand for
contractile cells in wound repair. Myofibroblasts in skin wounds are generally believed to
originate from local recruitment of fibroblasts in the dermis and subcutaneous tissues
surrounding the wound (6). However, pericytes and vascular SMCs are also potential
sources of myofibroblasts, which are especially important in vascular wound healing (4,7).
There has been evidence that myofibroblasts may be derived from tubular epithelial cells
through epithelial-mesenchymal transition (EMT) (4,8). In addition, myofibroblasts may
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come from peripheral blood fibrocytes, the circulating precursor cells which are a sub-
population of bone marrow-derived leukocytes with fibroblast characteristics (4,7,9,10). As
many as 30–50% of myofibroblasts in the wound may potentially be derived from such
fibrocyte progenitors (4). Additionally, another possible origin of myofibroblasts is tissue
specific stem cells, which, upon exposure to certain stimuli including mechanical loading,
may differentiate into myofibroblasts (11,12). Nonetheless, it remains unclear whether
myofibroblasts of different origins exhibit similar or different characteristics and functions
in wound healing.

A major function of myofibroblasts is to synthesize ECM proteins, notably collagen types I–
VI and XVIII, glycoproteins, and proteoglycans for normal growth, differentiation, and
wound repair (5). For example, the depth of subepithelial collagen is highly correlated with
the number of myofibroblasts (13). In addition, myofibroblasts also secrete many other
matrix molecules including laminin and thrombospondin, glycosaminoglycans (GAGs),
hyaluronic acid (HA), and heparan sulfuate (HS), as well as matrix-modifying proteins such
as matrix metalloproteinases (MMPs) and tissue inhibitor of metalloproteinases (TIMPs) (5).

In addition to producing matrix components, myofibroblasts also generate contractile forces
which bring together the edges of an open wound and therefore facilitate wound closure.
However, excessive myofibroblast activities, including excessive contraction and over-
production of ECM, are also the major cause of tissue fibrosis and scar formation, e.g.,
Dupuytren’s contracture. In fact, under normal healing conditions myofibroblasts begin to
undergo apoptosis once the wound proceeds to full epithelialization. On the other hand,
persistence of myofibroblasts in granulation tissues may lead to the formation of scar
tissues, including hypertrophic and keloidal scars.

3. Force generation by fibroblasts and myofibroblasts
Like many other types of non-muscle cells, fibroblasts and myofibroblasts generate
intracellular tension by ATP-powered sliding of actin–myosin filaments (14–16). This
tension is transmitted to the ECM via focal adhesions that are located at both ends of the
stress fiber (17) and as a result, cell traction forces (CTFs) are produced. Besides the actin-
myosin interaction, another source of traction forces is actin polymerization, which drives
forward protrusion of the leading edge of a migrating cell (18). Compared with the Ca2+-
regulated rapid and reversible contraction of smooth muscle cells, actin-myosin interaction-
mediated cell traction is relatively slow, sustained, and non-reversible (7,19–21). CTFs are
regulated by a number of molecules that are associated with actin and myosin. These include
myosin light chain kinase (MLCK), MLC phosphatase (22–24), Rho, Rac, and Cdc42 (25).
In addition, neo-expressed contractile proteins, such as α-SMA, are also involved in force
generation by myofibroblasts (26). For example, α-SMA expression in fibroblasts treated
with TGF-β1 increases cell contraction (27). Similarly, compared to wild-type 3T3
fibroblasts or fibroblasts transfected with α-cardiac and β- or γ-cytoplasmic actin, 3T3
fibroblasts transiently or permanently transfected with α-SMA cDNA exhibit significantly
higher contractile forces, as indicated by a significantly greater collagen lattice contraction
(27). However, α-SMA is not required for the induction of CTFs. Rather, expression of this
protein enhances CTFs through modification of stress fibers (28).

One important function of CTF is to enable fibroblasts and myofibroblasts to migrate in the
ECM (29,30). In addition to enabling cell migration (31,32), CTFs deform the ECM network
and result in stress and strain in the network, which in turn modulate cellular functions
(30,33) and maintain cellular tensional homeostasis (34–36). Fibroblasts generate traction
forces that are far greater than needed for cell migration (14,30). As a result, large traction
forces dramatically deform the ECM. This morphogenetic process of ECM rearrangement is
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believed to be the primary function of fibroblast traction forces (1,30). During tissue
development and repair, locomotive fibroblasts alone can generate sufficient traction forces,
leading to contraction and re-organization of collagen matrix (37–41). Ehrlich et al. even
argued that the traction of fibroblasts serves as individual units to contract the wound, and
that the presence of myofibroblasts may signify termination of the contractile force
generation process (39,40). It has recently become clear, however, that both traction forces
of fibroblasts and contraction of myofibroblasts are essential for wound healing (1),
sequentially playing major roles. To address this issue, Tomasek et al. proposed a model
describing a three-phase healing process in a three-dimensional collagen lattice (Fig. 2) (1).
In the first phase, when fibroblasts attach to collagen fibrils, spread, and migrate, they exert
traction forces to the matrix and cause slow compaction of the collagen lattice. As a result,
mechanical stresses start to develop within the lattice, which induce differentiation of
fibroblasts into pro-myofibroblasts. Meanwhile, stress fibers are formed within the cells and
fibronexus adhesion complexes are formed between the cells and matrix (phase II). In this
phase, the pro-myofibroblasts become further differentiated into myofibroblasts in the
presence of TGF-β1. Both types of cells exert contractile forces on the ECM. In phase I,
traction force increases almost linearly as a result of fibroblasts exerting forces on the
matrix. As mechanical stress continues to develop, the cells generate contractile forces and
enter phase II, eventually maintaining the forces at a constant level until remodeling is
complete (19). If this process continues and myofibroblasts do not progressively disappear
after repair, healing activity becomes excessive and phase III appears, during which
detrimental contracture occurs.

4. Measurement of cellular mechanical forces
Measurement of the forces generated by fibroblasts and myofibroblasts can be performed on
cell populations or single cells. To measure forces of a cell population, many studies used a
fibroblast-populated collagen lattice (FPCL) model, in which fibroblasts are embedded in a
collagen gel lattice and shrink the lattice as a result of cellular traction and contraction. The
contractile forces of cells are then indirectly measured by changes in gel volume or area, or
directly quantified by a so-called “culture force monitor” (CFM) technique (38,42,43). On
the other hand, the traction forces of individual fibroblasts and myofibroblasts can be
determined by a variety of single cell-based techniques, which provide either qualitative or
quantitative force measurements. Such techniques include wrinkleable silicone membrane,
micro-machined cantilever beam array, micropost force sensor array (MFSA), and cell
traction force microscopy (CTFM). Note that while the following description of cellular
force measurement methods is intentionally focused on fibroblasts and myofibroblasts, these
methods are applicable to all types of adherent cells.

4.1. Cell population-based techniques
Cell population-based techniques have been developed based essentially on a FPCL model
or its derivatives. The FPCL was originally developed by Bell et al. as a dermal equivalent,
an engineered skin graft substitute for burn patients (44,45). Although it did not gain success
in this capacity, the system has since evolved into a widely used in vitro model for wound
healing-related studies (46), largely because this model provides a measurement of the
contractility of resident cells.

In general, there are three types of FPCL models. The first is a free-floating FPCL (FF-
FPCL), in which the lattice floats in medium without any constraints. Isotonic contraction is
created in this model, leading to decrease in lattice diameter. The second model is tethered
FPCL (T-FPCL), in which the lattice is tightly attached to a substrate and so cannot move or
relax. This results in isometric contraction of the lattice, leading to a decrease in the height
of the tethered lattice but not its diameter. The third one is tethered-delayed-released FPCL
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(TDR-FPCL). In this model, a cell-populated lattice is first attached to a substrate for a
certain period of time to allow tension to be developed within the lattice. The lattice is then
released and starts to contract isotonically as a result of loss of substrate constraint (47,48).
Using FPCL models, initial cell spreading and elongation, traction force-related cell
migration, and cell contraction have been shown to be responsible for lattice contraction by
resident cells (47). However, FPCL contraction resulting from fibroblast spreading and
elongation is much smaller compared to those generated by cell migration and contraction.

a. Free-floating fibroblast-populated collagen lattice—The use of FF-FPCLs
represents a classical approach to measure cellular contraction semi-quantitatively. This
approach is based on optical measurement of collagen lattice shrinkage (40,49). During
culture, FF-FPCL progressively reduces its size to balance the contraction generated by the
cells embedded inside (Fig. 3A). Therefore, measuring the reduction in the geometric
features of the collagen lattice provides indirect quantification of the contractility of these
cells. Usually, changes in lattice volume, diameter of sphere-shaped lattices, area, or length
of rectangular lattices are measured (48,50,51).

Using FF-FPCL models, the kinetics of FPCL contraction caused by fibroblasts cultured in
vitro can be monitored simply by tracking the collagen lattice changes over time. The lattice
contracting process has been shown to consist of three distinct phases — a lag phase before
the initiation of contraction, followed by a rapid contraction phase, and finally by a slow
contraction phase (49). Various factors affect the contraction profile of FPCL, including cell
density, culture temperature, serum concentration, collagen concentration, and drug
intervention. A significant advantage of the FPCL approach is that measuring collagen
lattice contraction is relatively simple. However, because of large variation and instability of
the geometry of the collagen lattice during culture, this geometry-dependent measurement
method provides only a rough estimate of the contractility of cells in the lattice. In addition,
whether the remodeling of FPCL is due to cell migration or cell contraction is not clear (40).

Recently, a study used a collagen-GAG foam-like gel construct to measure the contractile
force of cells embedded inside (52). In addition to calculating the average contractile force
of a cell population from gross gel deformation, the open-cell structure of this construct also
enabled quantification of contraction by individual cells using conventional column
buckling relationships. When cells are grown in the scaffold, they deform their surrounding
struts. By determining the deformation of struts the cell-mediated contractile force (Fc) can
then be calculated from Euler’s buckling relation and the hydrostatic compression end
restraint. This approach extends previous methods for analyzing cell buckling of 2-D
substrates to 3-D constructs and can therefore estimate the contractile forces of individual
cells in 3-D condition. For example, the mean contractile force generated by individual
dermal fibroblasts within such a collagen-GAG scaffold was calculated to be 11~41 nN.

b. Culture force monitor—One disadvantage of the FPCL model is its inability to
quantify the real contractile forces of fibroblasts/myofibroblasts. Quantification of cellular
contractile forces is important when comparing the contractility of cells subjected to
different treatments as well as correlating in vitro data to in vivo findings. Another
disadvantage of the FPCL model is that it lacks sufficient sensitivity toward relatively small
contractile forces. Therefore, direct measurement of the stress within FPCL with reasonably
high sensitivity represents a more favorable approach. This is achieved by attaching strain or
stress gauges to the FPCL to continuously track the changes in the strain or stress of the
collagen lattice. Such a technique is termed “culture force monitor” (CFM). Depending on
the sensitivity of the strain or force gauges, the CTM technique can measure cellular
contractile forces in a very low force range when collagen lattice changes are hardly visible.
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In an early CFM system (Fig. 3B), two attachment bars in a collagen lattice were connected
to a central measuring beam (a thin alloy slab). Strain gauges were attached to the beams in
a full bridge network to give the maximum sensitivity. The output signal from strain gauge
was enhanced with an amplifier, which was further channeled into a digital voltameter and
then into an analog-to-digital converter in a computer. Data were collected at a rate of 1 Hz,
enabling fast and continuous monitoring of force changes within the collagen lattice (43).
The sensitivity of the CFM method is markedly higher compared to the volumetric gel
contraction method. For example, the device of Eastwood et al. detected a displacement of
0.5 mm or 3.3% of total collagen lattice length, which is barely measurable using FF-FPCL
method (43). Taking advantage of the high sensitivity of CFM, one may determine
fibroblast-mediated force generation during the initial stages of contraction, which is
otherwise too small to be detected (43). Using such a CFM system, Eastwood et al. also
identified three distinct phases (initial contraction, linear increase, and equilibrium) of
contraction of FPCLs within the first 24 hours. This finding was consistent with the results
from a previous study using an FF-FPCL model, but with considerably higher resolution
(49). Moreover, they found that force generation was parallel to cell attachment and
therefore concluded that most of the forces resulted from fibroblast attachment and
migration within the lattice, which agrees with the findings from other groups (40). Finally,
by comparing the contraction profiles of cells, different populations of fibroblasts could be
distinguished on the basis of their specific contraction patterns. Thus, such a technique may
serve as a useful biophysical cell profiling tool to identify cells (53). For example, using
CFM measurement, ocular fibroblasts were shown to exhibit a marked difference in their
contraction profiles— corneal fibroblasts generated the strongest contraction while scleral
fibroblasts produced the weakest (54).

In CFM systems, the collagen lattice can either float in medium or be tethered to an
underlying substrate. In the setup developed by Delvoye et al., a floating collagen lattice was
restrained at both ends by curing collagen on immobilized glass rods, one of which was
connected to a strain gauge (50). In tethered collagen lattices, CFM measures the isometric
contraction generated within the lattice with minimal changes in its dimensions (55,56).

To improve the efficiency of measurement, a multi-station CFM system consisting of four
vertical cantilever beams with semiconductor strain gages was developed. Such a CFM
system is able to test multiple samples simultaneously and therefore can facilitate statistical
design and analysis of experiments (57,58). In addition, a dynamic CFM (D-CFM) system
has also been developed. By using computer-controlled linear actuators in the system to
independently apply precise motion waveforms to multiple FPCLs, this system was able to
detect the differences in force patterns resulting from various motion waveforms imparted to
the lattice. Thus, such a system may facilitate the study of the effect of dynamic mechanical
loads on cells, ECM remodeling, and cell-matrix interactions (59). A combination of CFM
and time lapse reflection microscopy, a simultaneous imaging and micro-culture force
monitor (SIM-CFM) system was developed to measure the mechanical strain generated
during matrix contraction whilst simultaneously recording cell and matrix behavior (19).

4.2. Single cell-based techniques
Cells are heterogeneous and the forces they generate are often widely variable. Cell
population-based techniques only provide an estimation of the “averaged” forces of a group
of cells. Therefore, knowing the level and pattern of forces generated by individual cells is
important in terms of correlating cell behaviors with the mechanical characteristics of cells.
To this end, a number of single cell-based techniques for measuring cellular forces have
been developed.

Li and Wang Page 6

J Tissue Viability. Author manuscript; available in PMC 2012 November 1.

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript



Using optical or microelectronic approaches, the traction forces of individual cells can be
determined qualitatively and quantitatively. An early study using thin silicone membrane
demonstrated that individual fibroblasts transmitted traction forces to their substrate because
cells created wrinkles on the membrane (Fig. 4A) (30,60,61). Such a technique was further
improved by estimating traction forces by applying a flexible micro-needle of known
stiffness to reverse the wrinkles generated by the cell (62). However, there is currently no
mathematical solution available for accurately predicting the wrinkles caused by a complex,
non-isotropic traction force field. As a result, absolute values of traction forces cannot be
determined through this approach. Alternatively, techniques using micro-beads or
fluorescent dot embedded non-wrinkleable elastic membranes were developed in an attempt
to track the displacements and thereby determine CTFs at certain locations. However, these
methods generally lacked sufficient resolution in CTF measurement (17,32,63,64). Later on,
instead of using continuum substrate, a technique based on a micro-machined array of
cantilever beams with calibrated stiffness was developed (Fig. 4B) (65). Cells were plated
on pads underlined with cantilever beams. When a cell generated a traction force and bent a
cantilever beam, the extent of bending was recorded and the traction force was then
determined accordingly. Such a technique can reliably determine the traction forces of
individual cells. Its limitations, however, are obvious because first, it can only determine the
forces in one direction and cannot determine the traction force field within whole cell area;
second, fabrication of the device is complicated and again, its resolution is not satisfactory.

a. Micropost force sensor array—To overcome the aforementioned limitations,
techniques based on micropost force sensor array (MFSA) have been developed to measure
CTFs (66–69). In a MFSA, each micropost functions as an individual force-sensing unit and
independently senses the traction forces locally applied by the cell. Specifically, when a cell
adheres to the microposts, it exerts tensile forces and bends the microposts (Fig. 4C) (67).
The traction forces can then be determined according to the deflection of microposts using
beam theory (70). Compared to micro-cantilevers which can only determine traction forces
in a single direction (65), microposts in an array can detect traction forces in all directions.
Therefore, MFSA technology is especially useful in mapping the forces during cell
migration (66). Moreover, such microposts could be used to apply localized mechanical
forces to a cell by embedding magnetic nano-wires inside them (71). Similarly, taking
advantage of the periodicity of the micropost array, an optical Moire-based traction forces
mapping technique was explored by acquiring the diffracted Moire fringe pattern of the
array instead of tracking the displacements of individual microposts (69). This method may
potentially determine CTFs at higher resolution because of the magnification effect of Moire
fringe pattern as well as having no need to track or visualize individual microposts.

b. Cell traction force microscopy—One shortcoming of the MFSA technique is that it
can only measure CTFs at predetermined discreet points. A further advancement in traction
force measurement, cell traction force microscopy (CTFM) determines traction forces in the
entire cell spreading area (72–74). In CTFM (Fig. 4D), fluorescent microbead-embedded
elastic hydrogels such as polyacrylamide gel (PAG) or gelatin gel are used as a cell culture
substrate. With appropriate ECM protein coating (e.g., type I collagen), cells adhere to and
spread out on the gel. They generate traction forces, deform the gel, and cause the embedded
beads to be displaced. A pair of images, referred to as "force-loaded" and "null-force"
images, are taken during CTFM measurement. The “force-loaded” image is taken while the
adherent cells remain on the gels, whereas the "null-force" image is taken after the cells have
been removed. Two steps are involved in deriving CTFs from this pair of images. The first
step is to solve an image registration problem in which beads from two images are matched
and thus gel displacement field is derived. The second step is to solve an inverse problem in
which CTFs are computed that will give a best match to the corresponding displacement
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field. By dividing each image into a number of overlapped regions, cross correlation
functions provide a convenient way of matching each region from one image to the other.
By further assuming that the gel is thick enough (e.g. > 100 µm) to behave like an elastic
half space, the application of the analytical Boussinesq solution obtains the discrete loads as
an estimate of the traction forces. This can be achieved either by applying an inverse Fourier
transform (72), or through solving a general regularized inverse problem (73). The latter
approach is more involved, but allows for the incorporation of a priori information such as
levels of errors. Recently, a new CTFM solution has been developed, in which effective
pattern recognition algorithms and finite element method (FEM) were introduced (75). In
this approach, a feature registration scheme was devised to match individual beads from the
image pair. Furthermore, the gel is modeled in FEM as a 3D object with its actual thickness
using brick elements. By applying static condensation, FEM obtains traction forces in the
form of forces on the surface nodes that lie within the boundary of the cells. This approach
ensures reliable displacement calculation and enables simultaneous determination of CTFs
of multiple cells.

5. Application of micropatterning techniques in cell traction force
measurement

Cells are heterogeneous in size and morphology, which leads to large variations in their
behaviors. For example, cell size and shape alone have been shown to affect cell motility,
proliferation, differentiation, apoptosis, as well as lineage commitment of stem cells (76–
79). Accordingly, cells also display large variations in the magnitude and distribution of
their CTFs. One way to reduce such variation and to obtain higher statistical confidence in
CTF measurement, therefore, is to keep the size of cells constant. Based on lithography or
soft lithography microfabrication techniques, cell micropatterning has become a powerful
way to precisely control cell size and morphology, as well as cell-cell and cell-matrix
interactions (80). While different in technical approaches, the majority of cell
micropatterning techniques depends on fabricating regions of cell-adhesive ECM proteins or
cell-repellent substances of specific geometry on cell culture substrate. When cells are
cultured on such a substrate, they selectively attach to cell-adhesive regions or avoid cell-
repellent regions, and thus eventually adopt specific shapes prescribed by substrate
fabrication. By micropatterning cells in various sizes, it has been shown that CTF increases
almost linearly with cell spreading area (81).

On the other hand, and more importantly, understanding the relationship between cell shape
and cellular function is critical for the study of cell biology and specifically for regulation of
cell phenotype. Strategic integration of cell micropatterning and CTF monitoring may add
new insights to fundamental understanding of certain biological phenomena or help to
establish useful models for disease studies. Here, a few examples are given to demonstrate
how cell micropatterning can be a useful tool in conjunction with CTF measurement to
address specific biological questions.

The first example shows how cell shape affects its internal structure and protein expression
by micropatterning human patellar tendon fibroblasts (HPTFs) into different shapes with the
same area (82). Not surprisingly, cells exhibited distinctive cytoskeletal structure, spatial
arrangement of focal adhesions, and spatial distribution and magnitude of CTFs, all of which
depend on cell shape (Fig. 5A). In rectangular cells, long and parallel actin filament bundles
were formed along the longitudinal direction; in circular cells, however, filament bundles
existed along the circumference of cells. Focal adhesions were concentrated at the two ends
of rectangular cells but uniformly distributed along the edge of circular cells. These regions
were also where the largest traction forces were located in both shapes of cells. As a result,
rectangular cells have considerably higher expression of type I collagen compared with
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circular cells. Hence, the shape of cells may directly determine cell phenotype via changes
in gene and protein expression.

In another example, an in vitro model was developed to investigate the contractility of
micropatterned C2C12 skeletal muscle cells using CTFM (83). In this model, C2C12 cells
were micropatterned such that they assumed a rectangular shape similar to a typical
myotube. During differentiation, these cells gradually fused into a myotube; meanwhile,
their contractile forces, represented by CTFs, continually increased until the myotube
reached maturation (Fig. 5B). Therefore, CTFM can directly quantify the contractile forces
of a myotube, a precursor of myofibers which are the fundamental structural unit of muscle
tissues and is responsible for muscle contraction. Such a model can potentially be used as a
fast screening approach for therapy of Duchenne muscular dystrophy (DMD).

In addition to measuring traction forces of individual cells, CTFM can also be applied to cell
aggregates. In a recent study, fibroblasts were micropatterned to form cell islands of specific
shapes (Fig. 5C). Using CTFM, it was found that cells produced larger mechanical stresses
around the perimeter of the cell island compared to the inner region. The stress pattern
closely resembled cell proliferation and differentiation patterns. However, when overall
mechanical stress levels of cell islands were elevated by application of mechanical
stretching, neither cell proliferation nor differentiation patterns followed the new mechanical
stress pattern although both proliferation and differentiation quantitatively increased. Thus,
these results indicated that mechanical stress magnitude, rather than the stress gradient as
previously proposed, determines the formation of specific cell proliferation and
differentiation patterns, leading to local tissue pattern formation during tissue
morphogenesis (84).

6. Concluding remarks
Based on research in the past few decades, it has become increasingly clear that both
fibroblasts and myofibroblasts play an important role in wound healing. Despite our current
understanding of the characteristics of these cells, as well as the importance of the
mechanical forces both applied to the cells and generated by the cells in the repair process,
many fundamental questions remain to be answered. First, the origins of myofibroblasts
remain to be determined. It also remains to be determined whether myofibroblasts of various
origins exhibit different characteristics and functions during wound healing. The
independent and interactive roles of cytokines, ECM, and mechanical forces in regulating
the structure and function of fibroblasts and myofibroblasts must be investigated further.
Second, while appropriate in vitro models are valuable, in vivo associations should be
established to guide in vitro studies. Techniques for directly measuring force generation by
these cells are to be developed to enable correlation between in vitro and in vivo findings.
Third, factors that affect intrinsic cellular forces and dynamic activities remain to be defined.
Identification of such factors may allow us to predict the ability of tissues to contract and
form scar tissues. Finally, the fate of fibroblasts and myofibroblasts upon completion of
wound healing must be determined. While the current prevailing opinion is apoptosis of
myofibroblasts, it is equally possible that phenotypic reversion (i.e. myofibroblasts
dedifferentiate into fibroblasts) or further phenotypic modulation occurs. This is especially
fundamental information for exploring solutions for preventing scar tissue formation. Such
investigations are in many ways complementary and show promise in providing
fundamental answers to many lingering questions regarding regulation of tissue repair and
the roles of myofibroblast in the reparative process.
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Abbreviations

α-SMA α-smooth muscle actin

CFM Culture force monitor

CTF Cell traction force

CTFM Cell traction force microscopy

D-CFM Dynamic culture force monitor

DMD Duchenne muscular dystrophy

ECM Extracellular matrix

EMT Epithelial-mesenchymal transition

FEM Finite element method

FF-FPCL Free-floating fibroblast-populated collagen lattice

FPCL Fibroblast-populated collagen lattice

GAG Glycosaminoglycan

HA Hyaluronic acid

HPTF Human patellar tendon fibroblast

HS Heparan sulfuate

MFSA Micropost force sensor array

MLC Myosin light chain

MLCK Myosin light chain kinase

MMP Matrix metalloproteinase

PAG Polyacrylamide gel

SIM-CFM Simultaneous imaging and micro-culture force monitor

SMC Smooth muscle cell

TDR-FPCL Tethered-delayed-released fibroblast-populated collagen lattice

T-FPCL Tethered fibroblast-populated collagen lattice

TGF-β Transforming growth factor-β

TIMP Tissue inhibitor of metalloproteinase
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Figure 1.
Schematic illustration of the mechanical feedback loop in myofibroblast development.
Fibroblasts in intact tissue are stress-shielded by ECM and do not develop contractile
features and cell–matrix adhesions. Upon injury, inflammatory signals activate fibroblasts to
spread into the provisional wound matrix and become proto-myofibroblasts. TGF-β1
stimulates proto-myofibroblasts to express α-SMA and become differentiated
myofibroblasts. Myofibroblasts may exit this cycle when ECM is reconstituted and takes
over the mechanical load; stress-released myofibroblasts eventually undergo apoptosis.
(Reproduced with permission from Fig. 3 in Hinz, J Invest Dermatol 127: 526, 2007).
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Figure 2.
A three-phase healing process in a three-dimensional collagen lattice model. In phase I,
fibroblasts exert traction forces to the matrix and cause slow compaction of the collagen
lattice and as a result, mechanical stresses start to develop within the lattice, inducing
transformation of fibroblasts into pro-myofibroblasts. Traction force increases almost
linearly as a result of fibroblasts exerting forces on the matrix. In phase II, pro-
myofibroblasts become further differentiated into myofibroblasts in the presence of TGF-β1.
Cells generate contractile forces and eventually keep the forces at a constant level until
remodeling is completed. If this process continues and myofibroblasts do not progressively
disappear, healing activity becomes excessive and enters phase III, during which detrimental
contracture occurs. (Adapted with permission from Fig. 3 in Tomasek et al., Nat Rev Mol
Cell Biol 3: 349, 2002).
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Figure 3.
Fibroblast-populated collagen lattice (FPCL) based cell contraction measurements. (A). A
free-floating fibroblast-populated collagen lattice (FF-FPCL) for estimating fibroblast
contraction. a and b show the lattice upon cell loading and after 48 hours in culture,
respectively. Measuring the reduction in the geometric features of collagen lattice provides
indirect quantification of the contractility of these cells. (Adapted with permission from Fig.
2 in Ehrlich and Rajaratnam, Tissue Cell 22: 407, 1990). (B). a, flow chart of a culture force
monitor (CFM). b, a picture of a CFM setup. c. a typical CFM measurement. Three curves
are shown, including thermal drift from the system, cell-free collagen gel response, and
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gross force produced by 5.5 × 106 cells in a lattice. (Adapted with permission from Fig. 1–3
in Eastwood et al., Biochim Biophys Acta 1201: 186, 1994).
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Figure 4.
Techniques for measuring traction forces of single cells. (A). A cell produces wrinkles on a
silicone membrane. (Reproduced with permission from Fig. 1 in Beningo and Wang, Trends
Cell Biol 12: 79, 2002). (B). Different magnifications of a micromachined device for cell
traction force measurement. (Adapted with permission from Fig. 1 in Galbraith and Sheetz,
Proc Natl Acad Sci USA 94: 9114, 1997). (C). A micropost force sensor array. a, phase
contrast microscopy image of MFSA. b, SEM image of rat aorta SMCs adhering to the top
of MFSA. (Adapted with permission from Fig. 5 and 6 in Li et al., Cell Motil Cytoskeleton
64: 509, 2007). (D). Cell traction force microscopy (CTFM). a, a human patellar tendon
fibroblast (HPTF) on a polyacrylamide gel; b, fluorescence image of fluorescent beads
embedded in gel; c, substrate displacement field; and d, cell traction force field. Scale bars,
20 µm. (Adapted with permission from Fig. 1 in Chen et al., Cell Motility & Cytoskeleton
64: 248, 2007).
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Figure 5.
CTFM for micropatterned cells. (A). Application of CTFM to determine traction forces of
micropatterned cells. Immunofluorescence microscopy images of F-actin, vinculin, and their
overlay, as well as CTFs in micropatterned HPTFs. a, rectangular HPTF; b, circular HTF.
Development of focal adhesions and stress fibers is seen to be closely related to cell traction
force distribution. Scale bars, 20 µm. (Adapted with permission from Fig. 6 in Li et al., Cell
Motil Cytoskeleton 65: 332, 2008). (B). Traction force development of micropatterned
C2C12 cells during differentiation. Phase contrast images (left panel) and corresponding
traction force maps (right panel), respectively. The color bar represents traction force level.
Scale bars, 50 µm. (Reproduced with permission from Fig. 5 in Li et al., J Biomech 41:
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3349, 2008). (C). Mechanical stress distribution of patterned cell aggregates. a–c,
micropatterned cell islands of distinctive shapes. d–f. CTF distribution of cell islands
determined by CTFM. Scale bars, 100 µm. (Adapted with permission from Fig. 2 in Li et al.,
J Biomech 42: 1622, 2009).
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