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     INTRODUCTION 

 Rift Valley fever (RVF) is a zoonotic, arthropod-borne viral 
disease that affects domestic animals and humans. The dis-
ease is caused by the RVF virus (RVFV), a member of the 
genus  Phlebovirus  in the family  Bunyaviridae . Rift Valley 
fever is reported mainly in regions of eastern and southern 
Africa. 1–  3  Outbreaks of RVF have also occurred in Egypt, 4  
Madagascar, 5  and in the Arabian peninsula. 6  From December 
2006 to January 2007, an outbreak of RVF was identified in 
Kenya, Tanzania, and Somalia with several hundreds of animal 
and human deaths. 7,  8  Pathologic studies can help confirm the 
clinical diagnosis and further the understanding of the disease 
pathogenesis and are very useful in outbreak investigations. 
Previous pathologic studies of RVF infection on fatal human 
and animal cases are few, and have contained limited micro-
scopic descriptions. Postmortem tissue samples were obtained 
from animal carcasses in the field and humans who died with 
suspected RVF during this outbreak. This report describes the 
histopathologic and immunohistochemical (IHC) findings of 
studies performed on human and animal postmortem tissue 
samples. 

   MATERIALS AND METHODS 

 Various postmortem tissue samples from 14 animals ( Table 1 ) 
and 20 humans ( Table 2 ) clinically suspected of having RVF 
infection were fixed in formalin and shipped to the Infectious 
Diseases Pathology Branch, Centers for Disease Control and 
Prevention (CDC) for pathologic studies. The samples were 

embedded in paraffin and tissue sections were stained with 
hematoxylin and eosin for routine histopathologic evalua-
tion. Immunohistochemical assays for RVFV were performed 
by using a colorimetric immunoalkaline phosphatase method 
as previously described. 9  Briefly, IHC was performed on 3-μm 
sections that were deparaffinized, rehydrated, and placed in 
a Dako Autostainer (Dako, Carpinteria, CA). Sections were 
incubated for 1 hour with a polyclonal rabbit anti-RVFV anti-
body and a monoclonal mouse anti-RVFV antibody. Optimal 
dilutions of the antibodies had been determined by previous 
experiments at CDC on positive control tissue samples. After 
incubation with the primary antibody, slides were washed, and 
the LSAB2 universal alkaline phosphatase system (Dako) 
was used for colorimetric detection. Sections were then 
counterstained with Mayer’s hematoxylin (Fisher Scientific 
International Inc., Hampton, NH). Appropriate positive and 
negative controls were run in parallel. Other IHC tests for 
 Plasmodium falciparum , 10  human herpes simplex viruses, and 
 Leptospira  spp., 11  were performed when indicated by compat-
ible histopathologic findings. 

            RESULTS 

 Liver was the most frequently available tissue from ani-
mals and humans; 12 of the 14 animal samples and 19 of the 20 
human samples contained liver tissue ( Tables 1  and  2 ). Only 
muscle tissue was available from one human specimen. The 
most significant histopathologic finding was extensive hepa-
tocellular necrosis with scattered acidophilic bodies in three 
(25%) of the animal specimens ( Figure 1A ) and 12 (60%) of 
the human specimens ( Figure 1C ). There were no prominent 
inflammatory cell infiltrates seen in liver tissue in associa-
tion with the necrosis. Extensive autolysis, present in samples 
from seven animals and one human, precluded an accu-
rate histopathologic assessment. One human sample showed 
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hepatocellular necrosis with abundant Cowdry type A intra-
nuclear inclusions and multinucleated cells ( Figure 1E ) highly 
suspicious for a herpetic infection. Only two human kidney 
samples were available for examination of which one sam-
ple had undergone autolysis and was difficult to evaluate, 
whereas the other sample showed focal interstitial inflamma-
tion, acute tubular necrosis, and fibrinous casts in the tubu-
lar lumen ( Figure 2A ). Immunohistochemical evidence of 
RVFV was present in six animal samples with three show-

ing extensive hepatocellular necrosis ( Figure 1B ), two show-
ing hepatic autolysis, and one demonstrating splenic autolysis. 
For the human samples, IHC evidence of RVFV was found in 
11 of the 12 (92%) human liver specimens that had extensive 
hepatocellular necrosis ( Figure 1D ). Immunostaining of viral 
antigens was observed mainly within necrotic and adjacent 
hepatocytes, and in scattered Kupffer cells in all 11 human 
samples with IHC evidence of RVFV. Immunostaining of 
RVFV antigens was also present in the focal renal tubular epi-
thelial cells of the only human kidney sample without autoly-
sis ( Figure 2B ). Human herpes simplex virus was identified by 
the IHC method in one RVFV-negative sample that also had 
hepatocellular necrosis ( Figure 1F ).  Plasmodium falciparum  
was detected in the red blood cells of the case that only had 
skeletal muscle available for testing ( Figure 2C  and D). 

     DISCUSSION 

 Limited pathologic studies of RVF infection, based on a 
few human cases, field animal samples, and experimental ani-
mal specimens, have been reported previously. Abdel-Wahab 
and others 12  observed severe liver necrosis, interstitial pneu-
monia, and myocardial degeneration in postmortem tissues 
of two human cases. The RVFV was isolated from post-
mortem samples of liver, cerebro-spinal fluid, pericardial 
and pleural fluid, and from a throat swab of these two cases. 
Arborio and Hall 13  showed RVF viral antigen in fixed liver 
tissue of a human case by the immunoperoxidase method. 
The RVF viral antigen was present mainly in the cytoplasm 
of hepatocytes adjacent to areas of hepatocellular necro-
sis. They did not observe immunostaining in other cell types. 
Coetze reported massive diffuse necrosis of hepatocytes as 
the most characteristic histopathologic finding in new-born 
lambs infected with RVFV. 14,  15  Other less common findings 

 Table 1 
  Histopathologic findings and immunohistochemical (IHC) results of 

animal tissue samples  

No. Animal Tissue Histopathologic findings
IHC result for 

RVF virus

1 Sheep Liver Necrosis with focal 
inflammation

Positive

2 Sheep Spleen Autolysis Positive
3 Cow Kidney, liver, 

spleen
Focal inflammation in 

kidney; autolysis in 
liver; no significant 
change in spleen

Negative

4 Cow Liver Autolysis Positive
5 Cow Liver Necrosis Positive
6 Cow Liver, kidney, 

spleen, muscle, 
lung

Necrosis in liver; no 
significant change 
in other organs

Positive 
in liver

7 Cow Kidney, liver Focal inflammation 
in kidney; autolysis 
in liver

Negative

8 Cow Liver Autolysis Positive
9 Cow Liver, muscle Focal inflammation 

in liver
Negative

10 Goat Liver Autolysis Negative
11 Goat Liver Autolysis Negative
12 Cow Liver No significant change Negative
13 Goat Liver No significant change Negative
14 Goat Kidney Focal inflammation Negative

 Table 2 
  Histopathologic findings and IHC results of human tissue samples *   

No. Tissue Histopathologic findings IHC results

1 Liver Extensive necrosis Positive for RVF
2 Liver Extensive necrosis Positive for RVF
3 Liver Extensive necrosis Positive for RVF
4 Liver, lung, spleen Fatty changes in liver; intra-alveolar edema in lung; no significant 

change in spleen
Negative for RVF

5 Liver, kidney Autolysis Negative for RVF
6 Liver Extensive necrosis Positive for RVF
7 Liver Extensive necrosis Positive for RVF
8 Lung, heart, liver, 

pancreas, kidney, 
skin

Extensive necrosis in liver; focal interstitial inflammation, acute tubular 
necrosis and fibrinous casts in kidney; diffuse alveolar damage in lung; 
autolysis in pancreas; no significant change in heart and skin

Positive for RVF in liver and kidney

9 Liver No significant change Negative for RVF and  Plasmodium 
falciparum 

10 Liver No significant change Negative for RVF and  P. falciparum 
11 Liver Fatty metamorphosis Negative for RVF,  P. falciparum , 

 Leptospira , and herpes simplex virus
12 Liver No significant change Negative for RVF and  P. falciparum 
13 Liver Extensive necrosis Positive for RVF
14 Liver Extensive necrosis Negative for RVF; positive for herpes 

simplex virus
15 Liver Extensive necrosis Positive for RVF
16 Liver Extensive necrosis Positive for RVF
17 Liver Extensive necrosis Positive for RVF
18 Liver No significant change Negative for RVF
19 Liver Extensive necrosis Positive for RVF
20 Muscle Scattered intra-erythrocytic organisms; no other significant change Negative for RVF; positive for 

 P. falciparum 
  *   IHC = immunohistochemical; RVF = Rift Valley fever.  
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included bile thrombi and intranuclear inclusions in hepa-
tocytes. Lymphoid depletion in lymph nodes and spleen has 
been seen in many animal samples examined, and similar 
histopathologic findings have also been observed in cattle, 
calves, and aborted fetuses with RVFV infection. 16  Autopsy 
samples from rhesus monkeys experimentally infected with 
RVFV displayed severe liver necrosis as the major micro-
scopic finding. 17,  18  Van der Lugt and others 19  studied the dis-
tribution of RVF viral antigens by immunoperoxidase in liver, 
spleen, lymph node, lung, and kidney of eight experimentally 
infected new-born lambs and four new-born lambs that died 
of RVF. Viral antigens were most prominent in the liver and 
were detected in the cytoplasm of hepatocytes at early stage 
of infection. Viral antigens were consistently present in the 
cytoplasm of large numbers of degenerated or necrotic hepa-
tocytes and in acidophilic bodies at a later stage of infection. 
Immunostaining was rarely observed in the nucleus of hepa-
tocytes and few cells stained positively in the spleen, lymph 
node, lung, and kidney. The authors concluded that hepa-
tocytes constitute the primary site of RVFV replication in 
infected animals. 

 Our studies are consistent with other reports identifying 
extensive hepatocellular necrosis as the most prominent histo-
pathologic change in animals and humans infected with RVFV 
and this histopathologic feature correlates well with the IHC 
test results. However, unlike some previous reports, we did not 
observe a particular zonal distribution or conspicuous inclusions. 
No prominent inflammatory reaction associated with necrosis 
was observed in the liver. Similar hepatic pathology can be seen 
in hemorrhagic fevers caused by other viruses, including yel-
low fever virus, 20  Lassa fever virus, 21  Crimean-Congo hemor-
rhagic fever virus, 22  Marburg virus, 23  and Ebola virus. 24  As with 
the geographic ranges of more common febrile illnesses, many 
of these exotic infections occur sympatrically with RVFV in 
Africa; thus, specific diagnostic tests are critical to identify the 
causative agent. As we observed, the IHC assay can detect viral 
antigens in tissues, and is a specific diagnostic method for sam-
ples obtained from patients and animals dying from clinically 
suspected RVF. Abundant immunostaining was present within 
necrotic and neighboring hepatocytes, and in scattered Kupffer 
cells. In our studies, immunostaining for RVF viral antigens was 
seen in focal renal tubular epithelial cells in one single human 
kidney sample. This observation suggests possible excretion of 
RVF viral antigens in urine; however, its validity and clinical 
importance warrants further investigation. Madani and others 6  
reported the epidemiological, clinical, and laboratory character-
istics of the RVF epidemic that occurred in Saudi Arabia, 2001. 
In their cohort study, renal impairment or failure was found in 
almost one-third of the patients with RVF. Whether this clinical 
observation is related to the renal damage by RVFV infection 
or a consequence of systemic shock is unknown. The RVFV 
antigen in animal kidney was described in a few reports, 19,  25  but 
has never been described in human sample. Our observation of 
RVFV antigen in the kidney is a novel finding, although it was 
seen in only one human sample in this report. 

 Figure 1.    ( A ) Extensive hepatocellular necrosis with acidophilic 
bodies in a bovine liver. Hematoxylin-eosin staining. Original mag-
nification, ×100. ( B ) Positive staining of Rift Valley fever (RVF) viral 
antigens in necrotic hepatocytes of the bovine liver. Immunoalkaline 
phosphate staining, naphthol fast red substrate with light hematoxylin 
counterstain. Original magnification, ×100. ( C ) Extensive hepatocel-
lular necrosis with acidophilic bodies in a human liver. Hematoxylin-
eosin staining. Original magnification, ×200. ( D ) Positive staining 
of RVF viral antigens in necrotic hepatocytes of the human liver. 
Immunoalkaline phosphate staining, naphthol fast red substrate 
with light hematoxylin counterstain. Original magnification, ×200. 
( E ) Extensive hepatocellular necrosis with Cowdry type A intranuclear 
inclusions and multinucleated cells in a human liver. Hematoxylin-
eosin staining. Original magnification, ×400. ( F ) Positive staining of 
human herpes simplex viral antigens in hepatocytes of the human 
liver. Immunoalkaline phosphate staining, naphthol fast red substrate 
with light hematoxylin counterstain. Original magnification, ×400.    

 Figure 2.    ( A ) Focal interstitial inflammation, acute tubular 
necrosis, and fibrinous casts in a human kidney. Hematoxylin-eosin 
staining. Original magnification, ×100. ( B ) Positive staining of Rift 
Vallye fever (RVF) viral antigens in renal tubules of a human kid-
ney. Immunoalkaline phosphate staining, naphthol fast red substrate 
with light hematoxylin counterstain. Original magnification, ×100. 
( C ) Intra-erythrocytic parasites (arrow) in the blood vessel of a 
human muscle. Hematoxylin-eosin staining. Original magnification, 
×630. ( D ) Positive staining of  Plasmodium falciparum  antigen in red 
blood cell (arrow) of a human muscle. Immunoalkaline phosphate 
staining, naphthol fast red substrate with light hematoxylin counter-
stain. Original magnification, ×630.    
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 Localization of viral antigens can also elucidate the patho-
genetic mechanisms involved in certain viral hemorrhagic 
fevers. 22,  26,  27  Despite similar clinical manifestations among 
various viral hemorrhagic fevers, there are clear differences 
in their pathogenesis and clinical progression. 28,  29  The lytic 
virus-cell interaction suggests that the major pathogenesis of 
RVFV infection involves direct, virus-induced cellular necro-
sis, particularly in the liver. Unlike some other hemorrhagic 
fever viruses, such as Lassa fever virus, Crimean-Congo hem-
orrhagic fever virus, Marburg virus, and Ebola virus, no promi-
nent immunostaining is seen in endothelial cells or Kupffer 
cells in liver infected with RVFV. Unfortunately, more thor-
ough histopathologic and immunopathologic studies were 
hampered by autolysis of many of the animal samples, and the 
limited tissue types available for evaluation. 

 In sub-Saharan Africa, many other severe febrile illnesses 
can have similar presentations. Pathological studies of post-
mortem tissue samples are helpful in differentiating RVF from 
other endemic infections, especially when clinical manifesta-
tions of those infections are similar to RVF yet the infection is 
potentially treatable. The detection of human herpes simplex 
virus and  P. falciparum,  in our studies, illustrates the useful-
ness of pathologic examination in patients who die of febrile 
illness that resembles RVF, but in fact are caused by patho-
gens other than RVFV. Because of this, pathologic studies can 
contribute valuable information to outbreak detection and 
response. 

 Future opportunities for more complete examination of 
autopsy and necropsy tissue obtained from humans and ani-
mals during outbreaks of RVF will lead to improved under-
standing of this disease. 

 Received August 10, 2009. Accepted for publication December 4, 
2009. 
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