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Some aquatic microbial oxygenic photoautotrophs (AMOPs) make hydrogen (H2), a carbon-neutral, renew-
able product derived from water, in low yields during autofermentation (anaerobic metabolism) of intracellular
carbohydrates previously stored during aerobic photosynthesis. We have constructed a mutant (the ldhA
mutant) of the cyanobacterium Synechococcus sp. strain PCC 7002 lacking the enzyme for the NADH-dependent
reduction of pyruvate to D-lactate, the major fermentative reductant sink in this AMOP. Both nuclear magnetic
resonance (NMR) spectroscopy and liquid chromatography-mass spectrometry (LC-MS) metabolomic meth-
ods have shown that autofermentation by the ldhA mutant resulted in no D-lactate production and higher
concentrations of excreted acetate, alanine, succinate, and hydrogen (up to 5-fold) compared to that by the wild
type. The measured intracellular NAD(P)(H) concentrations demonstrated that the NAD(P)H/NAD(P)� ratio
increased appreciably during autofermentation in the ldhA strain; we propose this to be the principal source
of the observed increase in H2 production via an NADH-dependent, bidirectional [NiFe] hydrogenase. Despite
the elevated NAD(P)H/NAD(P)� ratio, no decrease was found in the rate of anaerobic conversion of stored
carbohydrates. The measured energy conversion efficiency (ECE) from biomass (as glucose equivalents)
converted to hydrogen in the ldhA mutant is 12%. Together with the unimpaired photoautotrophic growth of
the ldhA mutant, these attributes reveal that metabolic engineering is an effective strategy to enhance H2
production in AMOPs without compromising viability.

Genetic engineering is currently being employed to increase
the yield of biofuels from terrestrial crops (29), both by im-
proving the total biomass yield as well as by increasing the
efficiency of microbial recovery of fuels from harvested bio-
mass (14). While much research is focused on crop-based ap-
proaches to biofuel production, aquatic microbial oxygenic
photoautotrophs (AMOPs) offer several advantages over the
use of terrestrial plants, both in terms of biomass accumulation
as well as the direct excretion of alternative fuel precursors,
such as hydrogen (10). For example, the levels of sustained
fermentative hydrogen produced by AMOPs were increased
through modification of environmental stressors (1, 11), and
genetic manipulation of respiratory oxidases increased tran-
sient photohydrogen (11).

The maximum obtainable fermentative hydrogen energy
conversion efficiency (ECE; ratio of combustion enthalpies of
hydrogen to carbohydrate catabolized) via glycolysis terminat-
ing at acetyl-coenzyme A (CoA) formation is 41%, corre-
sponding to 4 mol H2 per mol glucose equivalent. Nonpho-
totrophs display corresponding glucose ECEs of about 20%
and 30% for Enterobacter and Escherichia coli, respectively,

catabolizing exogenously supplied glucose (6, 16). Metabolic
engineering has been successful in enhancing fermentative hy-
drogen production from exogenous glucose in E. coli, in which
null mutations for genes involved in the conversion of pyruvate
to lactate, either alone or in combination with other pathways,
resulted in incremental increases in hydrogen yields (18, 26, 33,
34). Similar studies using chemical mutagenesis have been
carried out in Enterobacter sp. strains, which increased fermen-
tative hydrogen production less than 2-fold (17, 22). Currently,
the analogous mutants have not been constructed in any
AMOP, and thus the feasibility of genetic alteration for en-
hancing fermentative hydrogen production remains unproven.

Cyanobacteria are physiologically and evolutionarily diverse
prokaryotic AMOPs, which are tolerant of widely variable en-
vironmental conditions, including pH, temperature, and salin-
ity. Because certain circumstances, such as the formation of
dense mats, require these organisms to survive under dark,
anoxic conditions for extended periods of time, many cya-
nobacteria are facultative anaerobes with the ability to carry
out fermentative metabolism as a means of satisfying the need
for ATP regeneration (27). Many cyanobacteria produce H2 as
a by-product of the dark anoxic catabolism of photosyntheti-
cally derived, energy-storage compounds (principally glyco-
gen), and for this reason these organisms are under investiga-
tion as a potential renewable source of hydrogen (8).

If carbohydrate catabolism serves as the sole source of en-
ergy generation during anaerobic metabolism, then the carbon
fluxes passing through the various pathways downstream of
pyruvate, including H2 production/uptake, must balance the
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amount of NAD(P)H consumed with that produced upstream.
Pyruvate and reductant formed by glycolysis and/or the pen-
tose phosphate pathway in cyanobacteria can be transformed
into lactate, ethanol, hydrogen, acetate, formate, and CO2,
which are ultimately excreted (27). The tricarboxylic acid
(TCA) pathways can additionally affect this balance. In cya-
nobacteria, the TCA cycle is incomplete and is thus branched
into oxidative and reductive branches (27); during fermenta-
tion, the branch reducing oxaloacetate to succinate could be
employed to dispose of excess NAD(P)H, although this has not
been reported previously for cyanobacteria. Alanine can be
produced by the reductive amination of pyruvate, though it too
has not previously been reported as a product of cyanobacte-
rial fermentation, despite its excretion during fermentation in
other strains of bacteria (15, 21).

In the studies reported here, we investigated the fermenta-
tive metabolism of the unicellular, euryhaline cyanobacterium
Synechococcus sp. strain PCC 7002 (here referred to as Syn-
echococcus 7002) and an ldhA mutant strain, in which the gene
encoding D-lactate dehydrogenase was inactivated. Synecho-
coccus 7002 has a dark anaerobic metabolism that is unique
among cyanobacteria thus far reported and which yields up to
five fermentation products: lactate, acetate, succinate, alanine,
and hydrogen (Fig. 1). Lactate was found to be the major

excreted fermentation product of wild-type (WT) cells, and the
enzyme producing D-lactate, which competes with hydrogenase
for reducing equivalents, was eliminated genetically. Nitrate
deprivation (25) and nickel supplementation (3) were previ-
ously shown to increase hydrogen yield in other strains, and
therefore these treatments were examined in combination with
the ldhA mutation to optimize conditions for hydrogen pro-
duction. The ldhA mutant has dramatically redistributed fer-
mentative fluxes in comparison to WT cells and a higher
NAD(P)H/NAD(P)� ratio and up to 5-fold higher hydrogen
production than those of WT cells.

MATERIALS AND METHODS

Growth conditions. Cultures of Synechococcus 7002 were grown photoau-
totrophically in medium A� (28) supplemented with 2 �M NiCl2 and sparged
with 2% (vol/vol) CO2 in air. Cells were grown for 4 days to early stationary
phase (optical density at 550 nm [OD550] � 3) at 35°C in 500-ml flasks using
fluorescent lighting at a light intensity of 200 �mol photons m�2 s�1, incident on
one side.

Construction of ldhA mutant. In order to inactivate the ldhA gene insertion-
ally, a partial ldhA gene fragment (nucleotides �209 to �1653 relative to the
ATG start codon) was amplified by PCR using the primers of Ldha1F (5�
AATACATTGCCCTACGCTGTGC 3�) and Ldha1R (5� GGTCAACTTTTGC
TTCCTTTCGG 3�). The aacC1 cassette, originally from plasmid pMS266 (2),
which confers gentamicin resistance, was introduced into the AccI restriction site
at �776 of the ldhA gene fragment. The AccI site was digested followed by
subsequent sequential ligation of three fragments: ldhA fragment number 1
(nucleotides �209 to �776), the aacC1 cassette, and ldhA fragment number 2
(�776 to � 1653). Ligation products were directly used to transform a fresh
overnight culture of wild-type Synechococcus 7002 (1 ml; OD730 of 1.5). Trans-
formants were selected on plates containing medium A (28) supplemented with
50 mg liter�1 gentamicin. Single transformant colonies were continuously re-
streaked on plates containing 300 mg liter�1 gentamicin. Transformants were
assayed by analytical PCR with primers Ldha1F and Ldha1R until full segrega-
tion of the ldhA and ldhA::aacC1 alleles was observed by failure to amplify the
wild-type ldhA gene, as shown in Fig. S1 in the supplemental material.

Fermentative conditions. The cells were concentrated by centrifugation and
washed twice with 50 ml medium A (lacking sodium nitrate); the cells were
resuspended in 130 ml of nitrate-free medium A. Final cell densities were
measured by optical density at 550 nm. The final OD550 values were 3.5 for WT
cells and 3.9 for ldhA mutant cells. All data for the WT and ldhA mutant were
normalized to number of cells, with an OD550 of 1 containing 1.0 � 0.2 � 108

cells per ml (24). Anoxic conditions were created to induce autofermentation;
aliquots of cells (7 ml) were placed in 10-ml vials, which were then sealed with
rubber septa and wrapped in foil to create dark conditions. The headspace was
purged for 15 min with argon gas in order to remove most of the oxygen, and any
remaining dissolved oxygen was consumed by respiration. Triplicate aliquots
were prepared for both WT and ldhA mutant cells for each time point. At each
time point, the headspace gas was sampled using a gas-tight syringe for gas
chromatography (GC) measurements, then the vials were opened, and cells were
separated from the media for analysis of the cell-free medium by NMR in
ambient air conditions.

Analytical assays. Hydrogen in the headspace of assay vials was sampled (200
�l) with a gas-tight syringe and measured by gas chromatography using a Gow
Mac series 300 instrument, with a thermal conductivity detector and argon as the
carrier gas. The metabolite concentrations in the extracellular medium of fer-
menting cells were quantified using cryoprobe-assisted proton nuclear magnetic
resonance (1H NMR) spectroscopy on a Varian INOVA-600 instrument at 600
MHz at 22°C (4). The medium was spiked with 10% D2O containing 30 �g ml�1

3-(trimethylsilyl)propionic-2,2,3,3-d4 acid, sodium salt (TSP). Excitation sculpt-
ing was utilized for water suppression (13). The peak(s) corresponding to each
metabolite was integrated and then normalized to an internal standard (TSP).
Quantification of each metabolite was based on a linear calibration curve, rang-
ing from 10 �m to 1 mM, for each unique metabolite, as previously described (4).
Hydrogenase activity was measured via the methyl viologen (MV) assay as
described in reference 3, except cells were lysed anaerobically with BugBuster
(Novagen) added to the described MV buffer solution. Respiration (oxygen
uptake) and chlorophyll concentration were measured as described previously
(20). Total sugars were assayed using the anthrone reagent (12). Briefly, cells
were boiled in sulfuric acid for an hour, at which time the anthrone reagent was

FIG. 1. Fermentative metabolism of glucose derived from intracel-
lular, reduced sugars in Synechococcus 7002 based on the sequenced
genome and the measured metabolite concentrations for WT and ldhA
mutant cultures. Tables indicate excreted metabolite concentrations in
the media after 4 days (mol/1017 cells). 1, enzymes of glycolysis or
pentose phosphate pathway; 2, enzymes of the TCA cycle from malate
dehydrogenase to succinate dehydrogenase; 3, D-lactate dehydroge-
nase (insertionally inactivated in ldhA mutant); 4, alanine dehydroge-
nase; 5, pyruvate:ferredoxin (flavodoxin) oxidoreductase; 6, Fd:NADP�

oxidoreductase (FNR); 7, hydrogenase; 8, acetate-CoA ligase.
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added and the cells were boiled an additional 10 min. The absorbance was
measured at 620 nm for the biological samples and standards. Protein was
quantified by the bicinchoninic acid assay (Sigma-Aldrich) with bovine serum
albumin as the standard. Pyruvate was measured via enzymatic assay (BioVision)
using sodium pyruvate as a standard. Aliquots (3 ml) of sample culture from
fermentation vials were extracted via syringe under argon and injected into a
vacuum-filtration apparatus (Fisher Scientific) loaded with a 25-mm nylon filter
(Millipore). Following removal of the culture media, the filter was submerged in
1.8 ml of 80:20 MeOH-H2O quench-extract solvent at �20°C for 15 min. Filters
were then scraped and rinsed with the extraction solvent to remove cell material.
A 5-ml aliquot of the extract was dried and resuspended in the pyruvate assay
buffer. Lipids were analyzed by fatty acid methyl ester analysis in a method
adapted from Rodriguez-Ruiz et al. (23). Briefly, cell pellets equal to 1 ml of
culture were boiled with 2 ml of 20:1 MeOH-acetyl chloride and 1 ml hexane.
After boiling, the organic layer was analyzed, and fatty acid methyl esters were
quantified by gas chromatography on a Shimadzu model GC-2010 instrument
with flame-ionization detection and by using heptadecanoic acid (17:0) as an
internal standard (M. Frada, E. Burrows, K. Wyman, G. C. Dismukes, and P.
Falkowski, unpublished data).

LC-MS. Internal metabolite extracts for liquid chromatography-mass spec-
trometry (LC-MS) analysis were prepared as described above for the pyruvate
assay, except 4 ml of sample culture from fermentation vials and MeOH-ACN-
H2O (40:40:20) as the quench-extract solvent were used. Filters were additionally
washed with 0.5 ml of fresh extraction solvent, which was added to the initial
extract and centrifuged at 14,000 � g for 5 min. The supernatant was then
transferred to a clean vial, and the pellet resuspended in 100 ml of fresh extrac-
tion solvent; the same extraction procedure was repeated, and the supernatant
from the second extraction was combined with the initial extraction and stored at
�80°C until analysis.

LC-MS metabolite quantification was conducted using an Agilent 6410 QQQ
mass spectrometer coupled to a 1200-series chromatography system. A Phe-
nomenex Synergy C18 Hydro-RP column at 40°C was employed, with 10 mM
tributylamine and 10 mM acetic acid in H2O as mobile phase A and methanol as
mobile phase B. The elution time table was as follows: 0 min (0% B), 8 min (35%
B), 10 min (35% B), 12.5 min (90% B), 18 min (90% B), and 18.1 min (0% B).
Individual metabolites were quantified by compound-specific fragmentation pat-
tern and elution time, and intracellular concentration was quantified by calibra-
tion via addition of known concentrations of a standard mixture of target me-
tabolites to analyzed extracts.

RESULTS

Energy metabolism in Synechococcus 7002. The complete
genome of Synechococcus 7002, accession number NC_010475 in
the GenBank database (http://www.ncbi.nlm.nih.gov/GenBank
/index.html), was queried by using the BLASTP algorithm for the
occurrence of genes with significant sequence similarity (E
value � 1 � 10�10) to other cyanobacterial genes encoding en-
zymes of catabolic and fermentative carbon metabolism. The pre-
dicted anoxic catabolic reactions starting from glycogen metabo-
lism are presented in the schematic in Fig. 1. Genes in the
genome which encode the enzymes that convert pyruvate to the
following products were identified: lactate (D-lactate dehydroge-
nase, which oxidizes NADH), acetate (pyruvate:ferredoxin oxi-
doreductase and acetate-CoA ligase), and alanine (alanine dehy-
drogenase, which oxidizes NADH). The enzymes for converting
pyruvate to formate (pyruvate formate lyase) or ethanol (alde-
hyde-alcohol dehydrogenase), as well as a common, alternate
acetate pathway (acetate kinase), were absent in this strain. Only
one set of genes for hydrogen metabolism was found: those for
the assembly and formation of the bidirectional [NiFe] hydroge-
nase (hox). No genes encoding an uptake hydrogenase or nitro-
genase were identified in the genome. According to genomic
analyses, the reductive branch of the tricarboxylic acid (TCA)
cycle is intact, and thus cells should be capable of NADH oxida-
tion to produce succinate as a terminal product. The enzymes in
this series of reactions are PEP carboxylase (unidirectional),

malate dehydrogenase, fumarase, and succinate dehydrogenase
(the last three catalyze reversible reactions). The reductive arm of
the TCA cycle is responsible for succinate production by E. coli
cells fermenting glucose under anoxic conditions (5, 7).

The fermentative pathways predicted by genome analysis
were assayed experimentally by identifying and quantifying
excreted metabolites. These metabolites are derived from
the autofermentation of photosynthetically stored carbon,
predominantly in the form of glycogen, which decreased
during fermentation. Cells growing photoautotrophically
were switched to dark, anoxic conditions to induce fermen-
tative metabolism. Additionally, cells were resuspended in
nitrate-free media upon induction of autofermentation to
eliminate the effect of nitrate assimilation, which can act as
a major competing sink for intracellular reductant (11).
1H-NMR spectra of the cell-free medium were acquired at
24-hour time intervals after the onset of fermentation, and
the data were analyzed to identify possible metabolites, in-
cluding lactate, formate, ethanol, acetate, succinate, and
alanine.

Quantitative comparisons showed that D-lactate (	 
 1.3
ppm) was the dominant fermentation product of WT cells, with
a constant, linear rate of production equal to 21.6 mol per day
per 1017 cells through at least 4 days (Fig. 2). The rate of
D-lactate production was about 7-fold greater than the linear
rate of acetate (	 
 1.9 ppm) production, 3.0 mol per day per
1017 cells. The alanine (	 
 1.4 ppm) production rate increased
from an initial rate of 0.65 mol per day per 1017 cells at day 1
to 3.6 mol per day per 1017 cells from day 3 to day 4. The sum
of these carbon metabolite production rates gives a lower limit
to the estimated flux of glucose equivalents through glycolysis
of 14 mol per day per 1017 cells, which excludes carbon flux
through the pentose phosphate pathway. Hydrogen accumu-
lated in the headspace at a rate of 2.7 mol per day per 1017

cells. As expected, due to the absence of the requisite genes for
their production, ethanol (	 
 1.2 ppm) and formate (	 
 8.4
ppm) were not observed as excreted metabolites. Succinate
(	 
 2.4 ppm) was also not observed as an excreted metabolite
in the extracellular medium of fermenting WT cells (10 �M
was less than the limit of quantification).

In Synechococcus 7002, most of the reduced pool of NADH
that was generated in glycolysis was found to be reoxidized via
the D-lactate pathway, with much smaller fluxes consumed
through alanine and hydrogen excretion, as quantified in the
rates above. To test the possibility of redirecting the flux of
NADH from pyruvate to proton reduction, an ldhA mutant
lacking D-lactate dehydrogenase was constructed (Fig. 1).

Comparison of wild-type and ldhA mutant cells. Wild-type
and ldhA mutant cells were grown in batch cultures to early
stationary phase. The rates of photoautotrophic growth, shown
in Fig. S2 in the supplemental material, and aerobic respiration
of the WT and mutant cells (80 � 10 versus 80 � 2 �mol O2

consumed per mg Chl per h, respectively) were not signifi-
cantly different. As measured by the methyl viologen assay, the
enzymatic activity of hydrogenase was not significantly differ-
ent for WT and ldhA mutant cells (0.49 � 0.12 versus 0.53 �
0.15 �mol H2 per liter culture per minute, respectively). Rates
of formation of fermentative products were compared as a
function of time following transfer of cells to fresh, nitrate-free
media and induction of anaerobiosis (day 0), for which cells
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were at the early stationary phase of growth (OD550 � 3.0). As
observed by NMR and GC analysis, ldhA mutant cells excreted
metabolite levels dramatically different than those of WT cells
during fermentation. Figure 2 shows the accumulation of hy-
drogen in the headspace of sealed 10-ml bioreactors with 7 ml
of culture, as well as the accumulation of excreted metabolites
in the medium over 4 days of fermentation. D-Lactate was
undetectable in the extracellular medium of the ldhA mutant,
which produced hydrogen at an increased rate of 14.1 mol
per day per 1017 cells, acetate at an increased rate of 7.7 mol
per day per 1017 cells, and alanine at an average rate of 2.2
mol per day per 1017 cells. However, the lower limit of the flux
of glucose equivalents through glycolysis, as estimated by the
sum of excreted carbon products, decreased to about 5 mol per
day per 1017 cells in the ldhA mutant cells.

A summary of the integrated yields of excreted carbon me-
tabolites after 4 days of fermentation is shown in the pie charts
given in Fig. 3a. The ldhA mutant cells did not excrete detect-
able lactate. Instead, they excreted 1.4-fold more alanine and
2.7-fold more acetate than WT cells on average over 4 days.
The ldhA mutant cells also excreted a small amount of succi-
nate during this period. As expressed by the relative areas of
the pie charts in Fig. 3a, the total flux of excreted carbon
metabolites decreased by 60% in the ldhA mutant. The total
reduced carbohydrate catabolized by the cells during fermen-
tation was measured using an anthrone assay (Fig. 3a, dashed
circles), which indicated that the amounts of polysaccharides
degraded were not significantly different in WT and ldhA mu-

FIG. 2. The kinetics of autofermentative metabolite excretion from WT (E) and ldhA mutant (�) cells of Synechococcus 7002. Lactate, alanine,
and acetate were determined by 1H-NMR. Hydrogen in the headspace was measured by gas chromatography. The ordinate gives the concentration
per 1017 cells. Error bars represent plus and minus one standard deviation (SD) from biological triplicates.

FIG. 3. Comparison of excreted product yields from autofermen-
tation of wild-type versus ldhA mutant cells of Synechococcus 7002.
Relative areas of the dashed circles indicate the amount of carbon (a)
or reductant (b) originating from endogenous, reduced sugars catab-
olized over 4 days of autofermentation. Relative areas of the pie
graphs represent integrated yields from all excreted metabolites pro-
duced after 4 days of autofermentation normalized to amount of car-
bon (a) or reductant (b) equivalents needed to produce the metabolite.
CO2 is assumed to be equivalent to acetate in concentration, as de-
scribed in the text. WT cultures (left) excrete the same amount of
product as is catabolized, while almost 60% of the balance of catabo-
lized carbon and reductant is not accounted for by excreted products in
the ldhA mutant cultures (right).
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tant cells, at 47 � 5 and 47 � 7 mol per 1017 cells degraded,
respectively. Total protein in Synechococcus 7002 was deter-
mined and found not to degrade during 4 days of fermentation
(see Fig. S3 in the supplemental material). Additionally, fatty
acids, which comprise a comparatively small fraction of the cell
composition, were determined and found not to change appre-
ciably in quantity during fermentation, in WT and ldhA mutant
cultures. WT cells contained 5 � 1 mg/1011 cells at the onset of
fermentation and after 3 days of fermentation contained 5 � 1
mg/1011 cells. The ldhA mutant cells contained 6 � 1 mg/1011

cells at the onset of fermentation and after 3 days of fermen-
tation contained 5 � 1 mg/1011 cells.

The intracellular concentrations of NAD�, NADP�, NADH,
and NADPH were measured using LC-MS at the onset of fer-
mentation (time zero) and at 24- and 48-h time points. During

fermentation, the concentration of NAD� decreased continually
through 48 h following anaerobic induction (Fig. 4a). At 96 h,
oxidized pyridine nucleotides were below the detection limit. As
expected at the onset of anoxic conditions, there was no NADH
detectable in WT and ldhA mutant cells. The concentration of
NADH increased over 48 h to 0.05 and 0.07 mol per 1017 cells for
the WT and the ldhA mutant, respectively. At 24 h of fermenta-
tion, the ratio of NADH to NAD� was 1.3-fold higher for the
ldhA mutant (Fig. 4b), and at 48 h, this ratio increased to 2.3-fold.
The concentration of NADPH was below the detection limit
throughout fermentation. The concentration of NADP� was 10-
fold lower than that of NAD� and decreased similarly to that of
NAD� during 96 h of fermentation.

Table 1 lists both excreted and catabolized carbon equiva-
lents and reductant mobilized during fermentation.

FIG. 4. Intracellular NAD� concentration (a) and ratio of NADH/NAD� (b) for WT (E) and ldhA mutant (�) cells of Synechococcus
7002. Time zero was measured at the onset of anoxic conditions. Concentrations of NAD�, NADP�, NADH, and NADPH were measured
with LC-MS. The concentration of the total NAD(H) pool at 96 h was below the detection limit of our instrument. The concentration of
NADP� was over an order of magnitude lower than the concentration of NAD� and decreased to below the detection limit by 96 h. The
concentration of NADPH remained below the detection limit throughout the experiment. Error bars represent plus and minus one SD from
biological triplicates.

TABLE 1. Comparison between intracellular reduced sugars catabolized and excreted metabolite concentrationsa

Parameter (row no.)d Intracellular RSC Hydrogen
excreted

Acetate
excreted

Lactate
excreted

Alanine
excreted

Succinate
excreted

CO2
equivalentf

Excess
equivalent
excreted

(%)e

WT measured (1)b 47 � 5 10.9 � 0.4 12.2 � 0.8 80 � 12 7.5 � 1.2 0 12
ldhA mutant measured (2)b 47 � 7 54.3 � 0.9 28 � 4 0 9.0 � 1.2 1.9 � 0.5 28
Carbon equivalent per molecule (3)c �6 0 2 3 3 4 1
NADH equivalent per molecule (4)c �2 1 �1 1 1 2 0
WT carbon equivalent (5) �282 0 24 240 23 0 12 17 (6)
ldhA mutant carbon equivalent (6) �282 0 56 0 27 8 26 �165 (59)
WT NADH equivalent (7) �94 11 �12 80 8 0 0 �7 (7)
ldhA mutant NADH equivalent (8) �94 54 �28 0 9 4 0 �55 (59)

a Values are given as units of mol per 1017 cell for intracellular reduced sugars catabolized (RSC), measured by anthrone, for excreted metabolite concentrations,
measured by GC or NMR, and for equivalents. Negative numbers represent fluxes into the available carbon pools (or NAD� reduction), while positive numbers
represent formation of excreted carbon (or NADH oxidation).

b Data measured after 4 days of autofermentation.
c Theoretical equivalents of carbon (row 3) or reductant (as NADH) (row 4) expected per glucose equivalent of carbohydrate catabolized during fermentation,

assuming it is formed solely by the reactions of glycolysis.
d The experimental carbon equivalents are obtained in rows 5 and 6 as the products of rows 1 � 3 and 2 � 3, respectively. Likewise, the experimental NADH

equivalents are obtained in rows 7 and 8 as the products of rows 1 � 4 and 2 � 4, respectively.
e Excess carbon or reductant equivalent that is excreted by the cell and the percentage of the catabolized intracellular RSC that this equivalent represents. The

propagated systematic error for column 8 is �15 for carbon equivalents (rows 5 and 6) and � 5 for NADH equivalents (rows 7 and 8) based on the systematic error
for each detection method.

f CO2 was not directly measured and is set equal to the acetate concentration since it forms concomitantly with acetyl-CoA via the pyruvate:ferredoxin oxidoreductase
reaction (Fig. 1). Additionally, the reductant formed in this reaction is accounted for in the acetate column only, to avoid double counting.
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DISCUSSION

In this study we set out to quantitatively account for the
sources and sinks of carbon and reductant during autofermen-
tation and originating from photosynthetically produced, en-
dogenous carbohydrate. The majority of the carbon and reduc-
tant produced by autofermentation was predicted to be
excreted as hydrogen, lactate, acetate, alanine, succinate, and
carbon dioxide. Unlike E. coli, which is a closed metabolic
system, in which quantifiable exogenous sugar is the only
source of electrons and carbon for the cells, cyanobacteria
must be thought of as open systems. Photosynthetically gener-
ated reductants are ultimately stored upon combination with
CO2 as carbohydrates and other biological macromolecules,
but the extent to which CO2 continues to be incorporated into
cyanobacterial cells during dark metabolism is unknown. For
example, CO2 (or HCO3

�) has been shown to compete for
reductant with H2 formation during autofermentation in the
cyanobacterium Arthrospira maxima (1), as well as the purple
nonsulfur bacterium Rhodobacter sphaeroides (31).

In certain cases, the process of in vivo hydrogen production
in cyanobacteria has been shown to be limited by the concen-
tration of substrate, NAD(P)H and/or H�, as opposed to en-
zyme activity/availability (1, 3). This causal relationship be-
tween reductant concentration and hydrogen production has
been proposed in heterotrophic bacteria (9), and Enterobacter
aerogenes displays redox-linked hydrogen production with in-
creased NAD(P)H/NAD(P)� ratios driving increased hydro-
gen production (19). Further, the temporal link between
NAD(P)H pool size and hydrogen production has been dem-
onstrated previously in A. maxima (1). However, the possibility
of engineering the metabolic pathways, which produce or con-
sume intracellular reductant (NADH, NADPH, reduced ferre-
doxin, etc.), toward the goal of increasing the total reductant
available for H2 production, had not been explored extensively
with cyanobacteria until this report.

Wild-type Synechococcus 7002 excreted lactate as the predom-
inant fermentative end product. NADH (E0 NAD�/NADH 
 �315
mV), the main product of carbohydrate oxidation, is expected to
reduce pyruvate preferentially over protons, as the redox poten-
tial of pyruvate/lactate (E0 
 �185 mV) is significantly more
positive than that of H�/H2 (E0 
 �421 mV at pH 7) under
standard conditions. Consequently, redirection of the reductant
flux into H� reduction for increased H2 production is feasible
only if the competition for NADH oxidation or NAD� reduction
can be altered. The intracellular ratio of NADH/NAD� was in-
deed observed to increase 1.3- and 2.3-fold for the ldhA mutant
cells after 1 and 2 days of fermentation, respectively. The con-
centrations of NADH and NAD� were identical in both WT and
ldhA mutant cells prior to the onset of fermentation, as would be
expected for a mutation that acts only on anaerobic metabolism
and which was also consistent with the equal photoautotrophic
growth rates that were observed. The concentration of NADPH
remained below detection throughout fermentation, indicating
that NADH is the major pyridine nucleotide carrier during fer-
mentation in Synechococcus 7002.

As predicted, the ldhA mutant cells produced hydrogen at a
significantly higher rate (�5-fold) than wild-type cells (Fig. 2).
This increased rate occurred continuously over 4 days, with no
noticeable decrease in production rate over time. The total

amount of H2 that was produced from the WT and ldhA mu-
tant over 4 days was found to be 11 and 54 mol per 1017 cells,
respectively. As normalized to the total reduced carbohydrate
catabolized, the yield of hydrogen in the ldhA mutant increased
5-fold from 0.23 to 1.15 mol H2 per mol hexose equivalent
consumed. Because neither protein nor lipids were degraded
in Synechococcus 7002 during 3 days of fermentation, the an-
throne-detectable sugars are assumed to be the sole source of
carbon and reductant. To estimate the energy conversion effi-
ciency (ECE) of stored carbohydrate into hydrogen during
fermentation, the enthalpies of combustion of hydrogen (286
kJ/mol) and glucose (2,805 kJ/mol) were compared. WT cells
produced 0.23 mol hydrogen per mol of glucose equivalent
catabolized, which gives a fermentative ECE of 2.3%. The
ldhA mutant cells produced 1.15 mol hydrogen per mol of
glucose equivalent catabolized, which gives a 5-fold improved
fermentative ECE of 12%. The maximum obtainable fermen-
tative ECE via acetogenic fermentation (glycolysis, including
acetyl-CoA formation) would be 41%, corresponding to 4 mol
hydrogen per mol glucose equivalent. Higher reductant yields
are potentially achievable by diverting carbohydrate catabo-
lism to the oxidative pentose phosphate pathway, for example,
which would provide about 12 mol hydrogen per mol glucose,
although this has been demonstrated only in vitro (32). Non-
phototrophs display corresponding ECEs of about 20% and
30% for Enterobacter and E. coli, respectively (6, 16). However,
the glucose substrate in these studies is exogenously supplied,
not endogenously formed from atmospheric CO2 as it is in our
study.

Table 1 accounts for carbon equivalents and reductant mo-
bilized during fermentation. The endogenous sugar that is ca-
tabolized during fermentation in WT cells is closely (�90%)
accounted for by the carbon and reductant excreted as hydro-
gen, acetate, lactate, alanine, succinate, and CO2. In contrast,
almost 60% of the carbon and reductant derived from catab-
olized sugar in the ldhA mutant cells is not accounted for by
the excreted products of fermentation. This difference can be
explained only by the accumulation of other reduced intracel-
lular metabolites or macromolecules that were not monitored.
The amount of catabolized carbohydrate that is not excreted is
equivalent to 165 carbon equivalents (28 mol glucose per 1017

cells [Table 1]). Pyruvate, the oxidized metabolic precursor to
lactate, was monitored but did not increase in ldhA mutant
cells (see Fig. S4 in the supplemental material) and therefore
does not account for the nonexcreted product. Additionally,
polyhydroxybutyrate, which is a reduced polymer formed by
some strains of cyanobacteria (30), cannot be formed as a
fermentative product in this strain due to the lack of the
poly(3-hydroxybutyrate) polymerase gene phaC in the genome
of Synechococcus 7002. We conclude that other unmonitored
products are responsible for the catabolized carbon and reduc-
tant under dark/anaerobic conditions, possibly multiple prod-
ucts derived from the reversible reactions of gluconeogenesis/
glycolysis, the pentose phosphate pathway, CO2 fixation, or
biosynthetic pathway intermediates. We note that some CO2 fix-
ation occurs under dark anaerobic conditions in A. maxima (1).

In E. coli, increases in hydrogen of 13% and 63% (after 6
and 10 h) were obtained by mutationally inactivating the path-
ways for the production of lactate or both lactate and acetate,
respectively (26, 33). Mutants of Enterobacter sp. strains dis-
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played increases in hydrogen production of 63% and 93%
(after 10 and 48 h), with nitroglycerin inhibition of alcohol- and
acid-forming pathways (17, 22). Here, we show an �500%
sustained increase in hydrogen production yield and rate, with
a knockout of lactate dehydrogenase in Synechococcus 7002.
Despite this significant increase, the overall rate of fermenta-
tive hydrogen produced in this marine cyanobacterium is rel-
atively low at 1.2 �mol per liter culture per h (ldhA mutant
cells) compared to that of the most prolific nondiazotrophic
H2-producing cyanobacteria, such as Arthrospira maxima,
which we have observed to evolve hydrogen in the dark at
maximum rates approaching 400 �mol per liter culture per h
(1). The genetic elimination of metabolic pathways consuming
NAD(P)H, such as that demonstrated here, may be applied to
other strains for which a more reducing intracellular redox
poise is the critical kinetic limitation to H2 production. The
genome of A. maxima was recently sequenced (A. M. Garcia
Costas, Z. Li, and D. A. Bryant, unpublished data), and tools
for genetic modification of this strain are currently being de-
veloped.

In addition to lactate production, pathways that consume
intracellular reductant via the production and excretion of
ethanol and formate from acetyl-CoA are potential targets that
could be eliminated to improve the fermentative yield of
NADH available for H2 production in other AMOPs. Besides
increasing the available reductant, other targets for metabolic
and genetic engineering could increase proton availability to
the hydrogenase as well as increase the activity of the enzyme
itself.
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