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Sodium concentration cycling was examined as a new strategy for redistributing carbon storage products and
increasing autofermentative product yields following photosynthetic carbon fixation in the cyanobacterium
Arthrospira (Spirulina) maxima. The salt-tolerant hypercarbonate strain CS-328 was grown in a medium
containing 0.24 to 1.24 M sodium, resulting in increased biosynthesis of soluble carbohydrates to up to 50% of
the dry weight at 1.24 M sodium. Hypoionic stress during dark anaerobic metabolism (autofermentation) was
induced by resuspending filaments in low-sodium (bi)carbonate buffer (0.21 M), which resulted in accelerated
autofermentation rates. For cells grown in 1.24 M NaCl, the fermentative yields of acetate, ethanol, and
formate increase substantially to 1.56, 0.75, and 1.54 mmol/(g [dry weight] of cells � day), respectively (36-,
121-, and 6-fold increases in rates relative to cells grown in 0.24 M NaCl). Catabolism of endogenous
carbohydrate increased by approximately 2-fold upon hypoionic stress. For cultures grown at all salt concen-
trations, hydrogen was produced, but its yield did not correlate with increased catabolism of soluble carbo-
hydrates. Instead, ethanol excretion becomes a preferred route for fermentative NADH reoxidation, together
with intracellular accumulation of reduced products of acetyl coenzyme A (acetyl-CoA) formation when cells
are hypoionically stressed. In the absence of hypoionic stress, hydrogen production is a major beneficial
pathway for NAD� regeneration without wasting carbon intermediates such as ethanol derived from acetyl-
CoA. This switch presumably improves the overall cellular economy by retaining carbon within the cell until
aerobic conditions return and the acetyl unit can be used for biosynthesis or oxidized via respiration for a much
greater energy return.

Growth of aquatic microbial oxygenic phototrophs (AMOPs)
such as cyanobacteria, algae, and diatoms as renewable feed-
stocks for energy production has been proposed as an advan-
tageous alternative to growing land-based crops for biofuels (9,
11, 14). These organisms can be grown efficiently on water,
sunlight, carbon dioxide, and minimal nutrients on nonarable
land or at coastal marine sites. They produce easily digested
biopolymers that can be more readily converted to fuels than
recalcitrant cellulosic feedstocks. Nevertheless, efficient strat-
egies for converting accumulated biomass from AMOPs into
useful fuels are still needed.

One strategy for converting cyanobacterial biomass to liquid
and gaseous fuels is to allow these cells to rely on their own
fermentative pathways—a process termed “autofermentation.”
With autofermentation, cells anaerobically catabolize their in-

ternally stored carbohydrate molecules (glycogen and soluble
sugars), producing CO2, reductants, and energy as ion gradi-
ents and phosphorylation to regenerate ATP. The reducing
equivalents in the form of NAD(P)H may be reused by the cell
or excreted from the cell as reduced carbon products, typically
organic acids and alcohols. The identities of these products are
determined by the physiological conditions and by which fer-
mentative enzymes are active. The genomes of cyanobacteria
differ in terms of which genes of fermentative enzymes are
present and functional, leading to a range of possible fermen-
tative product yields and rates. A major limitation to the tech-
nological use of autofermentation for fuel production from
biomass is the slow time scale of the conversion in relation to
the light/dark cycle of growth.

Two fermentation products useful as fuels that are excreted
by some cyanobacteria are ethanol and hydrogen. Ethanol
production via autofermentation occurs naturally in some cya-
nobacteria (22). Genetic engineering has been applied success-
fully to establish autofermentative ethanol production in the
cyanobacterium Synechococcus sp. PCC 7942, which does not
produce detectable amounts of ethanol in the wild type (10).
This strain was created by insertion of the genes for pyruvate
decarboxylase and alcohol dehyrogenase from Zymomonas
mobilis. Genetic engineering has also been successfully applied
to stimulate fermentative hydrogen production in Synechococ-
cus sp. PCC 7002 by increasing the level of the limiting cellular
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reductant NADH via disruption of the lactate dehydrogenase
gene (19).

For biotechnological applications, the following two goals
have been identified for increasing production of autofermen-
tation products and hydrogen by AMOPs (1): (i) increase pho-
toautotrophic accumulation of stored carbohydrates and (ii)
increase the catabolic rate of carbohydrates under dark anaer-
obic conditions. Here we have continued our work with Ar-
throspira (Spirulina) maxima with efforts to achieve these two
goals.

Different approaches for increasing carbohydrate content
for cyanobacteria exist. One is nutrient deprivation. Many cya-
nobacteria, including Arthrospira species, do not have nitroge-
nase (nif) genes and therefore require a nitrogen source (such
as nitrate, ammonia, or urea) for protein synthesis. Depriva-
tion of a nitrogen source is a well-documented strategy for
increasing the glycogen content (stored as insoluble carbohy-
drate granules) in many nondiazotrophic cyanobacteria (3, 13,
23, 26). Sulfur deprivation has also been shown to increase the
glycogen content in at least two cyanobacteria when incubated
in the presence of methane (2). Recently, it was demonstrated
that sulfur and nitrogen limitation, rather than complete de-
privation, provides optimal autofermentative hydrogen yields
in the cyanobacterium Synechocystis sp. PCC 6803 (5).

A different approach, which increases soluble sugars in cya-
nobacteria, involves adaptation of cells to media with high
concentrations of sodium salts. Many cyanobacteria accumu-
late organic molecules such as glucosyl-glycerol and/or treha-
lose to osmotically balance their cytosols with the extracellular
medium (6, 17, 20). In addition to glycogen, these molecules
can serve as substrates for fermentation in cyanobacteria (22).
Both glucosyl-glycerol and trehalose are present in Arthrospira
platensis (29) and A. maxima CS-328 (8). It was shown that a
4-fold increase in carbohydrate content can be achieved by
growing A. platensis in media supplemented with additional 1
M NaCl relative to no additional NaCl (28).

Acceleration of carbohydrate autofermentation in cyanobac-
teria by application of selective physiological stresses has been
previously proposed (1). Here we report a new strategy that
combines the established method for increasing carbohydrate
content in Arthrospira by adapting filaments to highly saline
growth media (28) with hypoionic stress to accelerate autofer-
mentation. The entire process can be described as “sodium
stress cycling,” which relies on hyperionic conditions (high salt)
during growth to accumulate sugars, followed by hypoionic
stress (low salt) to force catabolism during autofermentation.
By resuspending filaments grown in media containing excess
NaCl into buffer containing only sufficient solute to prevent
lysis at the start of autofermentation, we achieve a large in-
crease in total fermentative product yields relative to cells that
were not adapted to high salt. However, this strategy did not
lead to higher hydrogen yields, demonstrating that other fer-
mentative routes (primarily ethanol production) are used for
NADH recycling in A. maxima under hypoionic conditions.

MATERIALS AND METHODS

Cell culturing. Arthrospira (Spirulina) maxima (CS-328), henceforth referred
to as A. maxima, was obtained from the Tasmanian CSIRO Collection of Living
Microalgae and was grown at 30°C in batch culture in 2.8-liter Roux flasks
containing 1 liter of Zarrouk’s medium (ZM). ZM consists of sodium (bi)car-

bonate buffer (pH 9.8) plus additional macro- and micronutrients necessary for
growth and autofermentative hydrogen production. All components of ZM have
been previously listed elsewhere (7). The final sodium concentration of ZM was
240 mM. Cultures were illuminated by cool white fluorescent lamps, with a light
flux of 40 �E m�2 s�1 on a 12-h light/12-h dark cycle for 14 days. A. maxima
filaments were harvested by flotation in a separatory funnel and resuspended in
1 liter of fresh modified Zarrouk’s medium. This homogenous suspension con-
taining 0.68 g (dry weight) of cells (liter culture)�1 was divided into five 200-ml
aliquots and set in 1-liter flasks under illumination and temperature conditions as
described above. Each flask was subsequently supplemented with 0 to 1.00 M
additional sodium chloride added every 2 to 3 days in 0.25 M increments (final
growth medium denoted ZM, ZM � 0.25 M NaCl, etc.) and was kept under the
same illumination and temperature conditions for a total of 2 additional weeks
of growth (e.g., all cultures were grown for exactly 14 additional days after the
initial division of the 1-liter culture, including the 2- to 3-day increments
during salt additions). Dry weights before and after salt addition were deter-
mined by pipetting 20 ml of cells onto preweighed porous filter discs (5 �m
pore size; Pall Life Sciences, Ann Arbor, MI), with growth medium removed
by suction filtration; the filter discs were then dried at 70°C until constant
mass (�2 days) and reweighed. Error in these measurements was estimated
at �0.2 mg per sample.

Polarographic measurements. Following growth of A. maxima filaments in
ZM � 0 to 1.00 M NaCl, 1-ml aliquots of cultures were taken for polarographic
oxygen measurements. Oxygen concentrations were measured from continuously
stirred culture aliquots with a Clark-type oxygen electrode (Hansatech Instru-
ments, Norfolk, England), with respect to time in total darkness and in saturating
(�1,000 �E m�2 s�1) white light. The initial rate of oxygen uptake (taken over
1 min) from culture aliquots in total darkness was inferred to be the respiration
rate after correction for baseline drift, which was minimal. The initial rate of
increasing oxygen concentration (taken over 2 min) for the same aliquot of
culture placed in saturating white light was then determined. The oxygen evo-
lution rate was calculated by subtracting the dark respiration rate from the rate
of appearance of oxygen in saturating light. Dark respiration and light-saturated
O2 evolution rates were normalized to the chlorophyll contents of the culture
aliquots. Chlorophyll content was determined by extraction in N,N-dimethylfor-
mamide and absorbance at 652 nm with a spectrophotometer, as described
previously (4, 7).

Variable fluorescence measurements. Dark- and light-adapted variable fluo-
rescence of filaments was determined from 3-ml aliquots of cultures grown in
ZM � 0 to 1.00 M NaCl with a FL-3000 kinetic fluorometer (Photon System
Instruments, Czech Republic). For dark-adapted measurements, culture aliquots
were placed in total darkness for at least 2 min. The minimum dark-adapted
fluorescence (F0) was then determined by dim probe pulses (9 �s long, 1 s apart).
Subsequently, a saturating flash (900 ms) was supplied, and the maximum fluo-
rescence (Fm) of the filaments was measured using a probe pulse of 30 �s after
the saturating flash (to avoid interference with the saturating flash). The same
sample was then placed under moderate red-orange light (�50 �E m�2 s�1) for
5 min, and analogous F0 and Fm measurements were taken (denoted F0� and Fm�,
respectively) in the presence of this light. Dark-adapted variable fluorescence is
thus measured Fv/Fm � (Fm � F0)/Fm, and light-adapted variable fluorescence is
thus measured Fv�/Fm� � (Fm� � F0�)/Fm�.

Carbohydrate determination. The total carbohydrate fractions were deter-
mined from filament suspensions in growth media based on an adapted anthrone
method that was developed for whole-cell suspensions of yeast (25) and has been
applied to studies of Arthrospira whole filaments by others (24). Cell suspensions
(100 �l) were added to 900 �l anthrone reagent solution (consisting of 0.2 g
anthrone per 100 ml of 71% sulfuric acid in water) and heated at 100°C for 10
min. The resulting solution was measured in a spectrophotometer. The absor-
bance at 620 nm was compared against a calibration curve prepared with glucose
standards ranging from 10 to 50 �g glucose per 100 �l solution. In one experi-
ment, the anthrone method was used to determine the carbohydrate content in
cells before and after autofermentation, and the difference was inferred to be the
total carbohydrate catabolized. Total “glucose equivalents” consumed were de-
termined by measuring the carbohydrate content before and after fermentation
by this method.

Insoluble glycogen was determined in parallel samples of cell suspensions with
a method similar to that reported by Ernst et al. (12). Cell suspensions (100 �l)
were added to 200 �l of 48% KOH and incubated at 100°C for 1 h. Subsequently,
600 �l of cold (0°C) absolute ethanol was added, and this suspension was
centrifuged at 13,000 	 g. The supernatant was discarded, and the pellet was
washed twice with cold ethanol. Water (100 �l) and 900 �l anthrone reagent
solution were added to the pellet. This solution was heated for 10 min at 100°C
and measured with a spectrophotometer as described above. A calibration curve
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prepared with bovine glycogen (Sigma) had the same slope as one prepared with
glucose (not shown), and calibration curves prepared with trehalose and sucrose
had slopes that were double of that of the calibration curve prepared glucose on
a molar basis (not shown).

Cell autofermentation. A. maxima filaments were harvested from ZM � 0 to
1.00 M NaCl by suction filtration onto porous filter discs (5 �m pore size; Pall
Life Sciences, Ann Arbor, MI) and resuspended in sodium (bi)carbonate buffer
(BC) consisting of 7.0 g (66 mM) Na2CO3 and 6.5 g (77.4 mM) NaHCO3 per
liter, with a final Na� concentration of 210 mM at pH 9.8. BC is the same buffer
as that used in ZM but lacks macro- and micronutrient additions (which includes
an additional 30 mM NaNO3). In one experiment, BC was supplemented with 0.5
M NaCl (denoted BC � 0.5 M NaCl), resulting in a final Na� concentration of
0.71 M. Cells were suspended in BC at cell densities equivalent to those used
after growth (0.75 to 1.5 g liter�1). Aliquots (3 ml) of these suspensions were
pipetted into small glass vials (10 ml, total volume). Vials were subsequently
sealed with Teflon-coated rubber septa and covered with aluminum foil for
darkness, and the headspace in each vial was purged with argon gas to induce
micro-oxic conditions. Dissolved oxygen in the cell suspension was consumed by
respiration, yielding full anaerobiosis, as confirmed by oximetry using a Clark
electrode on replicate samples (data not shown). Vials were incubated at 30°C
under these dark anaerobic conditions for up to 2 days.

Fermentation product measurements. Hydrogen in the headspace above the
cultures was monitored by withdrawing 200-�l headspace samples with a gastight
syringe (Hamilton) and injecting them in a calibrated gas chromatograph (Gow-
Mac) equipped with a 13	 molecular sieve column and argon carrier gas.

Following hydrogen measurements, vials were opened, and A. maxima cell
suspensions were immediately passed through prewashed 0.2-�m syringe filters
(Whatman, Florham Park, NJ). The resulting cell-free solutions were collected in
Eppendorf tubes. A total of 540 �l of the solution was pipetted into Pyrex
nuclear magnetic resonance (NMR) tubes (New Era Enterprises, Inc., Vineland,
NJ), to which 60 �l of D2O containing 30 �g/ml TSP [3-(trimethylsilyl)propionic-
2,2,3,3-D4 acid sodium salt] (Sigma-Aldrich) was added, and tubes were mixed by
inversion and vortexing. Water-soluble end products were then measured by 1H
nuclear magnetic resonance spectroscopy as described elsewhere (8). We should
note that our method assumes that the major fractions of organic acids and
alcohols are not retained intracellularly during fermentation. In other cyanobac-
teria, there is reasonable carbon balance between catabolized sugars (glycogen)
and excreted product measurements (22, 27).

RESULTS

Aerobic photoautotrophic growth of filaments in increasing
salt concentrations led to decreased photosynthetic biomass
yields. Figure 1 shows the initial cell densities of cultures be-
fore and after addition of 0 to 1.00 M NaCl plus 2 weeks of
growth. While cells grown in Zarrouk’s medium (ZM) plus 0 to
0.50 M NaCl had similar final cell densities, the addition of
0.75 and 1.00 M NaCl clearly decreased the final yield. This
decrease in biomass yield may reflect either reduced photosyn-
thetic capacity or elevated respiration rate, or both. The dif-
ference between the sum of the light-saturated photosynthetic
and respiratory electron transport rates and the dark respira-
tion rate, as measured by the light-saturated oxygen evolution
rate (Fig. 2A), decreases significantly for cells grown in ZM �
0.25 M NaCl and higher. The lack of quantitative correlation
between light-limited biomass yield (at 40 �E m�2 s�1) and the
initial light-saturated O2 evolution rate (�1,000 �E m�2 s�1)

FIG. 1. Accumulated biomass of A. maxima filaments after light-
limited growth in variable concentrations of sodium chloride, added to
ZM (total sodium content, 0.24 M). A. maxima was initially grown to
a cell density of 0.7 g (dry weight) of cells (liter culture)�1 for 14 days.
Subsequently, filaments were resuspended at this concentration in
fresh Zarrouk’s medium supplemented with 0 to 1.00 M additional
sodium chloride, added every 2 to 3 days in 0.25 M increments, and the
dry weights of cultures were measured 2 weeks after initial division of
the 1-liter cultures. Light intensity equaled 40 �E m�2 s�1, with 12 h
light/12 h dark. Data were obtained from single dry weight measure-
ments, with propagated estimated errors.

FIG. 2. Effect of salt stress on light-saturated oxygen evolution,
dark respiration, and variable fluorescence of A. maxima filaments.
(A) The disappearance of soluble oxygen from suspensions of A. max-
ima filaments was measured in total darkness to determine the respi-
ration rates. The appearance of oxygen in light-saturating conditions
(�1,000 �E m�2 s�1 white light) minus the magnitude of the dark
consumption rate (respiration) determined the light-saturated O2 evo-
lution rates. Note the different y-axis scales. chl, chlorophyll. (B) Sus-
pensions of A. maxima filaments were adapted in darkness for at least
2 min before determining the average dark-adapted variable fluores-
cence (Fv/Fm). Light-adapted variable fluorescence (Fv�/Fm�) was de-
termined after 5 min of exposure to moderate light (�50 �E m�2 s�1

red-orange light). Note the offset y axis. Data display the means � 1
standard deviation from three measurements.
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likely reflects the different kinetic limitations imposed under
these distinct light regimes. Thus, while salt-induced retarda-
tion in photosynthetic electron transport from water to CO2

occurs at saturating light intensities, it does not impose a ki-

netic block on biomass yield at the lower light intensity. The
chlorophyll fluorescence emission yield reflects the quantum
efficiency of photosystem II (PSII) charge separation (16).
When measured using cells adapted to continuous light, similar
to growth conditions (50 �E m�2 s�1), it was found to decrease
with increasing salt concentration (Fig. 2B) in parallel with the
biomass yield (Fig. 1). This appears to arise from the same
kinetic block that limits light-driven O2 evolution. In contrast,
salt addition does not appreciably affect the variable fluores-
cence yield of filaments that are dark adapted (Fig. 2A), indi-
cating a fully functional PSII that is not affected. We conclude
that electron or proton transport rates downstream of PSII
impose a kinetic block as the salt concentrations in the growth
medium increase, and this effect can be revealed at saturating
light intensities.

Total sugars normalized to the dry weights of filaments in-
creased significantly upon supplementation with sodium chlo-
ride. In all cases, less than 5% of total sugars were in the form
of insoluble sugars that precipitated in 67% cold ethanol (Fig.
3). Total sugars increased from about 20% of the filaments’ dry
weight when grown in ZM with no additional NaCl to almost
50% of the dry weight when grown in ZM � 1.00 M NaCl.

Cells that had been grown in higher NaCl concentrations
showed no significant increase in autofermentative hydrogen
production (normalized to the dry weight), as shown in Fig.
4A. However, other fermentative products, including ethanol,

FIG. 3. Total sugar and insoluble glycogen contents of A. maxima
filaments adapted to variable concentrations of sodium chloride. The
total sugar content increased from �200 to �500 mg/g (dry weight) of
cells (�20% to �50% of dry weight content) when incubated in Zar-
rouk’s medium with an additional 0 to 1 M NaCl. Insoluble glycogen
was a very small component of total sugars (
0.2% dry weight), indi-
cating that salt stress induced an increase primarily in the cellular
content of soluble sugars. Note the different y-axis scales. Data display
the means � 1 standard deviation from three measurements. DW, dry
weight.

FIG. 4. (A to D) Effect of sodium cycling on major fermentation product yields from A. maxima filaments under autofermentative conditions
for 0 to 2 days. Filaments were grown in Zarrouk’s medium with an additional 0.00, 0.25, 0.50, 0.75, or 1.00 M NaCl; subsequently, filaments were
resuspended in 210 mM sodium (bi)carbonate buffer, pH 9.8, and incubated under dark anaerobic conditions to induce osmotic stress (see
Materials and Methods). The cells underwent autofermentation to produce hydrogen (A), ethanol (B), acetate (C), and formate (D). Lactate was
only a minor fermentative product and was never detected in amounts higher than 150 �mol (g [dry weight] of cells)�1. Data display the
means � 1 standard deviation from three measurements.
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acetate, and formate, increased significantly (Fig. 4B to D).
The initial rates of excretion of these products were also
higher, as seen by increased initial slopes of the time course
experiment data (Fig. 4B to D). Lactate was sometimes ob-
served in trace amounts but did not exceed 150 �mol (g [dry
weight] cells)�1 in any sample. Otherwise, no other excreted
fermentative products were observed in cell-free media by
proton NMR in any autofermentation experiment presented in
this report (detection limit 
 50 �M). Hydrogen yield was not
limited by the headspace partial pressure, as dissolved hydro-
gen rates were also measured on an electrode that continu-
ously consumes dissolved hydrogen (1), and yielded similar

hydrogen rates regardless of hypoionic stress (see Fig. S1 in the
supplemental material).

In Fig. 5, we present a diagram of the carbohydrate meta-
bolic pathways deduced from the measured end products and
the enzymes deduced from the draft genome of A. maxima.
The observed large increase in total fermentative product
yields with increasing hypoionic stress requires that there was
an increase in total carbohydrate catabolism with increasing
hypoionic stress. Assuming that 1 glucose-6-phosphate is
converted through the Embden-Meyerhof pathway to 2
equivalents of pyruvate, followed by complete excretion of
pyruvate-derived products acetate, lactate, and ethanol, one

FIG. 5. Proposed autofermentative scheme for A. maxima based on observed excreted products (white circles), previously observed substrates
(black circles) (8), and identified enzymes present in the A. maxima genome (GenBank accession numbers [gray letters]). Pathways with multiple
steps (glycolysis and oxidative pentose phosphate [OPP] pathways) are given as dotted lines. Lactate production is provided in gray because it was
a minor end product for all experiments in this study. Enzyme abbreviations: LDH, lactate dehydrogenase; PDH, pyruvate dehydrogenase; PFL,
pyruvate formate lyase; PFOR, pyruvate ferredoxin oxidoreductase; FNR, ferredoxin NADP reductase; PNT, pyridine NADH transhydrogenase;
PTA, phosphotransacetylase; ACK, acetate kinase; ADHE, bifunctional aldehyde alcohol dehydrogenase; H2ase, hydrogenase. The enzymes
required for the glycolysis and OPP pathways and the biosynthetic/degradation pathways for trehalose and glucosyl-glycerol were identified in the
A. maxima genome (see the supplemental material for annotation of the glucosyl-glycerol, trehalose, and glycogen pathways).
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can calculate the amount of glucose equivalents catabolized in
the cell by dividing the sum of the fermentative products by
two. Note that this assumes no involvement of the oxidative
pentose phosphate pathway, which is discussed later. This
calculated value can be compared to the actual amount of
measured glucose equivalents in the cell before and after
fermentation (an experimental measurement of carbohy-
drate consumed by the cell).

Figure 6 displays these data for three cases, as follows: (i)
cells grown in ZM and autofermented for 1 day in BC (iso-
ionic); (ii) cells grown in ZM � 0.5 M NaCl and autofermented
for 1 day in BC � 0.5 M NaCl (isoionic); and (iii) cells grown
ZM � 0.5 M NaCl and autofermented for 1 day in BC (hypo-
ionic). Concentrations of excreted acetate, lactate, and etha-
nol, divided by two, are shown as a stacked bar graph in units
of “glucose equivalents,” representing the amount of carbohy-
drate that must have been consumed to produce the observed
excreted products. The actual amount of carbohydrate con-
sumed, determined from the difference of measured carbohy-
drate content before and after autofermentation, is shown as a
dashed line.

For cells autofermented in buffers isoionic with those of
their growth media (cases i and ii described above) a small
percentage (
30%) of actual glucose equivalents consumed
can be accounted for by the excreted products acetate, lactate,

and ethanol. No significant difference in total excreted prod-
ucts or actual consumed glucose equivalents is observed be-
tween cases i and ii. However, case iii (hypoionic) lead to an
�5-fold increase in total excreted products and an �2-fold
increase in actual carbohydrates consumed. In the latter case,
approximately 50% of consumed carbohydrate was converted
into excreted products by fermentation. Thus, hypoionic stress
not only results in an increase of fermentative products forma-
tion but also accelerates sugar catabolism.

We now note that Fig. 5 also accounts for possible involve-
ment of the oxidative pentose phosphate (OPP) pathway.
Some cyanobacteria have been concluded to follow a mixture
of both glycolysis and oxidative pentose phosphate (OPP),
followed by fermentation (22, 27). A modified stoichiometry
can be calculated, assuming 100% of consumed carbohydrate is
catabolized via the OPP pathway. Assuming that 1 glucose-6-
phosphate is converted through the OPP pathway to 1 pyruvate
(plus 3 CO2), followed by complete excretion of the pyruvate-
derived products acetate, lactate, and ethanol, the calculated
amount of glucose equivalents catabolized in the cell would be
the sum of these fermentative products. Because we were un-
able to measure CO2 in these experiments, we cannot easily
differentiate between these two pathways and therefore give
only limits of stoichiometries of 100% OPP or 100% glycolysis,
with the reality likely being somewhere in between.

Thus, in Fig. 6, the stacked values multiplied by two would
give the theoretical amount of glucose equivalents catabolized
if the OPP pathway was utilized entirely. Note that even in this
case, the amount of excreted fermentative products for cells
without hypoionic stress (cases i and ii) cannot account entirely
for the measured amount of glucose equivalents catabolized.

DISCUSSION

Salt stress has a pronounced effect on photosynthetic effi-
ciency. The final biomass yields from cells grown in ZM � 0.75
M NaCl and ZM � 1.00 M NaCl were clearly lower relative to
cultures grown in ZM � 0 to 0.50 M NaCl (Fig. 1). Vonshak et
al. reported a nearly linear decrease in growth rates with re-
spect to added NaCl (also from 0 to 1.00 M) when growing a
similar salt-tolerant strain, Arthrospira platensis, at a light in-
tensity double of that used under our growth conditions (80
versus 40 �E m�2 s�1) (28). They reported that this effect was
correlated with a decrease in light-dependent oxygen evolution
when assaying photosynthesis under high light (700 �E m�2

s�1). We also saw a decrease in light-dependent oxygen evo-
lution under light-saturating conditions (�1,000 �E m�2 s�1),
as illustrated in Fig. 2A, but saw no correlation between salt
stress and dark-adapted variable fluorescence (Fig. 2B, black
solid circles). Variable fluorescence (Fv/Fm) measures the ef-
ficiency of photosystem II (PSII) charge separation under sin-
gle-turnover conditions isolated from that of other down-
stream electron transport reactions that may influence the PSII
turnover rate. Because added salt does not affect Fv/Fm in
dark-adapted cells, it is concluded that salt stress does not
specifically inhibit PSII charge separation. Instead, the photo-
synthetic electron transport chain must be inhibited down-
stream of PSII, thereby lowering the PSII turnover rate. This is
confirmed by measuring Fv/Fm in light-adapted cells (termed
(Fv�/Fm�) (Fig. 2B, open circles) under light intensity similar to

FIG. 6. Effect of hypoionic conditions on carbohydrate catabolism
of A. maxima filaments under autofermentative conditions for 1 day.
Cells were grown in Zarrouk’s medium (ZM) either with or without
additional 0.5 M NaCl. Subsequently, cells were harvested and sus-
pended in bicarbonate buffer (BC) with or without 0.5 M NaCl.
Stacked columns show the amounts of excreted products after 1 day of
autofermentation divided by 2 to represent how many glucose equiv-
alents (eq.) were catabolized to produce these products via glycolysis.
Each column represents the minimal amount of glucose equivalents
that must have fermented to yield such values. The actual total carbo-
hydrate content consumed (based on the measured carbohydrate con-
tent of filaments before and after 1 day of autofermentation) is dis-
played as a dashed line. Assuming solely a glycolysis model, if every
mole of glucose consumed led to an excreted product, the sum of the
stacked values and dashed line value would be equal. Assuming solely
an oxidative pentose phosphate (OPP) model, if every mole of glucose
consumed led to an excreted product, the sum of the stacked values
would equal exactly half of the value of the dashed line. Data display
the means � 1 standard deviation from three measurements.
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that used under growth conditions (�50 �E m�2 s�1). In these
measurements, the yield of charge separation of PSII is ex-
pected to decrease, owing to the accumulation of reduced
electron transport carriers downstream of PSII (6). The ob-
served decrease in Fv�/Fm� follows the same trend as that of the
decrease in growth shown in Fig. 1. Under low-light-intensity
growth conditions, we observed significant inhibition of pho-
tosynthesis only with 0.75 or 1.00 M additional NaCl, with little
effect on photosynthetic efficiency for cultures supplemented
with 0.50 M NaCl or less. However, given the measurements of
light-saturated oxygen evolution and the results of Vonshak et
al., we would expect to see inhibited growth of cultures sup-
plemented with even less NaCl if grown under higher ambient
light. This is significant because ambient sunlight can reach
very high photon fluxes (1,500 �E m�2 s�1).

A key advantage of growing cells in higher salt is demon-
strated by the 2.5-fold increase in soluble sugar content (per-
cent dry weight), as illustrated in Fig. 3. Filaments grown in
ZM with no additional NaCl contained 20% (200 mg [g {dry
weight} of cells]�1) sugars by dry weight, while cells grown in
ZM � 1.00 M NaCl yielded nearly 50% sugar by dry weight. In
all cases, over 95% of these sugars are classified “soluble,” as
they did not precipitate upon addition of cold ethanol, which
occurs for glycogen (12). High-salt conditions during photoau-
totrophic growth of algae and cyanobacteria are known to
induce the accumulation of osmolytes, which protect cells from
dehydration (15, 17). Both glucosyl-glycerol and trehalose are
known to be salt induced in Arthrospira platensis (29), and we
have confirmed the presence of these “osmoprotectants” in
aqueous cell lysate fractions of A. maxima by 13C NMR (8) and
confirmed the presence of the genes for their synthesis in the
genome (see the supplemental material). We believe that these
sugars are the dominant components of the “soluble” sugar
fraction that we measured using the anthrone assay.

Biofuel research has developed technologies emphasizing
the conversion of carbohydrates or lipids to useable fuels. Most
cyanobacteria do not make significant levels of neutral lipids
(14), and consequently, methods for increasing sugar content
and improving the conversion of biomass to ethanol or hydro-
gen are of keen interest. Here, we demonstrate that increasing
the carbohydrate pool size by inducing the synthesis of soluble
sugars rather than polymeric glycogen produces a precursor
that can more efficiently be converted by autofermentation
into products including ethanol. Some strains of cyanobacteria,
such as Oscillatoria and Microcoleus, have been shown to ac-
cumulate osmoprotectants that can serve as fermentative sub-
strates (22).

We anticipated that hypoionic stress of hypersaline-grown
filaments during autofermentation would increase the rates of
carbohydrate catabolism, possibly due to changes in osmotic
pressure or the Na� ion potential across cell membranes. Cells
grown in high salt (ZM � 1.00 M NaCl) experienced a signif-
icant (�1 M) change in ionic strength between growth and
autofermentative conditions. This indeed causes significant in-
creases in excreted ethanol, acetate, and formate (Fig. 4B to
D). However, hydrogen production is relatively unchanged
(Fig. 4A). We infer that hydrogen production is unaffected
because none of the additional NADH that must be produced
by the greatly increased rate of carbon metabolism (Fig. 6) is
available to or utilized by the bidirectional hydrogenase en-

zyme. Rather, the excess reductant capacity is partially ex-
creted as soluble fermentation products, particularly as for-
mate but also as ethanol (Fig. 4). The major fraction of the
reductant capacity from catabolized carbohydrate is not ex-
creted as organic acids or alcohol but is retained in the cell in
a new (polymeric?) form that is not soluble and not detected by
the anthrone assay (Fig. 6). A possible candidate fitting this
description could be polyhydroxybutyrate (PHB), although we
did not attempt to measure cell extracts for this compound in
this work.

We note also that significant formate and hydrogen produc-
tion occurred even for cultures that were grown at lower salt
(ZM � 0 to 0.25 M NaCl), whereas very little acetate or
ethanol was observed for cells under these conditions (Fig. 4).
Thus, at lower salt concentrations, the bulk of the reductant
flux that is excreted appears as formate, thus requiring the
production of an equivalent flux of acetyl coenzyme A (acetyl-
CoA) and its utilization in nonmonitored pathways (biosynthe-
sis and tricarboxylic acid [TCA]). This conclusion is also sup-
ported by the observation that more glucose equivalents are
catabolized during autofermentation than can be accounted
for by the excreted products of cells autofermented in isotonic
buffer (Fig. 6).

Figure 5 represents a working model for metabolic pathways
for glycolysis, oxidative pentose phosphate, and pyruvate fer-
mentation predicted from the draft genome of A. maxima
(http://genome.ornl.gov/microbial/amax/) and corroborated by
the present and previous data from NMR-detected metabolites
(8). The genome draft has at least 99% sequence coverage of
the completed genome and is thus useful for assembling this
model.

The quantitative accounting of catabolized carbohydrates
when applied to the pathways shown in Fig. 5 documents an
important rerouting of carbon that has not been proposed in
other cyanobacterial fermentation pathways, to our knowledge
(22). Namely, acetyl-CoA generated from pyruvate is con-
verted to excreted products such as ethanol or acetate (as is
also observed in other cyanobacteria) but a significant amount
is retained in the cell, perhaps in the form of acetyl-CoA itself
or more likely in the forms of downstream intermediates in the
TCA cycle or biosynthetic products. Accumulation of acetyl-
CoA produces equivalent increases in either NADH or re-
duced ferredoxin (Fd) via the pyruvate dehydrogenase (PDH)
and pyruvate ferredoxin oxidoreductase (PFOR) pathways, re-
spectively, and thus could be expected to activate pathways for
reductive assimilation of carbon or elimination of H2 (hydro-
genase mediated) to maintain redox balance. As noted, H2 is
not affected in A. maxima. In contrast, the significant increase
in excreted formate via the pyruvate formate lyase (PFL) en-
zyme in A. maxima enables accumulation of acetyl-CoA with-
out the build-up of NADH, reduced Fd, or the products which
they produce. The PFL pathway is not widespread in cyanobac-
teria and algae (see Table S1 in the supplemental material).
We found 5 out of 28 cyanobacterial genomes in the Cyano-
Base database and 5 out of 190 algal genomes in the NCBI
database which contain both pflA (structural gene) and pflB
(activating cofactor). The structural genes for the bidirectional
[NiFe]-hydrogenase are found in all five of these cyanobac-
teria.

This retention of C2 carbon (acetyl) coupled to the excretion
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of reduced C1 carbon (formate) via the PFL pathway is more
economical on a carbon basis than excretion of acetate and
ethanol via conventional fermentation and could potentially be
beneficial to the cells. Cells that can store acetyl units would be
better equipped for ATP production and/or biosynthesis upon
the return of aerobic conditions (which would be brought
about by light in oxygenic phototrophs or upon mixing in air).
For cells that are under hypoionic stress during anaerobiosis, a
larger fraction of acetyl-CoA should be converted to excreted
fermentation products as a means to reduce the osmotic po-
tential, since the forced catabolism of one osmotically active
sugar molecule would produce two osmotically active pyruvate
molecules. Thus, the observed preferential increase in the frac-
tions of excreted acetate, lactate, and ethanol over formate
(Fig. 6) under higher hypotonic stress may be a mechanism to
lower the osmotic potential while regenerating the NAD� re-
quired to maintain glycolytic ATP production.

This “osmotic hypothesis” might offer further insight into
why some cyanobacteria produce hydrogen as a product but
not under hypoionic stress. Hydrogen production offers a
mechanism for cyanobacteria, such as Arthrospira, to regener-
ate NAD� from glycolysis-derived NADH without loss of valu-
able carbon units (acetyl-CoA equivalents). In contrast, in the
case when cells are hypotonically stressed (a widely encoun-
tered environmental condition for hypersaline AMOPs) and
more acetyl-CoA equivalents are being produced, ethanol ex-
cretion allows for regeneration of NAD� from NADH while
also lowering the intracellular osmotic potential, thus leading
to observed increases in ethanol production rather than hydro-
gen production. Measurements of intracellular metabolite
pools after induction of dark anaerobisis by liquid chromatog-
raphy coupled to mass spectrometry might further support the
“osmotic hypothesis.”

This study has addressed the effects of sodium stress cycling
but not necessarily those of osmotic stress caused by other
osmolytes. For example, in Synechocystis sp. PCC 6803, it was
shown that the response to solutes used to induce hypertonic
(hyperosmotic) stress differs depending on the identity of the
solute used (18). Although the same systems are involved in
transduction of salt signals and hyperosmotic signals, expres-
sion of individual genes is regulated to different extents when
using sodium chloride versus sorbitol in this organism (21). It
would be interesting to compare the effects of sodium stress
cycling with the effects of cycling a different solute such as
sorbitol on autofermentative yields.
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