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Here, we fully characterize the genomes of 14 Plasmodium falciparum patient isolates taken recently from the Iquitos region
using genome scanning, a microarray-based technique that delineates the majority of single-base changes, indels, and copy
number variants distinguishing the coding regions of two clones. We show that the parasite population in the Peruvian
Amazon bears a limited number of genotypes and low recombination frequencies. Despite the essentially clonal nature of
some isolates, we see high frequencies of mutations in subtelomeric highly variable genes and internal var genes, indicating
mutations arising during self-mating or mitotic replication. The data also reveal that one or two meioses separate different
isolates, showing that P. falciparum clones isolated from different individuals in defined geographical regions could be useful
in linkage analyses or quantitative trait locus studies. Through pairwise comparisons of different isolates we discovered
point mutations in the apicoplast genome that are close to known mutations that confer clindamycin resistance in other
species, but which were hitherto unknown in malaria parasites. Subsequent drug sensitivity testing revealed over 100-fold
increase of clindamycin EC50 in strains harboring one of these mutations. This evidence of clindamycin-resistant parasites
in the Amazon suggests that a shift should be made in health policy away from quinine + clindamycin therapy for malaria
in pregnant women and infants, and that the development of new lincosamide antibiotics for malaria should be recon-
sidered.

[Supplemental material is available online at http://www.genome.org. The microarray data from this study have been
submitted to the NCBI Gene Expression Omnibus (http://www.ncbi.nlm.nih.gov/geo) under accession no. GSE22861 and
are also at http://www.scripps.edu/cb/winzeler/resources/pf_peru.]

The World Health Organization (WHO) campaign to eradicate

malaria in the 1950s and 1960s was initially largely successful in

decreasing the burden of malaria. Drug failure eventually led to a

resurgence in the number of malaria cases in the 1990s and caused

vast numbers of deaths that could have been avoided through a

better appreciation of the prevalence of drug-resistant malaria and

more informed choices of first-line drugs (Greenwood et al. 2008).

While malaria deaths are now likely to decline, primarily because

of the introduction of artemisinin-based combination therapy

(ACT) as well as increased insecticide spraying and the use of bed

nets (Greenwood et al. 2008), this may only be temporary. Indeed,

there has been a general increase in the parasite clearance times in

ACT-treated Plasmodium falciparum malaria cases from near the

Thai–Cambodian border, suggesting that case numbers may soon

begin increasing (Dondorp et al. 2009).

Remarkably, although artemisinin is used on tens of millions

of individuals annually, we have little idea about how it acts or

which genes contribute to resistance, confounding the commun-

ity’s ability to monitor the spread of resistance using molecular

markers and to deploy new therapies (Eastman and Fidock 2009).

The fact that the genes involved in artemisinin resistance are not

known is due to a variety of problems, including the fact that in

vivo resistance has not been replicated in vitro (Dondorp et al.

2009). Additionally, the association of phenotypes with genotypes

in P. falciparum is hampered by the difficulties in performing

complementation studies due to extremely low transfection effi-

ciencies and the fact that laboratory crosses of drug-sensitive and

drug-resistant P. falciparum cannot be easily performed. Thus, it

took more than 40 yr between the identification of chloroquine

resistance in the field (Harinasuta et al. 1965) and confirmation

that resistance is due to mutations in the chloroquine resistance

transporter ( pfcrt, MAL7P1.27) (Wellems et al. 1990; Fidock et al.

2000; Sidhu et al. 2002). While the recombinant progeny from one

of the three extant crosses (Walliker et al. 1987; Wellems et al.

1990; Hayton et al. 2008) have most famously been used to map

chloroquine resistance (Wellems et al. 1990), they have been used

to map loci contributing to a wide variety of phenotypes that

distinguish parental clones. For example, they have already been

scored for a variety of different phenotypes that are related to drug

sensitivity, including antifolate sensitivity (Wang et al. 2004b),

quinine sensitivity (Ferdig et al. 2004), expression levels (Gonzales

et al. 2008), and plasmodial surface ion channels (Alkhalil et al.

2009), but they could be scored for any phenotype that quanti-

tatively distinguishes the parental strains Dd2 and HB3, such

as propensity to mutate in the laboratory (Rathod et al. 1997).
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However, there are a limited number of phenotypes that distin-

guish these two laboratory strains that were derived from patients

40 yr ago. While more crosses would provide valuable data for

many researchers interested in parasite genetics, there are ethical

considerations associated with using primates in research. An al-

ternative to creating new recombinant progeny is to find existing

recombinant isolates that arose from recent meioses occurring in

humans. Such parasites might be identified by performing full-

genome analyses on parasites from a limited geographical area and

could provide the malaria community with an unprecedented

number of parasites differing in a variety of phenotypes for use in

linkage or quantitative trait locus (QTL) studies.

One attractive group of parasites for full genome investigation

is from the Peruvian Amazon. Due to the low transmission rates it

is expected that parasites isolated from an individual will be from

a single clone infection. In addition, malaria was eradicated in the

1960s in this region but re-emerged with epidemics in the early

1990s (Aramburu Guarda et al. 1999; Branch et al. 2005), sug-

gesting that the genomes might contain signatures of selective

sweeps (Wootton et al. 2002; Roper et al. 2004). At first, malaria in

this region was treated with chloroquine (first-line), sulfadoxine-

pyrimethamine (second-line), and quinine with clindamycin or

tetracycline (third-line) (Aramburu Guarda et al. 1999), but the

emergence of resistance resulted in widespread chloroquine and

antifolate treatment failure (Durand et al. 2007). Today, malaria

remains hypoendemic with low levels of seasonal transmission of

P. falciparum and P. vivax parasites in the region surrounding

Iquitos, Peru (Roshanravan et al. 2003). Previous studies of para-

sites in the region describe only one or two independent haplo-

types for important drug-resistance genes, suggesting a limited

number of founders for this population (Bacon et al. 2009) and

suggest that we might find recombinant progeny in this region.

In this study, we performed genome scanning on 14 P. falci-

parum patient isolates from a limited geographical region. We show

that the parasite population in the Peruvian Amazon is very closely

related, with combinations of only two to four different genotypes

for drug resistance genes, suggesting at most four parental haplo-

types. Furthermore, some parasites taken from different patients

who presented with symptoms were essentially clones of one an-

other, while others were recent meiotic siblings that could be useful

in linkage studies or eQTL analyses. Unexpectedly, genome scan-

ning also revealed uncharacterized mutations in the apicoplast 23S

rRNA that distinguished some Peruvian strains from the reference

strain, 3D7. Because one of these mutations had been previously

associated with lincosamide antibiotic resistance in the chloroplast

and many bacterial species (Vester and Douthwaite 2001), sensi-

tivity testing was performed revealing that the parasites harboring

the mutation had indeed become resistant to clindamycin, a drug

used in combination with quinine to treat pregnant women and

infants for malaria in Peru. These are the first documented cases of

resistance to this class of drugs in malaria and suggest that the use of

lincosamide drugs in treating malaria should be reconsidered.

Results

Initial genotyping shows a limited number of parental
haplotypes

An initial motivation for conducting this study was to examine field

isolates to determine whether the same types of genomic changes

typically found in laboratory strains of P. falciparum would be dis-

covered. To this end, patient isolates of P. falciparum were obtained

with informed consent from the region surrounding Iquitos, Peru

during the peak malaria season (February through July) of 2006

(Supplemental File 1). The isolates were taken into short-term in

vitro culture for periods of weeks and subjected to genotyping of

known resistance genes by PCR. As indicated by increased sulfa-

doxine-pyrimethamine sensitivity in Peru (Durand et al. 2007), we

detected wild-type pfdhps (dihydropteroate synthetase, PF08_0095)

and single and triple mutant alleles (NCNI and ICNL, respectively)

of pfdhfr-ts (bifunctional dihydrofolate reductase-thymidylate syn-

thase, PFD0830w) by conventional genotyping, as well as the K76T

mutation that confers resistance to chloroquine resistance muta-

tion (Sidhu et al. 2002). Altogether, there were four genotypes for

pfmdr1 (multidrug resistance protein, PFE1150w), three for pfdhps,

three for pfdhfr-ts, and two for pfcrt, suggesting four parental hap-

lotypes in the Peruvian population.

Gene copy number analysis reveals only widespread
subtelomeric variants

Because drug resistance can also be conferred by copy number

variations (CNVs), the isolates were next examined by microarray.

Genomic DNA from 14 isolates was analyzed on high-density full-

genome tiling microarrays (Table 1; Dharia et al. 2009). First, 10–15 mg

of whole genomic DNA from parasites grown in leukocyte-depleted

red cells from each Peruvian isolate was fragmented with DNase I,

end-labeled, and hybridized to a tiling microarray that covers

;90% of coding regions, which comprise 53% of the genome and

60% of noncoding regions. The array contains 4.8 million, mostly

25-mer, single-stranded probes that are perfect matches to the

reference 3D7 genome and are spaced, on average, 2–3 nt apart on

alternating strands. Only probes that map to a single location in

the genome were used for these analyses. Although there are fewer

probes to repetitive regions, each nucleotide in the P. falciparum

coding genome generally can be probed nine to 13 times on the

microarray.

The advantage of using microarrays is that they can easily

detect copy number variations and deletions. Recent reports in-

dicate CNVs can be a way for malaria parasites to provide dosage

compensation for a protein whose activity is either inhibited by a

drug or whose expression otherwise increases resistance (Kidgell

et al. 2006; Sidhu et al. 2006; Nair et al. 2008). We therefore first

tested to see whether the Peruvian strains would also harbor CNVs

by examining the genome-wide hybridization patterns. As de-

scribed previously (Kidgell et al. 2006; Dharia et al. 2009), we cal-

culated the log2 ratios for the average intensity of the probes cor-

responding to each gene in the genome versus a 3D7 reference

hybridization and systematically looked in all isolates for sets of

more than three consecutive genes with increased log2 ratios above

0.5. We did not see large-scale amplifications surrounding the

pfmdr1 locus, which have previously been observed in laboratory

strains (Kidgell et al. 2006). This was expected as there were point

mutations in pfmdr1, and while amplification of wild-type pfmdr1 is

associated with mefloquine resistance (Price et al. 2004), there have

been no reports of amplification of mutant pfmdr1. Surprisingly, we

did not see amplification around the pfgch1 (GTP cyclohydrolase I,

PFL1155w) locus in response to antifolate use despite the historical

use of this treatment in Peru (Kidgell et al. 2006; Nair et al. 2008).

This may be related to the re-emergence of antifolate-sensitive al-

leles of pfdhfr-ts and pfdhps, or it may be related to the lack of the

quadruple point mutation pfdhfr-ts in Peru (Bacon et al. 2009). Al-

though single-gene events may have been missed, we only saw

evidence of widespread multigene CNVs in the Peruvian isolates
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in subtelomeric regions like the deletions described below (Sup-

plemental File 2), indicating that they appear to be less common

in field isolates than in laboratory strains.

Deletions in diagnostic genes may confound
P. falciparum diagnoses

The MOID algorithm was also used as previously described to

identify regions that were likely to be deleted in the Peruvian

strains (Dharia et al. 2009). We found deleted regions covering 20–

25 kb in subtelomeric regions, including the apparent deletion of

important diagnostic loci like histidine-rich proteins II and III

(HRP2, MAL7P1.231 and HRP3, MAL13P1.480, respectively) (Sup-

plemental File 2; Supplemental Fig. S1; Wongsrichanalai et al. 2007;

Martin et al. 2009). Because many malaria diagnostic tests that

distinguish between P. falciparum and P. vivax are based on immune

recognition between commercial antibodies and these proteins

(Wongsrichanalai et al. 2007), it is likely that false-negative read-

ings could be obtained. These data suggest that the use of HRP2- or

HRP3-based diagnostic tests in this region should be reconsidered.

Gene polymorphism frequencies revealed expected levels
of variation in the population

The microarray design used here can also be used to detect single

nucleotide polymorphisms (SNPs). We previously used this design

to detect over 90% of SNPs probed by the microarray that distin-

guished different strains of P. falciparum with a 10% false-positive

rate (Dharia et al. 2009). In order to globally detect polymorphism

frequencies for different gene families, we ran our polymorphism

detection algorithm for each isolate with the 3D7 reference hy-

bridization (Supplemental File 3). We saw an expected high fre-

quency of polymorphisms in genes annotated ‘‘antigenic variation’’

(GO:0020033), with 60.2% average polymorphic probe frequency

across all 14 isolates and a low frequency of polymorphisms in genes

annotated ‘‘metabolic process’’ (GO:0008152), with 2.6% average

polymorphic probe frequency across all 14 isolates. This distribu-

tion is similar to frequencies detected in the analysis of a variety of

different laboratory strains (Kidgell et al. 2006). In the Peruvian

population, important possible vaccine candidates, including the

circumsporozoite protein (PFC0210c), apical membrane antigen 1

(PF11_0344), merozoite surface protein 1 (PFI1475w), thrombo-

spondin-related anonymous protein (PF13_0201), and CelTOS

(PFL0800c), all ranked amongst the top 10% most variable of all

genes in the genome including subtelomeric genes, highlighting

the difficulty in finding antigens that will provide universal pro-

tection (Winzeler 2008).

Microarray analysis demonstrates limited diversity

Our next goal was to determine whether or not there might be

haplotypes in linkage disequilibrium in the population that might

reveal novel drug resistance loci. We thus first performed pairwise

analysis on the patient isolates by first computationally identifying

all polymorphisms that distinguished each isolate of the pair. We

then plotted 100-kb blocks that appeared to share the same geno-

type as a function of genome position. (Fig. 1A–I). Unexpectedly,

pairwise comparisons of isolate hybridization intensities revealed

that many isolates shared the same genotype for large portions of

chromosomes or were virtually ‘‘clones’’ of one another. The low

endemicity, low rates of multiple infections, and the spread of

‘‘clonal’’ parasite genotypes suggest high rates of self-mating as

previously described in Venezula (Urdaneta et al. 2001). However,

with ‘‘clonal’’ genotypes isolated over a period of months there was

a great amount of diversity in subtelomeric regions, including var,

rifin, and stevor genes, and internal var gene clusters suggesting high

levels of subtelomeric mutations (Fig. 1D,E) introduced by self-

mating or mitotic recombination that may be influenced by im-

mune selection given that antigenic genes often reside in these

regions. Cloning and sequencing of a member of the var gene family

(PFD1015c; Supplemental Fig. S2) revealed different sequence pat-

terns between ‘‘clonal’’ isolates, thus confirming the expected dif-

ferences. While the lack of diversity could be due to array in-

sensitivity, especially as other comparative genome hybridization

approaches have shown that only a fraction of SNPs (12%–24%) are

typically detected using arrays complementary to the P. falciparum

genome (Tan et al. 2009), this seems unlikely. First, Tan et al. (2009)

also showed that sensitivity is inversely proportional to probe

length, and thus it is difficult to compare the performance of 25-mer

arrays, such as those used here, to 45–65-mer arrays. In addition,

probe density is also a factor, as there are 103 more probes on

the array used here than those used in the Tan et al. (2009) study.

Table 1. Patient isolates and genotypes

ID Date Healthcare center pfdhfr-ts pfdhps pfmdr1 pfcrt api 23S

IQE-2924 Feb-06 Bellavista Nanay NCNI AKA GFSDD CVMNTH Wild type
IQE-2980 Feb-06 San Juan NCNI AKA DFCDD SVMNTH Wild type
IQE-3296 Mar-06 San Juan NCNI AKA DFCDD SVMNTH Wild type
IQE-3416 Mar-06 Hosp Apoyo Iquitos NCNI AKA GFSDD CVMNTH Wild type
IQE-3435 Mar-06 Morona Cocha NCNI AKA DFCDD CVMNTH Wild type
IQE-3466 Mar-06 Morona Cocha NCNI AKA GFSDD CVMNTH Wild type
IQE-3502 Mar-06 Morona Cocha ICNL AKA GFSDD CVMNTH A2058C
IQE-3648 Apr-06 Zungaro Cocha ICNL AKA GFSDD SVMNTH Wild type
IQE-3785 May-06 San Jaun ICNL GKG DFCDY SVMNTH A2058C
IQE-3848 May-06 San Juan ICNL GKG DFCDY SVMNTH A2058C
IQE-3866 May-06 San Antonio NCNI AKA DFCDD SVMNTH Wild type
IQE-4006 Jun-06 Bellavista Nanay ICNL GEG DFCDD SVMNTH A2612T
IQE-4015 Jun-06 San Antonio NCNI* GEG DFCDY SVMNTH A2612T
IQE-4081 Jun-06 Tupac Amaru ICNL GKG GFSDD SVMNTH A2058C

Genomic DNA from 14 patient-derived P. falciparum isolates was applied to the microarray from throughout the 2006 malarious season from various
healthcare centers surrounding Iquitos, Peru. Standard genotyping was used to determine the drug resistance alleles for pfdhfr-ts (N51I, C59R, S108T/N,
I164L, *=C50R), pfdhps (A437G, K540E, A581G), pfmdr1 (N86Y, D142G, Y184F, S1034C, N1042D, D1246Y), and pfcrt (C72S, V73, M74I, N75E, K76T,
H97Q). The apicoplast 23S (api 23S ) rRNA genotype was determined by microarray analysis combined with PCR and direct sequencing. Mutations are
underscored.
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Indeed, previous work has shown that up to 90% of the existing

variation in unique coding regions can be detected using our ar-

ray (Dharia et al. 2009), and this array has been used to success-

fully discover newly emerged SNPS in the P. falciparum genome

(Rottman et al. 2010).

Searching for isolate pairs that could define the entire geno-

type of a third isolate, we discovered that isolate IQE3502 was the

product of a cross between parasites sharing the IQE2924/3416/

3466 and IQE3848/3785 genotypes (Fig. 1F–H). In the progeny, we

detected between 13 definitive and 19 possible recombination

breakpoints in this cross that corresponds to a recombination

distance of 12–18 kb per centimorgan, correlating well with the

reported value of ;15 kb per centimorgan (Su et al. 2007). Due to

the maternal inheritance of the nonnuclear mitochondrial and

apicoplast genomes (Creasey et al. 1994; Okamoto et al. 2009),

analysis of the parental and offspring genotypes demonstrated

that the maternal genotype was IQE3848/3785 and the paternal

genotype was IQE2924/3416/3466 (Fig. 1I). The pairwise com-

parison data, as well as the fact that there are at most four different

drug resistance alleles for each gene examined, indicated that

P. falciparum parasites in the area surrounding Iquitos are likely the

descendents of only four multidrug-resistant parental clones.

The Peruvian isolates have two mitochondrial and four
apicoplast genotypes

The extensive mitochondrial genotyping carried out to determine

the age of P. falciparum demonstrates a single mitochondrial ge-

notype (haplotype 5) in Peruvian parasite populations in 1999 ( Joy

et al. 2003). We confirmed that our microarray could be used for

limited mitochondrial genotyping by validating Dd2 and HB3

hybridizations (Dharia et al. 2009) with data from Joy et al. (2003).

Our samples from 2006 indicate the presence of two mitochondrial

haplotypes in Peru by microarray with mutations near base pair

positions 1690 (Fig. 2Ad), 4807, and 4947 (Fig. 2Ae; Supplemental

File 1), but alleles may have been missed due to a lack of unique

probes in repetitive regions of the mitochondrial genome.

Little work has been done to look at mutations in the apicoplast

genome in P. falciparum, an essential chloroplast-like organelle

thought to be of algal origin (Dahl and Rosenthal 2008). Due to the

high AT content (85.75%) of the plastid genome, we only have

unique probes to 55.9% of the 34-kb apicoplast genome. Like the

chloroplast genome, the circular apicoplast genome has inverted

repeat regions of length ;5 kb, containing ribosomal RNA and tRNA

genes. Because of the probable copy correction of the inverted re-

peats like in the chloroplast (Myers et al. 1982), we considered probes

that map to the inverted repeats as unique. Upon hybridization and

analysis of the Peruvian isolates, we determined the presence of four

different apicoplast haplotypes characterized by combinations of

two mutations in the 23S rRNA gene (PFC10_API0010) and one

polymorphism in an apicoplast-encoded molecular chaperone/

AAA+ gene (PFC10_API0060) (Supplemental File 1). PCR ampli-

fication and sequencing revealed these polymorphisms to be

Figure 1. Pairwise comparison of isolates reveal progeny of a natural
cross. (A) Log2 ratios of probe intensities plotted along chromosome 14 for
the hybridization of genomic DNA from isolates IQE2924 and IQE3502
display polymorphisms, indicated by upward and downward spikes for
the left half of the chromosome. The normal distribution of log2 ratios
around 0 for the right half of the chromosome indicate that these two
isolates share the same DNA sequence for this half of the chromosome. (B)
Log of P-value for polymorphism detection plotted on chromosome 14
shows polymorphisms predicted only for half of the chromosome. The
blue lines indicate polymorphisms in IQE2924 using IQE3502 as the ref-
erence, and the green indicates polymorphisms in IQE3502 using
IQE2924 as the reference. The horizontal dashed line indicates a P-value
cutoff of 1 3 10�5. (C ) Blocks of 100 kb of sequence that displayed no
polymorphisms by pairwise comparison of isolates were drawn (colored
blue or red in panels C–H ), and chromosome 14 is displayed. (D,E ) Es-
sentially ‘‘clonal’’ parasites, IQE2924 and IQE3416 (D) and IQE3848 and
IQE3785 (E ) show very few polymorphisms for the core chromosomal
region. (F,G) Other pairwise comparisons showed parasites that shared the
same genotype blocks for approximately half of the core chromosomal
regions. IQE2924 and IQE3502 shared ;60%, while IQE3848 and IQE3502
shared ;40%. (H ) Overlaying the genotype blocks comparing IQE3502 to
IQE2924 and IQE3848 revealed that the latter two genotypes could explain
the genotype of IQE3502, indicating that it was the progeny of a natural
cross between these two genotypes. Magenta regions did not contain any
polymorphisms between the parental and progeny genotypes, and thus are
of uncertain assignment. (I ) Analysis of inheritance of organellar genomes
revealed that IQE3502 inherited the IQE3848 genotype, suggesting that
this was the maternal genotype, while IQE2924 was the paternal.
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point mutations: A4210C (Fig. 2Aa) and A4743T (Fig. 2Ab) in

PFC10_API0010 and T16659C (synonymous SNP) in PFC10_

API0060 (Fig. 2Ac).

Clindamycin resistance is predicted by a point mutation
in the apicoplast-encoded 23S rRNA

The polymorphisms A4210C and A4743Tcorrespond to A1875C-Pf

and A2409U-Pf in the 23S rRNA (positions A2058-Ec and C2612-Ec,

respectively, Ec denoting Escherichia coli and Pf denoting P. falci-

parum numbering) (Fig. 2B, based on E. coli secondary structure)

(Cannone et al. 2002). The A2058C-Ec mutation is in the same

location as a described mutation in the peptidyl transferase cavity

of the 23S ribosomal subunit of bacteria and algal chloroplasts that

confers resistance to macrolides and lincosamides (lincomycin and

clindamycin) (Harris et al. 1989; Vester and Douthwaite 2001).

Clindamycin, like several antibiotics, can effectively treat malaria,

presumably through the inhibition of processes in the apicoplast.

Antimalarials that are thought to act against the apicoplast display

a ‘‘delayed-death’’ phenotype, where parasite development is

inhibited during the second cycle of erythrocyte invasion (Dahl

and Rosenthal 2008). Complete parasite resistance to clindamycin

has not been reported, but in vitro studies have suggested that

mutations in the apicoplast genome confer resistance to the mac-

rolide antibiotic azithromycin (Sidhu et al. 2007).

To measure the conservation of this RNA gene in Plasmodium

species, we used publicly available reads from genome sequencing

projects for P. falciparum isolates and other Plasmodium species to

assemble the apicoplast-encoded sequence. In fact, all of the

worldwide P. falciparum isolates that we could assemble had 100%

identity for the entire 39 23S rRNA (Africa: D6, FCR3, 106-1, R033,

SEN_34_04; South East Asia: D10, FCB, FCC-2, K1, VS-1; India:

IGH-CR14, RAJ116; Central America: HB3, SANTA_LUCIA; South

America: 7G8; Uncertain origin: 3D7). Not only is the sequence

highly conserved within P. falciparum, the regions surrounding

the mutations, including every residue displayed in Figure 2B, are

100% conserved across all species for which we could assemble the

RNA gene (P. vivax, P. ovale, P. reichenowi, P. knowlesi, P. berghei)

(Supplemental Files 4, 5).

Crystal structures of the Haloarcula marismortui and Deinococcus

radiodurans large subunit ribosomal RNA (LSU) with clindamycin

bound demonstrate that A2058-Ec is an important hydrogen-bond

partner (Schlunzen et al. 2001; Tu et al. 2005). Specifically, Tu and

colleagues suggest that the desolvation of the N2 of a guanine at

position 2058-Ec accounts for more than a 10,000-fold decrease in

affinity to macrolides and lincosamides, and thus, the A2058G-Ec

mutation confers resistance in eubacteria (Tu et al. 2005). Similarly,

we hypothesized that an A2058C-Ec mutation would result in an

analogous desolvation effect for one of the three hydrogen-bonding

groups in cystosine and, thus, would result in clindamycin re-

sistance in P. falciparum. We conducted docking studies of clinda-

mycin and a related lincosamide proposed antimalarial, mir-

incamycin (Olliaro and Wells 2009), to a P. falciparum homology

model of the 23S peptidyl transferase domain based on the D.

radiodurans structure (Supplemental Fig. S3; Schlunzen et al. 2001).

We observed that both drugs bind in the same orientation, inter-

acting similarly with A2058-Ec (Fig. 3A,B), and thus the A2058C-Ec

mutation should greatly decrease the affinity of both compounds.

In contrast to A2058-Ec, the other mutation we observed, A2612-Ec

is distant from the clindamycin-binding pocket, suggesting that

Peruvian parasites harboring the A2612U-Ec mutation would not

be resistant to either clindamycin or mirincamycin.

In vitro drug susceptibility tests reveal clindamycin resistance

Although not all strains could be revived for drug-sensitivity test-

ing, we were able to determine the EC50 for clindamycin using SYBR

Green I assays with 144-h incubations for the reference strain 3D7

and for one isolate that had wild-type 23S rRNA and four that

carried the A2058C-Ec or A2612U-Ec (Table 2). Treatment of para-

sites with clindamycin is thought to result in a ‘‘delayed-death’’

phenotype due to the loss of the apicoplast in the next generation

after administration of the drug (Ramya et al. 2007). The effect of

the drug is therefore only measurable after the second generation of

parasites, and a longer incubation period is needed. As predicted,

we discovered that the A2058C-Ec mutation was correlated with

clindamycin resistance, while the A2612T-Ec mutation was not.

Although the mutations in the apicoplast rRNA may have arisen

in response to other antibiotics that are used to treat bacterial

infections in the region, Peruvian P. falciparum isolates with

Figure 2. Apicoplast polymorphisms correlated with clindamycin re-
sistance. (A) Polymorphism detection was performed for the organellar
genomes (api, apicoplast; mt, mitochondrion) versus the reference 3D7.
IQE3502 and IQE4006 represent the mutations we saw in the Peru-
vian parasites. PCR amplification and sequencing revealed these poly-
morphisms to be point mutations: A4210C (a) and A4743T (b) in
PFC10_API0010, a gene located in the inverted repeat region of the api-
coplast genome (IRA, IRB). Mutation T16659C (c) was a synonymous SNP
in apicoplast gene PFC10_API0060. The mitochondrion polymorphisms
were predicted to be near base pair positions 1690 (d), 4807 (data not
shown), and 4947 (e). (B) The peptidyl transferase domain of the 23S
rRNA secondary structure was modeled based on E. coli. Mutations of
residues (blue letters) were implicated in bacteria and algal chloroplasts
resistance to lincosamides. The red circles indicate residues that were
mutated in our patient isolates. While A2612U was not correlated with
resistance, A2058C was correlated with greater than 100-fold increase in
clindamycin in vitro EC50.
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A2058C-Ec were clindamycin resistant with greater than a 100-fold

increase in EC50.

Unfortunately, since there is no method for allelic re-

placement of apicoplast rRNA genes to confirm that the A2058C-

Ec mutation confers clindamycin resistance in P. falciparum, it is

formally possible that clindamycin resistance may be, in part, due

to another mutation in the genome. In order to identify portions of

the genome that may confer resistance, we assumed resistance was

inherited through shared haplotype blocks. Thus, by comparing

the resistant isolates to each other and to the sensitive isolates, we

were able to exclude 83.4% of the parasite nuclear genome (Sup-

plemental Table S1). While the remaining 16.6% of the genome

(Supplemental File 6) does encode rRNA methylases, efflux pro-

teins, or inactivating enzymes similar to those described in bacte-

rial clindamycin resistance (Roberts 2008), there is a multitude of

evidence that the 2058-Ec mutation confers some level of clinda-

mycin resistance in these isolates. First, there is the evidence from

E. coli, Brachyspira hyodysenteriae, Helicobacter pylori, Mycoplasma

pneumoniae, Propionibacteria, Streptococcus pneumoniae, Streptomyces

ambofaciens, and the Chlamydomonas reinhardtii chloroplast that a

mutation at position A2058-Ec to G, C, or U confers licosamide

resistance (Vester and Douthwaite 2001). Second, there is the evi-

dence from the clindamycin-bound crystal structures of the 23S

rRNA from H. marismortui and D. radiodurans discussed above

(Schlunzen et al. 2001; Tu et al. 2005). Third, treatment with clin-

damycin results in a ‘‘delayed-death’’ phenotype consistent with

inhibition of apicoplast function, suggesting that the apicoplast

genome is a likely place to look for resistance-conferring mutations.

Fourth, clindamycin-resistant malaria has not been reported before

and none of the available sequences for the Plasmodium apicoplast

have this mutation (Supplemental File 5). Finally, the related Api-

complexan parasite Toxoplasma gondii was selected for resistance to

clindamycin and had acquired a mutation at 2061-Ec in the same

conserved region of the peptidyl transferase domain of the apico-

plast-encoded rRNA (Camps et al. 2002). Although additional

testing and genotyping of additional strains will be needed to ab-

solutely rule out a chromosomal contribution, it seems highly

likely that clindamycin resistance is caused by this mutation.

The K76T mutation gives low levels of chloroquine resistance
in Peruvian strains

While testing for clindamycin resistance we also examined the

isolates’ sensitivites to other drugs using the SYBR green pro-

liferation assay that we routinely use in drug discovery (Wu et al.

2009), which gives accurate estimates of the EC50s (Table 2). Sub-

stantial pyrimethamine resistance was confirmed as predicted by

the single-mutant pfdhfr-ts allele and to a greater extent by the tri-

ple-mutant pfdhfr-ts allele. Those isolates whose EC50s were above

5 mM all contained the pfdhfr-ts quadruple mutant. Three Peruvian

isolates showed slightly decreased susceptibility to quinine, con-

sistent with the point mutation N1042D in pfmdr1 conferring qui-

nine resistance (Sidhu et al. 2005). As predicted, all of the Peruvian

isolates had greater than 10-fold increase in chloroquine EC50

compared with the chloroquine-sensitive reference 3D7 consistent

with genotyping, indicating that all Peruvian isolates had the

hallmark K76T mutation in pfcrt (Sidhu et al. 2002). Nevertheless,

the measured EC50s of 10–20 nM does not approach that of the well-

characterized strain Dd2 (typically 179 nM in our hands), which

also bears the K76T allele, suggesting that additional genetic

determinants contained in laboratory strains are important for

levels of chloroquine sensitivity. Likewise, all Peruvian isolates

tested were also more mefloquine- and artemisinin-sensitive than

Figure 3. Structures of clindamycin and mirincamycin and the pre-
dicted interactions with 23S rRNA peptidyl transferase cavity. (A) Previous
crystallography studies have shown A2058-Ec (red) is important for
making contacts with clindamycin (Schlunzen et al. 2001), and the simi-
larity of chemical structure of clindamycin and mirincamycin suggested
that cross-resistance may occur. (B) Lowest energy dockings of clinda-
mycin (green) and mirincamycin (magenta) to a homology model of the
P. falciparum peptidyl transferase domain demonstrated that both mole-
cules interact with the 23S rRNA in the same way, and thus, A2058C-Ec
(red) was predicted to confer resistance to both lincosamide drugs.

Table 2. Drug EC50s

EC50 [nM] (95% CI)

Isolate Chloroquine Pyrimethamine Artemisinin Mefloquine Quinine Clindamycin

3D7 1.69 (1.43–2.00) 2.25 (1.49–3.42) 3.95 (3.16–4.93) 8.16 (7.47–8.90) 7.15 (6.22–8.21) 1.25 (0.932–1.68)
IQE3296 10.2 (8.00–12.9) 1310 (599–2860) 0.835 (0.755–0.923) 2.04 (1.57–2.65) 18.8 (14.4–24.7) 2.81 (1.62–4.87)
IQE3502 7.13 (4.93–10.3) >5000 0.439 (0.358–0.537) 1.63 (1.33–2.00) 7.72 (5.28–11.3) 951 (357–2530)
IQE3785 15.7 (13.1–18.7) >5000 0.739 (0.657–0.831) 1.02 (0.852–1.21) 15.2 (9.44–24.4) 408 (228–731)
IQE3848 17.2 (13.9–21.4) >5000 0.743 (0.541–1.02) 1.44 (1.22–1.70) 22.6 (14.5–35.2) 520 (337–801)
IQE4006 19.2 15.0–24.8) >5000 1.05 (0.871–1.27) 1.82 (1.23–2.68) 21.1 (12.5–35.8) 4.07 (2.68–6.19)

EC50s as determined by fitting sigmoid curves using GraphPad Prism (95% confidence intervals shown in parenthesis) with data obtained using SYBR
Green I assays (96 h for chloroquine, pyrimethamine, artemisinin, mefloquine, quinine, and 144 h for clindamycin).
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3D7. This may be related to the fact that these isolates contain dif-

ferent pfmdr1 alleles from 3D7 (Sidhu et al. 2005), or it may be due to

the presence of alleles in other pumps or transporters that have been

implicated in malaria parasite drug responses, including the P. fal-

ciparum sodium hydrogen exchanger, pfnhe (Ferdig et al. 2004;

Bennett et al. 2007), pfatpase6 (Eckstein-Ludwig et al. 2003; Jambou

et al. 2005; Uhlemann et al. 2005), pfmdr2 (Rosenberg et al. 2006),

or the multidrug resistance-associated protein (Raj et al. 2009).

Discussion
Our findings that the Peruvian parasite population is highly related

and that there is an apparent low frequency of meiotic re-

combination is not entirely surprising. Previous population studies

in areas of low endemicity in the Americas showed limited genetic

diversity and high self-mating rates, although they were based on

very few markers (Ariey et al. 1999; Haddad et al. 1999). Peru was

also expected to have a parasite population with limited diversity,

and indeed, genotyping of major vaccine candidates showed less

diversity than populations in Africa (Chenet et al. 2008). Addi-

tionally, a study of the malaria drug-resistance genes using 167

P. falciparum samples collected between 1999 and 2007 has found

only a limited number (two to five) of haplotypes in this region

(Bacon et al. 2009). While this highly structured population may

not be ideal for looking for genomic regions in linkage disequilib-

rium (Volkman et al. 2007), strains collected from the regions could

be used in linkage analyses, and in QTL studies. The hybridization

data collected here constitutes a set of genetic markers that could be

useful in further analyses.

While our findings that parasite strains are separated by a

limited number of meioses may only apply to regions of low ende-

micity, previous population studies in Africa, where recombination

frequencies are expected be much higher, have mostly relied on

small numbers of markers to understand how drug-resistant para-

sites spread and determine rates of sexual recombination between

different genotypes. For example, microsatellite genotyping at 12

loci of worldwide isolates suggested that the genetic structure is

linked to epidemiology with low heterozygosity in areas where

transmission is low (Anderson et al. 2000). A study of the breakdown

of linkage disequilibrium over a 5-kb region of the genome dem-

onstrated that meiotic recombination is high in P. falciparum, and

the apparent ‘‘clonality’’ of parasites is probably due to inbreeding in

areas with low endemicity (Conway et al. 1999). More recent ap-

proaches using sequencing ( Jeffares et al. 2007; Volkman et al. 2007)

or SNP chips (Neafsey et al. 2008; Mu et al. 2010) have identified

recombination rates and regions under selection with much greater

precision. Similarly, our whole-genome approach may allow for

a more comprehensive view of genetic structure and recombination

in local, and more dispersed parasite populations in regions of high

endemicity in Africa by classifying haplotypes for each core chro-

mosomal gene in an isolate.

Additionally, our study has several implications for the di-

agnosis and treatment of malaria. First, the study documents the

inherent genetic variability and long-term instability that is found

in many subtelomeric genes. While the isolates used in these

studies were all taken into short-term in vitro culture for a period of

weeks in order to isolate sufficient quantities of genomic material, it

is unlikely that this instability arose in vitro, since multiple clonal

isolates shared the same patterns of variability in subtelomeric

regions, and it has also subsequently been confirmed in uncultured

isolates (Gamboa et al. 2010). This variability may contribute to the

failure of rapid diagnostic tests that are directed toward antigens

such as the histidine-rich protein II, encoded by a subtelomeric

region that appears to be deleted in a subpopulation of Peruvian

P. falciparum. This deletion has been previously described (Pieroni

et al. 1998; Bell et al. 2005; Wongsrichanalai et al. 2007; Martin

et al. 2009), and the presence of this deletion in the Amazon sug-

gests that widespread use of malaria rapid diagnostic tests that de-

pend on HRP2 will result in missed diagnoses.

Second, we show that a mutation in the apicoplast 23S rRNA

correlates with a 100-fold increase in EC50 of clindamycin. Because

it is relatively difficult to test for clindamycin sensitivity in vitro,

active monitoring for the 23S rRNA mutation may be advisable in

regions where lincosamide antibiotics are used to treat malaria. Our

analysis of available sequence data suggests that mutations in the

23S rRNA are uncommon, and clindamycin resistance is not

widespread. However, the parasite isolates used to draw these con-

clusions were, in many cases, obtained more than 10 yr ago. On the

other hand, a previous study in which PCR amplification of a 595-

bp fragment of the apicoplast RNA gene from Indian, Pakistani,

Laotian, and Singaporean blood spots in 1997 (Tan et al. 1997) was

conducted, showed evidence of several mutations near the A2058-

Ec region, suggesting that clindamycin resistance may exist in Asia.

Indeed, there are reports in South East Asia of pregnant women with

recurrent P. falciparum infection despite treatment with quinine or

artesunate (plus or minus clindamycin) (Hall et al. 1975). Although

no genotyping is available, Burkhardt et al. (2007) recently showed

that some individuals infected with Amazonian parasites from

Brazil take much longer to clear infections after clindamycin treat-

ment than individuals infected with African parasites. Further

studies, especially in South America, will be needed to assess how

prevalent the mutation is and from whence it came, especially as

recent clinical trials of fosmidomycin + clindamycin show its po-

tential as an efficacious combination therapy (Borrmann et al. 2004;

Olliaro and Wells 2009).

Third, a new lincosamide drug, mirincamycin, is in preclini-

cal development, being prepared by the Medicines for Malaria

Venture for Investigational New Drug status (Olliaro and Wells

2009) and has been shown to have good in vitro activity against

P. falciparum isolates from Gabon (Held et al. 2010). While this drug

is promising, because it has been shown to have synergistic effects

with primaquine for clearing liver-stage parasites in animal models

(Schmidt 1985), there is a concern for cross-resistance with clin-

damycin. Comparing the structure of mirincamycin to clindamy-

cin reveals that these two molecules share the moiety implicated

for making contacts with the 23S rRNA at the peptidyl transferase

cavity, as demonstrated by the crystal structure of clindamycin

bound to bacterial ribosomal LSU (Schlunzen et al. 2001; Tu et al.

2005). Thus, both clindamycin and mirincamycin may make

contacts with residue A2058-Ec (Fig. 3A,B) suggesting that there

may be cross-resistance to mirincamycin in the Amazon region

with the A2058C-Ec mutation. In light of this evidence that

mirincamycin resistance may already exist, the development of

this and future lincosamide antimalarial drugs should be recon-

sidered.

Conclusions
The methods described here are useful for broadly looking at

population structure, and our data show how novel insights can be

gained through full genome approaches. In some cases it may be

possible to determine whether the population has been structured

through immune selection on specific antigens. However, because

microarrays offer a lower resolution view, analyses of specific
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antigens are still best performed through sequencing or conven-

tional genotyping. Furthermore, these methods can also be used to

discover new alleles involved in resistance. Our finding that alleles

associated with clindamycin resistance exist in South America

highlights the importance of developing drugs with novel mech-

anisms of action and presents new molecular strategies for moni-

toring clindamycin resistance in South America and also in the rest

of the world.

Methods

Study site and collection of malaria patient-derived isolates
Briefly, the Department of Loreto comprises almost one-fourth of
the landmass of Peru and has an ecosystem characteristic of the
Amazon lowlands (Aramburu Guarda et al. 1999). The rural pop-
ulation of Loreto, estimated at ;474,000 inhabitants, is clustered
in towns and villages located in the Amazon tributary system. The
city of Iquitos, the largest urban center in Loreto with a population
of ;345,000, is located 120 m above sea level, at the juncture of the
Ucayali and Napo Rivers, forming the Amazon River proper, and is
accessible only by air or river. Iquitos has a tropical climate, with
a mean temperature of 27.5°C, a mean annual rainfall of 4 m, and
a mean annual precipitation of 2.7 m. The climate in this area is
typical of the Amazon basin, with a rainy season from November
to May and a dry season from June through October. The peak
transmission rate for P. falciparum occurs during the rainy season
(Aramburu Guarda et al. 1999). The population is predominantly
mixed Spanish and American Indian (mestizo). Household econ-
omies are sustained by agriculture, fishing, or tourism. The 2006
study samples came from Iquitos.

The 2006 malaria isolates were collected as part of an ongoing
febrile surveillance protocol (approval no. NMRCD.2000.0006
from the Naval Medical Research Center Detachment, Lima, Peru)
from patients with symptoms typical of malaria who visited clinics
located in the jungle city of Iquitos. Once they had been diagnosed
with malaria by microscopy, blood was spotted onto filter paper for
characterization of SNPs and microsatellites. Venous blood was
collected into 3-mL EDTA tubes for laboratory studies from febrile
patients when P. falciparum malaria was diagnosed by microscopic
examination. A total of 600 mL of blood was taken from each tube
under sterile conditions in a laminar-flow hood for drug suscepti-
bility testing. One milliliter was used for the cryopreservation of
parasites. Of the remainder, some was spotted onto Whatman 3M
chromatography paper (Whatman, Inc.) for PCR; some was used to
prepare thick and thin smears for parasite confirmation and
quantification; and the rest was frozen at –80°C. Microsatellite
testing showed a very low frequency of polyclonal infections (<1%)
(Bacon et al. 2009) in the region, and samples from polyclonal in-
fections were not used in these studies.

DNA methods

3D7 (MRA-151) was obtained from the Malaria Research and Ref-
erence Reagent Resource Center (MR4; American Type Culture
Collection). 3D7 and Peruvian P. falciparum patient isolates were
propagated in human erythrocytes as previously described (Trager
and Jenson 1978) with medium for 3D7 containing 5% human
serum and 1.2% GIBCO AlbuMAX II (Invitrogen), while the me-
dium for patient isolates contained 10% human serum. Genomic
DNA was isolated by standard phenol-chloroform extraction. Fif-
teen micrograms of genomic DNA from each isolate and 2.5 ng
each of Bio B, Bio C, Bio D, and Cre Affymetrix control plasmids
(Affymetrix Inc.) were fragmented with DNase I and end-labeled
with biotin (Winzeler et al. 1998). The samples were hybridized to

the microarrays overnight at 45°C in Affymetrix buffers, washed,
and scanned using a modified protocol with wash temperatures of
23°C to account for the high AT content of P. falciparum (Supple-
mental File 7: Dharia et al. 2009).

Microarray analysis

Briefly, for polymorphism detection, using a sliding window of
three overlapping probes, we scanned for sets of probes that had
significantly lower hybridization when compared with the refer-
ence indicative of a polymorphism as determined by Z-test using
a P-value cutoff of 1 3 10�5 and a reference 3D7 hybridization.
Gene copy number variation scanning was performed by calculat-
ing the log2 ratio of the mean intensity for probes to a gene divided
by the mean intensity of the probes for a reference 3D7 hybrid-
ization as previously described (Dharia et al. 2009).

Pairwise comparisons were performed with microarray hy-
bridizations of 14 patient isolates using one isolate as a reference for
another, thus producing 182 comparisons. Polymorphisms were
called using P-value cutoffs of 1 3 10�5, and we defined isogenic
blocks as all 100-kb windows that had no polymorphisms between
a pair of isolates. Next, we identified the progeny of a natural cross
by scanning through all possible combinations of three isolates.
Specifically, we looked for two isolates that each, separately, were
;50% isogenic to a third isolate, but in combination were isogenic
for >90% of the third isolate. To detect polymorphisms in the
organellar apicoplast and mitochondrial genomes, the Peruvian
isolates were compared with 3D7 reference hybridizations using a
P-value cutoff of 1 3 10�5.

EC50 determination

96h EC50 assays were performed for chloroquine, pyrimethamine,
mefloquine, artemisinin, and quinine using a 384-well format. A
prolonged incubation period was required, as the Peruvian isolates
grew at slower rates than standard laboratory strains, and a 10- to
20-fold difference in signal between control DMSO treated and
high-dose drug-treated wells was necessary. Parasites of each Peru-
vian isolate in media containing 50% human serum and 50%
GIBCO AlbuMAX II (Invitrogen) were dispensed into the plates,
and compounds were dispensed using a PinTool with a 50 nL head,
so that the final volume of each well was 50 mL. The final hemat-
ocrit was 2.5% with a 0.075% parasitemia, and the final DMSO
concentration was 0.1%. The assay plates were incubated at 37°C
for 96 h in airtight incubation units which were gassed daily with
93% nitrogen, 4% carbon dioxide, and 3% oxygen. A total of 10 mL
of detection reagent, 103 SYBR Green I (Invitrogen; supplied in
10,0003 concentration) in lysis buffer (20 mM Tris-HCl, 5 mM
EDTA, 0.16% Saponin w/v, 1.6% Triton X-100 v/v), was dispensed
into each well. The plates were incubated at room temp for 24 h.
The fluorescence intensity from the plate was read using an Analyst
GT multimode reader (Molecular Devices); the reader required
a 505 dichroic mirror with 485-nm excitation and 530-nm emis-
sion settings, and the plate was read from the bottom.

For the longer 144h EC50 assays with clindamycin (‘‘delayed-
death’’), a modified protocol was required. The 144-h time point
was chosen by taking into account the slower growth rate, on av-
erage, of the Peruvian isolates compared with standard laboratory
strains. From a 10-mM compound stock, a 1:5 dilution with PBS was
made. Then, 1:3 serial dilutions were performed in a 1:5 dilution
solution of DMSO and PBS across a 96-well compound plate. A 150-
mL suspension of each Peruvian isolate was aliquoted into a separate
Costar 96-well round bottom plate (Corning Inc.) in medium that
contained human serum with no AlbuMAX. The final hematocrit
was 2.5% with 0.15% parasitemia. Using a matrix pipette, 0.75 mL of
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compound from the compound plate was transferred into the assay
plate. The final DMSO concentration was 0.1%. The assay plates
were incubated at 37°C for 144 h in airtight incubation units as
described above. Parasite growth was monitored by taking blood
smears from untreated wells. The medium was removed with a
multichannel pipette and 150 mL of medium containing no human
serum, or AlbuMAX was added to each well. The contents of the
wells were transferred to a Costar 96-well white clear bottom plate
(Corning Inc.). A total of 30 mL of 103 SYBR Green I detection re-
agent described above was dispensed into each well. The plates were
incubated at room temp for 24 h. The fluorescence intensity from
the bottom of the plate was read using an Analyst GT multimode
reader (Molecular Devices).

Assembly of 23S rRNA coding sequence from other isolates

We downloaded all P. falciparum, P. vivax SalI, P. ovale Nigeria 1 CDC,
P. reichenowi, P. knowlesi, and P. berghei ANKA reads from NCBI
TraceDB (ftp://ftp.ncbi.nih.gov/pub/TraceDB/) (downloaded Feb
2009), BLASTed the reads for each isolate against PFC10_API0010
sequence, trimmed reads with Lucy to remove poor-quality data
(Chou and Holmes 2001), assembled the reads de novo with
Minimus (Sommer et al. 2007), aligned with nucmer (Kurtz et al.
2004), followed by visual inspection and manual assembly.

Modeling of 23S rRNA and docking

A P. falciparum homology model of the peptidyl transferase domain
of the 23S rRNA based on the crystal structure 1JZX (Schlunzen et al.
2001) was used to perform clindamycin and mirincamycin dock-
ing. The nucleotides of the peptidyl transferase domain (Fig. 2B)
of D. radiodurans 23S rRNA crystal structure (1JZX) were mutated
to P. falciparum nucleotides using ModeRNA (M Rother, K Rother, T
Puton, JM Bujnicki, in prep.). The homology model was solvated in
TIP3P truncated octahedron box, neutralized by the addition of
sodium ions, and subjected to minimization. All minimizations
were performed using the AMBER 9 software package (Case et al.
2006) with the Wang et al. (2004a) force field. Clindamycin and
mirincamycin were docked to the model using AutoDock Vina
(Trott and Olson 2009) with the option exhaustiveness set to 100
after PDBQT files of the ligands and receptor were prepared using
AutoDockTools (Morris et al. 2009). The lowest energy docking
confirmations were visualized, and images were generated using
MacPyMol (DeLano Scientific, LLC).

Apicoplast mutation verification

Primers were designed to amplify 400–500 bp of apicoplast geno-
mic DNA with the predicted mutation near the center (Supple-
mental Table S2). Independent PCR products were sequenced by
ABI sequencing (Applied Biosystems Inc.).

var gene variability verification

Primers were designed to amplify a 300-bp segment of PFD1015c
(Supplemental Table S2). PCR products from genomic DNA from
isolates or 3D7 were cloned into TOPO TA cloning vector (Invi-
trogen), and four clones per sample were sequenced by ABI se-
quencing (Applied Biosystems, Inc.). Protein sequences were
aligned with ClustalW.
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