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Abstract
The integrity of the genome is constantly challenged by intrinsic and extrinsic genotoxic stresses
that damage DNA. The cellular responses to DNA damage are orchestrated by DNA damage
signaling pathways, also known as DNA damage checkpoints. These signaling pathways play
crucial roles in detecting DNA damage, regulating DNA repair, and coordinating DNA repair with
other cellular processes. In vertebrates, the ATM- and Rad3-related (ATR) kinase plays a key role
in the response to a broad spectrum of DNA damage and DNA replication stress. In this article, we
will discuss the recent findings on how ATR is activated by DNA damage, and how it protects the
genome against interference with DNA replication.

A model for ATR activation
The DNA damage signaling pathway regulated by the ATR–ATRIP kinase (Box 1 and
Table 1) responds to several types of DNA damage and replication interference, such as
DNA breaks, adducts, crosslinks, and inhibition of DNA polymerases. The versatility of
ATR suggests that it is activated by certain DNA and/or protein structures commonly
induced by DNA damage and replication problems. In the past decade, studies using yeast,
Xenopus laevis, and mammalian systems have provided strong evidence that single-stranded
DNA (ssDNA) is the key structure triggering ATR activation. ssDNA is a DNA replication
and repair intermediate commonly induced by stressed DNA replication forks and multiple
DNA repair pathways. Once generated in cells, ssDNA is rapidly coated by the ssDNA-
binding protein complex RPA (replication protein A) (Fig. 1). ATRIP directly binds RPA-
coated ssDNA and provides a crucial means to localize the ATR–ATRIP complex to sites of
DNA damage and stressed replication forks [6] (Fig. 1).

BOX 1

The ATR–ATRIP kinase complex

The ATM- and Rad3-related (ATR) kinase is a member of the phosphoinositide 3-kinase
(PI3K)-like protein kinase (PIKK) family [1]. Other members of the PIKK family include
ataxia telangiectasia mutated (ATM), DNA dependent protein kinase (DNA-PK),
homolog of Caenorhabditis elegans SMG-1 (SMG1), and mammalian target of
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rapamycin (mTOR; also known as FRAP). All PIKKs display similar domain structures.
The kinase domains are located near the C terminus, and are flanked by the conserved
FRAP/ATM/TRRAP (FAT) and FAT C terminal (FATC) domains. The N terminal
regions of PIKKs contain multiple α-helical HEAT (Huntingtin, elongation factor 3,
protein phosphatase 2A, and yeast TOR1) repeats. The similar domain structures of
PIKKs suggest that they might be regulated by analogous mechanisms. Several PIKKs
are known to associate with distinct regulatory partners. In human cells, ATR associates
with ATRIP (ATR-interacting protein)[2]. ATRIP is required for the stability and
functions of ATR, suggesting that ATR and ATRIP exist and function as a complex.
ATRIP plays a critical role in the localization and stimulation of the ATR–ATRIP kinase
complex. In addition to ATRIP, ATR also interacts with TEL2 (telomere maintenance 2;
also called HCLK2) [3]. Unlike ATRIP, however, TEL2 binds all PIKKs and is
important for the stability of these kinases. Recent studies showed that a large complex
containing TEL2, the TEL2-interacting proteins TTI1 and TTI2, and HSP90
preferentially binds newly synthesized ATR, and promotes formation of the ATR–
ATRIP complex [4,5].

In addition to ssDNA, the double-stranded DNA (dsDNA) adjacent to ssDNA also has an
important role in ATR activation. In vitro studies using Xenopus egg extracts and purified
yeast proteins show that ssDNA annealed with primers, but not ssDNA alone, triggers the
activation of Xatr (“X” refers to Xenopus) [SC1]and its yeast homolog Mec1 (Table 1) [7,8].
The junctions of ssDNA and dsDNA are recognized by two key regulators of ATR, the
Rad17–RFC complex and the Rad9–Rad1–Hus1 (9-1-1) complex (Table 1). In the presence
of ssDNA–dsDNA junctions and RPA, the Rad17–RFC complex functions as a “loader” to
recruit the clamp-shaped 9-1-1 complex onto DNA [9,10] (Fig. 1). The recruitment of ATR–
ATRIP by RPA–ssDNA and the recruitment of Rad17–RFC and 9-1-1 by ssDNA–dsDNA
junctions are largely independent of each other [11], and they provide the key mechanisms
to bring ATR and its regulators together (Fig. 1). In yeast, tethering Mec1 and Ddc1, the
homologue of human RAD9, to a tandem array of artificial binding sites leads to activation
of the Mec1 pathway in the absence of DNA damage [12]. This finding suggests that the
colocalization of ATR and 9-1-1 at sites of DNA damage and stressed replication forks
might be a critical event for the activation of ATR and the phosphorylation of ATR
substrates.

In human cells, the full activation of ATR requires not only RPA, RAD17–RFC, 9-1-1, but
also topoisomerase (DNA) II binding protein 1 (TOPBP1). TOPBP1 functions in both the
initiation of DNA replication and activation of the checkpoint. Interestingly, TOPBP1
contains 8 BRCT domains, and is known to interact with a number of proteins involved in
the DNA damage response including RAD9 [13,14] (Fig. 1). In vitro, TOPBP1 directly
stimulates the kinase activity of ATR–ATRIP in the absence of other proteins and DNA
[15]. How TOPBP1 is regulated by DNA damage is still not fully understood. The
localization of ATR–ATRIP, Rad17, and 9-1-1 complexes have been recently reviewed (see
[16–18]). Here, we focus on recent findings related to how the DNA structures that activate
ATR–ATRIP are generated, how ATR–ATRIP is activated by its regulators on DNA, and
how activated ATR regulates its downstream cellular processes to maintain genomic
stability.

The DNA structures that trigger the ATR checkpoint
To understand the DNA structure specificity of the ATR pathway, it is important to first
understand how ATR and ATM differ. In response to double-stranded DNA breaks (DSBs),
ATM and ATR are sequentially activated, and ATM is required for the nuclease-mediated
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resection of DNA ends and subsequent ATR activation [19,20]. A recent study showed that
whereas dsDNA with blunt ends or short ssDNA overhangs efficiently activate ATM, the
ability of dsDNA to activate ATM is attenuated by long ssDNA overhangs [21]. By contrast,
ATR activation by dsDNA is enhanced by resection of DNA ends and lengthening of
ssDNA overhangs. These results suggest that in the context of DSBs, the length of ssDNA
overhangs is the key factor that determinates whether ATM or ATR is efficiently activated.

The length of ssDNA is also critical for the activation of ATR at stressed replication forks.
In Xenopus egg extracts, aphidicolin inhibits DNA polymerase α at replication forks, leading
to extensive DNA unwinding by the minichromosome maintenance (MCM) helicase and
robust activation of Xatr [22,23]. In this assay, the extent of checkpoint kinase 1 (Xchk1)
phosphorylation correlates with the extent of DNA unwinding. Like aphidicolin, ultraviolet
light (UV)-induced DNA lesions stall DNA polymerases but not the replicative helicase
(Fig. 2). If replication forks collapse at sites of DNA damage, “one-ended” DSBs with
ssDNA overhangs might be generated (Fig. 2).

The ssDNA generated at stressed replication forks is a dynamic DNA structure. The BACH1
(also known as the Fanconia anemia (FA) protein FANCJ) helicase is recruited onto
chromatin through an interaction with TOPBP1 in response to replication stress [24]. When
BACH1 recruitment is disrupted, RPA fails to accumulate on chromatin and CHK1
activation is compromised. Furthermore, SMARCAL1 (also called HARP), an annealing
helicase that rewinds complementary ssDNA into dsDNA, is recruited to replication forks
by RPA [25–29]. In the absence of SMARCAL1, increased amounts of RPA are recruited
onto chromatin in response to replication stress, and the association of RPA with chromatin
persists for a longer time [27]. Thus, the length of ssDNA at stressed replication forks is not
only determined by the initial replication stress, but also by the ssDNA-processing factors
recruited to the forks.

In Xenopus extracts, aphidicolin and UV induce the accumulation of DNA polymerase α on
chromatin [30,31]. When DNA replication is partially inhibited by aphidicolin, continuous
synthesis of short DNA primers occurs [32] (Fig. 2). The accumulation of DNA primers,
which is dependent upon proliferating cell nuclear antigen (Xpcna) and DNA polymerases
α, δ, and ε, correlates with Xatr activation. It is possible that the accumulation of short DNA
primers at stressed replication forks increases the number of ssDNA–dsDNA junctions and
enhances ATR activation.

Although the DNA damage interfering with DNA replication induces ssDNA at replication
forks, the resulting ssDNA does not always colocalize with the forks. In yeast cells treated
with UV, ssDNA is detected not only at replication forks, but also many kilobases behind
the forks [33] (Fig. 2). In the absence of translesion DNA polymerases, DNA replication
forks lose the ability to bypass UV-induced DNA lesions, leaving an increased number of
ssDNA gaps behind the forks [33]. In a fission yeast mutant lacking the translesion DNA
polymerases, UV-induced DNA damage does not reduce the rate of DNA replication, but
prolongs activation of the checkpoint [34]. Thus, in this context, the ssDNA gaps left behind
the forks probably are the signals for prolonged checkpoint activation.

Together, these recent studies provide further support to the model in which ssDNA and
ssDNA–dsDNA junctions are the key DNA structures that activate the ATR pathway.
Furthermore, the length of ssDNA, the number of ssDNA–dsDNA junctions, and whether or
not these DNA structures associate with replication forks can influence the strength and
timing of ATR activation.
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Activation of the ATR–ATRIP kinase
The full activation of the ATR pathway requires not only the localization of ATR–ATRIP to
sites of DNA damage and stressed replication forks, but also the stimulation of the ATR–
ATRIP kinase complex by its regulators. Studies using budding yeast suggested that the
Ddc1–Rad17–Mec3 complex and Dpb11, the yeast homologues of 9-1-1 and TOPBP1
(Table 1), are activators of the Mec1 kinase. In G1 cells, Mec1 activation is dependent upon
Ddc1, whereas in G2 cells, both Ddc1 and Dpb11 contribute to Mec1 activation [35]. In
vitro, both Ddc1 and Dpb11 can directly stimulate Mec1–Ddc2 (the yeast homologue of
ATR–ATRIP) kinase activity [7,36,37]. In a reconstituted Mec1 activation assay using
purified proteins and primed ssDNA, the stimulation of Mec1–Ddc2 by the Ddc1–Rad17–
Mec3 complex depends on the loading of this complex onto DNA, as well as a bipartite
Mec1-activating domain in Ddc1 [7,35]. Furthermore, the Ddc1–Rad17–Mec3 complex and
Dpb11 function synergistically to stimulate Mec1–Ddc2 in the presence of primed ssDNA
[36]. These results suggest that in budding yeast, there is more than one way to stimulate the
kinase activity of Mec1–Ddc2 on damaged DNA.

Compared to the activation of Mec1 in yeast, the activation of ATR–ATRIP in vertebrates is
less clear. Like yeast Dpb11, human and Xenopus TOPBP1 can directly stimulate ATR–
ATRIP kinase activity; however, it remains unknown whether the 9-1-1 complex is capable
of doing so [15]. In vitro, the ATR-activating domain (AAD) of TOPBP1 located between
the BRCT domains 6 and 7 is sufficient to stimulate the ATR–ATRIP kinase in the absence
of other proteins and DNA [15]. When overexpressed in mouse cells, the TOPBP1 AAD
induces some ATR-mediated responses even in the absence of DNA damage [38]. Whereas
the direct stimulation of ATR–ATRIP by the TOPBP1 AAD apparently bypasses the
regulation of ATR by DNA damage, it provides some mechanistic details on how TOPBP1
interacts with ATR–ATRIP. A recent study showed that the AAD interacts with both ATRIP
and the PRD (PIKK regulatory domain) of ATR [39]. Specific mutations in the PRD of
ATR reduce the interaction between ATR–ATRIP and TopBP1, and compromise the
stimulation of ATR–ATRIP by the AAD.

How the function of TOPBP1 in ATR activation is regulated by DNA damage is an
important issue still under investigation. The TOPBP1 BRCT domains 1–2 interact with the
RAD9 C-terminus via a phosphorylated residue (Ser 387 of human RAD9 and Ser 373 of
Xenopus rad9) [13,14] (Fig. 1). This constitutive interaction between RAD9 and TOPBP1
might enable the 9-1-1 complex to recruit TOPBP1 to sites of DNA damage and stressed
replication forks. Consistent with this model, RAD9–TOPBP1 fusion proteins support ATR
activation even when the RAD9 C-terminus and TOPBP1 BRCT domains 1–2 are deleted
[14]. However, a recent study using Xenopus extracts showed that whereas the XtopBP1
BRCT domains 1–2 are required for the binding of XtopBP1 to chromatin in response to
replication stress, Xrad9 is dispensable [40]. In contrast, another Xenopus study showed that
9-1-1 is required for the binding of XtopBP1 to chromatin, but the Ser373 of Xrad9 is not
needed [41]. In addition, purified human TOPBP1 binds RPA–ssDNA in the presence of
ATR–ATRIP and the absence of 9-1-1 [42]. Although the discrepancies among these studies
remain to be clarified, the recruitment of TOPBP1 to sites of DNA damage appears to
involve multiple protein–protein interactions (Fig. 1).

The stimulation of ATR–ATRIP by TOPBP1 on DNA also appears to be more complex than
previously thought. A recent Xenopus study suggested that the Ser373 of Xrad9, which
interacts with XtopBP1, is not needed for the recruitment of XtopBP1 to chromatin, but is
important for activation of the Xatr pathway [41]. This finding suggests that 9-1-1 not only
regulates the recruitment of TOPBP1, but also its function on DNA. Furthermore,
experiments using purified human proteins showed that the stimulation of ATR–ATRIP by
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full-length TOPBP1, but not that by the TOPBP1 AAD, is enhanced by RPA–ssDNA in the
absence of 9-1-1 [42]. This finding indicates that TOPBP1 might directly interact with the
ATR–ATRIP bound to RPA–ssDNA through regions outside of its AAD. Together, these
recent studies suggest that the stimulation of ATR–ATRIP by TOPBP1 involves not only the
contacts between the TOPBP1 AAD and ATR–ATRIP, but also additional interactions
between TOPBP1 and the 9-1-1 and ATR–ATRIP complexes.

The role of ATR in cell cycle arrest and replication fork stabilization
ATR is essential for the sustained survival of proliferating cells [43], indicating that its
activity is crucial for cells to cope with intrinsic cellular stresses. Ablation of ATR and its
effector kinase CHK1 leads to increased genomic instability during S phase [44,45],
suggesting that the ATR-CHK1 pathway is important for the maintenance of genomic
stability during DNA replication. In budding yeast and human cells, several Mec1 and ATR
substrates are transiently phosphorylated during S phase even in the absence of extrinsic
DNA damage [46]. In fission yeast, histone H2A, a substrate of the ATR homologue Rad3,
is phosphorylated during S phase at natural replication fork barriers, retrotransposons,
ribosomal DNA (rDNA) repeats, and heterochromatin in centromeres and telomeres [47].
These findings suggest that ATR plays an important role in protecting replication forks at
specific loci in the genome during unperturbed S phase.

Compared to the function of ATR in unperturbed cells, the function of ATR in response to
extrinsic DNA damage is more extensively characterized. Studies using yeast, Xenopus, and
mammalian systems have shed light on several functions of ATR in DNA damage response,
including (i) arresting the cell cycle, (ii) preventing firing of late replication origins, (iii)
stabilizing stressed replication forks, and (iv) promoting DNA repair and restart of DNA
replication. In response to ionizing radiation (IR) or UV-induced DNA damage, a large
number of proteins are phosphorylated in a manner dependent upon ATM and/or ATR [48–
50]. The potential substrates of ATR are involved in a wide range of cellular processes,
including many that have not yet been linked to the DNA damage response.

Cell division control 25 (CDC25) phosphatases are key regulators of the cell cycle and
critical targets of the ATR pathway in cell cycle arrest. In response to DNA damage, ATR
activates its effector kinase CHK1, which in turn phosphorylates CDC25A. The
phosphorylation of CDC25A by CHK1 and another kinase NEK11 promotes the
ubiquitylation and subsequent degradation of CDC25A, leading to reduced cyclin-dependent
kinase 2 (CDK2) activity in S phase [51–53]. In addition to CDC25A, CHK1 also
phosphorylates CDC25C. This phosphorylation event generates a binding site for 14-3-3
proteins [54,55]; the binding of 14-3-3 proteins inhibits CDC25C function and prevents
activation of the CDK1–cyclinB kinase and mitotic entry.

In response to DNA damage, the yeast ATR homologue Mec1 has an important role in
preventing firing of late replication origins, which limits the number of replication forks that
could run into DNA lesions [56]. Rad53, the Mec1 effector kinase, phosphorylates Dbf4 and
inhibits activity of the Cdc7–Dbf4 kinase [57]. The Mec1- and Rad53-mediated inhibition of
Cdc7–Dbf4 prevents the initiation factor Cdc45 from binding to late replication origins [58].
Furthermore, Rad53 phosphorylates another initiation factor Sld3 and inhibits its function
[59]. In Xenopus extracts, DNA damage-mediated Xatr activation also leads to inhibition of
Xcdc7–Xdbf4 and reduced binding of Xcdc45 to chromatin [60]. In human cells, although
there is evidence that the CDC45–chromatin binding is repressed by the ATR–CHK1
pathway, the CDC7–DBF4 kinase remains active after DNA damage [61,62]. The inhibition
of CDK2 by the ATR-CHK1 pathway and the phosphorylation of the histone
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methyltransferase MLL by ATR might contribute to the repression of late origin firing in
human cells [63].

In budding yeast, both Mec1 and its effector Rad53 are important for the stability of
replication forks in the presence of DNA damage or replication stress [64,65]. In cells
expressing a mutant allele of MEC1, DNA polymerases are destabilized at stalled forks [66].
Furthermore, loss of Rad53 leads to dissociation of the MCM helicase from stalled forks
[66]. Interestingly, deletion of the exonuclease Exo1 suppresses the fork instability caused
by RAD53 mutation, suggesting that the key function of Rad53 in stabilizing replication
forks is to antagonize Exo1 [67]. Nevertheless, deletion of EXO1 does not suppress the fork
instability caused by MEC1 mutation, suggesting that the function of Mec1 in fork
stabilization is not completely dependent on Rad53. Recent studies have suggested that the
phosphorylation of Mrc1, a replication fork component, by Mec1 is important for fork
stability [68,69]. In human cells, several proteins involved in the signaling of the ATR-
CHK1 pathway, including TOPBP1, BRCA1, CLASPIN, and CHK1, are required for
preventing fork collapse at common fragile sites [70]. A number of replication fork proteins
are known or potential substrates of ATR [48,50]; however, the mechanisms by which ATR
stabilizes stressed replication forks in human cells remain to be elucidated.

The ATR pathway needs to be deactivated for the restart of DNA replication after DNA
damage. Paradoxically, ATR might have a positive role in replication restart by triggering a
negative feedback loop. In Xenopus extracts, Xatr phosphorylates Xclaspin and Xmcm2,
two components of replication forks, and promotes the recruitment of the Polo-like kinase
Xplk1 [71–73]. The phosphorylation of Xclaspin by Xplk1 is needed for XChk1 inactivation
and restart of DNA replication.

The role of ATR in DNA repair at replication forks
Although proteins in several DNA repair pathways, such as nucleotide excision repair
(NER) and mismatch repair (MMR), contribute to ATR activation by processing damaged
DNA or by direct protein interactions, how ATR regulates these DNA repair pathways is
still poorly understood. Recent studies on the Fanconi anemia (FA) pathway have shed new
light on the functions of ATR in DNA interstrand crosslink (ICL) repair at replication forks.
FA is a recessive disorder associated with hypersensitivity to DNA-crosslinking agents.
Thirteen FA complementation groups have been identified and their corresponding genes
have been cloned. The FA proteins can be divided into three functional groups: the FA core
complex and associated proteins (FANCA, -B, -C, -E, -F, -G, -L, and -M), the FANCD2–
FANCI complex, and the BRCA-related FA proteins (FANCD1 (also called BRCA2),
FANCN (also called PALB2), and FANCJ (also called BACH1)). Interestingly, several FA
proteins have been implicated in the activation of ATR, and ATR has an important role in
regulating ICL repair. Thus, the interplay between ATR and the FA pathway provides an
excellent example of how ATR functions as an integral part of DNA repair at replication
forks.

The roles of FA proteins in activation of the ATR pathway
FANCM and FAAP24 form a heterodimer that associates with the FA core complex. In
vitro, FANCM preferentially binds Holliday junctions and fork-like DNA structures, and
displays ATP-dependent translocase activity [74,75]. In vivo, loss of FANCM increases the
incidence of replication fork pausing and/or collapse [76,77]. FANCM–FAAP24 was first
implicated in ATR regulation by its interaction with TEL2 [78]. Depletion of FANCM and
FAAP24 results in a modest reduction in CHK1 phosphorylation in response to replication
stress [76–78]. The translocase activity of FANCM is required for its function in the
checkpoint response. In cells lacking FANCM, the chromatin association of TOPBP1 is
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reduced [77]. FANCM–FAAP24 was recently shown to play an especially important role in
ICL-induced ATR activation [79]. Unlike other types of DNA lesions, ICLs stall replication
forks without inducing substantial amounts of ssDNA. Nonetheless, the replication forks
stalled by ICLs are able to recruit RPA through a mechanism dependent on FANCM–
FAAP24 (Fig. 3). Notably, RPA recruitment requires the DNA-binding activity of FAAP24,
but not the translocase activity of FANCM. In vitro, FAAP24 preferentially binds dsDNA
with ICLs and promotes the recruitment of RPA.

In addition to FANCM–FAAP24, several other FA proteins are also implicated in activation
of the ATR pathway. In human cells, FANCJ facilitates the recruitment of RPA to
chromatin following replication stress [30]. Although loss of FANCD2 does not affect ICL-
induced CHK1 phosphorylation in human cells [80], depletion of either Xfancd2 or Xfancl
from Xenopus extracts prevents the ICL-induced Xchk1 phosphorylation [81]. Moreover,
Xfancl is specifically required for the binding of Xrpa to ICLs but not UV-induced DNA
damage.

Together, the studies suggest that the FA proteins have both general and ICL-specific
functions in ATR activation. Furthermore, they might contribute to several distinct steps
during ATR activation, including generation of ssDNA, recruitment of RPA and ATR–
ATRIP, and recruitment of ATR regulators such as TOPBP1.

The role of ATR in ICL repair
The FANCD2–FANCI complex is a critical player in ICL repair. In response to DNA
damage and replication stress, both FANCD2 and FANCI are phosphorylated and
monoubiquitylated [82–84]. FANCD2 phosphorylation is ATR-dependent in cells treated
with the DNA-crosslinking agent mitomycin C (MMC) [85]. Both ATR and the MMC-
induced phosphorylation of FANCI are required for FANCD2 monoubiquitylation [86,87].
When a FANCI mutant carrying phosphomimetic mutations is expressed in cells, it induces
constitutive FANCD2 monoubiquitylation and protects cells from MMC-dependent killing
[87], suggesting that ATR promotes FANCD2 monoubiquitylation by phosphorylating
FANCI (Fig. 3). In Xenopus extracts depleted of Xatr, the ICL-induced chromatin
associations of both Xfancl and Xfancd2 are reduced [81], suggesting that Xatr might
stabilize both the FA core and the Xfancd2-Xfanci complexes at ICL sites.

In a cell-free assay for replication-coupled ICL repair using Xenopus extracts, Xfancd2
depletion inhibits the nucleolytic incisions near the ICL and the subsequent translesion DNA
synthesis (TLS) past the lesion [88]. This function of Xfancd2 in incision is dependent upon
its monoubiquitylation site. Recent studies showed that monoubiquitylated FANCD2
recruits FAN1, a protein with a ubiquitin-binding UBZ domain and a structure-specific
endonuclease activity [89–92]. Thus, the ATR-dependent localization of FANCD2 to ICLs
promotes incisions near the ICLs, which enables subsequent TLS (Fig. 3). Furthermore, both
FAN1 and FANCD2 possess exonuclease activities [89–93] that might contribute to the later
steps during ICL repair to rejoin DNA ends.

Additional functions of ATR in DNA repair at replication forks
In addition to the FANCD2–FANCI complex, a number of other DNA repair proteins are
known or potential substrates of ATR. In budding yeast, the repair scaffold complex
consisted of Slx4 and Rtt107 interacts with Dpb11 in response to the DNA damage induced
by the DNA-alkylating agent methyl methanesulfonate (MMS) [94]. The interaction
between Slx4–Rtt107 and Dpb11 is dependent upon Mec1 and the damage-induced
phosphorylation of Slx4. Given that MMS is known to interfere with DNA replication and to
activate Mec1, these results suggest that Mec1 activation promotes the recruitment of Slx4–

Flynn and Zou Page 7

Trends Biochem Sci. Author manuscript; available in PMC 2012 March 1.

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript



Rtt107 to stressed replication forks by Dpb11. The Slx4–Rtt107 scaffold interacts with
several protein complexes involved in DNA repair, including Slx1, Smc5–Smc6, and
Rtt101–Mms22–Mms1. Human SLX4 forms a multi-protein complex with the XRF–
ERCC1, MUS81–EME1, and SLX1 endonucleases [95,96]. In vitro, the Slx1-Slx4 complex
functions a Holliday junction resolvase. Cells lacking SLX4 are not only sensitive to MMS,
but also DNA crosslinking agents, suggesting that the SLX4 complex might function in
multiple DNA repair pathways. Interestingly, SLX4 is phosphorylated at multiple sites by
ATM and/or ATR after DNA damage [50], raising the possibility that it might mediate some
of the DNA repair functions of ATR at stressed replication forks.

In addition to proteins directly involved in DNA repair, ATR and Mec1 also phosphorylate
histone H2AX (H2A in yeast) in response to DNA replication stress. Phosphorylated H2AX
recruits a number of DNA repair proteins and chromatin-remodeling complexes to the
chromatin adjacent to stressed replication forks. For example, in yeast the Ino80 chromatin-
remodeling complex is known to interact with phosphorylated H2A. Recent studies suggest
that that the Ino80 complex might regulate Rad51-mediated recombination at stressed forks
and determine the stability of stressed forks [97–99]. Thus, ATR and Mec1 might contribute
to DNA repair at stressed replication forks at multiple levels, including through the
modulation of adjacent chromatin, recruitment of DNA repair proteins, and regulation of the
functions of DNA repair proteins.

Concluding remarks
Although our knowledge of the ATR checkpoint pathway has been significantly expanded in
the past few years, there are still many important questions waiting to be addressed. How
ATR is regulated by DNA damage remains a major question. Although a number of DNA
damage sensors and ATR regulators have been identified, how these proteins function in
concert on damaged DNA to transform ATR into a fully active kinase remains poorly
understood. Studies on how ATR responds to different types of DNA damage, particularly
those on the response to ICLs, suggest that the activation and function of ATR is highly
context-specific. Furthermore, how ATR responds to intrinsic replication stress in
unperturbed cells and how it responds to oncogenic stress in tumor cells remains largely
unknown [100]. Understanding the regulation and function of ATR in the context of
different types of cellular stresses will require extensive studies in the future. Last but not
least, the putative substrates of ATR are involved in a broad spectrum of cellular processes
that go well beyond DNA replication and repair. It is conceivable that many novel functions
of ATR await discovery.
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Figure 1. A model for ATR-ATRIP activation by DNA damage
ssDNA and junctions of ssDNA and dsDNA are the basic DNA structural elements that
trigger ATR–ATRIP activation. (i) ssDNA is recognized and coated by RPA (yellow ovals).
(ii) ssDNA coated by RPA (RPA–ssDNA) recruits the ATR–ATRIP kinase complex (blue
ovals) to sites of DNA damage. In the presence of ssDNA–dsDNA junctions and RPA, the
Rad17–RFC complex (green ovals) recruits the 9-1-1 complex (green circle) onto DNA. (iii)
RAD9 in the 9-1-1 complex is constitutively phosphorylated at Ser 387. TOPBP1 (blue bar),
the stimulator of the ATR–ATRIP kinase, contains 8 BRCT domains (light blue boxes 1–8
in TOPBP1) and an ATR-activation domain (AAD; red box in TOPBP1). The TOPBP1
BRCT domains 1–2 interact with the phosphorylated Ser387 of RAD9, and the AAD
domain interacts with ATR–ATRIP. In addition to RAD9 and ATR–ATRIP, TOPBP1 might
interact with an unknown factor (label as X) on damaged DNA. Interactions with proteins on
damaged DNA recruit TOPBP1 to sites of DNA damage and enable it to stimulate the ATR–
ATRIP kinase complex (red ovals indicate stimulated ATR-ATRIP).
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Figure 2. Generation of ssDNA and ssDNA–dsDNA junctions at stressed DNA replication forks
(i–ii) Stalling of DNA polymerases on either the leading or lagging strand of DNA
replication forks can increase the length of ssDNA at the forks. If the lesions (red triangles)
are not removed or bypassed, ssDNA gaps can be generated behind the forks. (iii) DNA
replication inhibitors such as aphidicolin can inhibit DNA polymerases on the lagging strand
or both the leading and lagging strands. Compromised DNA polymerase function leads to
increased amounts of ssDNA and an accumulation of short DNA primers at the forks. (iv)
DNA lesions such as single-stranded DNA breaks can lead to collapse of DNA replication
forks and generate one-ended double-stranded breaks. The resulting DNA breaks can
contain ssDNA overhangs and might subsequently be resected by nucleases. The ssDNA
generated at stressed replication forks not only contributes to ATR–ATRIP activation, but
also participates in the DNA recombination events that facilitate the recovery of stressed
forks.
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Figure 3. A model for the activation and function of ATR at replication forks stalled by ICLs
FANCM and FAAP24 are structure-specific DNA-binding proteins. FAAP24 directly binds
ICLs in vitro, and associates with ICLs in cells in the absence of DNA replication. When
DNA replication forks are stalled by ICLs (red box), the FANCM–FAAP24 complex (blue
ovals labeled as M and 24) facilitates the recruitment of RPA (yellow ovals) to the forks and
the activation of ATR–ATRIP (red ovals). Subsequently, ATR phosphorylates the
FANCD2–FANCI complex (blue ovals labeled as D2 and I), which promotes the
monoubiquitylation of FANCD2 by the FA core complex (large blue oval) and the
accumulation of monoubiquitylated FANCD2 at the stalled forks. Monoubiquitylated
FANCD2 recruits the FAN1 nuclease (green oval) to the stalled forks, allowing FAN1 to
carry out the incisions near ICLs. The incisions near ICLs enable a translesion DNA
polymerase to pass the lesions. The DNA lesion can be subsequently removed by nuclear
excision repair (NER), and the DNA ends resulting from ICL incisions rejoined by
homologous recombination (HR).
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Table 1

Conserved proteins in the ATR checkpoint pathway

Saccharomyces cerevisiae Xenopus laevis Human

PIKK Mec1 Xatr ATR

PIKK partner Ddc2 (Lcd1) Xatrip ATRIP

RPA complex

Rfa1 Xrpa1 RPA1 (RPA70)

Rfa2 Xrpa2 RPA2 (RPA32)

Rfa3 Xrpa3 RPA3 (RPA14)

RAD17-RFC complex

Rad24 Xrad17 RAD17

Rfc2 Xrfc2 RFC2

Rfc3 Xrfc3 RFC3

Rfc4 Xrfc4 RFC4

Rfc5 Xrfc5 RFC5

9-1-1 complex

Ddc1 Xrad9 RAD9

Rad17 Xrad1 RAD1

Mec3 Xhus1 HUS1

ATR activator Dpb11 XtopBP1 (Xcut5) TOPBP1
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