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Abstract
Cytotoxic approaches to killing tumor cells, such as chemotherapeutic agents, γ-irradiation,
suicide genes or immunotherapy, have been shown to induce cell death through apoptosis. The
intrinsic apoptotic pathway is activated following treatment with cytotoxic drugs, and these
reactions ultimately lead to the activation of caspases, which promote cell death in tumor cells. In
addition, activation of the extrinsic apoptotic pathway with death-inducing ligands leads to an
increased sensitivity of tumor cells toward cytotoxic stimuli, illustrating the interplay between the
two cell death pathways. In contrast, tumor resistance to cytotoxic stimuli may be due to defects in
apoptotic signaling. As a result of their importance in killing cancer cells, a number of apoptotic
molecules are implicated in cancer therapy. The knowledge gleaned from basic research into
apoptotic pathways from cell biological, structural, biochemical, and biophysical approaches can
be used in strategies to develop novel compounds that eradicate tumor cells. In addition to current
drug targets, research into molecules that activate procaspase–3 directly may show the direct
activation of the executioner caspase to be a powerful therapeutic strategy in the treatment of
many cancers.
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INTRODUCTION
Cell death can occur by many pathways, all of which have unique mechanisms and
morphologies. The three major types of cell death include necrosis, oncosis and
programmed cell death (Fig. 1). Necrosis was defined originally as the accidental death of
cells and living tissue and generally is characterized by swelling of the cell, chromatin
condensation and the eventual nuclear and cellular lysis that leads to inflammation [1].
Later, Majno and Joris disputed the earlier definition by stating that necrosis not a type of
cell death. Rather, it represents the end stage of the cell death process and can occur in any
pathway in the absence of phagocytosis [2] (see Fig. 1). Instead, “oncosis” was proposed as
a term to refer to any type of cell death that is marked by cellular swelling. The morphology
of oncosis also includes chromatin condensation (pyknosis) and nuclear fragmentation
(karyorrhexis) with eventual nuclear fading (karyolysis) [3].
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Programmed cell death (PCD) occurs through two distinct pathways that can be
differentiated by the morphology of the cell in response to death signals: condensation
prominent, called type I or apoptosis, and autophagy prominent, called type II. Type I PCD
often found to occur during vertebrate development, especially in organ morphogenesis [4–
7], and was characterized first by Kerr in 1972 as having morphological features that include
cytoplasmic shrinkage, active membrane blebbing and condensed chromatin [8]. Apoptosis
eventually leads to cell segregation and the formation of apoptotic bodies that contain intact
organelles [8]. In addition, the nuclear DNA is degraded, the cytoskeleton is dismantled and
cell progression is halted [9, 10]. Neighboring macrophages, which recognize phosphatidyl
serine on the outside of the plasma membrane, then engulf the apoptotic bodies [8, 11]. In
contrast, the most prominent features of autophagic PCD are formation of autophagic
vacuoles that accompany the degradation of cytoplasmic materials, nuclear collapse and
subsequent phagocytosis.

MECHANISMS OF APOPTOSIS
A family of cysteine-dependent aspartate-directed proteases, known as caspases, is
intimately involved in apoptosis. The cleavage of key proteins in the cell by caspases leads
to the aforementioned morphological and biochemical changes observed during apoptosis.
Seven of the known eleven human caspases are involved in the execution of apoptosis (Fig.
2 and 3). The apoptotic caspases are divided into two groups, the initiators and the effectors,
depending on their time of entry into the apoptotic cascade (Fig. 3). For example, the
initiator caspases, such as caspases–2, –8, –9 and –10, have an early entry into the cascade,
where they are responsible for activating the effector caspases–3, –6 and –7 (Fig. 4). The
initiators are themselves activated either by so-called extrinsic or intrinsic mechanisms, as
described below.

The extrinsic pathway for initiator caspase activation ultimately is responsible for the
elimination of unwanted cells that are produced during development or that have
tumorogenic qualities. This pathway is initiated by ligation of a transmembrane death
receptor in response to an extracellular signal, where the death receptors belong to the tumor
necrosis factor receptor (TNFR) superfamily. Members of the TNFR family contain an
intracellular domain, called a death domain (DD), that binds to a number of adaptor proteins
with similar domains. These interactions effectively transmit the death signal from the
exterior surface of the cell to the cytosol. The most characterized TNF receptors include
CD95 (APO-1/Fas), TNF receptor 1 (TNFRI), TRAIL-R1 and TRAIL-R2. Their respective
death ligands are FasL, TNFα and TRAIL (TNF-related apoptosis-inducing ligand) [12–14].
Upon ligation, the DD on the cytoplasmic tail of the death receptor recruits a multiprotein
complex called the DISC (death inducing signaling complex). The DISC is thought to
promote the dimerization of caspases–8 and –10 by increasing the local concentration of
procaspase monomers, thereby increasing the probability of dimerization. This is referred to
as the induced proximity model [15]. Following their activation, the initiator caspases cleave
the zymogens of caspases–3, –6, or –7 (Fig. 4).

A fundamental difference exists between the caspase subfamilies, even though the structures
of the mature caspases are quite similar. The initiator caspases exist in the cell as monomers
that require a scaffold for dimerization. Once associated with the scaffold, the procaspase
dimer has sufficient enzymatic activity for autolysis [16–19]. In contrast, the effector
procaspases exist in the cell as stable dimers that have little enzymatic activity [20, 21]. As
described below, the effector procaspases are inactive due to misaligned active sites that
prevent efficient catalysis. Activation of the effector procaspases occurs after proteolytic
cleavage, which allows the active site loops to rearrange, resulting in a large increase in
activity (~200-fold) [21].
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The caspase cascade also can be activated by the so-called intrinsic pathway, which is a
mitochondria-dependent pathway that is activated by a variety of stimuli, including
chemotherapeutic agents, cytokines, reactive oxygen species, and DNA damage [22] (see
Fig. 4). In response to the apoptotic stimuli, the permeability of the mitochondrial membrane
increases, and many apoptogenic factors are released, including cytochrome c, apoptosis
inducing factor (AIF), Smac (second mitochondria derived activator of caspase)/DIABLO
(direct IAP binding protein with low pI), Omi/HtrA2 (high temperature requirement A2) and
endonuclease G [23] (Fig. 4). The increased permeability of the mitochondria is
accomplished in part by the cleavage of Bid (BH3 interacting death agonist), a member of
the Bcl-2 family of proteins, by caspase–2 [24] and possibly by caspases–8 and –10 [23, 25].
Caspase–2 is activated by a death receptor in a similar fashion as caspases–8 and –10 [26,
27]. The release of cytochrome c into the cytosol results in the activation of caspases–3, –6
and –7 through the formation of the apoptosome, which is a multiprotein complex
comprised of cytochrome c, Apaf-1, and caspase–9 (Fig. 4). The apoptosome promotes
dimerization and maturation of caspase–9, which in turn activates caspase–3. One should
note that the two caspase activation pathways, intrinsic and extrinsic, are not mutually
exclusive, and cross communication between the two pathways leads to a massive response
to the initial signal, regardless of whether the initial signal was external or internal [28].

Smac/DIABLO and Omi/HtrA2 are proapoptotic molecules that are released from the
intermembrane space of the mitochondria. Both proteins neutralize the inhibitory effects of
inhibitors of apoptosis proteins (IAPs) [29, 30]. IAPs have evolved to protect cells against
unwanted self-execution that may occur as a result of the premature activation of the caspase
cascade. IAPs bind to and inhibit active caspases [31]. Thus, IAPs are a class of negative
regulators of apoptosis, and they are neutralized by the binding of Smac/DIABLO Omi/
HtrA2 (see Fig. 4). In contrast, AIF and endonuclease G mediate caspase-independent cell
death upon their release from the mitochondria. Both proteins translocate into the nucleus
and facilitate DNA fragmentation [32, 33], although the precise roleof AIF in apoptosis is
still under debate [34, 35].

The killing of tumor cells by cytotoxic approaches such as chemotherapeutic agents, γ-
irradiation, suicide genes or immunotherapy has been shown to induce cell death through
apoptosis [22, 36–40]. Following treatment with cytotoxic drugs, the intrinsic apoptotic
pathway is activated and promotes cell death in tumor cells. In addition, activation of the
extrinsic pathway leads to increased sensitivity of tumor cells toward the cytotoxic stimuli
[41]. In contrast, tumor resistance to cytotoxic stimuli may be due to defects in apoptotic
signaling. In this review, we have focused on the apoptotic molecules that are implicated in
cancer therapy. In addition to current therapeutic targets in the intrinsic and extrinsic
apoptotic pathways, we suggest that research into molecules that bind to and activate
procaspase–3 directly may prove to be a viable therapeutic strategy in cancer treatment.

CANCER DRUG TARGETS IN APOPTOSIS
Extrinsic Pathway

Activation of the extrinsic apoptotic pathway has been shown to increase the sensitivity of
tumor cells to cytotoxic stimuli. For example, the CD95 receptor/ligand system is found in
many cell types, including those in the immune system as well as in tumor cells [42]. FasL,
the CD95 ligand, is produced by activated T cells and normally plays a major role in the
regulation of the immune system by triggering autocrine suicide or paracrine death in
lymphocytes or other target cells. Since CD95 is expressed on the surface of tumor cells, it
has become a target of chemotherapy-induced tumor cell death in many studies [43–45]. The
results of those studies showed that the treatment of tumor cells with anti-cancer drugs, such
as doxorubicin or methotrexate (lymphoid leukemias) or bleomycin (hepatoma cells),
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increased the level of FasL expression, which in turn stimulated the CD95 pathway and
activated the apoptotic cascade. In addition to upregulating FasL expression, the expression
of the CD95 receptor also increased upon drug treatment [44]. Overall, these results indicate
that the CD95 receptor/ligand system amplifies apoptosis induced by cytotoxic anticancer
drugs.

Similarly to the CD95 system, the TRAIL receptor system has been implicated as a target in
cancer therapy because TRAIL selectively kills tumor cells, but not normal cells, by
inducing apoptosis. For example, TRAIL was administered intravenously to non-human
primates, and no toxicity was observed, even at high doses [46]. In addition, TRAIL was
administered to several human cell lines, including endothelial cells, smooth muscle cells,
astrocytes, epithelial cells, endothelial cells and fibroblasts, and no cytotoxicity was
observed [47]. TRAIL selectivity is a vital finding in cancer therapy as ligands for the CD95
and TNFR systems illicit severe toxicities in normal cells [14]. The mechanism by which
TRAIL selects tumor cells over normal cells has not been defined but may be related to the
ratios of pro- and anti-apoptotic molecules in normal cells versus tumor cells [48].

There some concern, however, about potential toxicity to brain tissue and hepatocytes in
humans with increased doses of TRAIL [49, 50]. More recently, it has been suggested that
TRAIL actually promotes cell survival and proliferation in some circumstances. For
example, some cancer cells, such as acute leukemic cells, show resistance to TRAIL-
induced apoptosis by activating the transcription factor NF-κB [51], which functions to
activate the transcription of prosurvival genes, like cytokines or growth factors involved in
proliferation [52]. This finding important because it suggests that TRAIL could induce
tumorogenic proliferation in TRAIL resistant tumors. There are several possible reasons for
the observed resistance to TRAIL-induced apoptosis. For example, resistant tumors may
have a downregulated expression of death receptors. In addition, the decoy TRAIL receptor,
TRAIL-R3, is overexpressed, concurrent with the lack of expression of the agonists TRAIL-
R1 and TRAIL-R2, as seen in gastric carcinoma cells [53]. Interestingly, the loss of
expression of the agonist TRAIL receptors could be due to their location on chromosome
eight, as they are found in a region that has frequent loss of heterozygosity in tumors [48].
The lower expression of CD95 and TRAIL receptors may be caused by the
hypermethylation of their gene promoters, which has been observed both in neuroblastoma
and in colon carcinoma cells [54–56]. Finally, histone deacetylation may block transcription
of the genes encoding these receptors by blocking transcription factor docking [57]. The
addition of histone deacetylase inhibitor to resistant tumor cells restored chemosensitivity
and suppressed tumor growth [58].

Caspases
The expression level of effector caspases in tumor cells is a major determinant in the
effectiveness of anticancer agents. Expression levels of certain caspases in tumor cells may
have an impact on their activity, since a lower protein concentration may lead to a decrease
in apoptosis. For example, it has been observed that a frameshift mutation within exon three
in the caspase–3 gene in MCF-7 breast carcinoma cells leads to a complete loss of functional
protein for this vital executioner caspase [59]. Transfection of MCF-7 tumor cells with
procaspase–3 was shown to increase sensitivity to cytotoxic drugs [60]. Indeed, there is a
strong correlation between levels of procaspase–3 expression in several cancer cell lines
(leukemia, lymphoma, melanoma, neuroblastoma, lines (leukemia, lymphoma, melanoma,
neuroblastoma, breast, lung, adrenal, and renal cancers), where concentrations of the
zymogen can vary up to five-fold compared to those of normal cells, and sensitivity to a
cytotoxic drug [61]. In addition to changes in the concentrations of effector caspases, effects
also are observed in initiator caspases. For example, hypermethylation of the caspase–8
promoter was observed in a number of tumor cells, including neuroblastoma, malignant
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brain tumors, Ewing tumors, and small lung cell carcinoma [62, 63]. Restoration of caspase–
8 activity was accomplished either by gene transfer or by demethylation treatment, which
sensitized resistant tumor cells to drug-induced apoptosis [63].

Intrinsic Pathway
The regulation of the intrinsic apoptotic pathway is governed by the Bcl-2 protein family
[64, 65]. Members of the Bcl-2 family localize to the mitochondria and function either in
pro- or anti-apoptotic pathways. The antiapoptotic members include Bcl-2, Bcl-X and
Mcl-1, while the proapoptotic members include Bax, Bak and Bad. Other members are the
BH3 domain only proteins, which are responsible for linking the extrinsic and the intrinsic
pathways, and include Bid, Bim, Puma and Noxa [66]. Bcl-2 family members also have
been implicated in autophagic cell death, which is a cellular response to nutrient deprivation
and which is suppressed during tumorigenesis [67]. Because of their roles in apoptosis,
autophagy and tumorigenesis, it has been suggested that Bcl-2 family proteins act as a
master switch in life and death decisions in the cell [65]. As a result, Bcl-2 is the target of
several cancer therapies [65].

Upon induction of apoptosis, the proapoptotic Bcl-2 proteins, such as Bax, translocate from
the cytoplasm to the mitochondrial outer membrane where they oligomerize to form a pore
that makes the mitochondria permeable [68, 69]. Formation of the pore leads to the release
of cytochrome c (see Fig. 4). The BH3 domain only proteins, like Bid, are responsible for
triggering pore formation by Bax, Bak and Bad. In contrast, the antiapoptotic Bcl-2 proteins
are responsible for sequestering the BH3 domain only proteins to a stable mitochondrial
complex so that Bax, Bak and Bad cannot form the mitochondrial pores. The antiapoptotic
Bcl-2 proteins also disrupt cytochrome c release, thereby blocking apoptosis. This is
accomplished by disrupting the mitochondrial voltage-dependent anion channel (VDAC) or
the permeability transition pore complex (PTPC) made by proapoptotic members of the
Bcl-2 family [70, 71]. In experimental systems, mutating or changing the expression levels
of proapoptotic or antiapoptotic Bcl-2 family proteins drastically altered the drug response
[72]. A chemoresistant phenotype has been observed in several cancer cells that have a high
level of expression of antiapoptotic Bcl-2 proteins or have a reduced level of the
proapoptotic Bax protein. In addition, a lack of Bax expression has been linked to TRAIL
resistance in MMR (DNA mismatch repair)-deficient colon cancer cells because the reduced
permeability of the mitochondria results in the deficient release of Smac/DIABLO from the
mitochondria. After restoring Bax expression to an optimal level, Wu and colleagues
observed that the tumor cells became sensitive to TRAIL induced apoptosis [73].

IAPs
Inhibitor of apoptosis proteins (IAPs) are a family of apoptosis inhibitors, one of which
(XIAP) specifically binds to and inhibits initiator and effector caspases to prevent premature
apoptosis, either by binding to the active site, in the case of caspases–3 and –7, or the dimer
interface, in the case of caspase–9 [74, 75] (Fig. 5 and 6). There are at least eight members
of this family of proteins found in humans including X-linked IAP (XIAP), c-IAP1, c-IAP2,
ILP-2, NAIP, ML-IAP, survivin and apollon. Of the aforementioned family members, XIAP
may be the only member that binds caspases [76], and survivin and XIAP have the most
potential as therapeutic targets in cancer cells [77]. IAPs, in general, are expressed at high
levels in the majority of human cancers [75]. Several strategies have been employed to
target IAP expression in cancer cells since survivin is found to be dramatically
overexpressed in a majority of cancer cells, such as lung, breast, colon, stomach and
pancreatic cancers, to name a few, implicating it in tumor malignancy [78]. Changes in
survivin concentrations may be caused by dysregulation of transcription [78]. To this end,
antisense oligonucleotides, ribozymes, siRNA and dominant negative survivin variants were
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used to downregulate the expression of survivin in cancer cells [79–82]. These studies, alone
or coupled with chemotherapy, resulted in the suppression of tumor growth in models both
in vivo and in vitro. Survivin is phosphorylated in vivo by the p34cdc2-cyclin B1 kinase
complex during mitosis [31]. Without this phosphorylation event, survivin has no
antiapoptotic activity [31]. The addition of cyclin-dependent kinase inhibitors, such as
flavopiridol or purvanolol A, increased tumor cell response to taxol [83, 84]. In addition,
small molecule antagonists of XIAP are in the forefront of current research [65]. One
example involved Smac peptides harboring the N-terminal region of Smac (Ala-Val-Pro-Ile)
that is essential for binding to IAPs. This molecule was shown to promote caspase activation
and to sensitize various tumor cell lines to cytotoxic drugs [85].

MOLECULES THAT SPECIFICALLY BIND TO CASPASES
A particularly attractive area of cancer therapy focuses on anti-apoptotic proteins that bind
to caspases and suppress caspase activity [65]. For example, c-FLIP (cellular FLICE-like
inhibitory protein) binds to caspases–8 or –10, typically suppressing the extrinsic apoptotic
pathway (see Fig. 4). One drug that targets FLIP currently is in clinical trials [65]. In
addition, TUCAN/CARD8 (tumor-upregulated CARD-containing agonist of caspase-9/
caspase recruitment domain-containing protein 8) is overexpressed in some tumor cells and
has been shown to bind to procaspase–9, preventing its activation by the apoptosome [86].
Using siRNA-mediated suppression of TUCAN expression in tumor cells, Yamamoto and
coworkers showed that the overexpression of TUCAN is likely to be associated with
chemoresistance of the tumor cells [87].

IAPs
Structural studies of several IAPs reveal a conserved motif that is found to repeat one to
three times, depending on the IAP that is responsible for caspase inhibition [88–91]. The
repeat domains, termed BIR (baculovirus IAP repeat), are zinc-binding proteins that are
approximately eighty amino acids in length [77]. Most IAPs contain more than one BIR
domain, although each domain in the protein has a different inhibitory function [77]. For
example, XIAP is a 57 kDa protein that binds to and inhibits caspases–3, –7 and –9 and
contains three BIR domains (BIR 1–3). Structural and biochemical studies have determined
that the BIR-2 domain and the linker immediately N-terminal to BIR-2 are responsible for
inhibiting caspases–3 and –7 [77, 92]. The linker region binds to the catalytic domain of
caspase–3 and occludes the active site, thereby denying entry to incoming substrates (Fig.
5). The inhibition of effector caspases by the amino terminal BIR-2 linker is weak, however,
and requires the bulkiness of the BIR-2 domain to promote strong inhibition. These findings,
coupled with the crystal structure of the XIAP-BIR-2 domain bound to caspase–3 [92],
suggest that two binding events occur to inhibit effector caspases by XIAP, the binding of
the linker along with the binding of the BIR-2 domain [77]. Structural studies show that the
active site loops of caspase–3 (Fig. 5A) are similar with a tetrapeptide inhibitor bound as
with BIR-2 bound, with the exception of active site loop 2′ (L2′) (Fig. 5B and 5C). L2′ is
sequestered by the C-terminal region of BIR-2, which may be important for caspase
inhibition because Asp179 (or Asp181) of L2′ hydrogen bonds with the P4 site of the
substrate. An analysis of caspase-3 structures shows that interactions between L2′ and P4
may occur directly (Asp181) or through a water molecule (Asp179) (Fig. 5D), indicating
that the L2′ region of the protein is flexible. The structural insights suggest that one could
create a novel inhibitor that interacts with the L2′-binding region of BIR-2, thereby
competing for the binding of caspases–3 or –7. Indeed, McClendon and coworkers recently
showed that peptide mimics are effective at binding to a similar region of BIR-3 [91].

The BIR-3 domain of XIAP binds to and inhibits caspase–9 in a manner different from the
interactions of BIR-2 and caspase–3. The crystal structure of caspase–9 bound to the BIR-3
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domain shows that the interactions between the two molecules occur in the dimer interface
of caspase–9 [88] (Fig. 6A). The binding of BIR-3 to the interface effectively prevents the
procaspase from forming a homodimer, which, in turn, prevents formation of the active site.
Indeed, two of the five active site loops (L2 and L3) are either unstructured or misaligned in
the caspase–9 monomer with BIR-3 bound (compare Fig. 5A and 6A). The structure also
reveals a two-site mechanism with which BIR-3 inhibits caspase–9. In addition to the
interface region, BIR-3 also interacts with the N-terminus of the small subunit. This region
is important for active site formation because it interacts with the second active site in the
dimeric structure, becoming active site loop 2′ (L2′, see Fig. 5A, for example). Without the
interactions of the so-called loop bundle (L2, L4, and L2′), the active site cannot form
properly [93]. As a result, BIR-3 locks caspase–9 into the inactive monomeric form with a
misaligned active site [88].

CASPASE DIMER INTERFACE
A primary goal in therapeutic strategies for the treatment of cancer is the restoration of
apoptosis in tumor cells. Recent efforts have focused on reestablishing the extrinsic or
intrinsic apoptotic pathways, or both, by inhibiting antiapoptotic molecules, such as IAPs or
c-FLIP, or by elevating levels of proapoptotic factors, such as Bcl-2 antagonists. In addition,
a number of signal transduction proteins involved in apoptosis, such as p53 [94] and c-AKT
[95], are attractive targets for inducing chemosensitivity by activating the apoptotic
pathways indirectly. Current research strategies target multiple pathways to maximize the
cytotoxic effects on tumor cells. For example, cocktails of doxorubicin, bleomycin,
vinblastine, and dacarbazine (called ABVD) and of bleomycin, etoposide, doxorubicin,
cyclophosphamide, vincristine, procarbazine and prednisone (BEACOPP), as well as others,
have been shown to be effective against Hodgkin’s lymphoma [96, 97].

Interestingly, there have been no clinical drugs formulated that specifically target
procaspase–3 in cancer therapy. The intent of such studies would be to activate the
executioner caspase directly rather than relying on the aforementioned, more indirect,
strategies. This is an important consideration because the levels of procaspase–3 are elevated
in a number of cancer cell lines [61], but there are no deleterious effects on the cancer cells
since the procaspase has little or no enzymatic activity. A number of inhibitors have been
produced that bind to the active site of caspase–3 [98–100], and two molecules, described
below, bind to the dimer interface and inhibit enzymatic activity [101]. However, as a
general strategy for cancer therapy, the goal of drug development would be to identify
molecules that bind to the procaspase–3 zymogen and that result in caspase–3 activation.
This goal may be accomplished by identifying molecules that bind to the dimer interface.
Recent biochemical and structural studies have shown that active site formation is coupled
to dimerization via interactions between amino acids in the active site and those in the dimer
interface, in a manner that is not fully understood [101, 102]. Two examples are described
below that illustrate the communication between the dimer interface and the active site, in
which molecules bound to the dimer interface prevent active site formation. In addition, two
examples are described which demonstrate that targeting the dimer interface of procaspase–
3 may be a viable strategy when considering new targets for cancer drug development.
Included in this description are recent studies of a small molecule that binds to and activates
procaspase–3, although at present the binding site on the protein has not been established.

A Brief Description of the Caspase Dimer Interface and Active Site Formation
Structural studies of caspase–1, –7, and –9 provide clues to conformational changes that
occur during maturation [103–107]. In general, the active site is misaligned in the zymogen,
and cleavage of the intersubunit linker (see Fig. 3) allows for realignment of the active site
loops. While the mechanistic details differ for caspases–7 and –1, both proteins follow the
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general scheme that the chain cleavage results in proper formation of the substrate binding
pocket as well as formation of the loop bundle among L2, L4, and L2′ (Fig. 5A, for
example). Formation of the loop bundle stabilizes the active site configuration and moves
the catalytic cysteine into the S1 subsite where it is positioned to attack the substrate at the
P1 site.

One should note that a numbering system was established by Fuentes-Prior and Salvesen
using caspase-1 as a standard to which all other caspases are compared [108]. However, it is
useful on occasion to compare the amino acid number for each caspase directly since the
conversion from the caspase-1 numbering system is not always straightforward. Without
intending to establish a new numbering system, we provide a direct comparison of the amino
acids in each caspase (Fig. 2), and these values are used in (Figs. 5–8) and in the description
below.

Maturation of caspase–3 is thought to be analogous to that of caspase–7. Prior to cleavage of
the polypeptide chain in the intersubunit linker, one of the two linkers of the homodimer
occupies the central cavity (between β strands 8 and 8′), whereas the other is positioned
outside of the cavity. This effectively sequesters active site loop 2′ (L2′) away from the
active site since it is part of the intersubunit linker in the zymogen. Following cleavage at
Asp175, residues in active site loop 3 (L3) move into the central cavity and toward the dimer
interface, resulting in formation of the substrate binding groove (Fig. 5A). In the procaspase,
L3 occupies the substrate binding pocket because the loop is extended away from the
protein. Upon cleavage of the intersubunit linker, the newly formed N-terminus of the small
subunit is called L2′, and the newly formed C-terminus of the large subunit is called L2. L2′
leaves the central cavity and rotates approximately 180° to form new contacts in the loop
bundle with L2, L3, and L4 from the opposing monomer (Fig. 5A).

Once L2′ rotates out of the central cavity, the N-terminal region of L3 can insert into the
cavity, and a functional active site forms. More specifically, the arginine positioned next to
the catalytic cysteine (Arg164 in caspase–3, see Fig. 2) rotates from a solvent exposed
orientation in the substrate binding pocket toward the dimer interface and intercalates
between Tyr197, on β-strand 7, and Pro201, on loop L3, to form an ordered lining to the
central cavity (Fig. 7A). The reorientation of Arg164 on L2 toward the dimer interface and
the accompanying loop movements lock the S1–S4 subsites into place and position the
backbone amide of the catalytic cysteine into the correct orientation to form part of the
oxyanion hole [103, 104]. Similar structural rearrangements are observed for caspase–1 as
well [106] except that Arg286 (equivalent to Arg164 in caspase–3, see Fig. 2) forms a salt-
bridge with Glu390 in the dimer interface (Fig. 7B).

The effector caspases, such as caspases–3 and –7, do not have an equivalent salt bridge at
the dimer interface, but the internalization of the arginine does occur. Like caspase–1, the
comparable arginine in caspases–3 (Arg164) and –7 (Arg187), intercalates between Tyr197
(β-strand 7) and Pro201 (L3) (caspase–3 numbering, see Fig. 2) to stabilize active site loops
2 and 3. However, the positive charge on Arg164 is neutralized by Glu124, which is
positioned on a loop just above the interface (Fig. 7A). This loop also contains the second
residue involved in the catalytic dyad, His121, as well as Gly122, which forms part of the
oxyanion hole. Overall, the conformational changes in active site loop 2 (L2) stabilize L2
and L3 and position L2, L2′, and L4 to form the loop bundle (Fig. 5A).

The formation of the active site of caspase–9 is unique from all other caspases because only
one active site has the correct conformation to bind substrate. The other active site is not
able to form due to steric constraints of residues in the dimer interface. The two active sites
are in contact with one another through two tyrosine residues and two phenylalanine
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residues in the dimer interface. Phe404, on β-strand 8, interacts with Tyr345, on β-strand 7,
as well as Phe404′ of the second monomer (Fig. 7C). Upon formation of one active site,
Tyr345 rotates away from the active site and toward the dimer interface, causing Phe404
also to rotate toward the dimer interface. This movement creates a steric clash between the
two phenylalanine residues across the dimer interface (Phe404 and Phe404′), leading to the
inactivation of one of the active sites [107]. In order for the functional active site to form,
the side chains of Ser344–Ser353, the so-called “elbow loop,” from one monomer, contact
residues in the dimer interface and insert into the opposing monomer. Specifically, Phe348
and Phe351 from the elbow loop make contacts with a hydrophobic pocket lined with
Pro338′ and Phe406′ in the opposing monomer (Fig. 7D). By stabilizing the elbow loop, the
contacts enable L3 to move into the substrate binding conformation. Overall, the structural
data for caspase–9 demonstrate that packing forces in the dimer interface affect active site
formation, primarily through interactions between Tyr345 and Phe404 in each monomer and
the equivalent interactions across the dimer interface.

Dimer Interface Experiments that Suppress Caspase–3 Activity
FICA and DICA—Disulfide trapping (called “tethering”) experiments were performed on
caspases–3, –7 and –1 to identify allosteric sites that potentially could be used to inhibit
dimer formation [101, 109]. Tethering uses a library of small thiol-containing compounds
that make disulfide bonds with naturally occurring cysteine residues in a protein. The
modified cysteine generally is close to a small molecule binding site. Two classes of
compounds were identified after screening thousands of molecules for binding to caspases–3
and –7. Representatives of these classes are FICA (5-fluoro-1H-indole-2-carboxylic acid (2-
mercapto-ethyl) amide) and DICA (2-(2,4-dichlorophenoxy-N-(2-mercapto-ethyl)-
acetamide). Both compounds bound to a single cysteine in the small subunit on β-strand 8,
Cys264 in caspase–3, which sits close to the dimer interface and is 14 Å from the catalytic
cysteine. Binding of the inhibitors did not cause dissociation of the dimer but did prevent
binding of the substrate at the active site. Structural data showed that, in caspase–7, FICA
interacts with Tyr223′ (β-strand 7) on the opposing monomer to which it binds and occupies
the central cavity (Fig. 6B), whereas DICA interacts with Tyr223 in the same monomer to
which it binds. Regardless, the same conformational changes occur at the active site in the
presence of either FICA or DICA. By displacing Tyr223, Arg187, on L2, is pushed out of
the central cavity and placed into a position that occludes substrate binding to the active site.
In fact, the large conformational changes that occur as a result of inhibitor binding to the
interface resemble the conformation of the zymogen rather than that of the active enzyme.

In the case of caspase–1, it was found that a thienopyrazole bound to Cys331, which is near
the dimer interface on β-strand 7 and is in the same position as Tyr197 of caspase–3 or
Tyr223 of caspase–7 (see Fig. 2) [109]. Like FICA in caspase–7, the caspase–1 inhibitor
interacted with residues on the neighboring monomer. Overall, the binding of the tethered
inhibitor resulted in a disorganized active site by causing the catalytic cysteine to be rotated
away from the S1 subsite, the substrate-binding loop to be collapsed so that it could not
interact productively with substrate, and the side chain of Arg286 to be rotated away from
the dimer interface and toward the substrate-binding cleft. As with caspase–7, caspase–1
adopted a conformation closely resembling its ligand-free form when bound to the allosteric
inhibitor. Current models suggest that binding of the inhibitor to the dimer interface shifts
the equilibrium of species found in solution from the active form to the inactive form,
underlining the coupling of the dimer interface to the active site.

Caspase-3 Interface Mutant Val266His—In an effort to examine amino acids in the
dimer interface and their communication with active site residues, the central residue of the
dimer interface of caspase–3, Val266 (Fig. 7A), was replaced with histidine or glutamate.
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While the Val266Glu mutant is described below, replacing Val266 with histidine abolished
activity in both the zymogen and the mature caspase [102]. Limited proteolysis studies
demonstrated that active site loop 3 (L3) was hyperexposed in the mutant at a site over 20 Å
from the site of the mutation, demonstrating that L3 was not properly inserted into the
substrate binding pocket in the mutant. Although the crystal structure of the mutant has not
been determined, the Val266His mutation is thought to present similar packing problems as
those found in caspase–9 (Fig. 8). In this model, steric constraints in the dimer interface
prevent the side chain of Tyr197 from moving away from the active site, effectively
preventing L3 from forming the substrate binding pocket.

Experiments that Activate the Caspase-3 Zymogen
In addition to replacing the central valine of caspase–3 with histidine, the residue also was
replaced with glutamate. Remarkably, the Val266Glu mutation resulted in a pseudo-
activation of the caspase–3 zymogen [102]. The enzymatic activity of the zymogen
increased to a level comparable to that of the wild-type, mature, caspase–3, while cleavage
of the polypeptide chain was not required for the activity increase. Overall, data from
limited proteolysis studies indicate that the Val266Glu mutation in the dimer interface
affects the intersubunit linker in a manner that allows the loop bundle to form between L2,
L4 and L2′, independent of cleavage of the protein. Together, the dimer interface mutations
of caspase–3 are important because they demonstrate that one can influence the activity of
the zymogen, as well as that of the mature enzyme, by disrupting the interactions between
amino acids in the interface and those in the active site. FICA and DICA, described above,
likely mimic the packing effects of the Val266His mutation to abrogate caspase–3 activity.
In contrast, molecules that mimic the effects of the Val266Glu mutation have yet to be
identified, but the results show that the caspase–3 dimer interface should be considered a
valid target when formulating drugs to activate the caspase–3 zymogen.

Recently, Hergenrother and colleagues screened over twenty thousand compounds for their
ability to catalyze the activation of procaspase–3 to mature caspase–3 [61]. Four compounds
were identified that resulted in procaspase–3 activation, and one compound demonstrated a
dose-dependent effect. The compound is called PAC-1, for first procaspase-activating
compound. Importantly, PAC-1 was able to induce apoptosis in a variety of cancer cell lines,
and the data showed a strong correlation between the cellular concentration of procaspase–3
and PAC-1 sensitivity. Finally, tumor growth was retarded significantly in mice treated with
PAC-1. Though these results are potentially very exciting and demonstrate that compounds
that function to activate procaspase–3 directly can be effective in cancers, more studies need
to be done to determine the mechanism of action.

CONCLUSIONS
Caspases are proteases that are intimately involved in the execution of apoptosis in normal
cells. Cancer cells typically have gained the ability to circumvent apoptosis, so the proteins
involved in the apoptotic cascades have become ideal targets for cancer therapy. Targeting
the upstream proteins in these pathways can lead to resistance in cancer cells, thereby
rendering cytotoxic drugs ineffective. On the other hand, directly targeting effector caspases,
such as caspase-3, could lead to reduced resistance, and thus more effective therapy, since
effector caspases ultimately are responsible for cellular suicide upon their activation.
Because dimerization is necessary for proper active site formation of all caspases, the dimer
interface should be considered a potential target for cancer therapy, where the identification
of small molecules that bind to the dimer interfaces of procaspases, resulting in their
activation, should be at the forefront of cancer research.
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Fig. 1.
Cell death pathways. Morphological changes for three cell death pathways, apoptosis,
oncosis, and autophagy. PCD refers to programmed cell death.
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Fig. 2.
Sequence alignment of eleven human caspases. Amino acid residues in L1 (52–66) (yellow),
L2 (163–175) (red), L3 (198–213) (blue), L4 (247–263) (brown) and L2′ (176′–192′) (cyan)
of caspase–3 are shown by the solid lines, and the colors correspond to those in Figs. 5–8.
The dark lines indicate regions of secondary structure. The catalytic cysteine (C163) is
shown in bold. Boundaries observed in the crystal structures for the large subunit (S29-
D175) and the small subunit (G177-H277) of caspase–3 are indicated by (⌊ ⌋ ). Two
processing sites in procaspase–3 (D28 and D175) are indicated by (▾), where cleavage at
D28 removes the prodomain and cleavage at D175 separates the two subunits, as described
in the text. Sequence data were obtained using NCBI (http://www.ncbi.nlm.nih.gov/).
Boundaries for the other caspases are approximately the same as those indicated for
caspase-3. The sequence for caspase-10 is that of isoform 10/a.

MacKenzie and Clark Page 18

Curr Cancer Drug Targets. Author manuscript; available in PMC 2011 June 21.

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

http://www.ncbi.nlm.nih.gov/


Fig. 3.
Human caspase organization. Caspases are grouped on the left according to function, either
initiators or effectors of apoptosis, and on the right according to the recognition sequence of
the substrate. One should note that the Group I, inflammatory, caspases (–1, –4, and –5) are
not included in this figure. Each caspase has an N-terminal prodomain, where some contain
either a CARD (caspase recruitment domain) or DED (death effector domain), followed by
the large subunit (Large), an intersubunit linker, and the small subunit (Small). The numbers
on each caspase molecule refer to the length of each specific domain, which was determined
using the NCBI domain organization database (http://www.ncbi.nlm.nih.gov/).
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Fig. 4.
The caspase cascade. In the extrinsic apoptotic pathway, a death ligand (not shown) binds to
a death receptor (green and purple), which signals an adaptor molecule to bind to the
receptor via death domain (DD) interactions. The adaptor molecule interacts with the death
effector domain (DED) of procaspases–2, –8, and –10, forming an activation complex.
Dimerization (mechanism unknown) results in maturation and full activity. Caspases–8 and
–10 then process effector caspases. Caspase–2 cleaves Bid (orange), a protein responsible
for the increased permeability of the mitochondria. In the intrinsic apoptotic pathway, an
increase in the permeability of the mitochondria, resulting from cleavage of Bid, reactive
oxygen species (ROS) or chemotherapeutic agents, leads to an increase in the cytosolic
concentration of cytochrome c (green) and the formation of the apoptosome (blue). The
apoptosome is composed of Apaf-1 monomers that form a heptameric structure when
cytochrome c binds, in an ATP-dependent manner, leading to interactions with the caspase
recruitment domain (CARD) of procaspase–9. The interactions increase the local
concentration of procaspase–9 monomers and thereby promote dimerization and activation.
Caspase–9 then processes effector caspases, which leads to apoptosis. Inhibitors of apoptosis
(IAPs), specifically XIAP, inhibit mature initiator or effector caspases (caspases –9, –3, and
–7), and are themselves inhibited by Omi or Smac. Upon their release from the
mitochondria, the nucleases Endo G and AIF migrate to the nucleus and cleave DNA.
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Fig. 5.
Caspase–3 with XIAP BIR-2 bound. (A) Structure of caspase–3 (PDB entry 2J30). β-strands
1–8, α-helices 1–5, and active site loops L1 (yellow), L2 (red), L2′ (cyan), L3 (blue) and L4
(brown) are labeled. The prime (‘) indicates residues from the second monomer (large +
small subunits). For clarity, only one active site is labeled. (B) BIR-2 from XIAP bound to
caspase–3 active site (PDB entry 1I30). The active site loops of caspase–3 are labeled as in
panel A. (C) Comparison of caspase–3 active site with tetrapeptide inhibitor bound (from
panel A) or BIR-2 domain bound (from panel B). The lighter colors indicate the structure
with BIR-2 bound, except for L2′, which is colored green. (D) Interactions of L2′ Asp179 or
Asp181 with the P4 site of substrate/inhibitor (PDB entry 2J30, from panel A, and PDB
entry 2DKO shown in green). Structures were generated using Pymol (Delano Scientific
LLC, Palo Alto, CA).
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Fig. 6.
Inhibited caspases. (A) Structure of caspase–9 with the BIR-3 domain of XIAP bound to the
dimer interface (PDB entry 1NW9). Active site loops L1-L4 are labeled. Binding of the
inhibitor prevents the procaspase–9 dimer from forming, resulting in a disorganized active
site. (B) Structure of caspase–7 with FICA bound in the dimer interface (PDB entry 1SHL).
Binding of inhibitor in the dimer interface displaces the side chain of Tyr223 and results in
disorganized active site loops L2, L3 and L4. L2′ occupies the central cavity. For panels A
and B, the secondary structure and active site loops are colored the same as those in Fig. 5,
and side chains are colored using the cpk color mode. Structures were generated using
Pymol (Delano Scientific LLC, Palo Alto, CA).
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Fig. 7.
Active site rearrangements of caspases–1, –3, and –9. (A) Caspase–3 (PDB entry 2J30):
movements of Arg164 upon substrate binding result in intercalation of the side chain
between Tyr197 and Pro201, from active site loop 3. The positive charge of Arg164 is
neutralized by interactions with Glu124, which is situated on a loop above the dimer
interface. (B) Caspase–1 (PDB entry 1SC3): movements of Arg286 upon substrate binding
result in intercalation of the side chain between Cys331 and Pro335, from active site loop 3,
forming a new salt bridge with Glu390 from the dimer interface. The red sphere indicates a
water molecule between Glu390 and Glu390′. (C) Caspase–9 (PDB entry 1JXQ): upon
inhibitor binding to one active site, loop rearrangements result in movement of the Tyr345
side chain, on β-strand 7, away from the active site and toward the protein interior, causing
the side chain of Phe404 to move toward the dimer interface. Due to steric constraints in the
interface, these movements can occur only in one heterodimer, so the second active site
remains disorganized. (D) Interactions among amino acids in the elbow loop (Phe348-
Phe351) and the second monomer (Phe246′, Pro338′, and Phe406′). For all panels, the
secondary structure and active site loops are colored the same as those in Figs. 5 and 6, and
side chains are colored using the cpk color mode. Structures were generated using Pymol
(Delano Scientific LLC, Palo Alto, CA).
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Fig. 8.
Model for inactivation of caspase–3 by the Val266His mutation. The space filling model,
generated by replacing Val266 with His in silico, shows steric clashes between His266 and
Tyr197 of one monomer and the same two residues of the second monomer. The overall
effect of the Val266His mutant may result in a disorganized active site since it is predicted
that the side-chain of Tyr197 cannot move toward the dimer interface and allow the
substrate binding loop (L3) to insert properly. The secondary structure and active site loops
are colored the same as those in Figs. 5–7, and side chains are colored using the cpk color
mode. The structure was generated using Pymol (Delano Scientific LLC, Palo Alto, CA).
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