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Biofiltration has proven an efficient tool for the elimination of volatile organic compounds (VOCs) and
ammonia from livestock facilities, thereby reducing nuisance odors and ammonia emissions to the local
environment. The active microbial communities comprising these filter biofilms have not been well character-
ized. In this study, a trickle biofilter treating air from a pig facility was investigated and proved efficient in
removing carboxylic acids (>70% reduction), mainly attributed to the primary filter section within which
reduced organic sulfur compounds were also depleted (up to 50%). The secondary filter eliminated several
aromatic compounds: phenol (81%), p-cresol (89%), 4-ethylphenol (68%), indole (48%), and skatole (69%). The
active butyric acid degrading bacterial community of an air filter sample was identified by DNA stable-isotope
probing (DNA-SIP) and microautoradiography, combined with fluorescence in situ hybridization (MAR-FISH).
The predominant 16S rRNA gene sequences from a clone library derived from “heavy” DNA from [13C4]butyric
acid incubations were Microbacterium, Gordonia, Dietzia, Rhodococcus, Propionibacterium, and Janibacter, all
from the Actinobacteria. Actinobacteria were confirmed and quantified by MAR-FISH as being the major
bacterial phylum assimilating butyric acid along with several Burkholderiales-related Betaproteobacteria. The
active bacterial community assimilating dimethyl disulfide (DMDS) was characterized by DNA-SIP and
MAR-FISH and found to be associated with the Actinobacteria, along with a few representatives of Flavobacteria
and Sphingobacteria. Interestingly, ammonia-oxidizing Betaproteobacteria were also implicated in DMDS deg-
radation, as were fungi. Thus, multiple isotope-based methods provided complementary data, enabling high-
resolution identification and quantitative assessments of odor-eliminating Actinobacteria-dominated popula-
tions of these biofilter environments.

The increased implementation and productivity of large-
scale pig farms have increased nuisance air emissions of both
ammonia and volatile organic compounds (VOCs). Deposition
of ammonia emissions in environmental recipients can result in
eutrophication, with devastating consequences for the fauna
present (47). Odor nuisance of the more than 300 different
VOCs originating from pig facilities has been reported at con-
centrations irritating humans, individually or through synergis-
tic reactions (43). Thus, reducing air emissions of ammonia
and odorous VOCs from pig facilities is important for the
interests of farming, environmental and public sectors.

Biological airfilters have proven useful in reducing a wide
range of compounds emitted from pig production facilities
(11). Biofilters rely on the versatile metabolic pathways of
microorganisms, which are exposed to air contamination and
transform these compounds into biomass, carbon dioxide, and
water, as well as waste products. These waste products are
washed away by “trickle” action, thereby maintaining the bio-
filter in continuous adsorptive capacity (8). The main advan-

tages of biofilters compared to physical and chemical remedia-
tion are (i) the ability to remove low concentrations of
pollutants from large air volumes, (ii) limited maintenance,
and (iii) low operation costs (40).

Butyrate is a predominant odor compound emitted from pig
facilities. Through acidogenic fermentation, butyrate is pro-
duced at concentrations up to 60 ppb. With a human detection
threshold of around 4 ppb, butyrate is recognized as a sour
fecal stench (43). Commonly detected sulfur compounds in-
clude methanethiol (odor threshold value, �1 ppb), dimethyl
sulfide (odor threshold value, �2 ppb), and dimethyl disulfide
(DMDS; odor threshold value, �12 ppb), and these represent
intermediates of the methionine and cysteine degradation (43).
Full-scale biofiltration of emissions from a pig facility revealed
stable removal of carboxylic acids in the range of 70 to 90%,
whereas the reduction of reduced organic sulfur compounds
fluctuated between �20 to 50% (11). Removal efficiencies of
DMDS ca. 100% have, however, been obtained in a full-scale
biofilter treating air emissions from a composting facility (17).

Although the physical and chemical factors affecting biofil-
ters are fairly well examined (e.g., support material, pH, and
moisture conditions), only limited information is available on
the biological aspects (8, 44). Few molecular studies have pro-
vided descriptions of the microbial communities associated
with biofilters treating air emissions (14, 15, 20, 52). Compre-
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hensive characterization and understanding of air biofilter me-
tabolism requires knowledge about in situ metabolic function
and activity. The use of stable-isotope probing (SIP) in com-
bination with phospholipid fatty acid analysis on lab-scale bio-
filter samples identified Pseudomonas as a part of the styrene-
degrading community (1) and Thiobacillus as an active
member of the autotrophic community in a dimethyl disulfide-
treating biofilter (25). Findings by Friedrich and Lipski (13),
who also combined isotope labeling and PLFA to a full-scale
oil mill biofilter, revealed a central role of Gordonia in hexane
transformations. However, no information from molecular
studies is available on the metabolic role of microorganisms in
full-scale biofilters treating air from pig facilities, and no study
has yet used DNA-based stable-isotope probing (DNA-SIP) to
characterize active biofilter biofilm populations.

Although the ability to remove a large range of different
odor compounds emitted from pig facilities using biofiltration
is increasingly used, the microbiology in these filters remains
almost unknown (8). The aim of this study was to identify
microorganisms involved in the transformation of butyric acid
and DMDS in a full-scale biological air filter treating air from
a pig facility. The air-water partitioning of DMDS is in the
same order of magnitude as other more abundant sulfur com-
pounds (e.g., methanethiol and dimethyl sulfide). Application
of DNA-SIP allowed us to identify active bacteria involved in
degradation of specific odor compounds in a full-scale biolog-
ical air filter treating exhaust air from a pig farm; the results
were confirmed and quantified using microautoradiography
combined with fluorescence in situ hybridization (MAR-
FISH).

MATERIALS AND METHODS

Biofilter description and analysis. From geographically distinct finishing fa-
cilities, two similar full-scale biofilters of the SKOV-type (SKOV, Roslev, Den-
mark) were examined in the present study (Fig. 1). One was located near
Randers (Denmark) and used to measure the reduction efficiency of selected
compounds and another was located near Kiel (Germany) and used for both
substrate reduction kinetics and microbial analyses. The two-sectioned biofilter
in Randers was of the trickling type and composed of porous corrugated cellulose
pads (each 2 by 10 by 0.3 m). The filter was irrigated with water to support the
active biofilm and wash away toxic waste productions. The total empty bed

residence time for this type of filter is around 0.3 to 0.4 s, and the pressure drop
in the order of 12 to 20 Pa. The Kiel biofilter was identical to the Randers filter
except of the dimensions (2 by 1.8 by 0.15 m) and an additional nonhumidified
filter section (2 by 1.8 by 0.3 m) located in continuation to the first two sections
(Fig. 1) in order to remove reminiscent hydrophobic compounds.

Biofilter performance. The pig stable-air emission and removal efficiencies of
each biofilter compartment were analyzed by using thermal desorption gas chro-
matography-mass spectrometry (TD-GC/MS) and membrane inlet mass spec-
trometry (MIMS; QMG 422; Balzers, Liechtenstein) according to a previously
developed method (11). Briefly, insulated polyterafluoroethylene tubes of equal
length were installed in (i) the ventilation channel before the biofilter, (ii)
between the two filter sections, and (iii) after the filter used for air sampling. The
quadrupole instrument was equipped with an axial electron impact ion source
(70 eV) and a mass-to-charge (m/z) range of 0 to 200. The custom-built mem-
brane inlet (Mikrolab, Denmark) was holding a poly-(dimethylsiloxane) sheet
membrane (130 �m thickness; Technical Products, Lawrenceville, GA). The
inlet temperature was held at 50°C, and the sample flow over the membrane was
300 ml min�1. Online measurements of selected m/z values were conducted: m/z
60 (carboxylic acids), m/z 94 (phenol), m/z 108 (p-cresol), m/z 122 (4-ethylphe-
nol), m/z 117 (indol), m/z 130 (skatole), and m/z 47 (reduced organic sulfur
compounds).

Measurement of dimethyl disulfide in the Randers filter was conducted to-
gether with the analysis of methanethiol, dimethyl sulfide, and H2S by proton
transfer reaction mass spectrometry (PTR-MS) analysis at a single time point
(11). Briefly, 5 liters of air were collected in nalophan bags and transported
directly to the laboratory. Concentrations were measured on a high-sensitivity
PTR-MS (Ionicon, Austria) by detection of m/z 35 (H2S), m/z 49 (methanethiol),
m/z 63 (dimethyl sulfide), m/z 95 (DMDS and phenol), and m/z 97 (34S-labeled
isotope of DMDS). In order to correct m/z 95 for a contribution from phenol,
additional samples were collected on Tenax TA adsorption tubes (Markes,
United Kingdom) and analyzed for phenol by gas-chromatography with mass
spectrometry (GC/MS; Agilent) as described elsewhere (11), with the exception
that pure Tenax TA was used as an adsorbent. Sample introduction was obtained
by thermal desorption (Perkin-Elmer Turbomatrix).

Samples of air for analysis by GC/MS were collected by a method comparable
to the method recommended by Trabue et al. (50) for sampling in humid
environments. Air was drawn through a sorbent tube packed with Tenax TA and
Carbograph 5D (Markes International, United Kingdom) at a rate of 100 ml/min
for 15 min. The tubes were sealed and subsequently analyzed for odorous
compounds in the laboratory using thermal desorption coupled with GC/MS.
Thermal desorption (Turbomatrix ATD400; Perkin-Elmer) was carried out as
follows: primary desorption at 300°C, cryogenic focusing on Tenax TA at �30°C,
and secondary desorption at 300°C min. An Agilent GC/MS (Agilent 6890N GC
and 5973N MS) was used for chromatographic separation using a temperature
programmed DB5-MS column (30 m; inner diameter, 0.25 mm; 0.25-�m film
thickness; J&W Scientific) and for compound detection and identification by
full-scan MS. Calibration was performed by injection of known amounts of
odorants dissolved in pentane or methanol onto sorbent tubes. A significant
fraction of methanethiol will be converted to dimethyl disulfide during sampling
and analysis (11). The measured dimethyl disulfide concentration is therefore
due to a combination of converted methanethiol and dimethyl disulfide originally
present in sampling air.

Emission and removal efficiency of ammonia was estimated using the Mathe-
son-Kitagawa toxic gas detector system (MEGS Specialty Gas) at a single time
point (the detection limit was �0.5 ppm).

Physical-chemical analyses. The pH and the concentration of nitrate and
nitrite in the irrigation water were determined according to the European stan-
dards EN ISO 10523:2008 and EN ISO 13395:1996, respectively. The pH in both
the primary and the secondary filter was 7 for the Randers filter, whereas 7.1 and
7.2, respectively, were used for the Kiel biofilter. In the irrigation water of the
Randers biofilter, inorganic N was extracted in a 1 M KCl solution as described
by Keeney and Nelson (22), and nitrate and nitrite concentrations were deter-
mined colorimetrically using an autoanalyzer (Technicon TRAACS 800;
Bran�Luebbe GmbH, Norderstedt, Germany). In the Randers biofilter, the
nitrate concentrations were found to be 131 � 11 mM and 90 � 8 mM, while the
nitrite concentrations were 2.1 � 1 mM and 7.0 � 2 mM in the primary and
secondary filters (n � 6), respectively. In the Kiel biofilter nitrate was below 0.7
mM in both filters, and the nitrite concentrations were 0.13 � 0.1 mM and 0.04 �
0.03 mM (n � 6), respectively.

Sample collection and microbial isotope labeling. Representative biofilter
biofilm samples (n � 6) from the Kiel facility were scraped off the support
material across the first filter, kept cool (4°C), and transported directly to the
laboratory for subsequent analysis. The biofilm were suspended in 0.01 mM

FIG. 1. Schematic diagram of biofilter in Kiel (Germany). Airflow
(broken arrow) and water flow (solid arrows) in the primary filter and
secondary filter section is indicated. The only modification with respect
to the biofilter investigated in Randers (Denmark) was the absence of
the tertiary filter. (Modified with permission from SKOV A/S.)
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phosphate buffer (pH 7.2) with 200 �M thiourea added to maintain pH and
inhibit nitrification (to a final concentration of 10 g liter�1). This same solution
was used for three different incubations in the present study: (i) DNA-SIP
analysis, (ii) MAR-FISH analysis, and (iii) substrate consumption rate measure-
ments. Multiple substrate doses were added to SIP incubations in order to keep
the concentrations of butyric acid and DMDS low and as close to in situ condi-
tions as possible while still incorporating detectable amounts of 13C into the
active biomass.

(i) SIP incubations. A total of 9 ml of the biofilm solution was transferred to
60-ml serum bottles, and either 3 mM [13C4]butyric acid (Isotec, Miamisburg,
OH) or 0.01 mM [13C2]DMDS (Isotec) was added as a substrate. Parallel incu-
bations were also prepared with unlabeled substrate and used as controls for
verification of DNA-SIP labeling. The bottles were crimp sealed with rubber
stoppers and incubated at 20°C on a rotary table. When the headspace substrate
concentration approached 0 ppb, 3 mM butyric acid (labeled or unlabeled) was
again added to bottles incubated with butyric acid as a substrate. Butyric acid was
added to time course incubations a total of 1, 5, or 13 times for samples incu-
bated for 7, 45, and 110 h, respectively. Similarly, 0.01 mM DMDS (labeled or
unlabeled) was fed to bottles incubated with DMDS as a substrate either one or
two times, giving total incubation times of 120 and 240 h, respectively. For each
time point, incubation samples were frozen at �80°C until DNA-SIP analysis.

(ii) MAR-FISH incubations. MAR-FISH was performed as described previ-
ously (38). Briefly, 2 ml of the biofilm solution was transferred to 9-ml serum
bottles, and either 20 �Ci of [14C2]butyric acid (3 mM; American Radiolabeled
Chemicals, St. Louis, MO) or 10 �Ci of [14C2]DMDS (0.1 mM; American
Radiolabeled Chemicals) was added. Bottles were crimp sealed with rubber
stoppers and incubated aerobically at 20°C on a rotary table. As a control for
chemography, a biofilm solution was pasteurized at 70°C for 10 min prior to
MAR incubation. Incubation times were 19 and 260 h, respectively, for butyric
acid and DMDS as a substrate. MAR incubations were carried out in triplicates
and terminated by fixing samples with 4% paraformaldehyde and 50% ethanol
for Gram-negative and Gram-positive bacteria, respectively, as described else-
where (37).

(iii) Consumption rate measurements. Triplicate 2-liter reference bottles with
0.25 liter of the biofilm solution and 3 mM nonlabeled butyric acid (Sigma-
Aldrich, St. Louis, MO) or 0.01 mM nonlabeled DMDS (Sigma-Aldrich) were
incubated under the same conditions as described for SIP and MAR incubations.
The gas-tight lids were penetrated by polytetrafluoroethylene tubes for head-
space measurements of butyrate (m/z 60) and DMDS (m/z 94 and m/z 96) by
MIMS using settings as described previously. For MIMS, the lowest possible
airflow of 20 ml min�1 and recirculation of the headspace air sample was applied
in order to reduce the loss of butyrate and DMDS during sampling. In bottles
identical to the reference setups but with no biofilm added, loss of substrates
during MIMS measurement was determined and found to be insignificant. To
estimate the vapor-liquid equilibrium of butyric acid and DMDS, Henry’s con-
stants of 1.90 � 103 M atm�1 (5) and 8.40 � 10�1 M atm�1 (51) for standard
conditions were used, although they were likely deviating from authentic values
due to ions and biofilm in the liquid phase and a 5°C temperature difference.

Samples for pH detection were taken from the reference bottle using a needle
and syringe and measured by indicator strips (Merck). The pH of the butyric acid
incubation was adjusted periodically by titration with 1 M NaOH; an equal
concentration was added to the SIP and MAR incubations.

DNA extraction and fractionation. Total DNA was extracted from the SIP
incubations after 7, 45, and 110 h of incubation for [13C4]butyric acid and for 120
and 240 h of incubation for [13C2]DMDS, and 2-liter reference bottles using the
Fast DNA SPIN kit (MP Biomedicals, Irvine, CA). The DNA concentration was
measured on a NanoDrop 2000 spectrophotometer (Thermo Scientific).
Isopycnic separation of “heavy” and “light” DNA was performed on each DNA
extract as described previously (36). Briefly, from each sample between 0.24 and
2 �g of DNA was added to the gradient buffer and mixed with cesium chloride
to a final density of 1.725 g ml�1. Solutions were sealed in 5.1-ml polyallomer
tubes (Beckman Coulter, Fullerton, CA) and ultracentrifuged in a Vti 65.2
vertical rotor (Beckman Coulter) at 20°C with a speed of 177,000 � gav for 40 h.
Each tube was fractionated into 12 volumes of �425 �l, and DNA was precip-
itated with polyethylene glycol and glycogen (Sigma-Aldrich), which was verified
by PCR to be a nucleic-acid-free carrier for precipitation (3). Fractionated DNA
was suspended in nuclease-free water, and aliquots were visualized on a 1%
agarose gel stained with GelRed (Biotium, Hayward, CA).

Fingerprinting of fractionated DNA. PCR amplification for denaturing gradi-
ent gel electrophoresis (DGGE) analysis was performed using the bacterial
primer pair 341F-GC and 518R (34). Amplification was performed in a volume
of 50 �l using the following conditions: 1� ThermoPol Buffer (New England
Biolabs, Ipswich, MA), 0.03 mg of bovine serum albumin (Sigma-Aldrich), 0.4

mM deoxynucleoside triphosphate, 0.5 �M concentrations of each primer, and
2.5 U of Taq polymerase (New England Biolabs). A C1000 thermal cycler
(Bio-Rad) was used for the amplification starting with 5 min at 95°C, followed by
30 cycles of 1 min at 95°C, 1 min at 55°C, and 1 min at 72°C, and these were
followed by a final extension step of 7 min at 72°C. PCR products were run on
a 10% acrylamide gel with 30 to 70% denaturant as described previously (16);
electrophoresis was carried out at 85 V and 60°C for 14 h with a DGGEK-2401
system (CBS Scientific). The gels were stained for 1 h with SYBR green (Invit-
rogen) and scanned with a Typhoon 9400 variable mode imager (GC Health-
care).

16S rRNA gene clone library construction and phylogenetic analysis. From
the DGGE results, distinct light (fraction 10) and heavy (fraction 5) DNA
fractions were identified. Predominant bands from fraction 5 were chosen for
subsequent sequencing by excising bands, reamplification using the protocol
described above, and sequencing with the 341F primer.

PCR products were generated using the 16S rRNA gene primer pair 8F and
1492R (12, 27), targeting most bacteria. The 50-�l PCR mix contained 1�
standard reaction buffer (Amplicon, Skovlunde, Denmark), 0.5 mM deoxy-
nucleoside triphosphate (Amplicon), 0.2 �M concentrations of each primer, 2.5
U of Taq DNA polymerase (Amplicon), and 1 �l of DNA template. The PCR
amplification was initiated by 10 min at 94°C, followed by 30 cycles of 30 s at
94°C, 30 s at 56°C, and 30 s at 72°C, and these steps were followed by a final
extension step of 7 min at 72°C. Amplicons of the 16S rRNA gene were ligated
directly into the TOPO vector (Invitrogen) and transformed as described in the
manufacturer’s instructions. Recombinant plasmids were extracted using the
FastPlasmid minikit (Eppendorf, Lübeck, Germany) and sequenced by Macro-
gen (Korea).

The Bellerophon server (18) identified eight putative chimeric sequences, and
these were excluded from further analysis. Sequences were aligned and phylo-
genetic trees were constructed in the ARB software package (30) with the
SILVA reference database (release 100 [39]) using maximum-likelihood, neigh-
bor-joining, and maximum-parsimony algorithms. Only near-full-length se-
quences (�1,200 nucleotides) were included, and a filter based on at least 50%
base similarity was applied. Bootstrap analysis of the branching pattern was made
with the maximum-parsimony method (1,000 replicates). Clones obtained in the
present study and represented in the phylogenetic trees were named butyric
acid-oxidizing biofilm (BOB) clones. The sequences obtained here are available
in GenBank under accession numbers HQ116699 to HQ116760.

FISH and microautoradiography. Samples were homogenized in a glass tissue
grinder (Thomas Scientific) and immobilized on gelatin-coated coverslips at
50°C. The samples were hybridized with fluorescently labeled oligonucleotide
probes (Biomers, Ulm, Germany) performed as described in detail elsewhere
(37). The EUBmix probes (9, 49) were labeled with 5(6)-carboxyfluorescein-N-
hydroxy-succinimide ester (FLUOS). Phylum- and group-specific probes were
labeled with sulfoindocyanine dyes (Cy3), as was the NONEUB negative control
probe (53). Phylum-specific probes used in the present study included BONE23a
(2), BTWO23a (2), NSO190 (33), BET42a, GAM42a (32), CF319ab (31), and
HGC69a (42), and these corresponded to the 	1 group of Betaproteobacteria, the
	2 group of Betaproteobacteria, Nitrosomonas, Gammaproteobacteria, Bacte-
roidetes, and Actinobacteria groups, respectively. When possible, a hierarchical
set of probes was used to increase probe specificities. Quantification of fluores-
cence in situ hybridization (FISH) signals was performed as described by Nielsen
(37) as a double hybridization with Cy3-labeled specific probes and the FLUOS-
labeled probe EUBmix. The detection limit was 0.3% of EUBmix-positive cells
as determined with the Cy3-labeled probe NONEUB. The FISH-detectable
fraction of the community was determined relative to the total prokaryotic
community, that is, cells with a diameter 
2 �m as stained with DAPI (4�,6�-
diamidino-2-phenylindole; 1 �g ml�1; Molecular Probes) after FISH for 10 min.
Autoradiographic processing and microscopic evaluations were conducted as
described by Nielsen and Nielsen (38).

RESULTS

Biofilter performance. The two biofilters (Randers and Kiel)
had been running constantly for several months at the time of
sampling. The cellulose pad biofilm exhibited a patchy distri-
bution of various thicknesses. There was an overall decrease in
biofilm thickness along the airflow axis from several millime-
ters to barely discernible. The support material of the third
section of the Kiel biofilter was covered by a fibrous layer of
fungal mycelium-like morphology. The pH in both biofilters
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were neutral, whereas the concentration of NO3
� and NO2

�

had accumulated substantially in the Randers biofilter.
Elimination of odor compounds. The concentration of se-

lected compounds and chemical groups in the air emissions
from the pig stables and the capabilities in eliminating these
compounds of the two SKOV-type biofilters investigated are
presented in Table 1. Unbiased detection and quantification of
DMDS is highly challenging for several reasons. As mentioned,
on-line MS is not directly able to distinguish DMDS from
phenol, since they have the same molecular weight. Using a
DMDS mass fragment at m/z 79 does not solve this, since other
compounds contribute to this mass (p-cresol in MIMS and
benzene in PTR-MS). Analysis by GC/MS is associated with a
bias due to dimerization/oxidation of methanethiol either dur-
ing sampling or analysis (11, 29). Because methanethiol is most
likely more abundant (24), this may lead to an overestimation
of DMDS. Gas chromatographs with sulfur-specific detection,
e.g., amperometric or chemiluminescence, suffer from high
detection limits (ca. 3 to 10 ppb). PTR-MS detection of DMDS
by means of m/z 97 by taking advantage of the 34S-labeled
isotope abundance, theoretically at 8.8% for a compound with
two sulfur atoms, is biased by the presence of furfural, which
would also contribute to m/z 97. In addition, the m/z 97 ob-
served here was relatively close to the detection limit. As a
compromise, DMDS was estimated by measuring the concen-
tration of phenol by GC/MS analysis of Tenax-packed sorbent

tubes and subtracting this from the sum of the concentrations
of DMDS and phenol, �DMDS�phenol, as estimated by PTR-
MS. The ammonia emissions of �10 and �8 ppm were re-
duced to less than 0.02 and 0.01 ppm for the Randers and the
Kiel filters, respectively. This removal was mainly accom-
plished by the first filter sections. The results are summarized
in Table 1.

Activity of incubations. Incubations with unlabeled butyric
acid and DMDS revealed removal from the headspace follow-
ing first-order kinetics with rate constants of 0.48 h�1 and 0.02
h�1, respectively, indicating the presence of active populations
of butyric acid and DMDS-oxidizing bacteria. To incorporate
sufficient activity of the 14C-labeled substrates in the MAR
microcosms, one [14C2]butyrate addition was adequate. The
specific activity of [14C2]DMDS was relatively high (50 mCi
mmol�1), which necessitated a concentration of 0.1 mM
DMDS in order not to lose the specified level of radioactivity
(10 �Ci).

DGGE profiling of fractionated DNA from SIP incubations.
Diverse DGGE patterns were associated with the low-density
gradient fractions, demonstrating a wide diversity of microor-
ganisms present in the Kiel biofilter biofilm. For butyric acid
SIP, one distinct 13C-enriched band emerged in the heavy
fractions after an incubation time of 7 and 45 h (data not
shown) likely representing one highly active species. This 13C-
enriched band was accompanied by few other bands after 110 h

TABLE 1. Concentrations of selected VOCs and their removal efficiency in the Kiel and Randers trickling biofilters

Analysis type m/z
value

Concn (ppb)
Removal efficiency (%)

Kiel filter Randers filter

Kiel Randers Overall Primary
section

Secondary
section Overall Primary

section
Secondary

section

Measurement by Matheson-Kitagawa
gas detection

Ammonia �8,000 �10,000 89 � 10 90 � 10

Organic compoundsa

Acetic acid 60 910 � 20.3 �100 �100
Propionic acid 74 330 � 4.3 99.8 99.7 29.8
2-Methylpropionic acid 88 33.6 � 1.4 �100 �100
Butyric acid 88 116 � 2.8 99.9 99.9
3-Methylbutyric acid 102 20.4 � 0.3 �100 �100
2,3 Butanedione 86 10.2 � 4.5 �100 �100
3-Hydroxy-2-butanone 88 28.3 � 22.3 �100 �100
Pentanoic acid 102 27.7 � 1.2 �100 �100
4-Methylpentanoic acid 132 0.12 � 0.2 �100 �100
Hexanoic acid 116 3.2 � 0.6 �100 �100
C�2 carboxylic acids 73 �100 �100 70 � 18 53 � 25 42 � 20
Phenol 94 3.8 � 0.6 �100 �100 81 � 3 44 � 9 66 � 6
p-Cresol 108 �100 �100 89 � 3 46 � 10 79 � 4
4-methylphenol 109 18.0 � 11.3 �100 �100
4-Ethylphenol 122 2.7 � 2.6 �100 �100 68 � 11 26 � 16 56 � 14
Indole 117 0.54 � 0.7 �100 �100 48 � 12 17 � 14 38 � 11
Skatole 130 1.73 � 1.8 98.9 98.9 69 � 10 20 � 16 62 � 10
Reduced organic sulfur

compounds
47 19 � 21 16 � 22 4 � 12

Measurements by PTR-MS (n � 1)
H2S 35 102 –2 –21 15
Methanethiol 49 12.5 50 40 16
Dimethyl sulfide 63 12.2 29 18 13
Dimethyl disulfide 95 0.61 � 0.1 1.0 � 0.5 94 86 59

a Determined by GC/MS (Kiel) or by MIMS (Randers).
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of incubation (Fig. 2) in the high-density fractions. Since a
smear of fingerprints from the light fractions appeared in frac-
tion 6, which was also observed in the unlabeled control (data
not shown), fraction 5 (density, 1.732 g ml�1) was chosen for
further phylogenetic analysis. The DGGE bands retrieved
from heavy DNA, fraction 5 (Fig. 2), yielded clear 16S rRNA
gene sequences and were in agreement with clone library data,
grouping with the Actinobacteria (Fig. 3).

No unique DGGE bands were apparent in the high-density
fractions for the [13C2]DMDS incubations, suggesting insuffi-
cient 13C labeling of DNA in microorganisms transforming the
DMDS. Likely, adsorption to biofilm and particles trapped in
the biofilm as observed by MAR analysis (see below) have
overestimated the actual first-order consumption rate.

Butyric acid assimilators identified from SIP analysis. Phy-
logenetic trees were constructed from light DNA (fraction 10)
and heavy DNA (fraction 5) using a total of 23 and 39 high-
quality sequences, respectively. Twelve sequences from frac-
tion 5 and three sequences of fraction 10 were of mitochon-
drial origin, most likely fungal, but their identity and exact role
was not further resolved.

The most abundant phylum of the light DNA clone library
was Proteobacteria, with all sequences affiliating with the beta
subdivision (14 sequences; 61%), followed by Bacteroidetes
(four sequences; 17%) and 1 sequence representing each of
Actinobacteria, Firmicutes, Verrucomicrobia, candidate division
OD1 and TM7 (4% each) (Fig. 3A). In the heavy DNA clone
library, Actinobacteria was the most abundant phylum (31 se-
quences; 79%) (Fig. 3C), followed by Betaproteobacteria (3
sequences; 8%), Gammaproteobacteria (3 sequences; 8%), and
Alphaproteobacteria (2 sequences; 5%) (Fig. 3B). At the genus
level, only two genera (Castellaniella and Microbacterium) were
shared among the low- and high-density DNA clone libraries.
The community divergence between the fractions strongly in-
dicated a shift in the microbial community caused by the in-
corporation of 13C-labeled substrate.

A total of 13 operational taxonomic units (OTUs) were

obtained from the 13C-enriched DNA. Although the most
abundant OTUs were closely related to the actinobacterial
genera Microbacterium, Rhodococcus and Propionibacterium,
sequences were also obtained affiliating Gordonia, Dietzia and
Janibacter (Actinobacteria). The remaining seven OTUs con-
tained one or two sequences each and affiliated with Alpha-,
Beta-, and Gammaproteobacteria.

Substrate assimilation patterns from MAR-FISH analysis.
MAR was conducted with both [14C2]butyric acid and
[14C2]DMDS as substrates (Table 2), and precipitation of silver
grains on top of individual cells distinguished MAR-positive
cells from non-active members of the microbial community
(Fig. 4). Radioactive substrate sorption to nonbiological ob-
jects in the biofilm was observed in pasteurized controls, but
active substrate uptake was easily distinguished from sorption
and precipitation, compared to the control.

Approximately 8% of the EUBmix-detectable community
(all bacteria) took up [14C2]butyric acid, and the application of
specific probes revealed that major assimilations were specifi-
cally carried out by two distinct morphological groups: rods
and microcolony-forming cocci both targeted by the HGC69a
probe (Actinobacteria), thereby confirming the SIP results (Fig.
4). A small fraction of Comamonadaceae-related bacteria also
took up [14C2]butyric acid, although the MAR activity was low.
DMDS was assimilated by ca. 20% of the EUBmix detectable
community. Actinobacteria and Bacteroidetes (probe CF319ab)
were identified as being part of the community taking up
DMDS but, surprisingly, several ammonia-oxidizing bacteria
(probe NSO190 in combination with BET42a, with typical ni-
trifier cell and microcolony morphology) were also labeled,
although not found by SIP. Other spherical cells with an ap-
proximate diameter of 10 �m were also found to be MAR
positive after [14C2]DMDS incubation but did not hybridize
with the specific probes used here. Since eukaryotic cell struc-
tures were not conserved by fixation, these structures are hy-
pothesized to represent fungal spores. However, these struc-
tures represented a minor part of the MAR-positive microbial
community (
5%). Quantitative FISH analysis with the ap-
plied FISH probes did not reveal significant changes in the
population due to isotope incubation (data not shown).

DISCUSSION

Biofiltration is a promising and cost-effective technology for
the treatment of large volumes of industrial waste gas contain-
ing low concentrations of various VOCs. Butyrate- and re-
duced organic sulfur-containing compounds are commonly de-
tected in emissions from pig facilities, but considerable
elimination of the two compounds by biofiltration has been
demonstrated (11). In the present study, we detected the re-
moval efficiency of major groups of VOCs, as well as few single
compounds, by two biofilters of the SKOV-type (Fig. 1). Upon
high emission rates of carboxylic acids, removal efficiencies as
high as 90% were observed, although the overall removal rate
for one of the biofilters was slightly lower than previously
reported for a SKOV-type filter (�75%) (11). This might be
caused by an underestimation due to condensed water in the
tubing during MIMS measurement. The removal of butyrate
and other carboxylic acids was mainly attributed to the primary
filters due to their hydrophilicity and high bioavailability, also

FIG. 2. DGGE fingerprints of SIP-incubated biofilter biofilm. Dur-
ing the 110 h of incubation, 3 mM [13C4]butyric acid was supplied, at
depletion, as a substrate through 12 additions. PCR-amplified 16S
rRNA genes from fractions 3 (heaviest) to 11 (lightest) are presented.
The numbered bands were excised for DNA sequence analysis.
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in accordance with previous observations (11). High removal
efficiencies were generally obtained for aromatic compounds
(48 to 89%), which in all cases mainly were accomplished by
the secondary filter. Khammar et al. (23) found a similar strat-
ification, where oxygenated compounds were removed at the
inlet of a lab-scale biofilter, while aromatics were reduced
deeper inside the biofilter, reflecting the hydrophobicity and
bioavailable character of these compounds. The abundances of
reduced sulfur compounds, as measured by PTR-MS, were
close to previously reported values for emissions from pig
production (24). Their elimination in the biofilter mainly oc-
curred in the primary filter, but was relatively weak, possibly
due to low mass transfer of these volatile hydrophobic com-
pounds. Finally, ammonia was completely eliminated by the
primary filter. Ammonia was likely oxidized by nitrifying bac-
teria, which have been detected in a similar biofilter (20),
causing the accumulated concentrations of nitrate and nitrite.
Thus, various VOCs with different properties and ammonia
emitted from the pig facility were removed by the SKOV-type
biofilter.

A combination of the molecular tools DNA-SIP and MAR-
FISH was used to isotopically label and identify microorgan-
isms assimilating butyric acid and DMDS in a SKOV-type
biofilter located near Kiel, Germany. DNA-SIP identifies bac-
teria that assimilate a specific substrate by purifying entire
genomes of the active organisms, but a longer incubation time
is required; the active cells must undergo at least two to three
cell divisions. On the other hand, MAR-FISH quickly detects
all incorporated radiolabeled macromolecules without the re-
quirement of cell division and yields quantitative information
on the relative abundance of the active community. However,
MAR-FISH is limited to the populations targeted by the se-
lected probes. In general, obtaining sufficient isotopic labeling
of the active portion of the microbial community is compli-

cated by efforts to minimize incubation times and maintain
substrate concentrations as close to in situ environmental con-
ditions as possible (35, 38). The compromise used in the pres-
ent study was to apply concentrations of butyrate in the SIP
and MAR microcosms �1 order of magnitude higher than
those measured in the exhaust air, whereas the DMDS con-
centration was 4 and 5 orders of magnitude higher in the SIP
and MAR microcosms than those measured, respectively. The
elevated concentrations and long incubation time applied to
the DMDS microcosms might have biased the results from the
SIP experiment. However, no changes in the abundance of any
of the investigated FISH populations were detected as a con-
sequence of the incubations. Despite the limitation of each
method and a relatively low number of sequences analyzed,
initial information toward characterizing active and uncultured
microorganisms involved in DMDS and butyrate uptake was
obtained.

The 16S rRNA gene sequences derived from the [13C4]
butyric acid microcosm heavy DNA demonstrated that Actino-
bacteria were enriched, including the genera Microbacterium,
Rhodococcus, and Propionibacterium, followed by Dietzia, Gor-
donia, and Janibacter. In addition, several OTUs within Alpha-,
Beta-, and Gammaproteobacteria were detected. MAR-FISH
confirmed Actinobacteria as the dominating butyric acid-con-
suming phylum. Several BONE23a (Comamonadaceae) posi-
tive cells were also associated with butyrate uptake according
to MAR-FISH. However, no SIP-identified Betaproteobacteria
were identified by MAR-FISH, and none of the clones from
the labeled DNA contained the target site for the probe
BONE23a. Apart from the direct use of butyric acid as an
energy and carbon source, the compound has also been re-
ported to be assimilated in storage compounds such as poly-
	-hydroxybutyrate granules in different microorganisms, which
could possibly explain this result (28). In general, Actinobacte-
ria are often found to be a quantitatively important part of the
microbial community in biofilters treating VOC (15) and were
also found to constitute up to 16% of the total community in a
similar air filter treating exhaust air from a pig farm (26). The
aerobic Gordonia and Rhodococcus have previously been de-
tected by cultivation in biofilter communities (23), and several
other genera of Actinobacteria such as Dietzia, Gordonia, Jani-
bacter, and Rhodococcus are known to oxidize butyric acid as
detected in pure culture studies (4, 7), but the ability has not
yet been shown with in situ experiments. Furthermore, Gordo-
nia has previously been associated with the degradation of
hexane using stable isotope-based phospholipid fatty acid anal-
ysis on a biofilter treating air from an oil mill (13), which could
suggest a more general role for species of this genus. The
observation of Propionibacterium in large numbers in the
[13C4]butyric acid clone library was somewhat surprising be-

FIG. 3. Phylogenetic affiliations of obtained 16S rRNA sequences from the DNA-SIP experiment. (A) Microbial community composition of
sequences obtained from the light DNA fraction (10) at the genus level, with divisions indicated with curly brackets. (B and C) Maximum-likelihood
tree of Proteobacteria-related (B) and Actinobacteria-related (C) sequences obtained from the heavy fraction (5). The closest GenBank uncultured
sequences and reference strains are shown, and the accession numbers and number of sequences within each OTU which is represented by only
one sequences is indicated in parentheses). Bootstrap support is indicated by open circles (E) for values �75% and filled circles (F) for values
�95%. The trees were rooted using Campylobacter insulaenigrae (AJ620504) and C. lari (L04316) (B) and Patulibacter americanus (AJ871306) and
P. minatonensis (AB193261) (C). The approximate phylogenetic affiliation of the excised DGGE sequences from Fig. 2 is indicated by symbols
along the right side of the figure.

TABLE 2. Uptake of butyric acid and DMDS as determined by
MAR and identified by FISH

Organism FISH counts
(% of EUBmix)

Substrate (% MAR
positive)a

Butyric acid DMDS

Bacteria (EUBmix) 8 20
Comamonadaceae (BONE) 12 1 (�) –
Other Betaproteobacteria

(BTWO)
12 – –

Betaproteobacterial AOBs
(NSO190)

15 – 10 (��)

Gammaproteobacteria (GAM42a) 3 – –
Sphingobacteria and Flavobacteria

(CF319a)
7 – 6 (�)

Actinobacteria (HGC69a) 30 22 (��) 20 (�)

a –, No uptake; �, weak but positive uptake; ��, strong uptake.
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cause species of this genus are considered to be primary fer-
menting bacteria producing propionic acid (48). However, the
existence of anoxic or even microaerophilic pockets in the
biofilm may create a habitat for fermentation of butyric acid by
Propionibacterium or an oxic metabolic pathway may exist. The
finding of Gammaproteobacteria in the [13C4]butyric acid clone
library was not confirmed by MAR-FISH and could thus im-
plicate the presence of cross-feeding, [12C]DNA contamina-
tion, cells with low activity, ribosomal content, or substrate
incorporation, or a group of Gammaproteobacteria without the
GAM42a-target site. Various types of Gammaproteobacteria
have been proposed to be important degraders of butyric acid
in a biofilter by means of cultivation, but Sheridan et al. (45)
also noted that Gammaproteobacteria are fast growing in cul-
tures, possibly overgrowing important microorganisms. Major
parts of the biofilm in the SKOV-type biofilter are oxic (20),
which reflects the aerobic microbial community taking up bu-
tyric acid identified in the present study with the exception of
Propionibacterium.

Actinobacteria were also the main community members af-
filiated with the oxidation and assimilation of DMDS carbon,
followed by the betaproteobacterial ammonia-oxidizing bacte-
ria (AOB) (NSO190) and the group of Sphingobacteria and
Flavobacteria (Bacteroidetes; CF319ab). AOB assimilation of
DMDS was unexpected because AOB are normally considered
autotrophic and also because of the addition of thiourea to the
incubations. Thiourea specifically inhibits the enzyme ammo-
nia monooxygenase (19), so our results suggest that the DMDS
was taken up by an alternative metabolism. The finding of
AOB assimilating DMDS carbon could also imply cross-feed-
ing. Long incubation times of the [14C4]DMDS microcosm may
have resulted in the production of [14C]CO2 from the DMDS-

oxidizing bacteria, which was assimilated by the autotrophic
AOB. Although the MAR signals were the most dominant in
the systems, no AOB sequences were identified in the SIP
experiment. However, the uptake of small amount of organic
substrates such as p-cresol, pyruvate, and triclosan by nitrifiers
has previously been described (10, 21, 41) and, from whole-
genome sequencing of Nitrosomonas europaea, genes encoding
enzymes for catabolic oxidation have been identified (6). No
associations between AOB microcolonies and other microor-
ganisms were observed by FISH using any of the probe com-
binations. The exact role of AOB in DMDS transformation
therefore remains unknown, although our results show that
they have a metabolic role to play in these biofilter environ-
ments. Several examples have shown a complete oxidation of
DMDS to sulfate (46), but since Actinobacteria, Flavobacteria,
and Sphingobacteria are not typically involved in the sulfur
cycle, the biochemical pathways remain unknown for these
species. The biodegradation kinetics of DMDS in the biofilter
needs further investigation in order to understand the flow of
elements from DMDS.

In conclusion, the two isotope-based molecular methods
used here provided complementary data, which revealed the
active odor-eliminating microbial communities in these biofil-
ter environments. The results underline a strong contribution
of the Actinobacteria in the uptake of both butyric acid and
DMDS in the biofilter, although more specific probes and
targeted cultivation and metagenomic efforts would help us to
better understand the precise metabolic roles of each of the
detected genera in these systems. The findings show, for the
first time, active microbial consortia that metabolize specific
compounds in the exhaust air from pig facilities. Identifying
the roles of specific organisms within air biofilter communities

FIG. 4. Microautoradiography (MAR) combined with fluorescence in situ hybridization (FISH) performed on biofilter biofilm. The images
show representative MAR-positive microcolonies and single cells after 19 h of incubation of the biofilm with 0.1 mM [14C2]DMDS (A to C) and
260 h with 3 mM [14C2]butyric acid (D to F). The images are composed of a fluorescence micrograph after hybridization with the probes NSO190
(A and B) specific for ammonia oxidizing Betaproteobacteria and EUBmix targeting all bacteria (A). Cells appearing yellow hybridized with both
probes (A). Panel C shows an example of single cells with fungal morphology which had assimilated [14C2]DMDS. Panel E shows cells hybridized
with a Cy3-labeled probe (red) specific for Actinobacteria (HGC69a) and EUBmix (green), and panel F is the superimposed image from panels
D and E. Cells MAR positive and targeted by the HGC69a probes are indicated by arrows. Scale bars, 10 �m.
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represents an important first step toward understanding the
stability and efficiency of such biofilters, optimizing the re-
moval of key compounds, and guiding targeted cultivation and
genomic efforts that might result in the development of de-
signer consortia for industrial bioaugmentation applications.
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