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Experimental evidence suggests that microfilaments and microtu-
bules play contrasting roles in regulating the balance between
motility and stability in neuronal structures. Actin-containing mi-
crofilaments are associated with structural plasticity, both during
development when their dynamic activity drives the exploratory
activity of growth cones and after circuit formation when the
actin-rich dendritic spines of excitatory synapses retain a capacity
for rapid changes in morphology. By contrast, microtubules pre-
dominate in axonal and dendritic processes, which appear to be
morphologically relatively more stable. To compare the cytoplas-
mic distributions and dynamics of microfilaments and microtubules
we made time-lapse recordings of actin or the microtubule-
associated protein 2 tagged with green fluorescent protein in
neurons growing in dispersed culture or in tissue slices from
transgenic mice. The results complement existing evidence indi-
cating that the high concentrations of actin present in dendritic
spines is a specialization for morphological plasticity. By contrast,
microtubule-associated protein 2 is limited to the shafts of den-
drites where time-lapse recordings show little evidence for dy-
namic activity. A parallel exists between the partitioning of mi-
crofilaments and microtubules in motile and stable domains of
growing processes during development and between dendrite
shafts and spines at excitatory synapses in established neuronal
circuits. These data thus suggest a mechanism, conserved through
development and adulthood, in which the differential dynamics
of actin and microtubules determine the plasticity of neuronal
structures.

Neuronal circuits need to maintain a delicate balance be-
tween stability and plasticity. On the one hand, the synaptic

connections they make must be stable enough to support reliable
signal transmission, while on the other, they must be sufficiently
plastic to accommodate changes in connectivity that are neces-
sary for the long-duration adaptation of behavior to sensory
experience. How is neuronal structure organized and regulated
to accommodate these diverse needs? Increasingly, experimen-
tal evidence implicates the neuronal cytoskeleton in regulating
morphological plasticity in adult as well as developing tissue.
More than any other cell type, neurons depend for their dis-
tinctive morphology on the cytoskeleton whose protein compo-
nents are organized in a set of microdifferentiated compart-
ments that mirror the polarized form of the cell and play a
significant role in determining its development (1–3). Microfila-
ments and microtubules act together to guide and support the
growth and differentiation of axons and dendrites. Whereas
dynamic actin filaments drive the exploratory activity of growth
cones as they respond to external guidance cues, microtubules
stabilize the structure of the newly established process (4–10).

Recent results suggest that a similar ‘‘division of labor’’
between the two cytoskeletal filament systems may persist in
dendrites beyond the developmental period. In adult brain the
highest concentrations of actin are associated with dendritic
spines that form the postsynaptic component of most excitatory
synapses (11–13). This dendritic spine actin retains a capacity for

dynamic activity and can drive rapid changes in their shape
(14–18). By contrast, the highest concentrations of the micro-
tubule components, including tubulin and the microtubule-
associated proteins (MAPs), occur in the shafts of dendrites
(19–23). This is consistent with ultrastructural studies showing
microtubule bundles as the predominant cytoskeletal compo-
nents of dendrite shafts whereas the cytoplasm of spines is
characterized by a meshwork of fine filaments consistent with the
predominance of actin-containing microfilaments (24–26).

Despite these indications for separation between the two
filament systems, the nature of the interface between the mi-
crotubule and microfilament domains has remained uncertain
because of immunohistochemical data suggesting that MAP2,
the major dendritic MAP, is present at postsynaptic sites and in
dendritic spines (19, 27, 28). MAP2 can bind to actin in vitro (29,
30) so if it is present in spines this might suggest that it can act
as a bridge between actin and microtubules at spine synapses.
Studies using transfected fibroblastic cells have yielded diverse
results regarding potential interactions between MAP2 and the
actin cytoskeleton (31–35). Because cytoskeletal components
are likely to be important in determining the locus of anatomical
plasticity in dendrites (16, 18, 36–39) we have re-examined the
distribution of actin and MAP2 in primary neurons by using
fluorescent protein tags that allow the both the location and the
dynamics of cytoskeletal proteins to be determined in living cell
(40). The results show a striking compartmentalization of the
cytoskeleton in dendrites with microtubule proteins limited to
the dendritic shaft whereas actin is overwhelmingly concentrated
in spines. This distribution is accompanied by a differentiation
of dendrite structure into highly motile postsynaptic elements,
the spines, and morphologically more stable elements, the
dendrite shafts.

Methods
Eukaryotic expression constructs containing actin and MAP2c
and MAP2b tagged with green f luorescent protein (GFP)
under control of chicken b-actin sequences and techniques for
preparing time-lapse recordings from transfected hippocam-
pal neurons were as described (14, 33). The topaz spectral
variant of GFP (41), here referred to as YFP (yellow f luores-
cent protein), was obtained from Packard Bioscience and was
used to replace GFP in existing vectors by standard techniques.
Transgenic mice expressing actin-GFP have been described
(42). Transgenic mice expressing MAP2-GFP were generated
by cloning a fragment containing the MAP2-GFP coding
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sequence (33) into the pTSC vector containing a modified
Thy-1 promoter (43). A 9.5-kb EcoRvyPvuI fragment was
injected into oocytes of B6CF1 strain mice, and transgenic
lines were established by standard techniques. Positive prog-
eny were identified by PCR using GFP-specific primers and by
Southern blot analysis.

Organotypic slice cultures from transgenic mice were estab-
lished as described by Gahwiler et al. (44). After at least 4
weeks in culture individual slices were mounted in purpose-
built observation chambers (Life Imaging Services, Olten,
Switzerland) and perfused with artificial cerebrospinal f luid or
Tyrode’s solution. No difference was apparent between buf-
fers. Time-lapse recordings were made by using a Leica IRBE
inverted microscope equipped with a Nipkow disk-microlens
confocal system (Life Science Resources, Cambridge, U.K.).
To display time-dependent changes in printed figures, a sub-
traction protocol was used to sum differences between images
in time-lapse recordings by using METAMORPH software (Uni-
versal Imaging, West Chester, PA). The results were displayed
by using a pseudocolor look-up table with dark blue
indicating lack of change and red to yellow increasing amounts
of motility (42).

Results
Comparison of Actin and MAP2 Distributions Using Spectral Variants
of GFP. To asses the distribution and dynamics of microfilaments
and microtubules in dendrites, we prepared eukaryotic expres-
sion vectors containing actin labeled with GFP and MAP2c
labeled with YFP. To compare their properties within the same
dendrite, hippocampal neurons from 18-day rat embryos were
simultaneously transfected with actin-GFP and MAP2c-YFP
and maintained in dispersed cell culture for at least 3 weeks. By
this time most excitatory synapses are made onto dendritic spines
of mature appearance that are contacted by presynaptic termi-
nals whereas earlier immature lateral filopodia are abundant
(45–49). Fig. 1A shows a living cell in such a culture visualized
by phase-contrast microscopy (Left) and with filter sets selective
for GFP (Center) or YFP (Right). Even at the low magnification
shown in Fig. 1 A, punctate labeling along dendrites, indicative of
actin-GFP accumulation in dendritic spines, was evident (Cen-
ter). By contrast the same dendrites visualized by MAP2-YFP
were smooth in appearance (Right), indicating the absence of
MAP2 from dendritic spines.

To study these distributions in more detail, actin-GFP and
MAP2c-YFP images were taken at higher magnification and
compared by assigning them contrasting colors (actin, green;
MAP2c, red) and overlaying the images. Fig. 1B shows the
results of this procedure for a segment of dendrite from a
doubly transfected cell in which the strong targeting of actin
into spines and the contrasting restriction of MAP2 to the
dendrite shaft is evident. The data shown in Fig. 1B were taken
from a time-lapse recording in which successive images were
captured alternately by using the GFP or YFP filter sets. Such
recordings show the same rapid dynamics of actin in dendritic
spines described in previous studies (14, 42). By contrast,
MAP2 showed no detectable dynamic activity over the 15 min
of recording (see Movie 1, which is available as supplemental
data on the PNAS web site, www.pnas.org). To represent this
result in still images, six frames of actin-GFP and six frames of
MAP2c-YFP, recorded alternately 30 s apart, were converted
into profile outlines by using a computer routine. Each was
assigned a different color and all six then were overlaid onto
a single gray-scale f luorescence image from the same time-
lapse series. Changes in the shape of dendritic spines then are
revealed by the separately colored outlines representing the
successively recorded images (Fig. 1C). By contrast, the same
procedure applied to images of MAP2c shows no detectable
change during the period of recording (Fig. 1D).

This tight localization of MAP2 to dendritic microtubules was
not only seen for the juvenile MAP2c splice variant but also for
the high molecular weight MAP2b form that is expressed in the
adult brain (50). Fig. 2 shows results for hippocampal neurons
transfected with MAP2b-GFP. Like the embryonic MAP2c
form, adult MAP2b is localized in dendrites but not within axons
(arrow in Fig. 2 A and B). Both here and in higher magnification

Fig. 1. Actin and MAP2 differ in both distribution and dynamics in living
hippocampal neurons. (A) Distribution of actin and MAP2 in a transfected
hippocampal neuron in cell culture for 24 days, simultaneously expressing
actin-GFP and MAP2c-YFP. The phase-contrast image (Left) shows the
arrangement of the cell body and processes of the transfected cell inter-
spersed with the network of axonal processes of untransfected cells. The
original gray-scale images for actin-GFP (Center) and MAP2c-YFP (Right)
images were prepared by using appropriate selective filter sets. (Bar 5 20
mm.) (B) Comparative distribution of actin and MAP2 in a dendrite segment
produced by overlaying pseudocolored images for actin-GFP (green) and
MAP2c-YFP (red). The high concentration of actin in dendritic spines
(arrowheads) contrasts with the confinement of MAP2 to dendrite shafts.
(Bar 5 2 mm.) (C and D) Time-dependent changes in the configuration of
actin and MAP2 in dendrites. Six frames from a single time-lapse recording
for actin-GFP (C) and MAP2-YFP (D) images, recorded alternately 30 s apart,
were converted into profile outlines. Each outline was assigned a different
color and overlaid onto a single gray-scale image from the same recorded
sequence. Variations between the different color outlines indicate regions
of morphological change that are evident in the actin images of dendritic
spines (C) but are absent from the MAP2 images of the dendrite shaft (D).
(Bar 5 2 mm.) Refer to supplemental Movie 1 for the original time-lapse
sequence.
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images MAP2b was bound to microtubules in dendrite shafts and
did not enter dendritic spines (Fig. 2 C and D).

Time-Lapse Recording of MAP2-GFP in Tissue Slices from Transgenic
Mice. Time-lapse recordings of GFP-labeled MAP2c in den-
drites of dispersed cells consistently failed to show dynamic
activity of the microtubule cytoskeleton over periods of up to
30 min. However, it remained possible that changes might
occur over longer periods, particularly because transfection
experiments using fibroblastic cells indicate that, although
MAP2 slows microtubule dynamics, it does not inhibit them
entirely (33). Indeed, substantial changes in configuration of
the microtubule cytoskeleton are visible when time-lapse
recordings are made from MAP2c-GFP transfected cells over
periods of several hours (33). To address the question of
whether comparable changes occur in dendrites we raised
transgenic mice expressing MAP2c-GFP in central nervous
system neurons (Fig. 3). Like the actin-GFP expressing ani-
mals we have previously described (42), MAP2c-GFP mice are
indistinguishable from nontransgenic litter mates in morphol-
ogy, fertility, and lifespan and show no obvious behavioral
abnormalities nor deficits in the Morris water maze (H.P., P.
Kelly, and A.M., unpublished data). This lack of overt effects
of expressing exogenous MAP2 is consistent with results we
previously obtained for transgenic mice expressing high levels

of epitope-tagged MAP2c (51). In organotypic hippocampal
slice cultures established from these animals MAP2c-GFP is
readily detectable in dendrites with weaker expression occur-
ring in cell bodies (Fig. 3A). In more than 50 independently
established cultures MAP2 was always limited to the shafts of
dendrites (see, for example, Fig. 3B). In several hundred cells
examined within these cultures we have failed to find any
evidence for the presence of MAP2c-GFP in dendritic spines.

Confocal time-lapse recordings of MAP2c-GFP in hip-
pocampal slices from transgenic mice showed a surprising lack
of motility. Fig. 3C shows data from a 4-week-old culture
where the general distribution of MAP2c-GFP is shown by the
single frame of original f luorescence data (Left). Fig. 3C Right
shows a ‘‘difference image’’ prepared by subtracting gray scale
values for pixels in 30 successive frames and then summing the
differences (see ref. 42). The values are displayed on a
pseudocolor scale in which areas where there was little change
are colored blue while those where large changes occurred
appear red and white. As the overall blue color of Fig. 3C Right
shows, there was little change in the MAP2c-GFP image
during the 10 min of recording. Similar time-lapse recordings
of MAP2c-GFP in hippocampal slices were made for periods
of up to 3 h (n 5 12). Fig. 3D shows an example focused on a
single dendrite recorded continuously for 3 h in which the blue
coloration of the MAP2c-containing dendrite indicates the

A B

C D

Fig. 2. MAP2 is absent from dendritic spines. (A and B) Like the embryonic low-molecular weight variant MAP2c, high-molecular weight MAP2b is confined
to the somatodendritic domain of hippocampal neurons and is absent from the axon (arrow). Shown are both a phase (A) and a fluorescence (B) image of a live
neuron transfected with GFP-tagged MAP2b and kept in culture for 14 days. (Bar 5 25 mm.) (C and D) This neuron transfected with MAP2b-GFP was maintained
in culture for 4 weeks, by which time cells carry many dendritic spines. In the enlarged image (D) of the area outlined in C, the restriction of MAP2b-GFP
fluorescence to microtubule bundles in the dendritic shaft is obvious. No fluorescence is detected in spine protuberances from the dendrite. (Bars: C 5 15 mm;
D 5 2 mm.)
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lack of change in the image (compare this to the actin-GFP
pseudocolor image of dendritic spines shown below in Fig. 4B).
We considered the possibility that microtubules in dendrites
might not show dynamic activity except under conditions of
enhanced stimulation. Because both long-term potentiation of
synaptic responses and stimulation induced increases in den-

dritic spine numbers are associated with activation of N-
methyl-D-aspartate (NMDA) receptors (52–56) we made time-
lapse recordings of MAP2c-GFP in slices during exposure to
NMDA or to the NMDA receptor antagonist MK-801. In
neither case was any change in MAP2c-GFP images detectable
in recordings of up to 2 h duration.

Fig. 3. Time-lapse recording of MAP2 in hippocampal tissue slices from transgenic mice stably expressing MAP2c-GFP. (A) Confocal GFP fluorescence
image taken near the cell body layer of area CA1 in an organotypic slice culture established from an 11-day-old transgenic mouse and maintained in
culture for 25 days. Nuclei in cell bodies are marked with *. (Bar 5 10 mm.) (B) MAP2 localization in hippocampal neurons is limited to the shafts of dendrites.
Single frame taken from a time-lapse recording of MAP2c-GFP fluorescence in the CA1 neuropil of a hippocampal slice maintained in culture for 4 weeks.
(Bar 5 5 mm.) (C and D) Short-term time-lapse assay for MAP2 dynamics. (C Left) A single confocal gray-scale image of MAP2-GFP fluorescence in area
CA1 of a 5-week-old hippocampal slice culture. (C Right) A pseudocolor ‘‘difference image’’ produced by summing gray-scale differences between images
taken 30 sec apart over 10 min of time-lapse recording. Compare the overall lack of change in the MAP2 image (dark blue color) during the recording
period to the high degree of change (green, yellow, and red) in actin images of similar configuration (Fig. 4A Right). (Bar 5 5 mm.) (D) Long-term time-
lapse assay for MAP2 dynamics. Original gray-scale fluorescence image (Upper) and pseudocolor difference image (Lower) of a dendrite segment
followed over a 3-h time period. The dark blue color again indicates an overall lack of change in MAP2 distribution during this longer recording period.
(Bar 5 5 mm.)
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Actin-GFP Shows High Motility in Dendritic Spines of Transgenic Mice.
Because MAP2-GFP in dendrites showed so little dynamic
activity, we made comparable time-lapse recordings of actin-
GFP in hippocampal slice cultures from transgenic mice. As
previously reported (42), actin-GFP was concentrated in heads
of dendritic spines (Fig. 4 A Left and B Upper). Time-lapse
recordings made from these cultures confirmed that this spine
actin is rapidly dynamic. This is shown by the pseudocolored
difference images in Fig. 4 in which areas where there were large
changes in the image during the 10 min of recording are colored
red and yellow and areas where little change occurred appear
blue.

Discussion
Our data indicate that the cytoskeleton in neuronal dendrites is
partitioned into distinct microtubule and microfilament domains
associated with dendrite shafts and spines, respectively. This
finding is in contrast to earlier immunocytochemical studies,
which reported the presence of MAP2 in dendritic spines (19, 27,
28). A possible reason for this discrepancy is that the reaction
product of immunoperoxidase staining used to detect MAP2 in
the earlier studies spread from its origin at microtubules in the
dendrite shaft into dendritic spines. Electron microscope studies
generally confirm the results of our live cell imaging observations
by showing that while microtubules are abundant in dendrites
they are absent from spines that instead contain a meshwork of
microfilaments consistent with the presence of high actin con-
centrations (11, 24–26). An exception is the presence of micro-
tubules in large, branched spines in area CA3 of the hippocam-
pus but these spines also contain ribosomes, multivesicular
bodies, and mitochondria (57) emphasizing the special status
conferred by their large size. Microtubules are not found in other
CA3 spine types of more usual size, supporting the conclusion

that microtubules generally do not extend into the spine
cytoplasm.

Based on the partitioning of microfilaments and microtubules
between shaft and spine the dendrite cytoplasm can be consid-
ered, from the perspective of plasticity, as divided into separate
microtubule (M) and actin (A) zones (Fig. 5). Interesting
questions arise concerning events at the transition zone (T, Fig.
5). Because most neurons are postmitotic, their molecular com-
ponents must be continuously replaced. For some proteins,
including MAP2 (58), this is achieved by export of mRNA into
dendrites, presumably followed by local synthesis of the protein
product (59, 60). However, for most neuronal proteins, synthesis
occurs in the cell body followed by transport into axons and
dendrites. This process is best understood for membrane pro-
teins that are transported on vesicles. These are conveyed along
microtubules by motor molecules of the kinesin and dynein
families, which can confer directional specificity toward axon or
dendrite (61–64). The recent identification of a dendrite-specific
kinesin, KIF17, bound to NMDA-2B glutamate receptor sub-
units as part of a vesicular complex (65) confirms the existence
of a mechanism for transporting functional components of spine
synapses along dendritic microtubules. The ultimate destination
of the NMDA receptor subunits is the postsynaptic membrane,
raising the question of how the vesicle that contains them travels
from the microtubule transport system of the dendrite shaft to
the postsynaptic membrane at the tip of a dendritic spine.
Evidence for interactions between microtubule- and actin-based
transport mechanisms near the cell surface (66, 67), together
with the demonstration of a direct interaction between micro-
tubule and actin transport motors (68), suggest that this transi-
tion may be accomplished by transfer of vesicles possessing
motors for both systems from microtubules to microfilaments. A
hypothetical scheme for this transfer is indicated diagrammati-

A

B

Fig. 4. Time-lapse recording of actin dynamics in dendrite spines of hippocampal tissue slices from transgenic mice expressing actin-GFP. (A) (Left) An original
fluorescence image in a single frame from a time-lapse recording in which frames were collected 30 sec apart. (Right) Changes in actin distribution over 10 min
displayed by difference imaging using a pseudocolor scale (see text for details). Red and yellow patches indicate areas of high motility associated with dendritic
spines. (Bar 5 10 mm.) (B) Single gray-scale frame (Upper) and pseudocolor difference image at higher magnification. Shape changes are associated with dendritic
spines (red and yellow patches) whereas the dendrite shaft shows little dynamic activity (Lower). (Bar 5 10 mm.)
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cally in Fig. 5 where vesicles move from microtubule to micro-
filament transport systems at the base of the spine. The man-
agement of this putative transition remains to be determined
because a thin cortical layer of actin filaments is also present
within dendrite shafts. The mechanisms responsible for deliver-
ing materials via the spine cytoplasm to sites in the postsynaptic
junction have significant implications for synaptic plasticity in
view of growing evidence for physical exchange of receptor
molecules in the postsynaptic membrane of glutamatergic
synapses (69–72).

The necessity of special mechanisms for transferring materials
from shaft to spine raises the question of why such a partitioning
of dendrite structure should exist at all. One possibility, sug-
gested by the results of the present study, is that this separation
is a specialization for regulating anatomical plasticity. As our
time-lapse recordings show, the actin and microtubule domains
are associated with distinct rates of plasticity. Whereas actin in
dendritic spine defines a region of rapid morphological change
occurring over seconds and minutes (14, 15, 17), time-lapse
imaging of MAP2 suggests that microtubules in the dendrite
shaft undergo little change in periods of up to 3 h. This does not
exclude that dynamic changes in dendritic microtubules may
occur over longer periods. Indeed time-lapse imaging of MAP2-
containing microtubule bundles in transfected epithelial cells
shows that gradual alterations in the configuration of the mi-

crotubule cytoskeleton can occur over periods of several hours
(33). This finding suggests that MAP2-containing neuronal
microtubules may have a capacity for morphological plasticity
although at a rate intrinsically slower than that of actin filament
arrays, which appear constantly motile in comparable recordings
(14). That gradual changes in the extent and branching of
dendrites can occur has been demonstrated by repetitive imaging
of dendrites in superior cervical ganglia of adult rats where
substantial changes in dendritic arbors have been documented
over periods of weeks and months (73, 74). However, other
studies support the idea that dendritic spines are the predomi-
nant site of activity-dependent morphological plasticity in the
brain in vivo (for example, refs. 17 and 75–78).

Taken together these observations suggest that microdiffer-
entiation of the dendritic cytoskeleton in mature neurons may be
a cellular specialization for dividing the structural support of
dendrites into two levels of stability. One of these, involving
microtubules, appears to respond slowly, providing morpholog-
ical stability to dendrite arbors while still allowing for long-term
flexibility, whereas the other, involving motile actin filaments,
allows for rapid, activity-dependent changes in synaptic
structure.
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