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The exploitation of soil ecosystem services by agricultural management strategies requires knowledge of microbial communities
in different management regimes. Crop cover by no-till management protects the soil surface, reducing the risk of erosion and
nutrient leaching, but might increase straw residue-borne and soilborne plant-pathogenic fungi. A cross-site study of soil micro-
bial communities and Fusarium fungistasis was conducted on six long-term agricultural fields with no-till and moldboard-
plowed treatments. Microbial communities were studied at the topsoil surface (0 to 5 cm) and bottom (10 to 20 cm) by general
bacterial and actinobacterial terminal restriction fragment length polymorphism (T-RFLP) and phospholipid fatty acid (PLFA)
analyses. Fusarium culmorum soil fungistasis describing soil receptivity to plant-pathogenic fungi was explored by using the
surface layer method. Soil depth had a significant impact on general bacterial as well as actinobacterial communities and PLFA
profiles in no-till treatment, with a clear spatial distinction of communities (P < 0.05), whereas the depth-related separation of
microbial communities was not observed in plowed fields. The fungal biomass was higher in no-till surface soil than in plowed
soil (P < 0.07). Soil total microbial biomass and fungal biomass correlated with fungistasis (P < 0.02 for the sum of PLFAs; P <
0.001 for PLFA 18:2�6). Our cross-site study demonstrated that agricultural management strategies can have a major impact on
soil microbial community structures, indicating that it is possible to influence the soil processes with management decisions.
The interactions between plant-pathogenic fungi and soil microbial communities are multifaceted, and a high level of fungistasis
could be linked to the high microbial biomass in soil but not to the specific management strategy.

Arable land is an exceptional ecosystem where the soil func-
tional processes are altered by human management such as

tillage. Unbalanced soil processes accelerate environmental prob-
lems like erosion, the leaching of nutrients (43, 51), and environ-
mental chemicalization due to excess chemical plant disease con-
trol (7). On a global scale, no-till management has increased more
than 230% during the last 10 years, being 111 million ha in 2009
(49). Increased interest in no-till management, in which crop is
sown without prior tillage (leaving 30 to 100% of the soil surface
crop covered), results from its advantages in the control of erosion
and nutrient leaching and the reduction in fossil fuel consump-
tion and labor hours of cultivation (49). One objective of tradi-
tional moldboard plowing and other primary tillage manage-
ments is to mix the crop residues into the tillage layer of 10 to 30
cm. In no-till management, mechanical disturbance of the soil is
minimized, and crop residues are left on the soil surface, enhanc-
ing carbon stratification on the uppermost 0- to 5-cm soil layer
(e.g., see reference 3). The adoption of no-till management creates
gradual changes in soil physical properties relevant to soil ecolog-
ical processes. No-till soil has also been reported to retain more
soil moisture (e.g., see reference 41) and to dry and warm more
slowly in the spring than plowed soil. On the other hand, crop
residue-covered zero-tilled soil has been found to stay warmer
during autumn and winter.

However, changes in soil carbon allocation, mixing intensity,
and soil moisture and temperature conditions affect the distribu-
tion and living conditions of microbial communities in soil. No-
till management increases soil fungal hypha density and plant
arbuscular mycorrhizal fungus colonization in comparison to
plowing (26, 35). Microbial biomass and enzyme activities have
been found to be higher in no-till soil (54). No-till fields also have
larger amounts of cultivated microorganisms and higher denitri-

fication rates in the soil surface layer (0 to 7.5 cm) than plowed
soils, but the opposite seems to be true for deeper layers (7.5 to 30
cm) (20). Overwintering crop residues at the soil-air interface
might function as a source of plant fungal pathogens infecting new
crops sown directly into the stubble (4), causing losses in yield and
increasing the undesirable use of fungicides. The emergence of
soilborne plant diseases is a result of relationships between and
among microorganisms, pathogens, and plants interfering with
soil properties.

In suppressive soils, disease incidence or severity remains low
regardless of the presence of the pathogen, the host plant, and
favorable environmental conditions for disease development (1).
One form of soil suppressiveness is fungistasis, defined as the at-
tribute of the soil that restricts the germination and growth of
fungi (29, 38). In theory, soil-resident microorganisms mediate
suppressiveness and fungistasis by competing for nutrients, pro-
ducing antagonistic compounds and occupying the potential
niches of pathogens (46). Fungistasis was suggested previously to
be important for the general suppressiveness of fungal pathogens
(52). Microbial community composition can affect soil fungistasis
(19). When agricultural management changes the soil general mi-
crobial activities and biomass (39), it can potentially also affect soil
suppressiveness. The management of tillage intensity, which may
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affect microbial activities and microbial biomass, has been hy-
pothesized to have an effect on soil fungistasis. The relationship of
the general microbial community structure and specific bacterial
groups to fungistasis is not understood, and it is not known if
certain microbial populations are important for the establishment
of fungistasis.

The knowledge of how soil management changes microbial
community structures is a prerequisite for optimized manage-
ment practices, since soil microbial communities constitute a cen-
tral factor controlling soil processes (9, 14). These communities
offer important ecosystem services, e.g., the decomposing of or-
ganic matter, the recycling of nutrients essential for plant growth,
and soil suppressivity. However, tillage management practices
have rarely been studied by modern microbiological methods, in-
cluding microbial community analysis, to show the structural and
functional diversity of microorganisms (15, 55). Previous micro-
bial ecology studies that recognized the diversity of microbes were
performed mostly within single fields, describing treatment effects
at the site level (8, 15, 23). The generalization of treatment-specific
changes from single-field studies into a larger ecological context is
difficult, because microbial communities are largely affected by
environmental variables at the site, e.g., cultivation history, soil
type, weather parameters, and management practices performed
at the site (30, 32, 53). Cross-site studies are needed for the iden-
tification of treatment-specific changes that have significance on
regional and global scales (24).

The hypothesis of the present study is that long-term tillage
management has predictable effects on soil microbial structures
that can be noted regardless of cross-site variation. In no-till agro-
ecosystems, the location of crop residue on the surface favors
fungi as the primary decomposers, and bacteria are expected to be
more important in conventional tillage (26, 34). These manage-
ment-borne shifts in detritus food webs are expected to alter in-
teractions between soil fungi and bacteria, and they are hypothe-
sized to have an impact on the soil fungistasis of Fusarium
culmorum, a pathogen of barley (Hordeum vulgare) and wheat
(Triticum aestivum). Furthermore, we aim to link specific micro-
bial markers and soil fungistasis to gain insight into the microbial
community structures contributing to soil fungistatic properties.

MATERIALS AND METHODS
Field sites and sampling. Six independent field sites with their distinctive
cultivation histories were used in the study. Sites 1 to 3 were located in
Jokioinen, and site 4 was located in Vihti, in southern Finland (Table 1).
Säkylä (5) is located in southwest Finland, and Ylistaro (6) is located in
western Finland. The exact coordinates of each site are shown in Table 1.
The fields represent the typical arable soils in Finland. Soils 1 to 4 were
classified as Vertic Cambisol, and soils 5 and 6 were classified as Eutric
Regosols (22).

All fields contained pairs of long-term (8 to 11 years) no-till and
plowed soil treatments. Plowed soil was moldboard plowed in autumn to
a 20- to 25-cm depth. In spring, the plowed treatment was seedbed pre-
pared to a 5-cm depth before sowing with a combined drill with shoe
coulters. No-till treatment was directly sown to a 3- to 5-cm depth with a
combined drill with single- or double-disk coulters. The fields were culti-
vated primarily with spring cereals. In 2009, spring barley (Hordeum vul-
gare) was cultivated, except for one no-till area, where spring wheat (Trit-
icum aestivum) was grown, and one field, where spring turnip rape
(Brassica rapa subsp. oleifera) was grown (Table 1). Composite soil sam-
ples (minimum of 20 soil samplings with augers with a diameter of 2 cm)
from each field site and treatment plot were randomly collected in Octo-
ber 2009 before conventional tillage (within the 2-week sampling period).

Long-term treatment plots (not tilled and tilled, with a size of 100 to 250
m2) or fields (in Säkylä) were located nearby within the experimental field
(maximum of 30 m away from each other). The soils were sampled at
depths of 0 to 5 and 10 to 20 cm and manually homogenized on site. DNA
samples were stored at �20°C until used for analysis, phospholipid fatty
acid (PLFA) samples were freeze-dried, and fungistasis samples taken
from a depth of 0 to 10 cm were stored in the dark at �4°C and sieved (0.2
cm) before analysis.

Analysis of soil parameters. Soil chemical and physical parameters
were analyzed as described previously by Regina and Alakukku (45).
Briefly, total carbon and nitrogen were analyzed by a using CN analyzer
(CN-2000; Leco Corp., St. Joseph, MI). Soil pH was measured from a
soil-water suspension at a dilution of 1:2.5 (vol/vol). The water-holding
capacity of sieved soil was measured by wetting the soil samples in 100 ml
water for 30 min and letting them drain for 0.5 to 2 h. The soil porosity was
measured for each plot in 2006 from three replicate soil cores (15-cm
diameter and 0- to 20-cm depth). Biopores that were �2 mm (m2) were
counted at the soil surface. Macro- and micropore volumes were deter-
mined by water hanging (�10 kPa) and osmotic (�1,500 kPa) methods,
respectively (5). Soils were oven dried (105°C at 48 h) to obtain the dry
bulk density.

DNA isolation and amplification of marker genes. Total DNA for
analyses of bacterial communities was extracted from 0.27 � 0.02 g soil
from field sites with the PowerSoil DNA isolation kit (Mo Bio Laborato-
ries, Inc.). The bead-beating step was performed by using Precellys24-
Dual tissue homogenizers (Berting Technologies, France), by two 15-s
beatings and a 15-s pause between the bead beatings. The quantity and
quality of the DNA were assessed by using a NanoDrop 2000 spectropho-
tometer (Thermo Scientific) and agarose gel electrophoresis. On average,
the DNA yield was 4.7 �g/gram of soil (fresh weight) (standard deviation,
1.8), and the A260/A280 ratio was 1.8 (standard deviation, 0.2).

The general 16S rRNA bacterial marker gene was amplified by using
primer pair 27f (AGAGTTTGATCCTGGCTCAG) and 1492r (ACGGCT
ACCTTGTTACGACTT) (56). Primer 27f was labeled with 5=-carboxy-
fluorescein. Actinobacterium-specific 16S rRNA genes were amplified
with primers S-C-Act-0235-a-S-20 (CGCGGCCTATCAGCTTGTTG)
and S-C-Act-0878-a-A-19 (CCGTACTCCCCAGGCGGGG) (50). The 5=
end of primer S-C-Act-0235-a-S-20 was labeled by using 5=-carboxyfluo-
rescein.

The 25-�l PCR mixtures for the amplification of the 16S rRNA genes
of both universal bacteria and actinobacteria contained 0.2 �M each
primer, 0.2 mM deoxynucleoside triphosphate (dNTP), 1.25 units of
Dreamtaq DNA polymerase (Fermentas GmbH, Germany), and 1� reac-
tion buffer containing 2 mM MgCl2. The PCR protocol for universal
bacteria was 80°C for 5 min followed by 30 cycles of denaturation at 94°C
for 30 s, annealing at 56°C for 30 s, and elongation at 72°C for 90 s,
followed by a final elongation step at 72°C for 10 min. The PCR protocol
for actinobacteria was 80°C for 3 min, followed by 28 cycles of denatur-
ation at 95°C for 20 s, annealing at 65°C for 45 s, and elongation at 72°C for
60 s, followed by a final elongation step at 72°C for 10 min. The quantity of
PCR products were measured by using a Qubit fluorometer (Invitrogen).

T-RFLP analysis. The universal bacterial 16S rRNA PCR product (20
ng) was digested by using 3 units of the HaeIII restriction enzyme (Pro-
mega Corporation, Madison, WI), and 10 ng actinobacterium-specific
16S rRNA PCR products was digested with the HhaI restriction enzyme
(Fermentas GmbH, Germany, and Promega), using restriction buffer as
recommended by the manufacturer. Digestion was performed overnight
at 37°C to ensure complete restriction in a 20-�l volume. Digested frag-
ments were ethanol precipitated and dissolved in formamide (15 �l). A
Gene Scan 500 standard (Applied Biosystems, Foster City, CA) was used
for capillary electrophoresis (ABI 310 DNA sequencer; Applied Biosys-
tems).

The resulting terminal restriction fragment (T-RF) length polymor-
phism (T-RFLP) profiles were manually inspected by using Peak Scanner
software (Applied Biosystems). The relative abundance of each T-RF was
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calculated by using the total fluorescence area of the profile. The T-RFLP
profiles from general bacterial communities were analyzed according to
two schemes: in the 1%-cutoff scheme, all the peaks with a relative abun-
dance of over 1% of the total fluorescence were accepted in the compari-
son of community structures, and in the “most abundant” scheme, the

five largest T-RFs (relative abundance) from each profile and their corre-
sponding T-RFs from all the profiles with a relative abundance higher
than 0.5% were included in the analysis. The T-RFs with a relative abun-
dance lower than 0.5% were excluded from the analysis. In both schemes,
peaks within a size range of �1 bp were accepted as the same T-RFs.

TABLE 1 Description of experimental fields with no-till and plowed management plotsd

Parameter

Description or value for field site:

1 (Jokioinen) 2 (Jokioinen) 3 (Jokioinen) 4 (Vihti) 5 (Säkylä) 6 (Ylistaro)

Coordinates 60°49=N, 23°28=E 60°49=N, 23°28=E 60°49=N, 23°28=E 60°21=N, 24°22=E 60°58=N, 22°31=E 62°46=N, 22°50=E

Time in no-till regime (yr) 9 10 8 9 11 11

Crop type in 2009 Spring barley Spring barley Crop rotationc Spring barley Spring barley/wheat Spring barley

Climatea

Annual precipitation (mm) 607 607 607 626 618 527
Annual mean air temp (°C) 4.30 4.30 4.30 4.50 4.20 3.60
No. of days with ground minimum

temp of �0.0°C
190 190 190 204 206 211

Total N in plowed soil/total N in no-
till soil (% dry wt) at soil depth
(cm) of:

0–5 0.20/0.24 0.16/0.19 0.15/0.19 0.27/0.27 0.09/0.19 0.15/0.22
5–10 0.20/0.2 0.16/0.17 0.16/0.16 0.28/0.19 0.09/0.15 0.14/0.17
10–20 0.20/0.19 0.16/0.16 0.15/0.08 0.27/0.20 0.09/0.13 0.15/0.16

Total C in plowed soil/total C in no-
till soil (% dry wt) at soil depth
(cm) ofb:

0–5 2.64/3.18 2.57/2.94 2.50/2.91 3.53/3.35 1.87/2.63 1.81/2.69
5–10 2.6/2.68 2.56/2.6 2.50/2.47 3.70/2.37 1.92/2.10 1.76/2.00
10–20 2.6/2.54 2.57/2.5 2.40/2.46 3.62/2.42 1.95/1.94 1.83/1.91

pH in plowed soil/pH in no-till soil at
soil depth (cm) ofb:

0–5 5.86/5.8 6.80/6.4 5.84/5.65 5.78/5.98 6.16/6.02 5.28/6.18
5–10 6.08/5.96 6.11/6.51 5.73/5.77 5.80/5.80 6.33/6.39 5.13/5.26
10–20 6.13/6.09 6.03/6.54 5.94/5.90 5.79/5.75 6.28/6.77 5.85/5.31

Dry bulk density in plowed soil/dry
bulk density in no-till soil
(g/cm3)b

1.14/1.17 1.13/1.16 ND 1.23/1.31 1.22/1.33 1.15/1.37

Texture (g/g)b

Clay (�2 �m) 0.46 0.617 0.595 0.476 0.188 0.211
Silt (2–20 �m) 0.287 0.19 0.195 0.342 0.295 0.35
Fine sand (20–200 �m) 0.143 0.112 0.127 0.131 0.345 0.334
Sand (�200 �m) 0.109 0.081 0.083 0.052 0.199 0.117

Porosity of plowed soil/porosity
of no-till soil (m3/m3)b

Macropores (�0.03 mm) 0.119/0.102 0.064/0.091 0.046/0.022 0.097/0.059 0.136/0.093 0.176/0.094
Micropores (�0.0002 mm) 0.263/0.252 0.276/0.259 ND 0.245/0.266 0.169/0.209 0.182/0.213

No. of biopores �2 mm (m2) in
plowed soil/no. of biopores �2
mm (m2) in no-till soil

37/358 19/170 151/264 132/150 113/434 0/151

Water-holding capacity in plowed
soil/water-holding capacity in
no-till soil (ml H2O/g soil [dry
wt])

0.52/0.58 0.52/0.64 0.54/0.64 0.56/0.53 0.42/0.49 0.41/0.53

a Reference period of 1971 to 2000 (21).
b Number of biopores at a 20-cm depth in the 0- to 20-cm layer, as described previously by Regina and Alakukku (45), except for site 3.
c The crop rotation was spring wheat, turnip rape, barley, and pea. Turnip rape was cultivated during the sampling season.
d For each table entry that has two values (e.g., 95/80), the first value refers to the “plowed” condition and the second pertains to the “no-till” condition. ND, not determined.

Cross-Site Microbial Communities and Fungistasis

December 2012 Volume 78 Number 23 aem.asm.org 8193

http://aem.asm.org


PLFA analysis. PLFA (phospholipid fatty acid) and NLFA (neutral
lipid fatty acid) analyses were performed according to methods described
previously by Frostegard et al. (27), with minor modifications. Briefly, 3 g
of freeze-dried soil was extracted with a chloroform-methanol-citrate
buffer mixture (1:2:0.8) (“Bligh and Dyer mixture”). The lipids were sep-
arated into neutral lipids, glycolipids, and phospholipids in a silicic acid
column (Varian Bond Elut Silica SI, 500 mg; Varian, Palo Alto, CA). The
phospholipids and neutral lipids were subjected to mild alkaline metha-
nolysis to recover fatty acid methyl esters. Samples were analyzed by using
a gas chromatograph with a mass selective detector (gas chromatography-
mass spectrometry [GC-MS]) (5890 series II gas chromatograph and 5971
series mass selective detector; Hewlett Packard, Palo Alto, CA) equipped
with a 50-m-long, nonpolar, phenyl-methyl silicone capillary column
(HP-5; 0.2 mm by 0.33 �m). Helium was used as the carrier gas at a flow
rate of 0.9 ml min�1. The temperature of the injector was 280°C. The
time-temperature program for the oven was as follows: an initial temper-
ature of 90°C for 2 min, an increase of 30°C min�1 until 160°C was
reached, an increase of 3°C min�1 until 280°C was reached, and a final
temperature of 280°C for 10 min. The identification and response factors of
the different PLFA compounds were based on fatty acid methyl ester (FAME)
standards (from Sigma-Aldrich, Nu-Chek-Prep, and Larodan Fine Chemi-
cals AB, Sweden). Altogether, 36 different PLFAs were identified.

The sum of PLFAs (PLFAtot) (nmol g�1 dry soil) was used as an indi-
cator of total microbial biomass, and PLFA 18:2�6 was used as an indica-
tor of saprophytic fungal biomass in soil (6). PLFA 16:1�5, NLFA 16:1�5
and the ratio of NLFA 16:1�5 to PLFA 16:1�5 indicated the presence of
arbuscular mycorrhiza (42). The sum of PLFA p10-17:0 and p10-19:0 was
used as an indicator of actinobacterial biomass (13). The bacterial indica-
tors used were those described previously by Bååth and Anderson (6).

Fungistasis experiments. Fungistasis biotests were performed by us-
ing a surface method described previously by De Boer et al. (17). Three
replicate platings were used in the experiments, and when differences
between treatments were observed, the experiment was repeated with four
replicates. Fusarium culmorum was used as an inoculum in fungistasis
experiment because of its relevance as a common pathogen of barley and
wheat with soil and plant residue-related dispersion (36). Fungistasis
plates were prepared with either diluted soil (ratio of 20% [soil]/80%
[diluent]) or 100% soil. Sterile montmorillonite clay (Sigma-Aldrich) and
sand (0.5 to 1 mm) (Maxit; Maxit PLC, France) (ratio, 50%/50%) were
used as a diluent and in the control petri dishes included in each assay. The
soil 20%/80% dilution ratio was selected on the basis of a preliminary
experiment with different soil/montmorillonite clay-sand weight per-
centage ratios (20%/80%, 10%/90%, 5%/95%, and 1%/99%). The se-
lected dilution ratio of 20% (soil)/80% (diluent) allowed the growth of F.
culmorum but still showed growth inhibition in comparison to the control
(100% sterile montmorillonite clay-sand) (data not shown). The water
content of each plate was adjusted to 85% of the water-holding capacity of
the soil mixture. Freshly grown F. culmorum (from the growth margin)
was used in the biotest as a 1.5-cm-diameter circle and inoculated onto
sterile cover glass (2.2 by 2.2 cm) placed onto the test soil (50 g) in a petri
dish (9 cm). The petri dishes were closed by double wrapping with Para-
film and incubated for 14 days at 25°C. The area (cm2) of fungal growth
was measured after 2 weeks.

Statistical analysis. Statistical analysis was performed by using the
Past v. 1.73c program (31) and the R FactoMineR package (37). Shannon
diversity indices, calculated as H= 	 ��Si

	 1(ni/N)ln(ni/N) (47), and
Simpson diversity indices, calculated as (1 � D) 	 �Si

	 1(ni/N)2 (48),
take into consideration both the species richness and species dominance.
Shannon (H=) and Simpson (1 � D) diversity indices increase with T-RF
richness and evenness, but the highest possible value for the Simpson
diversity index is 1.

A nonparametric analysis of similarity (ANOSIM) was used to test the
significance of the differences between bacterial communities (44).
ANOSIM produces R statistics that can range from �1 to 1. Objects that
are more dissimilar between groups than within groups will be indicated

by an R statistic greater than zero. An R value of zero indicates that the null
hypothesis is true. Microbial communities were subjected to principal-
components analysis (PCA) with the FactoMineR package to sum up and
to simplify the data by reducing the dimensionality of the community
structures. The PCA plots were calculated with a scaled correlation ma-
trix. To identify if the treatments are significantly different from each
other, a confidence ellipse (95%) based to the mean variance of replicas in
dimensions 1 and 2 was drawn for the each plot.

Soil characteristics, fungistasis, and bacterial community diversity in-
dices were statistically analyzed by using paired t tests using a two-tailed
distribution. Pearson correlation coefficients between microbial markers
and soil fungistasis were calculated by using Microsoft Excel 2007
(Microsoft Corporation).

RESULTS
Field sites and soils. Six fields, representing two different soil
types with long-term no-till and plowed soil treatments, were in-
cluded in the study (Vertic Cambisol and Eutric Regosols). Long-
term no-till practice decreased the macroporosity and increased
the soil bulk density and the water-holding capacity compared to
plowed topsoils (0 to 20 cm) (Table 1). In no-till treatments, soil
total carbon and nitrogen contents decreased by depth and
formed a resource gradient for soil microorganisms. The gradient
was especially steep at the soil surface (P � 0.01 for 0 to 5 cm
versus 5 to 10 cm). On average, higher concentrations of total
carbon and nitrogen were detected on no-till surfaces (0 to 5 cm)
(2.95% C and 0.22% N) than on plowed surfaces (2.49% C and
0.17% N) (P � 0.05). Sites 5 and 6 contained clearly lower clay and
higher fine-sand contents than the other sites. Sites 1 to 3, located
in the same area in Jokioinen, showed some notable internal dif-
ferences. Field 1 had lower soil clay and higher silt contents than
the two other sites displaying different cultivation properties.
Field 3 differed from sites 1 and 2 by the crop rotation practices
performed (spring wheat [Triticum aestivum], turnip rape [Bras-
sica rapa], barley [Hordeum vulgare], and pea [Pisum sativum]).

T-RFLP of 16S rRNA bacterial communities. Bacterial com-
munities derived from composite samples were depicted as termi-
nal restriction fragments (T-RFs) in the range of 48 to 453 bp
displaying a total of 30 peaks (T-RFs) constituting bacterial phy-
lotypes (see Table S1 in the supplemental material). The Shannon
and Simpson diversity indices were similar for all treatments (H=
of 2.7 � 0.03 and 1 � D of 0.9 � 0.006, calculated from data which
include all the T-RFs above the 1% cutoff limit).

The treatment effects on microbial communities were com-
pared by using ANOSIM. The overall differences in communities
with global R statistics between tillage treatments and depths were
small but significant (R 	 0.2; P � 0.05). A significant differenti-
ation of microbial communities was detected within no-till treat-
ments with sampling depth (R 	 0.6; P � 0.01), demonstrating
the establishment of a depth gradient in all experimental fields
(Table 2). Depth-related changes in microbial communities were
less obvious in plowed sites (R 	 0.03). No statistically significant
difference could be observed between no-till and plowed treat-
ments at either depth. The possible differences were most likely
masked by the overall differences between fields (see below).

PCA plots were calculated from the T-RFLP profiles showing a
clustering of microbial communities in two dimensions (33.5% of
variance) (Fig. 1A). The no-till bottom (10 to 20 cm) demon-
strated the most compact clustering by PCA. Subclustering oc-
curred between bottom bacterial communities from fields 1 and 2
in both plowed and no-till treatments. Fields 1 and 2 are located
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near each other, with similar chemical/physical compositions (to-
tal carbon and dry bulk density) (Table 1) and cultivation histories
(long-term spring barley monoculture), explaining the subclus-
ters shown in Fig. 1A. Surface soil (0 to 5 cm) communities from
both treatments were largely dispersed but were different from
bottom soils (10 to 20 cm), separated in dimension 1 (20.7% of
variance). Confidence ellipses of no-till treatment showed a sepa-
ration of bacterial communities with depth versus plowed treat-
ment with overlapping ellipse areas. The observed field-specific
clustering of site 3 (Fig. 1A) might be due to the crop rotation
practice at the site and the rhizosphere effect of turnip rape culti-
vated in summer 2009. Although bacterial community structures
had considerable cross-site variation, it was still possible to detect
differences between no-till and plowed soil treatments on the ver-
tical stratification of microbial community structures.

T-RFLP analysis of actinobacterial communities. Analysis of
actinobacterial communities revealed 25 T-RFs (0.5% cutoff;
analysis range, 32 to 622 bp), and the 135-bp peak (phylotype)
dominated all communities (65% of the total fluorescence) (see

Table S2 in the supplemental material). A higher level of diversity
of actinobacterial communities was found at the surface (0 to 5
cm) than at the bottom (10 to 20 cm) (H= of 1.5 versus 0.9; P �
0.05 by t test) for the no-till treatment, but depth-related di-
versity differences could not be detected in plowed plots (H= of
1.2 versus 1.0).

Global R statistics showed that treatments had only a moderate
effect on actinobacterial community structures (R 	 0.2; P �
0.05). The pairwise comparison of communities showed the larg-
est difference between the no-till surface (0 to 5 cm) and bottom
(10 to 20 cm) soils (R 	 0.5; P � 0.01) (Table 2). In lowed plots,
the depth-related changes were minor (R 	 0.2; P � 0.08). Bottom
soil (10 to 20 cm) actinobacterial communities were different in
no-till and plowed treatments (R 	 0.3; P � 0.05), but this treat-
ment effect was not detected for surface soils (R 	 0.0; P � 0.4).
Surface microbial communities contained more field-specific
variation, which masks potential tillage treatment effects (Fig. 1B).

In PCA, the actinobacterial communities from bottom soil (10
to 20 cm) clustered closely, with the exception of no-till field 1, but

TABLE 2 Comparison of microbial community structures by three analysis methods, 16S rRNA gene T-RFLP, actinobacterial 16S rRNA gene T-
RFLP, and phospholipid fatty acid analysis, with no-till and plowed soil treatments at depths of 0 to 5 and 10 to 20 cm by one-way ANOSIMa

Treatment

Soil
depth
(cm)

R value

No till Plowed

0–5 cm 10–20 cm 0–5 cm 10–20 cm

16S
rRNA

ACT 16S
rRNA PLFA

16S
rRNA

ACT 16S
rRNA PLFA

16S
rRNA

ACT 16S
rRNA PLFA

16S
rRNA

ACT 16S
rRNA PLFA

No till 0–5 0.6* 0.5* 0.3* �0.1 0 0.1 0.3* 0.3* 0.1
No till 10–20 0.2* 0.1 0.0 �0.0 0.3* 0.1
Plowed 0–5 0.03 0.2 0.12
Plowed 10–20
a The received R values between each treatment and soil depth are shown. Statistical significance at a P value of �0.05 is indicated by an asterisk. 16S rRNA, 16S rRNA gene
T-RFLP; ACT 16S rRNA, actinobacterial 16S rRNA gene T-RFLP.

FIG 1 Principal-components analysis of microbial communities from six field sites with no-till and plowed soil treatments at sampling depths of 0 to 5 and 10
to 20 cm. Confidence ellipses (95% confidence) are drawn around the barycenters of treatments, including till treatment (broken line) and no-till treatment
(black line). (A) General 16S rRNA bacterial communities. The two dimensions explain 33.5% of the variance. (B) Actinobacterial communities. The dimensions
explain 37.6% of the variance. The numbers 1 to 6 represent the experimental fields described in Table 1.
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the clustering was treatment specific (Fig. 1B). The no-till treat-
ment showed depth-related separation supported by the confi-
dence ellipses and evidently explaining the variation in dimen-
sion 1 (21.6%). Some depth-related separation was also
detected in plowed plots, partly explaining the variance in di-
mension 2 (16.0%). The surface soils (0 to 5 cm) from no-till
treatments were also tightly clustered in the plot, with the ex-
ception of soil from field 5. The clustering of actinobacteria was
mostly treatment specific, with the exception of field 1. Surface
soils from fields 5 and 6 clustered together and separated some-
what from other surface soil samples, reflecting the different
soil type of these fields (Table 1).

PLFA analysis of microbial communities. The microbial bio-
mass was higher in no-till surface soils (0 to 5 cm) (146.2 nmol
g�1) than in no-till bottom soils (10 to 20 cm) (85.2 nmol g�1),
and this was also evident for the actinobacterial indicators (P �
0.05 by pairwise t test) (Fig. 2A). The actinobacterial biomass cor-
related with the total microbial biomass at each site (Pearson cor-
relation r 	 0.89; P � 0.001). The fungal biomass (18:2�6) was
highest in no-till surface soils (2.7 nmol g�1) and lowest in no-till
bottom (10 to 20 cm) soil (0.4 nmol g�1) (P � 0.01). No-till
surface soils showed higher fungal biomasses than soils from
plowed treatment (P � 0.07); the situation was reversed in bottom
soil (P � 0.05). The total microbial biomass was thus depth de-
pendent in no-till but not in plowed fields. The PLFA results were
in good agreement with the T-RFLP results regarding the general
bacterial community.

The relative percentages (mol%) of each phospholipid fatty
acid (34 peaks were detected) were used for community-level
PLFA analysis (see Table S3 in the supplemental material). The
ANOSIM showed a small depth-related differentiation of micro-
bial communities for no-till treatments (R 	 0.3; P � 0.05), but
no differentiation was detected for plowed treatments. The PCA
of PLFA profiles revealed a field-specific separation of microbial
communities (Fig. 2B), but the confidence ellipses showed a
depth-related separation of microbial communities in no-till
plots, evidently explaining the variance in dimension 1 (24.4%).
The second dimension is probably the soil effect, as Vertic Cam-
bisol (fields 1 to 4) and Eutric Regosols (fields 5 and 6) are sepa-
rated by it (21.9% variance). The field effect was further shown by
one-way ANOSIM, where samples (all depths and treatments)
from the same field site were set as a replicate. This analysis re-
vealed differences in microbial communities at the field level (R 	
0.6; P � 0.0001). The exceptions were fields 1 and 2 (from same
region), which had similar microbial communities (R 	 0.24; P �
0.10), as already shown by T-RFLP bacterial community analysis.

Fusarium culmorum fungistasis in arable soils. Fungistasis is
an inherent property of natural soil mediated mostly by soil mi-
croorganisms, and it is interlinked to soil plant pathogen suppres-
siveness. Fungistasis was detected in all soils, and it was released by
autoclaving (Fig. 3A). The average growth areas of F. culmorum in
arable soil were very small (1.7 cm2 [standard deviation, 0.2 cm2])
in comparison to the growth in autoclaved soils (4.9 cm2 [stan-
dard deviation, 0.5 cm2]), showing growth inhibition. No differ-
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FIG 2 PLFA analysis of microbial communities from six field sites (fields 1 to 6) with no-till and plowed soil (till) treatments. (A) Microbial biomass averages (sum of
PLFAs) and actinobacterial (p10-17:0 plus p10-19:0) and fungal biomass (18:2�6) indicators from the treatments (nmol g�1 � standard deviation) (field sites 1 to 6 as
replicates). (B) Principal-components analysis of PLFAs from six field sites. Confidence ellipses are drawn around the barycenters of till treatments (broken line) and
no-till treatments (black line). The two dimensions explain 46.3% of the variance. The numbers in plots 1 to 6 represent the experimental fields described in Table 1.
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ences between treatments could initially be detected in nontreated
or autoclaved soils. To improve the resolution of the fungistasis
assay, the soil was diluted with sterile montmorillonite clay. With
these soil dilutions, different strengths of fungistasis were shown
at the field and treatment levels (Fig. 3B). Tillage treatment did not
have an overall effect (all fields included) on F. culmorum fun-
gistasis (pairwise t test). The growth of F. culmorum in the biotest
correlated negatively with the surface soil C/N ratio (0 to 5 cm)
(r 	 �0.55; P � 0.08).

Microbial markers and fungistasis. The simultaneous analy-
sis of microbial markers (16S rRNA T-RFLP, Actinobacteria-spe-
cific T-RFLP, and PLFA) and fungistasis allowed an elucidation of
relationships between microbial community groups and fungista-
sis by Pearson correlation coefficients (Table 3). The surface soil (0
to 5 cm) microbial biomass correlated negatively (r 	 �0.70; P �
0.02) with F. culmorum growth in fungistasis assays, supporting
the soil sterilization results and the notion that soil microbial ac-
tivity mediates fungistasis (Table 3). High negative correlations

were found with fungally derived (18:2�6) and arbuscular mycor-
rhizal fungus (16:1�5)-derived PLFAs (r 	 � 0.89 to �0.60; P �
0.02) (Table 3 and Fig. 4). PLFAs associated with bacteria (Table
3) showed only a modest correlation with fungistasis (r 	 0.02 to
�0.54). The actinobacterial PLFA (p10-19:0) showed the most
significant negative correlation to fungistasis (r 	 �0.54; P �
0.07). The correlations between fungistasis and PLFA markers in
bottom soil (10 to 20 cm) were negligible. The soil properties C/N
ratio, microbial biomass, and fungistasis were connected in the
conceptual model, showing that fungistasis is related to high mi-
crobial biomass and C/N ratios (Fig. 5).

Most general bacterial T-RFs (54, 55, 75, 77, and 239 bp) from

TABLE 3 Pearson correlations between F. culmorum growth in a
fungistasis bioassaya and microbial markers (general bacterial and
actinobacterial 16S rRNA T-RFs and PLFAs) from six experimental field
sites with no-till and conventional tillage treatmentsb

Microbial marker
Soil depth
(cm)

Pearson
correlation
coefficient (r)

Actinobacterial 16S rRNA HhaI
T-RFs (bp)

218 0–5 �0.51
447 0–5 �0.42
449 0–5 �0.48

Bacterial 16S rRNA HaeIII T-RFs (bp)
54 0–5 �0.42
55 0–5 �0.42
75 0–5 �0.57*
77 0–5 �0.44
192 0–5 0.43
239 0–5 �0.45
297 0–5 0.41

Phospholipid fatty acid marker
Originating from bacteria

i14:0 0–5 �0.43
i15:0 0–5 �0.50
i16:0 0–5 �0.49
16:1�7t 0–5 �0.41
ai17:0 0–5 �0.48
p10-19:0 0–5 �0.54*
Sum p10-17:0 � p10-19:0

(Actinobacteria)
0–5 �0.51*

Originating from fungi
18:2�6 0–5 �0.89***
16:1�5(AMF) 0–5 �0.63***

Others
14:0 0–5 �0.43
15:0 0–5 �0.50
16:1 0–5 �0.65**
16:0 0–5 �0.66*
17:1 0–5 �0.45
17:0 0–5 �0.62**
18:0 0–5 �0.75***

Sum PLFAs (biomass indicator) 0–5 �0.70***
a See Fig. 3B.
b Correlations higher than 0.4 or lower than �0.4 are shown. ***, significance value of
�0.02; **, significance value of �0.05; *, significance value of �0.10.

FIG 3 Fusarium culmorum fungistasis measured with soil from six field sites
with no-till and plowed soil treatments using the surface layer method. The
growth areas (cm2) on plates were determined after 2 weeks of growth at 25°C.
Standard deviations from three replicate analyses are shown. (A) F. culmorum
hyphal extensions in nondiluted soils, including both natural soils and soils
autoclaved twice (121°C for 15 min). (B) F. culmorum hyphal extensions in
diluted soils (dilution, 20%/80%). Sterile montmorillonite clay and sand (0.5
to 1 mm) (dilution, 50%/50%) were used as the diluent. The average extension
in sterile montmorillonite clay and sand was 12.3 cm2, with a standard devia-
tion of 0.83 cm2.
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surface soils (0 to 5 cm) displayed a negative correlation (r �
�0.4) (Table 3) or no correlation with F. culmorum growth, but
T-RFs of 297 and 192 bp, however, correlated positively with F.
culmorum growth in the assay. The abundance of actinobacterial
T-RF phylotypes 218, 247, 449, 451, and 617 were negatively cor-
related with the F. culmorum growth area; e.g., when these phylo-
types were more abundant, F. culmorum hyphal growth was re-
duced, showing a connection to a high level of fungistasis. No
actinobacterial groups displayed positive correlations (r � 0.4)
with fungal growth. T-RFLP correlations were mostly negative (12

out of 18) and modest (r 	 �0.4 to �0.57), which is in line with
the theory that fungistasis is known to be mediated by several
bacterial groups together and that no single bacterial marker
could explain the whole phenomenon (18).

DISCUSSION

Agricultural management had wide-ranging impacts on microbial
communities, including six different fields with a history of long-
term tillage intensity management. The no-till treatment struc-
tured the soil so that a depth-related bacterial community gradi-

FIG 4 Correlation between fungal PLFA markers and fungistasis in surface soils of six field sites with no-till and plowed soil treatments. Shown are scatter plots
with a linear trend line of the PLFA 18:2�6 fungal indicator (A) and the 16:1�5 arbuscular mycorrhizal fungal indicator (B) and Fusarium culmorum growth areas
in fungistasis assays (Fig. 3B).

FIG 5 Relationships between fungistasis, microbial biomass, and soil C/N ratios in a conceptual model describing interconnections between hyphal biotest, soil
fungistasis, and soil properties. The measured values are drawn in gray, the sites (fields 1 to 6) and treatments (T, plowed soil; NT, no-till soil) in the x axis are
organized from the highest hyphal extension value to the lowest value, and values of microbial biomass and the soil C/N ratio are set accordingly. Measured values
are shown for F. culmorum growth by biotest (cm2), microbial biomass (sum PLFAs) (nmol g�1), and the soil C/N ratio.
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ent emerged, which was shown by multiple assays, including
general and actinobacterial fingerprinting as well as phospholipid
fatty acid community analyses. Soil fungistasis could not be linked
to a specific management strategy but could be linked to high
microbial and fungal biomasses in soil, indicating that the general
microbial activity at the site is an important determinant of soil
fungistasis. This demonstrated that human management alters
soil microbial structures, supporting the notion that optimized
management strategies have the potential to change soil processes.
The detailed microbial community analysis (T-RFLP and PLFA)
gave insight into interactions between bacteria and fungi in agri-
cultural soil.

Microbial ecology studies of agricultural systems are tradition-
ally performed in a single field experiment with replication plots
according to the selected experimental design (8, 15, 23). The
generalization of such results is often difficult, since one single
field is rarely representative of the diversity of soils and the agri-
cultural and climatic conditions abundant on the regional or even
on the global scale. From these studies, it is not possible to predict
how management practices generally impact the microbial com-
munities (in different fields and soils and under different environ-
mental conditions). To the best of our knowledge, the only study
with a cross-site experimental setup and microbial community
analysis was reported recently (33), which included both no-till
and conventional till managements. In that study, however, tillage
management did not affect the community composition of bacte-
ria and fungi but affected only biomass, in contrast to our study,
where no-till management led to a similar stratification of micro-
bial communities regardless of the soil properties or location. This
clear discrepancy could best be explained by the low-resolution
capacity of the denaturing gradient gel electrophoresis (DGGE)
analysis of diverse community compositions deduced from dense
banding patterns.

Within a single field, Bissett et al. (11) performed an extensive
study to analyze communities of Bacteria, Archaea, and Fungi in
both conventional and no-till soils in a long-term experiment. In
that study, tillage treatment had only a modest effect on microbial
communities, probably due to the sampling strategy, which un-
fortunately overlooked the depth gradient in no-till treatment by
composite sampling (depth of 0 to 15 cm). It should be taken into
account that in no-till management, the organic matter resources
(crop residues) are located in the surface soil and decline with the
depth of the soil. In plowed soil, on the other hand, the incoming
resources are turned down to a soil depth of 20 to 25 cm, and the
soil structure is under mechanical disturbance. Depth-related
changes in soil microbial communities have been described for
several natural undisturbed environments (25, 28), and it was hy-
pothesized previously that resource availability is the main driving
force in the depth-related changes of microbial communities (25).
Our results showing the depth-related separation of microbial
communities in no-till treatments support the resource availabil-
ity hypothesis. Several years of no-till management of fields led to
the development of a higher biomass in the surface layer and,
consequently, the lowest biomass in the bottom layer. In this re-
spect, no-till management more resembles the natural situation in
pristine soil. Also, the differences in soil physical parameters, such
as soil contraction or oxygen level, and mechanical disturbances
can explain the observed changes in microbial community struc-
tures between managements.

In a recent review, a correlation analysis was suggested for the

identification of microbial species important for plant pathogen
suppressiveness in arable soil (12), but until now, it was rarely
implemented in practice. One study used a correlation analysis to
detect and identify soil Burkholderia and Mitsuaria strains impor-
tant in oomycete soil suppressiveness (10). We studied the corre-
lation of fungistasis with three microbial markers to gain knowl-
edge about their connection and importance for soil fungistasis.
The conceptual model described interconnections between a hy-
phal biotest, soil fungistasis, and soil properties (Fig. 5.). The mi-
crobial biomass, fungal biomass, and C/N ratio correlated with the
strength of fungistasis in our cross-site study, suggesting that fun-
gistasis is not necessarily related to the specific bacterial species but
rather is a result of high general activity in soil. This is in line with
the notion that, overall, soil microbial activity is important for
general plant pathogen suppressiveness (57). The correlation was
especially strong between soil fungistasis and fungal biomass,
demonstrating that the soil fungistasis level was high when fungi
were abundant in soil. The most obvious explanation for this find-
ing is that the fungal abundance in soil is important in the fun-
gistasis process for competing with and inhibiting the growth of F.
culmorum (model pathogen). Several isolated fungal strains are
known to have antagonistic activities toward fungi (40). Another
model suggests that soil microbial communities invest more in the
inhibition of fungi (competition) when they are more abundant in
soil. This model is supported by results showing that larger
amounts of antagonistic bacteria were isolated from fungus-rich
environments than from fungus-poor sites (16). In our cross-site
study, a high level of F. culmorum fungistasis was found in soils
from all studied fields that had a clay content of 18.8 to 61.7%.
This finding is in good agreement with results reported previously
by Amir and Alabouvette (2), who showed a high level of suppres-
sion of Fusarium oxysporum f. sp. lini in clay soil in comparison to
sandy soil. The fact that fungistasis was released by autoclaving or
reduced with an amendment of sterile montmorillonite clay indi-
cated that clay minerals were not solely causing fungistasis, but the
microbial populations were important in our study.

In our cross-site study, PLFA was additionally used for micro-
bial community analysis. The fatty acid-based PLFA markers dis-
played more field-specific clustering than bacterial DNA finger-
prints, which could be related to the different biochemical natures
of these molecules. Fatty acids have high turnover rates also regu-
lated by environmental factors such as temperature, whereas DNA
markers are linked to the target species composition in soil. The
group-specific actinobacterial marker analysis supported the find-
ing that bacterial communities were changing with depth in no-till
soil, but in addition to that, minor stratification was observed for
till treatment. The large variation of microbial communities
within treatments was due to the cross-site experimental setup.
This makes the evaluation of agricultural management effects a
challenging task that requires the use of parallel community anal-
ysis methods to obtain more reliable results.

The changing climate requires the adoption of new cultivation
methods in the boreal zone, where it is predicted that winters will
become milder, with the freezing and thawing of soils and increas-
ing runoff. This will cause the leaching of nutrients from agricul-
tural fields into inland watercourses and, at the end, to the Baltic
Sea. No-till management is considered a way to detain erosion
material and nutrients in the fields and minimize leaching (e.g.,
see reference 43). No-till management in crop cultivation is gain-
ing ground among farmers, but there have been few studies that
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have described its effects on microbial communities at the re-
gional level. A better comprehension of microbial communities in
arable soil managements is needed for the development of agri-
cultural strategies at the national level. Best-management practice
can, for instance, reduce plant pathogen pressure, optimize nutri-
ent inputs, and reduce the eutrophication of watercourses in
Northern Europe. Treatment-specific microbial community
structures could allow the development of optimized agricultural
practices to alter soil processes, leading to sustainable cultivation.
We conclude that long-term no-till management leads to a depth-
related differentiation of microbial communities and also devel-
ops a high fungal biomass in surface soil. Indigenous fungal com-
munities in arable soil were linked to the fungistasis phenomenon,
which has a major role in the general suppression of soilborne
pathogenic fungi (29). Further studies of fungistasis are needed
for the development of biotechnological applications of fungal
inoculants in crop residue management and biocontrol, since fun-
gistasis is a factor hampering the use of beneficial fungi in green
technology. Future research efforts will focus on the identification
of fungal and bacterial species important for agricultural manage-
ment connected to fungistasis.
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