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Abstract
Membrane proteins regulate many cellular processes including signaling cascades, ion transport,
membrane fusion, and cell-to-cell communications. Understanding the architecture and
conformational fluctuations of these proteins is critical to understanding their regulation and
functions. Fluorescence methods including intensity mapping, fluorescence resonance energy
transfer, and photo-induced electron transfer, allow for targeted measurements of domains within
membrane proteins. These methods can reveal how a protein is structured and how it transitions
between different conformational states. Here, I will review recent work done using fluorescence
to map the structures of membrane proteins, focusing on how each of these methods can be
applied to understanding the dynamic nature of individual membrane proteins and protein
complexes.

Introduction
There are currently many of unique membrane protein structures in the protein database.
The number and diversity of these structures are constantly expanding while their quality is
increasing. With advances in rapid screening techniques and improved analysis tools, it is
possible that over the next decade a representative high-resolution structure of each of the
major membrane protein groups will be solved. High resolution structures have provided an
atomic view of membrane proteins, their topology, and the specific residues critical to their
function. These structures have placed a large body of research into an architectural
framework, clarifying complex and sometimes contradictory results from physiology and the
biochemical analysis of membrane proteins. Structures further highlight the degree to which
the linear sequence of a protein can assemble into a complex, and sometimes unexpected,
three dimensional fold [1]. In some instances, membrane proteins have been crystallized in
the presence of lipids, demonstrating how the complex chemistry of the membrane can
influence the structure and behavior of membrane proteins [2-4].

While high-resolution structures are the cornerstone for understanding how a membrane
protein works, they are only a starting point to fully unravel a protein’s complex behavior.
Each new structure provides many answers and generates many new questions. X-ray
Structures provide a snap shot of one conformation of a protein frozen in time. Proteins are
highly dynamic and move between many conformational states [5-7]. Furthermore, their
motions and fluctuations influence their function [8]. Finally, many proteins have
unstructured or flexible domains that are not resolved by crystallography or NMR. It is also
difficult to unambiguously link a structure to a functional state of a protein. While NMR can
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provide information about dynamics, the technical hurdles of obtaining a high resolution 3D
NMR structure, including size constraints, the large amount of protein required for an
experiment, and the difficulty in residue assignments, has made NMR challenging to use for
membrane proteins.

Over the next decade, one of the challenges for structural biology will be using high-
resolution structures as guides to inform and direct other structural methods. By applying
complementary methods to high-resolution structures, these static images can be
transformed into dynamic moving pictures. Techniques including fluorescence, small-angle
x-ray scattering, electron paramagnetic resonance, electron microscopy, and computational
modeling can all provide the additional information necessary to fully map the landscape of
a membrane protein’s conformational transitions. Furthermore, many of these methods can
be used in membranes and living cells, allowing for the study of proteins in their native
membrane environment [9*]. Fluorescence spectroscopy in particular has become a primary
technique useful for tracking the architecture and structural rearrangements of membrane
proteins [10]. In this review I will discuss three fluorescence methods that can be applied to
the study of membrane structure. I will discuss what these methods have revealed about the
structures and conformations of membrane proteins, review the advantages and
disadvantages of each method, and present practical considerations for their use and future
prospects for their development.

Quantum yield and spectral shifts for mapping membrane protein movements
A fluorophore is a chemical that can first absorb energy of one wavelength (a photon) and
then release that energy as a longer wavelength (lower energy photon) [11]. This shift from
excitation wavelength to emission wavelength is called the stokes shift. The ability of a
fluorophore to absorb encountered light is known as the extinction coefficient. Once energy
is absorbed, the fluorophore has some probability less than one of releasing this absorbed
energy as light. This characteristic is called the quantum yield. Together, these properties
dictate the basic fluorescent properties (brightness and spectra) of an individual fluorescent
dye [11].

The fluorescence of many dyes can be modulated by environmental factors [12]. These
factors include soluble quenchers, pH, and the local chemical environment. Thus, when a
fluorophore moves from one position to another, moving from one local environment to
another, a change in the emission strength or peak emission wavelength of a fluorophore can
result. In this regard, tracking the brightness (quantum yield) or spectrum (stokes shift) of a
fluorophore are key methods for mapping a protein’s structure with fluorescence (Figure 1).
Some of the earliest structural measurements that use fluorescence took advantage of
intrinsic changes in a dye’s fluorescence [13-17]. Similarly, intrinsic changes in the
fluorescence of the native amino acid tryptophan have been used to map structures [18].

In these experiments, fluorophores first need to be attached to proteins at defined sites. This
is usually done with cysteine chemistry [19]. Native or engineered cysteines can be modified
with cysteine-reactive fluorophores. Maleimide-fluorophores in particular exhibit rapid,
robust, and stable labeling of free cysteines in proteins. Alternative labeling schemes include
genetically tagging the protein with fluorescent proteins, the use of bis-arsenical dyes, or
introducing artificial fluorescent amino acids into a protein [20]. The emission spectra or
intensity of these site-specific fluorophores can then be measured with microscopy or
spectroscopy [21]. A drawback of these methods is that there is no way to directly quantify
how a specific fluorescence change observed at an individual fluorophore-labeled site relates
to the conformational change in the protein’s structure. The size and the direction of a
conformational change are not necessarily proportional to the fluorescence change.
Wavelength shifts in fluorophores are more predictable. Blue shifts in a spectrum generally
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indicate that the fluorophore is experiencing a more hydrophobic local environment.
Because of the uncertainty in the response of fluorescent dyes to structural changes, these
measurements are much better at highlighting residues or regions that move during a
conformational change and how these general movements correlate to the activation state of
the protein, e.g. their kinetics. They are, however, not well suited to track exact distances or
relational movements within a protein.

Some of the first experiments that used intrinsic fluorescence to track conformational
changes in a membrane protein were done on the voltage gated potassium channel
[13,14,16,22]. In these channels, membrane depolarization induces a conformational
rearrangement of a positively charged S4 transmembrane helix. The outward movement of
this helix was proposed to stabilize the open state of the channel. To test for a
conformational change in the S4 helix, two groups used a combination of site-specific
fluorescent labeling and electrophysiology to measure movements of the S4 helix during
voltage activation. This technique, called voltage-clamp fluorometry, allows for the
simultaneous measurement of the channel’s function with electrophysiology and structural
changes with fluorescence. The power of this method is that fluorescence can indicate how
conformational changes are correlated in time to the function of the channel. Again, while
quantum yield measurements cannot map the magnitude or direction of a movement, they
can provide clues. For example, spectral blue shifts indicate a residue is repositioning to a
more hydrophobic environment. Additionally, if a collection of residues all show an
extremely large and coordinated changes, this is generally a sign that the group of residues is
experiencing a coordinated and dramatic conformational change [23]. This type of analysis
was used as a guide to model the resting state of a potassium channel [23]. Other membrane
proteins have been mapped with intensity measurements. These include voltage-gated
sodium channels, voltage gated proton channels, ligand-gated ion channels, voltage-
activated phosphatases, g-protein coupled receptors, and glutamate transporters [24-31]. In
each case, site-specific labeling was coupled with functional manipulation of the protein to
study how the protein rearranges. Recent work has combined single molecule measurements
to gauge the behavior of even single channels [15,32].

Aside from intrinsic changes in fluorescence, the output of a fluorophore can be modulated
by chemical quenchers. For example, soluble ions including iodide, and chemicals including
acrylimide, will act as quenchers of fluorophores. The quenching of fluorophores by these
added chemicals has been used to test for the exposure of labeled residues to the solvent
[22,30]. If a residue has access to the solvent, the fluorescence should be reduced if
quenchers are added. The magnitude of quenching, however, does not necessarily dependent
on the degree of solvent exposure. Other factors, including electrostatics, can effect
quenching [30]. Thus, like intrinsic fluorescence changes, the use of soluble quenchers can
reveal a change in structure, and hint to the direction of that change, but it is not a useful
method for specific distance measurements.

Energy transfer to map angstrom-scale distances in membrane proteins
Another primary fluorescence method used to determine the structure of a protein is
fluorescence resonance energy transfer (FRET) [33]. FRET is the excited state transfer of
excitation energy from one fluorphore to an acceptor molecule (Figure 1). This transfer of
energy is dependent on several factors, including the spectral overlap between the donor and
the acceptor, the orientation of the two dipoles, and most importantly, the distance between
the two probes [11]. The extremely steep distance dependence of FRET has made it a
powerful technique for mapping protein structures and dynamics. In this section, I will
review recent work using FRET to map the structures of membrane proteins, discuss
possible problems encountered in these experiments, and suggest methods that can be used
to mitigate these problems.
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The first consideration in using resonance energy transfer is that unlike the method
discussed above, two separate probes need to be introduced into the experimental system.
This can be done in two general ways. First, one fluorophore can be introduced into the
protein and a second probe can be added to the membrane or solution [34**,35].
Alternatively, two (or more) probes can be introduced into the same protein or protein
complex. Labeling one protein with two dyes is more difficult and has been accomplished in
several ways. For example, reactive donor dyes can be introduced at very low concentrations
relative to the acceptor to ensure that individual proteins are not labeled with two donors
[36,37]. This is important because labeling a population of proteins with two donors can
severely perturb FRET measurements. In this labeling scheme, many proteins will be
labeled with two acceptors, a fraction will be labeled with one donor and one acceptor, and
it is hoped no proteins will be labeled with two donors. A modification of this method takes
advantage of the reaction kinetics of individual cysteines. For example, a fast-reacting
cysteine can be labeled first with a donor, and then slower reacting cysteines can be reacted
later with the acceptor [37]. In extreme cases, cysteines are completely protected from
modification when the protein is in one state but are reactive in another state [30,35]. In
these instances, the cysteine can be labeled when the protein is occupying the reactive state.
In either case, the proportion of donors to acceptors can be controlled. Another technique
takes advantage of genetically encoded fluorophores to add one of the probes and a reactive
cysteine to add the second [10,35,38]. Alternatively, two genetically encoded fluorophores
can be used [39]. In transition metal ion FRET, the donor is a single cysteine-modified
fluorophore and the acceptor is a metal bound to an engineered di-histidine metal binding
site (Figure 1) [40*,41]. Recent work, also using transition metal ions, has developed a
novel method to protect specific cysteines in a protein with engineered cadmium binding
sites [42*]. In this work, cadmium-bound cysteines did not react with the fluorophore, and
free cysteines reacted. This method allows for the targeted labeling of a specific cysteine in
a protein and should open the door to robust two-dye FRET measurements within individual
populations of proteins.

For membrane proteins, two general methods have been used to quantify FRET signals. One
method, called donor-quenching, relies on the fact that the fluorescence of the donor
decreases proportionally to the amount of FRET occurring in the system. In this regard, the
amount of FRET can be calculated from the amount of donor that is quenched when the
acceptor is present. Similar to donor quenching measurements, FRET causes a decrease in
the donor’s excited state lifetime. Thus, measuring a decrease in a donor’s lifetime can be
used to quantify FRET signals. The second method for quantifying FRET signals is called
acceptor sensitization. In these experiments the fluorescence from the acceptor is measured
when the donor is excited. The amount of fluorescence from the acceptor increases as FRET
increases. Various methods have been devised to specifically extract the fluorescence from
the acceptor that is due to FRET [10].

Like quantum yield measurements, some of the earliest FRET measurements in membrane
proteins were done in voltage-gated potassium channels [17]. For these studies, a variant of
FRET that utilizes luminescent metals (lanthanide resonance energy transfer or LRET) was
used to track distances and distance changes in the protein [43]. A cysteine reactive group
that bound to lanthanide ions was introduced into the channel, and a fluorophore-labeled
channel-binding toxin was added as an acceptor probe. LRET was then used to map the
structure of the channel in the open and closed states. Further work on these channels used
FRET between fluorophore-labeled channels and a dye added to the membrane [34*,44].
Similar work was done in cyclic-nucleotide-gated ion channels [35]. In these experiments,
small but significant movements were detected during the channel’s gating.
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Measuring distances within a molecule with FRET has been troublesome. Several
considerations must be made if data derived from FRET is to be used to accurately
reconstruct the structure of a protein. For example, common fluorophores are quite large.
Cyanine-based dyes such as Cy5 are ~22 angstroms in diameter and are generally attached
to proteins by long (15 angstrom) very flexible multi-carbon linkers. While these linkers
allow free rotation of the dye, they can contribute to significant errors when interpreting
FRET data. This is because distances in proteins are generally reported for the residue that
the dye is attached to and not the dye’s emission or absorption dipoles. In an extreme case,
the dipoles might be tens of angstroms from the attachment site of the dye. While it is clear
that FRET accurately reports distances between two dipoles, the question remains as to
where those dipoles are in space relative to the protein backbone during the measurement.
The use of smaller dyes that still maintain conformational flexibility (i.e. do not pack into
one conformation on the protein’s surface) during the excited state lifetime of the
fluorophore can help mitigate errors associated with using larger dyes [41]. The use of larger
dyes can skew distance measurements and lead to severe underestimations of the magnitude
of a conformational change that occurs in a protein. Thus, the use of smaller probes that
more accurately map the structure of the backbone is critical. Large dyes have been used,
but modeling needs to be done to orient the fluorophore in the context of the protein
[45-46,47*,48]. Other techniques including Bayesian probability mapping and molecular
dynamics simulations also have been used to predict the effects of large, chemically
complex, and flexible fluorophores on FRET [49-51].

Some of the most exciting recent work using FRET in membrane proteins has been done
with single molecule fluorescence measurements. In these studies, x-ray or NMR structures
were used in combination with FRET to determine the structure, topology, and dynamics of
single proteins in a membrane-like environment [47*,52**,53,54**]. Single molecule
measurements have the ability to track individual proteins as they move between unique
states, a method similar in spirit to single channel recordings [7]. Specifically, the stochastic
behavior of individual proteins can be followed over time. Generally, individual molecules
are expressed in bacteria, labeled with dyes, embedded in a lipid micelle, bicelle, or placed
into a supported bilayer. These single molecules then can be imaged with total internal
reflection fluorescence microscopy or confocal microcopy. The correlated changes in the
donor and acceptor fluorophore then can be tracked. These measurements are limited to the
speed of acquisition. This generally places a lower limit of ~1 millisecond/frame for a point
source microscope, and ~20 milliseconds/frame for a widefield microscope. Thus, any
motions that occur over faster time scales will be missed. Single molecule FRET
measurements recently have been used to watch the dynamics of SNARE proteins involved
in membrane fusion and membrane transporters as they move substrate across the membrane
[9*,46,47*,48,52**,53,54**].

Another energy transfer technique that has been used for studying the structure of membrane
proteins is photon-induced electron transfer (PET) (Figure 1) [55]. In electron transfer, a
donor fluorophore transfers excited state energy to an acceptor through a quantum
mechanical transfer or exchange of an electron. This process decreases the fluorescence
emission of the donor. For example, the small fluorophore bimane can undergo photo-
induced electron transfer if it is very close to a tryptophan residue [56-59]. This has been
used to look for conformational changes in membrane proteins. Unlike FRET, it is difficult
to correlate the amount of quenching due to PET to the exact distances between the two
probes. These measurements are generally interpreted as a range of distances between the
two probes, for example 0-5 angstroms, 5-15 angstroms, and over 15 angstroms [60]. Aside
from this caveat, the ease of using a native amino acid as a quenching group has made this
method a robust and powerful technique for mapping structures.
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Conclusion
Fluorescence methods have provided a view into the dynamic nature of membrane proteins.
As a group of techniques, they allow site-specific probing of domains within proteins with
millisecond time resolution. Using structures as guides, fluorescence can test which parts of
a protein move and how those movements are correlated to the functional states of the
protein. Each method discussed in this review has advantages and disadvantages. Intensity
measurements are relatively easy to perform but do not provide the accurate mapping of
distance. FRET is accurate to an angstrom-scale resolution. It is, however, a more
challenging technique to implement. PET provides a middle ground of distance mapping and
has ease of labeling. The distances generated from PET, however, are not as precise as
FRET. Together, all these methods provide a range of choices to explore the dynamic
structure of a protein. The continued development of new methods for specifically labeling
proteins and new optical methods is opening the door to a future of exploring membrane
protein structures in living cells in real time.
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Highlights

• Fluorescence spectroscopy can be used to map the structure of a membrane
protein.

• Three primary methods are presented: 1) intensity measurements, 2)
fluorescence resonance energy transfer, and 3) photo-induced electron transfer.

• Fluorescence can provide information about the dynamics of a system.
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Figure 1.
Fluorescent methods used to explore a membrane protein structure. In the center is the
crystal structure of the acid sensing ion channel ASICS1 (PDB 2QTS) positioned with its
transmembrane domains in a membrane [61]. Surrounding the structure are example
fluorescent methods including FRET between the two fluorescent dyes Cy3 and Cy5,
transition metal ion FRET between the dye bimane and a di-histidine bound metal, photo-
induced electron transfer (PET) between bimane and a tryptophan, and a tetramethyl-
rhodamine fluorophore undergoing an environment-induced fluorescent change. The
approximate distance scales that each technique works over are indicated by the surrounding
arrows.
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