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Detection of Eastern Equine Encephalomyelitis Virus RNA in North American Snakes
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Abstract. The role of non-avian vertebrates in the ecology of eastern equine encephalomyelitis virus (EEEV) is
unresolved, but mounting evidence supports a potential role for snakes in the EEEV transmission cycle, especially as over-
wintering hosts. To determine rates of exposure and infection, we examined serum samples from wild snakes at a focus of
EEEV in Alabama for viral RNA using quantitative reverse transcription polymerase chain reaction. Two species of vipers,
the copperhead (Agkistrodon contortrix) and the cottonmouth (Agkistrodon piscivorus), were found to be positive for
EEEV RNA using this assay. Prevalence of EEEV RNA was more frequent in seropositive snakes than seronegative
snakes. Positivity for the quantitative reverse transcription polymerase chain reaction in cottonmouths peaked in April and
September. Body size and sex ratios were not significantly different between infected and uninfected snakes. These results
support the hypothesis that snakes are involved in the ecology of EEEV in North America, possibly as over-wintering hosts
for the virus.

INTRODUCTION

Eastern equine encephalomyelitis virus (EEEV; family
Togaviridae, genus Alphavirus) is an extremely pathogenic
arbovirus endemic to New England south to Florida, extending
west as far as Michigan.1 This virus circulates year round in
Florida, but outside of Florida its transmission is seasonal.
Recent studies have suggested that the virus is periodically

introduced from Florida to the northeastern United States,
where it establishes itself in defined foci and is capable of
maintaining itself for several seasons.2–6 HowEEEVover-winters
in these foci remains unresolved. However, recent studies have
implicated ectothermic animals, and snakes in particular, as
potential over-wintering reservoir hosts for EEEV. For exam-
ple, studies on the ecology of EEEV conducted in the Tuskegee
National Forest inAlabama documented the presence of EEEV
in pools of Culex peccator, Culex territans, and Uranotaenia
sapphirina mosquitoes, with some of the EEEV positive pools
in these species detected early in the transmission season.7,8

These mosquito species feed primarily upon ectothermic hosts,
with Cx. territans primarily feeding upon amphibians and Cx.
peccator andUr. sapphirina primarily feeding upon reptiles.7,8

Laboratory studies have also supported the hypothesis that
ectotherms might play a role in over-wintering of EEEV.
Recently, it was reported that snakes experimentally infected
with EEEV developed circulating levels of viremia that were
sufficient to infect mosquitoes and maintained these poten-
tially infectious viral titers for 7–10 days.9 This period was
longer than the period that infectious titers persist in passer-
ine birds, the accepted enzootic hosts for EEEV. Further-
more, viremic snakes, when induced to hibernate, maintained
a circulating viremia upon exiting hibernation.9

Snakes also appear to be commonly exposed to EEEV. A
recent serosurvey of ectothermic species from a focus of EEEV
transmission in Tuskegee National Forest in Alabama showed
that more than 35% of the cottonmouths (Agkistrodon
piscivorus), the ectothermic species most frequently fed upon
by mosquitoes in Tuskegee National Forest,7 contained anti-

bodies to EEEV.10 However, these data must be interpreted
with caution because the presence of antibodies recognizing
EEEV in these animals might merely reflect exposure to the
virus, but not the development of a patent infection.
Snakes and other ectothermic animals mount relatively

inefficient antibody responses to pathogens,11 suggesting that
antibodies produced by these animals against EEEV might
not be efficient in clearing the infection with the virus. In sup-
port of this hypothesis, plasma from cottonmouths experi-
mentally infected with EEEV, while containing antibodies to
EEEV that were detectable by the luminex assay, were found
to lack detectible antiviral activity in plaque reduction neu-
tralization assays.10 These findings suggested the hypothesis
that snakes exposed to EEEV in the wild might maintain a
low level of circulating virus. To test this hypothesis, plasma
samples collected from snakes at Tuskegee National Forest
were tested for the presence of EEEV by using quantitative
reverse transcription polymerase chain reaction (qRT-PCR).

MATERIALS AND METHODS

Collection of plasma from snakes at the Tuskegee National
Forest has been described in detail in a previous publication.10

In brief, samples were collected from an EEEV-endemic area
in Tuskegee National Forest, located in east-central Alabama.
Samples were collected during April–September 2007–2009
during surveys of the herpetofauna present at the site, as
described.10 Procedures used for collection of blood samples
were approved by the Institutional Review Board for Animal
Use and Care of Auburn University. Blood samples (1 mL)
were collected from the caudal sinus with a 26-gauge heparin-
ized syringe. At the time of blood draw, body size and sex of
each snake were recorded. Animals were marked to prevent
re-sampling and released at the point of capture. Blood sam-
ples were transferred to 1.5-mL microcentrifuge tubes, placed
on wet ice, and transported to the laboratory. Samples were
centrifuged briefly and the plasma was decanted from the cell
pellet. The luminex assay (recognizing antibodies to EEEV)
was then used to determine snake exposure to EEEV only,
as described.10 Samples determined to be antibody positive
by luminex were then tested by qRT-PCR for EEEV RNA.
In addition, samples from 66 randomly selected seronegative
snakes (11 per month, April–September) were tested by
qRT-PCR for EEEV RNA.
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Total RNA was prepared from 140 mL of plasma by using
the QIAamp Viral RNA Mini Kit (QIAGEN, Valencia, CA)
according to the manufacturer’s protocol. The process was
automated with the Qiacube system (QIAGEN), and isolated
RNA (60 mL) was stored at –80°C. Each batch of 12 samples
processed in the Qiacube consisted of 11 serum samples and
one sham extraction as a negative control.
The qRT-PCR was performed using the iScript one step

RT-PCR kit for probes (Bio-Rad, Hercules, CA) according
to the manufacturer’s protocol. Primers and reaction condi-
tions used to detect EEEVRNAwere those recommended by
Lambert and others,12 with the exception that reactions were
performed in a final volume of 25 mL and used 5 mL of the
RNA template. These primers produced an amplicon span-
ning positions 9298–9456 in the EEEV genome sequence
(GenBank accession no. X67111).13 Samples (and associated
sham extractions) were run in a 96-well plate format, with
each plate containing two qRT-PCR negative control wells.
Amplicons were detected by using a 5¢ 6-FAM, 3¢ BHQ1a-Q
probe spanning positions 9411–9431 in the EEEV genome.
Samples producing a signal at a cycle threshold (Ct) value £ 37
were considered putatively positive.
RNA samples found to be putatively positive in the screen-

ing assay were subjected to a confirmatory qRT-PCR assay
provided by the Centers for Disease Control and Prevention
(Atlanta, GA) to state Department of Health Laboratories con-
ducting arboviral surveillance activities.14 The confirmatory
assay used two primers (5¢-ACCTTGCTGACGACCAGGTC-
3¢ and 5¢-GTTGTTGGTCGCTCAATCCA-3¢), which pro-
duced an amplicon spanning positions 9428–9497 in the EEEV
genome. The sequence of the probe used in this assay was
5¢-CTTGGAAGTGATGCAAATCCAACTCGACA-3¢, which
spanned positions 9449–9477 in the genome. The probe con-
tained the same fluorescent and quencher molecules as the first
qRT-PCR. Putatively positive samples that produced a detect-
able amplicon in the confirmatory assay (Ct < 40) were consid-
ered confirmed as positive for EEEV RNA. The biochemical
limit of detection of both assays was determined to be £ 1
plaque-forming unit when assayed against cultured viral stocks
of known titers.
Virus isolation was attempted from all confirmed qRT-

PCR–positive samples by inoculating individual T-25 flasks
of confluent Vero cell cultures with 1 mL of plasma. Flasks
were incubated for two hours at 37°C, with gentle rocking
every 15 minutes. After the incubation, 9 mL of mainte-
nance media (1 + Earle’s minimal essential medium, 2% fetal
bovine serum, 200 U/mL penicillin, 200 mg/mL streptomycin,
and 2.5 mg/mL amphotericin B) were added to each flask.
Cells were then monitored daily for a cytopathic effect.
Fisher’s exact test was used to test for the significance of the

proportion of qRT-PCR–positive samples in seropositive and
seronegative snakes. The Pearson’s chi-square test was used to
test differences in sex ratio in EEEV qRT-PCR–positive and
EEEVqRT-PCR–negative snakes. Statistical differences inbody
sizes of infected and uninfected snakes (separated by sex) were
determined using a t-test. All analyses were performed by using
SAS version 9.1 statistical software (SAS Institute, Cary, NC).

RESULTS

Cottonmouths (Agkistrodon piscivorus) were the most com-
mon and commonly sampled snakes at our site, representing

41% of the ectotherm biomass,8 and were previously shown to
exhibit high rates of EEEV exposure, with 35.4% of cotton-
mouth serum samples tested containing antibodies to EEEV.10

For this reason, initial studies concentrated upon determining
if EEEV RNA could be detected in seropositive and sero-
negative cottonmouths. Although EEEV RNA was detected
in seropositive and seronegative snakes, cottonmouths with
detectable antibodies against EEEV in their serum were signif-
icantly more likely to be qRT-PCR positive than seronegative
cottonmouths (P < 0.001, by Fisher’s exact test). Of the 66 sero-
negative cottonmouths tested, only one (1.5%) was qRT-PCR
positive, and 12 (22.2%) of the 54 seropositive snakes were
positive for EEEV RNA. The Ct values for the snakes ranged
from 33.4 to 37 for the screening assay and from 30.9 to 40 for
the confirmatory assay. Attempts to culture EEEV from all the
qRT-PCR–positive samples were not successful.
Previous studies had shown that temporal distribution of

EEEV exposure in cottonmouths (as measured by antibody
positivity) was relatively constant throughout the transmis-
sion season, with some suggestion of an increased prevalence
of seropositivity in the spring and fall.10 A similar biphasic
distribution of qRT-PCR positivity in seropositive cotton-
mouths was seen (Figure 1). In April, 22.2% of the total
cottonmouths tested (seropositive and seronegative) were
qRT-PCR positive. The proportion of qRT-PCR positive cot-
tonmouths then decreased through the May–July period,
reaching a nadir of 3.2% in July, and began to increase again
in August. The single seropositive cottonmouth sample col-
lected in September was found to be qRT-PCR-positive for
EEEV (Figure 1).
Seropositive serum samples collected from other species of

snakes exposed to EEEV at Tuskegee National Forest were
then tested for EEEV RNA by qRT-PCR. Two of the eight
snake species tested (the cottonmouth and the copperhead
[Agkistrodon contortrix]) were found to contain qRT-PCR-
positive animals. Of the three copperheads sampled, one was
positive for EEEV RNA. Serum samples from two other
seropositive snake species (Plain-bellied watersnake [Nerodia
erythrogaster] and black racer [Coluber constrictor]) were not
positive for EEEV RNA (Table 1).

Figure 1. Exposure to (Antibody +) and infection with (polymer-
ase chain reaction [PCR] +) eastern equine encephalomyelitis virus in
cottonmouth snakes (Agkistrodon piscivorus) from Tuskegee National
Forest, Alabama, USA. Data on seropositivity rates were taken from
previously published sources.10
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Because host body size8 and behavior15 can have strong
effects on selection of ectothermic hosts by mosquitoes, and
thus vector-host contact rates (a major driver in pathogen
exposure), we investigated potential relationships between
EEEV prevalence and snake body size and sex. No difference
was observed between mean body size (measured by snout-
vent length of male or female cottonmouths exposed to

EEEV and those not exposed to EEEV (Figure 2A) (females:
P = 0.5779, t = 0.5595, degrees of freedom [df] = 61; males: P =
0.2898, t = 1.0718, df = 43). A slightly greater body size (mean
snout-vent length) was observed for cottonmouths that were
qRT-PCR positive than those that were qRT-PCR negative
(Figure 2B), although the difference was not statistically signif-
icant (females: P = 0.6962, t = 0.3923, df = 61; males: P = 0.8798,
t = 0.1521, df = 43). Female cottonmouths constituted a greater
proportion of the EEEV qRT-PCR–positive snakes than males
(Figure 3), although this ratio was not significantly different
from the sex ratio of qRT-PCR–negative snakes (c2 = 0.142,
df = 1, P = 0.707).

DISCUSSION

The data presented demonstrate that snakes at Tuskegee
National Forest were not only exposed to EEEV (antibody
positive), but that a proportion of snakes have detectable
infections (qRT-PCR positive for EEEV RNA). Two snake
species (cottonmouth and copperhead), both of the genus
Agkistrodon, were found to have detectable levels of EEEV
in serum samples collected at our study site in Tuskegee
National Forest. Cottonmouths, the greatest source of reptil-
ian biomass at our site,8 were frequently exposed to and
infected with EEEV.
To our knowledge, this is the first report of the detection of

virus (as opposed to antibodies) detected in field-collected
serum samples from ectothermic vertebrates. Karstad16

detected neutralizing antibodies to EEEV from wild ecto-
therms, but could not isolate virus from the samples. Dalrymple
and others17 also detected EEEV antibodies in several ecto-
thermic species, but made no mention of whether virus isolation
was attempted for serum samples from these same hosts. How-
ever, other snakes have been shown to be competent hosts for
western equine encephalomyelitis virus,18,19 an Alphavirus
related to EEEV, with one study showing viremia in western
equine encephalomyelitis virus–infected snakes lasting 70 days
post hibernation.18Attempts to cultureEEEVwereunsuccessful

Table 1

Proportion of Luminex-positive snakes that were positive by RT-
PCR for eastern equine encephalomyelitis virus from Tuskegee
National Forest, Alabama, USA*

Species Common name No. tested
% RT-PCR
positive 95% CI

Coluber
constrictor

Racer 4 0 ND*

Agkistrodon
contortrix

Copperhead 3 33.3 0–87

Agkistrogon
piscivorus

Cottonmouth 54 22.2 13–35

Storeria
dekayi

Dekay’s brownsnake 1 0 ND

Nerodia sipedon
pleuralis

Midland water snake 2 0 ND

Nerodia
erythrogaster

Plain-bellied
water snake

7 0 ND

Diadophis
punctatus

Ringneck snake 1 0 ND

Crotalus
horridus

Timber rattlesnake 1 0 ND

*RT-PCR = quantitative reverse transcription polymerase chain reaction; CI = confidence
interval; ND = not determined.

Figure 2. Body size (snout-vent length) of male and female cot-
tonmouth snakes (Agkistrodon piscivorus) exposed to (A) and
infected with (B) eastern equine encephalomyelitis virus from
Tuskegee National Forest, Alabama, USA. Error bars show SD.

Figure 3. Sex ratio of eastern equine encephalomyelitis virus
(EEEV) quantitative reverse transcription polymerase chain reaction
(qRT-PCR)–positive (A) and EEEV qRT-PCR–negative (B) cotton-
mouth snakes (Agkistrodon piscivorus) from Tuskegee National
Forest, Alabama, USA.
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in this study, which might reflect sample degradation because
the serum samples had been subjected to multiple freeze–thaw
cycles. Another possibility is that the relatively inefficient adap-
tive immune response of snakes20 was insufficient to completely
clear the infection, permitting the maintenance of a low-titer
circulating viremia.
The data suggest that the proportion of qRT-PCR–positive

cottonmouths was highest in the spring. These data are in
concordance with those of previous laboratory studies, which
demonstrated that garter snakes (Thamnophis sirtalis) exper-
imentally infected with EEEV held at low temperatures
(18°C) were found to maintain circulating viremias for longer
periods than did animals held at higher temperatures (25°C or
30°C).9 It is possible this might be a consequence of the tem-
perature dependence of the ectothermic adaptive immune
system. During cooler months, snakes may not be able to raise
body temperatures to levels that would enable them to clear
infections because the adaptive immune response of ecto-
therms is more efficient at higher temperatures.20–23

The relationship between host body size and infection is
complicated, and positive and negative associations have been
found in different host/vector-borne pathogen systems. Body
size can be affected by infection, when physiological cost of
infection is high.24 Larger body size can contribute to greater
infection through increased exposure because vectors are
believed to feed more frequently upon larger hosts.25 In our
own study, we found no significant difference in the body size
of exposed and unexposed snakes. However, body size was
slightly (but not significantly) larger in qRT-PCR–positive
snakes than in qRT-PCR–negative snakes.
For many vertebrate pathogens, males have higher preva-

lence and intensity of infection because of their larger home
ranges, mate attracting/guarding activities, and hormonal
influences.26,27 In contrast, in this study, we found that com-
pared with the uninfected population, females made up a
larger proportion of the population of infected cottonmouths,
although the difference was not statistically significant from
that of the uninfected population.
Previous laboratory studies demonstrated that snakes

experimentally infected with EEEV can remain viremic
through hibernation, and that viremia in these animals is
affected by the ambient temperature, with infected animals
held at lower temperatures having lower viral titers of circu-
lating virus, but maintaining viremia for longer periods than
animals held at higher temperatures.9 The demonstration that
wild-caught snakes contain EEEV virus in circulating blood
and that the proportion of animals with circulating viremia
is highest in the spring months provides further support to
the hypothesis that snakes play an important role in over-
wintering and early season enzootic amplification of EEEV.
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